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SUMMARY

Long-chain-length hydrophobic acyl residues play a vital role in a
multitude of essential biological structures and processes. They build
the inner hydrophobic layers of biological membranes, are converted
to intracellular storage compounds, and are used to modify protein
properties or function as membrane anchors, to name only a few
functions. Acyl thioesters are transferred by acyltransferases or
transacylases to a variety of different substrates or are polymerized to
lipophilic storage compounds. Lipases represent another important
enzyme class dealing with fatty acyl chains; however, they cannot be
regarded as acyltransferases in the strict sense. This review provides a
detailed survey of the wide spectrum of bacterial acyltransferases and
compares different enzyme families in regard to their catalytic mech-
anisms. On the basis of their studied or assumed mechanisms, most
of the acyl-transferring enzymes can be divided into two groups. The
majority of enzymes discussed in this review employ a conserved
acyltransferase motif with an invariant histidine residue, followed by
an acidic amino acid residue, and their catalytic mechanism is char-
acterized by a noncovalent transition state. In contrast to that, lipases
rely on completely different mechanism which employs a catalytic
triad and functions via the formation of covalent intermediates. This
is, for example, similar to the mechanism which has been suggested
for polyester synthases. Consequently, although the presented en-
zyme types neither share homology nor have a common three-di-
mensional structure, and although they deal with greatly varying
molecule structures, this variety is not reflected in their mechanisms,
all of which rely on a catalytically active histidine residue.

INTRODUCTION

Long-chain-length hydrophobic acyl residues play a vital role in
a multitude of essential biological structures and processes.

They build the inner hydrophobic layers of biological membranes,
are converted to intracellular storage compounds, and are used to
modify protein properties or function as membrane anchors, to
name only a few important and versatile functions. (Hydroxy-)Fatty
acids are usually activated for subsequent reactions by esterifica-
tion of their carboxyl groups with the thiol group of coenzyme A
(CoA) or of the acyl carrier protein (ACP), yielding acyl-thioes-
ters. In general, there are two basic routes to provide long-chain
fatty acids: (i) via de novo fatty acid synthesis from the central
metabolite acetyl-CoA, yielding acyl-ACPs, or (ii) via uptake of
exogenous fatty acids or other compounds that are converted to
fatty acids such as alkanes and their conversion to acyl-CoAs by
acyl-CoA synthetases (1, 2). Acyltransferases or transacylases uti-
lize these activated acyl chains and transfer them to a variety of

different substrates or polymerize them. Lipases form another im-
portant enzyme class dealing with fatty acyl chains; however, they
cannot be regarded as acyltransferases in the strict sense. Since
they employ a completely different enzymatic mechanism to
cleave and transfer fatty acids, which is similar to the mechanism
that is suggested for polyester synthases, their key features are
presented and compared to those of other acyltransferases in this
review.

Thus, this review aims at presenting an overview of the enzy-
matic processes where fatty acyl moieties are transferred from one
molecule to another. The scope is not only the versatility of en-
zymes and mechanisms but also a comparison and generalization
of these processes. Therefore, general key features as well as fun-
damental differences of acyl-transferring enzymes are pointed out
whenever possible or known. Due to the nearly inexhaustible di-
versity of acyltransferases, this review will focus on several impor-
tant and widespread processes, such as those catalyzed by enzymes
involved in storage lipid synthesis (or degradation) and in mem-
brane glycerolipid and lipid A synthesis, as well as enzymes that
synthesize or modify polyketide (PK)-containing lipids, bacterial
toxins, or antibiotics. Enzymes involved in the synthesis and elon-
gation of fatty acids are beyond the scope of this review but have
been reviewed comprehensively elsewhere (1, 3). Furthermore,
the general focus is on acyl-transferring processes occurring in
prokaryotes, but whenever possible, eukaryotic enzymes are de-
scribed in comparison to their prokaryotic counterparts or in or-
der to point to the distribution of a certain enzyme class.

ACYLTRANSFERASES INVOLVED IN STORAGE LIPID
SYNTHESIS

In many habitats, bacteria are exposed to an unsteady and imbal-
anced nutrition supply. Thus, the ability to deposit intracellular car-
bon storage compounds conveys an advantage over competitors in
the habitat when growth substrates become scarce. Consequently,
nearly all prokaryotes known so far are able to accumulate at least one
type of storage compound. Lipids represent ideal reserve materials, as
they are highly calorific, water insoluble, and osmotically inert (4, 5).
The most common lipophilic storage compounds in prokaryotes
consist of esterified (hydroxy-)fatty acids and can be divided into
polymeric lipids [poly(3-hydroxyalkanoic acids) {PHA}] and non-
polymeric, neutral lipids (triacylglycerols [TAG] and wax esters
[WE]) (Fig. 1). While PHA are the predominant type of bacterial
reserve materials, TAG are by far the most important storage lipids
for eukaryotes. Wax esters are rather uncommon storage compounds
but often fulfill specialized purposes (6–9).
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The following section deals with a family of acyltransferases
important for neutral lipid storage (TAG and WE), whereas en-
zymes involved in bacterial PHA storage, which employ a different
mode of catalysis, will be discussed in the last section of the review.

TAG and WE in Eukaryotes

TAG consist of three long-chain fatty acids esterified with one mole-
cule of glycerol (Fig. 1) and are, for example, deposited in large
amounts in plant seeds or animal adipocytes and are also synthesized
by various fungi or yeasts (8, 10, 11). WE also belong to the class of
neutral lipids, as they are hydrophobic esters of long-chain fatty acids
and primary long-chain fatty alcohols (Fig. 1). They are synthesized
by various eukaryotes (including vertebrates), but, as mentioned
above, they fulfill rather specialized purposes. For example, as one
compound of cuticular wax, WE help to protect plant cells from ex-
siccation, UV light, and pathogens (12). Usually, WE are only a minor
component of the cuticular waxes; e.g., in Arabidopsis the complex
mixture contains only around 0.1 to 2.9% WE. In contrast, the thick
layer on leaves of the carnauba palm (Copernicia cerifera) consists of
up to 85% of WE (13). Furthermore, WE can also have a structural
function as a compound of beeswax (14, 15). In noteworthy
amounts, WE appear solely in seeds of the jojoba plant Simmondsia
chinensis—which is very special, because plants normally accumulate
TAG in their seeds—and in the spermaceti organ in the heads of
sperm whales, where it helps to regulate buoyancy (8, 16). The valu-
able WE were one reason for extensive (and eventually banned) whale
hunting; therefore, to date, jojoba and carnauba are major natural
sources for WE (13, 17).

TAG and WE in Prokaryotes

Similar to the situation in eukaryotes, TAG are a more common
storage lipid than WE in several groups of bacteria, but neverthe-
less, the majority of all bacteria store PHA rather than TAG or WE.
Particularly, species belonging to the Gram-positive actinomyce-
tes share the ability to synthesize large amounts of TAG, e.g., Rho-
dococcus opacus, with up to more than 80% of the cellular dry
weight (CDW) (18). TAG are also the main storage lipid in other
genera of the Actinomycetales, such as Mycobacterium, Nocardia,
Actinomyces, Arthrobacter, Gordonia, or Dietzia, and in some
streptomycetes, such as Streptomyces coelicolor, S. lividans, or Mi-
cromonospora echinospora (19–24). Species of the Gram-negative
genus Acinetobacter are also able to synthesize TAG, but they ac-
cumulate only minor amounts. In contrast to others, these organ-
isms accumulate mainly WE as storage lipids (25–27).

Bacterial WE formation was first discovered over 40 years ago in
species of the Gram-negative genus Acinetobacter. Meanwhile, WE
were also found in some genera of marine hydrocarbonoclastic

bacteria, e.g., Alcanivorax, Marinobacter, or Thalassolituus, as well
as in Psychrobacter, Micrococcus, or Moraxella (26, 28–33), and in
some Gram-positive actinomycetes, e.g., in species of Corynebac-
terium or Nocardia (34, 35).

Biotechnological Relevance of TAG and WE

Besides the most obvious use of TAG as edible oils and fats, they
have attracted a great and increasing interest for use in the pro-
duction of fuels such as biodiesel (fatty acid alkyl esters [FAAE])
consisting of TAG-derived fatty acids esterified with short-chain
alcohols (mainly methanol) as substitutes for diesel fuel (36). Fur-
thermore, TAG are used as additives for a variety of therapeutic or
pharmaceutical purposes. At present, commercially used TAG are
obtained almost exclusively from vegetable oils (e.g., from palm,
soybean, or rapeseed oil), but microbial lipid producers are con-
sidered as an alternative oil source that would not compete with
human food supply (21, 37).

WE may also find diverse technical applications, for example, in
the commercial production of cosmetics, candles, printing inks,
lubricants, and coatings in a range of about 3 million tons per year
(38). Currently, the dominant natural source for high-quality WE
is jojoba oil, though its high price limits most of its possible appli-
cations to cosmetic and medical products. WE may also be pro-
duced chemically or with immobilized lipases (39). Thus, there is
at present and will be in the future a demand for an economically
feasible biotechnological production of inexpensive jojoba oil-like
WE from inexpensive substrates (40).

Bacterial WE production not only could be achieved from re-
newable resources, e.g., sugars or plant-derived fatty acids, but
also would enable the synthesis of custom-made WE due to the
exceptionally broad substrate range of the responsible acyltrans-
ferase AtfA from Acinetobacter baylyi (41). The first studies of WE
synthesis in a recombinant strain of Escherichia coli have already
been performed, though still with low yields (40). Instead of pro-
duction of long-chain WE, another promising area of application
of the acyltransferase AtfA is the synthesis of FAAE from long-
chain acyl-CoAs and ethanol to obtain fatty acid ethyl esters
(FAEE), also referred to as “microdiesel” (42). FAEE resemble the
established biodiesel fuel. Since FAEE exhibit similar and to some
extent even improved properties, they could thus serve as an eco-
logically friendly, sustainable replacement for biodiesel (43).

Acyltransferase Enzyme Families Involved in TAG and/or
WE Synthesis

TAG and membrane glycerophospholipids are both synthesized
from the same precursor, phosphatidate (PA), and the two path-
ways are thus competitive regarding the involved enzymes and

FIG 1 Chemical structures of common lipophilic storage compounds in prokaryotes: poly(3-hydroxyalkanoate) (PHA), triacylglycerol (TAG), and wax ester
(WE). R1, alkyl chain with a length ranging from C1 to C13; R2, saturated or unsaturated long-chain-length alkyl residue.
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carbon flow. As will be outlined in more detail in the next section,
glycerol-3-phosphate is successively acylated to 1,2-diacylglycerol
(DAG) via the Kennedy pathway (44). The final and committed
step from DAG and fatty acyl-coenzyme A (CoA) to TAG is ac-
complished by acyl-CoA:DAG acyltransferase (DGAT) (EC
2.3.1.20), the only enzyme that is unique to TAG synthesis (45,
46). In the majority of eukaryotes, this reaction is catalyzed by
transmembraneous DGAT enzymes belonging to either the
DGAT1 or DGAT2 enzyme family, which have evolved separately
since the emergence of eukaryotes. Therefore, these families do
not show any sequence similarity (47). DGAT1 enzymes are
larger, with 6 to 9 transmembrane domains, and share high se-
quence similarities with eukaryotic sterol:acyl-CoA acyltrans-
ferases (ACAT) (EC 2.3.1.26). Enzymes belonging to the DGAT2
family, in contrast, are smaller, with only 1 or 2 transmembrane
domains, and include acyl-CoA:monoacylglycerol (MAG) acyl-
transferases (MGAT) (EC 2.3.1.22) and acyl-CoA wax-alcohol
acyltransferases (AWAT) (EC 2.3.1.75) (312).

Wax esters are synthesized by the esterification of long-chain
fatty alcohols and CoA-activated fatty acids (acyl-CoA) catalyzed
by wax synthases (WS) (EC 2.3.1.75). According to the current
level of sequence information, WS fall into three separate groups,
as mammalian WS (AWAT1 and AWAT2) are nonhomologous to
WS from plants (jojoba type), which are in turn completely unre-
lated to bacterial WS/DGAT enzymes (7, 9, 17, 48).

As a rough simplification, at least six phylogenetically different
families of acyltransferases, which synthesize TAG and/or WE, can
be distinguished: (i) the DGAT1 family, (ii) the jojoba WS family,
(iii) the DGAT2 family, (iv) an avian WS type, (v) a protozoan
DGAT2-related type from Tetrahymena, and (vi) the WS/DGAT
(AtfA-type) family of acyltransferases. Figure 2 schematically dis-
plays this diversity of enzymes capable of catalyzing DGAT and
WS reactions. The jojoba-type WS has no obvious sequence sim-
ilarities with currently known DGAT1 enzymes, but phylogenetic
analyses indicate that the jojoba- and DGAT1-type enzymes share
an origin, while recently identified avian and Tetrahymena WS are
probably more closely related to DGAT2 than to DGAT1 (49, 50).
Furthermore, these phylogenetic analyses clearly demonstrate
that the WS/DGAT type of acyltransferase, which was first identi-
fied in the prokaryote A. baylyi, is of different origin than jojoba or

mammalian WS (49–52). A phylogenetic tree showing the cluster-
ing of different WS and DGAT enzymes is provided in Fig. S1 in
the supplemental material.

In prokaryotes, only enzymes belonging to the WS/DGAT cat-
egory, which is shown on the right side in Fig. 2, have been iden-
tified so far. Thus, this appears to be the principal and common
enzyme type for bacterial WE and TAG synthesis. Recently, two
WS from plants belonging to this class have also been identified:
PhWS1 from Petunia hybrida (53) and WSD1 from Arabidopsis
thaliana (13) exhibit about 20% amino acid similarity to AtfA
from A. baylyi. Furthermore, many putative proteins from eu-
karyotes that are similar to AtfA but yet uncharacterized exist in
the database; e.g., A. thaliana possesses both 11 putative WS/
DGAT-like enzymes and 12 putative enzymes related to the jojoba
WS (13). Moreover, among terrestrial plants, WS/DGAT-homol-
ogous protein sequences have been found in, for example, mono-
cotyledons (such as Triticum aestivum) and gymnosperms (such
as Pinus taeda) (53).

Further BLAST searches indicate a much wider distribution of
AtfA-like WS/DGAT enzymes not only in plants (e.g., medick,
grape vine, lycophytes, poplar, grasses, and important crops such
as wheat, barley, rice, or soybean) but also in protists and several
animals belonging to cnidaria, arthropoda, or hemichordata (see
Tables S1 to S4 in the supplemental material). Thus, it seems as
though WS and TAG synthesis routes in prokaryotes and eu-
karyotes have not evolved strictly separated from each other.

AtfA from A. baylyi ADP1: a Bacterial Model Enzyme for WE
and TAG Synthesis

AtfA (formerly referred to as WS/DGAT) is the key enzyme for
neutral lipid accumulation in A. baylyi strain ADP1. It catalyzes
the synthesis of TAG or WE from acyl-CoAs and DAG or fatty
alcohols, respectively, as shown in Fig. 3. In 2003, it represented
the first characterized member of a new class of acyl-CoA acyl-
transferases and is regarded as the model enzyme of this class
[WS/DGAT (AtfA-type) on the right in Fig. 2] (51). Until now,
enzymes similar to AtfA have been identified to be clearly respon-
sible for the synthesis of neutral lipids in several different types of
bacteria (Mycobacterium species, marine species of Marinobacter
or Alcanivorax, oleaginous species of Rhodococcus, Streptomyces,

FIG 2 Different families of acyltransferases involved in TAG and/or WE synthesis in eukaryotes and prokaryotes.
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and others), thereby underlying that the AtfA type is the typical
type of acyltransferases essential for bacterial lipid storage.

Biochemical characteristics and substrate range of AtfA. AtfA
from A. baylyi is composed of 458 amino acids and is a 94-kDa
homodimer in its native form. The enzyme has already been pu-
rified with and without an N-terminal His6 tag to apparent homo-
geneity in order to accomplish a detailed characterization of the
enzyme. The WS reaction follows classical Michaelis-Menten ki-
netics, and the Km value was determined to be 29 �M for palmi-
toyl-CoA, with a Vmax of 2.0 �mol mg�1 min�1, whereas the
DGAT reaction appeared to follow neither Michaelis-Menten nor
cooperative enzyme kinetics. In the enzyme assay, the highest WS
and DGAT activities could be measured at 45°C. Furthermore, it
was observed that AtfA is inhibited by free CoA (54).

An outstanding property of AtfA is its exceptionally broad
substrate range. This is already indicated under natural condi-
tions by its intrinsic ability to synthesize not only WE from
long- and straight-chain fatty alcohols but also TAG from more
bulky DAG. Using 1-hexadecanol or 1,2-dipalmitoyl-glycerol
and 1-palmitoyl-CoA (C16-CoA) as substrates, it was observed
that AtfA exhibits approximately 10-fold-higher WS activity
than DGAT activity. This value roughly corresponds to the
proportions of WE and TAG in A. baylyi actually accumulated
under storage conditions, which reach 6.9% (WE) and 1.4%
(TAG) of the cellular dry weight, respectively, when the cells
are cultivated with an unrelated carbon source (51). Highest
enzymatic activities were measured with C16-CoA and linear
C14 to C18 fatty alcohols (54). Under natural conditions, WE of
32 to 36 carbon atoms represent the main proportion of WE
synthesized in A. baylyi (25, 55).

Additionally, a detailed substrate specificity analysis revealed
that there is a great range of accepted (artificial) substrates regard-
ing both the acyl donor and acyl acceptor. As an acyl donor, AtfA
accepts saturated or unsaturated acyl-CoA thioesters ranging
from C2 to C20. As an acyl acceptor, linear alcohols from C2 to C30

and branched alcohols (such as isoamyl alcohol), as well as cyclic
or aromatic alcohols (e.g., cyclohexanol, 2-cyclohexylenethanol,
cyclododecanol, and sterols) and mono- and diacylglycerides are
accepted as substrates. The DGAT reaction shows a preference for
the acylation of the sn-3 position. When the corresponding sub-
strates are supplied, AtfA can also synthesize wax diesters or thio-
and dithio-WE from palmitoyl-CoA and long-chain alkanediols
or (di)thiols (1-hexadecanethiol, 1,8-octanedithiol, or 1-S-mono-
palmitoyl-octanedithiol) (56, 57). The enzyme’s promiscuity
leads to the assumption that the provision of hydrophobic sub-
strates by the host cell is the only limiting factor for a large number
of potential products (41). Furthermore, glycidol, a highly reac-
tive and valuable pharmaceutical substrate, can be transformed
into the less toxic derivative glycidyl acyl ester (by the esterifica-
tion with palmitoyl-CoA) by AtfA (58).

While AtfA can acylate the sn-3 or (with lower specificity) the
sn-2 position of MAG, it is not able to acylate glycerol or the sn-2
position of lysophosphatidic acid, and thus it does not exhibit
acyl-CoA:lysophosphatidic acid acyltransferase (LPAT) activity
(54, 56). Furthermore, AtfA does not accept polar substrates such
as sugars, organic acids, amino acids, naphthol, amines, or caro-
tenoids. Its catalytic center might be located in a hydrophobic
pocket or channel, restricting the accessibility for hydrophilic
molecules (59).

Active site and catalytic mechanism of AtfA. Sequence com-
parisons with AtfA-homologous proteins of various origins re-
vealed that the short heptapeptide motif HHxxxDG is highly
conserved in all members of this class of acyltransferases (60).
An HxxxxD-like pattern represents the catalytic active-site mo-
tif as part of a conserved condensation domain (Pfam 00668) in
several different nonhomologous enzyme classes. In general,
these enzymes share the ability to transfer thioester-activated
acyl substrates to a hydroxyl or amine acceptor to form an ester
or amide bond, such as acyltransferases that synthesize glycer-
olipids, nonribosomal peptide synthetases, acyltransferases in-

FIG 3 Synthesis of wax esters or triacylglycerols from acyl-CoA and fatty alcohol or diacylglycerol, respectively, catalyzed by AtfA.
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volved in lipid A biosynthesis, polyketide-associated acyltrans-
ferases, or chloramphenicol acetyltransferase (CAT). The
catalytically active histidine in this motif initiates the deproto-
nation of a hydroxyl group to enable the nucleophilic attack on
the acyl donor (61–67).

Consequently, the assumed mechanism of AtfA starts with the
catalytically active histidine residues (His132/133) acting as bases
to deprotonate the hydroxyl group of the fatty alcohol or DAG
(Fig. 4). Subsequently, initiated by a nucleophilic attack of the
generated oxyanion, the oxoester bond of the WE or TAG is
formed, while a proton is transferred from histidine to the
CoA-S� residue. This results in a release of CoA-SH and a regen-
eration of the catalytic histidine residues (59).

Actually, it was confirmed that this motif is part of the active site of
AtfA from A. baylyi strain ADP1 and that, in particular, the second
histidine (His133) is crucial for its activity: a replacement of His132
by leucine led to a significant decrease of the enzyme activity, but a
complete loss of activity was observed only when both histidines were
replaced. Although aspartate and glycine are conserved amino acids
in this motif, they seem not to be of major importance for the enzyme
activity, because a replacement of either by alanine resulted in no
significant decrease of enzyme activity. Their possible structural func-
tion still has to be elucidated (59).

Subcellular localization of AtfA. Due to its isoelectric point of
9.05, the native form of AtfA is positively charged in an environ-
ment with a neutral pH. Together with its hydrophobic regions,
which are important for the interaction with hydrophobic sub-
strates, this causes an amphiphilic character of the enzyme. This
explains why it is partly distributed in the cytoplasm, whereas the

main proportion is associated with the membrane or lipid inclu-
sions. It can be speculated that its activity and/or substrate speci-
ficity might be influenced depending on whether AtfA is exposed
to a hydrophilic (cytoplasm) or hydrophobic (membrane-associ-
ated) environment (54, 67). This amphiphilic trait is in sharp con-
trast to the highly hydrophobic eukaryotic WS, like the enzymes
from jojoba or the phytoflagellate Euglena gracilis, harboring sev-
eral transmembrane domains (17, 52).

Heterologous expression of the atfA gene from A. baylyi
ADP1 in prokaryotes and eukaryotes. The atfA gene from A. bay-
lyi has already been expressed in a functionally active form in a
Pseudomonas sp. and E. coli, as well as in the eukaryotic yeast
Saccharomyces cerevisiae. In the alkane-degrading bacterium Pseu-
domonas citronellolis, the heterologous expression of atfA enabled
the cells to synthesize WE (but no TAG) when 1-hexadecanol was
provided in the medium (51).

In order to reconstruct the WE synthesis pathway from unre-
lated carbon sources in bacteria that do not naturally accumulate
storage lipids, atfA has been introduced in an engineered E. coli
strain expressing a bifunctional jojoba acyl-CoA reductase. This
enzyme accomplishes the reduction of fatty acyl-CoAs to fatty
alcohols in coupled NADPH-dependent reactions, whereas usu-
ally the two-step reduction via fatty aldehyde is catalyzed by two
independent reductases (68). When cells were cultivated with
oleate, the synthesized WE amounted to only 1% of the CDW,
although the cells exhibited high WS and DGAT enzyme activities.
Additionally, the detection of fatty acid butyl esters indicated that
trace amounts of 1-butanol from medium components were also
acylated by AtfA. Thus, this study demonstrated that it is in prin-

FIG 4 Mechanism of wax ester synthesis from acyl-CoA thioester and fatty alcohol catalyzed by AtfA from A. baylyi strain ADP1. (Based on data from reference 59.)
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ciple feasible to heterologously introduce the WE synthesis path-
way in a non-lipid-storing organism, but simultaneously, these
experiments also showed that the yield might be strongly re-
stricted due to a weak provision of precursors by the host cell (40).

In 2006, atfA attracted attention as part of the constructed
plasmid “pMicrodiesel,” which enabled E. coli to synthesize
biodiesel-like FAEE, in particular ethyl oleate. The heterologous
coexpression of atfA with pdc and adhB (encoding pyruvate de-
carboxylase and alcohol dehydrogenase from Zymomonas mobilis,
respectively) combined ethanol formation and subsequent acyla-
tion. When the engineered strain was cultivated in the presence of
glucose and oleic acid, it produced FAEE in amounts of up to 1.28
g/liter or 26% of the CDW (42). Later, this process was scaled up
by cultivating the E. coli strain in 20 liters mineral salts medium
using glucose or low-price glycerol and sodium oleate. In this
pilot-scale production, a cellular FAEE content of approximately
25% (of CDW) was obtained (69).

In contrast to the establishment of WE synthesis in bacteria,
the heterologous expression of atfA in S. cerevisiae did not result in
WE formation, indicating that the cell could not provide sufficient
amounts of fatty alcohols. However, the atfA expression enabled
the synthesis of TAG, FAEE, and fatty acid isoamyl esters in a
quadruple DGA1 LRO1 ARE1 ARE2 disruption mutant of S.
cerevisiae. Steryl ester biosynthesis was not complemented, al-
though crude extracts of the atfA-expressing cells exhibited high
acyl-CoA:sterol acyltransferase (ASAT) activity in vitro. Further-
more, it was noticed that AtfA has different substrate specificities
depending on whether the expression host is E. coli or S. cerevisiae.
On one hand, yeast cells showed a significantly higher DGAT ac-
tivity (nearly as high as the WS activity) than cells of E. coli. On the

other hand, the ASAT activity was considerably higher in E. coli
than in S. cerevisiae (70).

S. cerevisiae strains were also investigated for their suitability to
produce FAEE biodiesel. For example, the expression of atfA in an
engineered S. cerevisiae strain that utilizes endogenously synthe-
sized ethanol (from glycerol) and exogenous fatty acids enabled
the formation of up to 0.52 g/liter FAEE (71).

In order to find the optimal WS for an eukaryotic biodiesel
production, another study compared recombinant S. cerevisiae
strains harboring five different enzymes coming from A. baylyi,
Marinobacter hydrocarbonoclasticus, Rhodococcus opacus, Mus
musculus, and Psychrobacter arcticus (72). The highest biodiesel
yields were obtained with a strain harboring the WS enzyme from
M. hydrocarbonoclasticus. This finding was further underlined by
in vitro activity measurements in crude cell extracts, as WS from
M. hydrocarbonoclasticus showed the highest WS activity with
nearly all of the tested substrates (C2, C4, C6, C8, C10, C12, C14, C16,
and C18 alcohols) of all studied enzymes. However, AtfA from A.
baylyi also accepted all provided alcohols as acyl acceptors, and its
substrate range was comparable to those of other tested enzymes
with a clear preference for alcohols of longer carbon chain length.
This study demonstrated that not only AtfA but also AtfA-like
enzymes from diverse origins share an extraordinarily broad sub-
strate range and are therefore interesting candidates for various
biotechnological purposes. Therefore, key features of AtfA-like
acyltransferases will be discussed in the following sections. Table 1
gives an overview of some properties of AtfA-like acyltransferases
that have been characterized so far, which reveals that these ho-
mologs vary substantially in size, sequence, or specific activities in
natural or artificial hosts. The amino acid identities compared to

TABLE 1 Characterized AtfA-like acyltransferases from bacteria and plantsa

Organism Protein Accession no.
Size
(amino acids)

Maximum %
identity
(similarity)b Storagec

Activity in E.
colid

ReferenceWS DGAT

A. baylyi ADP1 AtfA AAO17391 458 100 (100) WE, TAG ✓ ✓ 51
M. tuberculosis H37Rv Tgs1 NP_217646 463 27 (44) TAG ✓ 73

Tgs2 NP_218251 454 38 (58) (✓) ✓

Tgs3 NP_217751 271 29 (47) ✓

Tgs4 NP_217604 474 29 (47) ✓

M. hydrocarbonoclasticus WS1 ABO21020 455 46 (66) (ip) WE ✓ ✓ 32
WS2 ABO21021 473 39 (60) ✓

A. borkumensis SK2 AtfA1 YP_694462 457 50 (69) TAG (WE) ✓ ✓ 26
AtfA2 YP_693524 451 41 (60) ✓

R. opacus PD630 Atf1 ACX81314 462 25 (43) TAG (WE) ✓ 74
Atf2 EHI41112 453 39 (61) ✓ ✓

S. coelicolor A3(2) Sco0958 NP_625255 446 25 (42) TAG ✓ 75
Sco1280 NP_625567 413 22 (34) (✓ ?)

S. avermitilis MA-4680 SAV7256 NP_828432 447 25 (41) TAG ✓ (✓) 76
P. arcticus 273-4 DGAT YP_263530 475 52 (72) ? ✓ ? 72
P. hybrida PhWS1 AAZ08051 521 22 (40) WE ✓ 53
A. thaliana WSD1 AED94163 481 22 (41) WE ✓ (✓) 13
a Abbreviations: WE, wax esters; TAG, triacylglycerols; (ip) WE, isoprenoid wax esters; WS, wax synthase; DGAT, acyl-CoA:diacylglycerol acyltransferase activity.
b Maximal percentage of identical or similar amino acids compared to AtfA from A. baylyi strain ADP1.
c Natural function of the respective enzyme in its native host; parentheses indicate that WE were synthesized only when precursors (such as hexadecanol) were supplied.
d Enzymatic activity of the respective enzyme (catalysis of WS and/or DGAT reactions) upon heterologous expression in E. coli.
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AtfA range from 22 to 52%, and a multiple-sequence alignment
(MSA) discloses the presence of long stretches with a very low
degree of conservation (Fig. 5).

Other AtfA-Like Acyltransferases in Different Bacteria

Mycobacterium spp. The important human pathogen Mycobacte-
rium tuberculosis attacks alveolar macrophages and often remains
in a nonreplicative, drug-resistant dormancy state. It starts repli-
cating again when the host’s immune system is weakened, leading
to active tuberculosis (77, 78). To outlast long starvation phases
during the dormancy state, the cells seem to rely on lipids as en-
ergy reserves. Intracellular TAG inclusions could be detected in M.
tuberculosis cells obtained from organ lesions (79, 80). It is as-
sumed that TAG synthesis is induced at the transition to the dor-
mancy state when the cells encounter stressful, hypoxic conditions
(73). In the nonpathogenic strain M. smegmatis mc2155, the syn-
thesis of intracellular lipid inclusions, composed mainly of TAG,
occurred during the stationary phase, especially in nitrogen-lim-
ited medium (79).

The characterization of atfA from A. baylyi in 2003 also paved
the way for the identification of 15 atfA-like genes in M. tubercu-
losis strain H37Rv (with up to 39% amino acid identity to AtfA
from A. baylyi) and 8 genes in M. smegmatis mc2155 (with up to
41% amino acid identity to AtfA). This high number of ortholo-
gous genes in mycobacteria suggests a great importance for their
survival (51, 73). When M. smegmatis is cultivated under storage
conditions with glucose, the cells accumulate TAG, although they
exhibit both high DGAT and WS activity. However, WE are solely
formed in vivo if hexadecanol is provided in the medium. The gene
wdh3269, which exhibits the highest similarity to atfA, conferred
only very weak WS/DGAT activities when heterologously ex-

pressed in E. coli or R. opacus. Therefore, the protein encoded by
wdh3269 probably does not have a major contribution to TAG
accumulation in M. smegmatis (51).

Reverse transcription-PCR (RT-PCR) analysis revealed that all
15 atfA-like genes of M. tuberculosis H37Rv (designated tgs for
“TAG synthases”) are transcribed and that especially tgs1 and, to a
lesser extent, tgs2 to -4 are induced under dormancy-inducing
conditions. The 15 Tgs proteins significantly differ in their pre-
dicted properties, such as the theoretical molecular mass (from 21
to 54 kDa) or the theoretical pI (from 4.7 to 10.4). Furthermore,
the predicted subcellular localization differs from membrane
bound (8 homologs) to cytoplasmic (6 homologs). The amino
acid identities to AtfA ranged from 15 to 39%, and the HHxxxDG
motif is modified in 3 homologs. Interestingly, Tgs3 (Rv3234c)
exhibited comparatively high DGAT and WS activities, although
the second histidine of the active-site motif is replaced by glu-
tamine. In an enzymatic assay of each of the 15 Tgs proteins (with
N-terminal His6 tags), significant DGAT activities were detected
in only four recombinant E. coli strains, expressing Tgs1
(Rv3130c), Tgs2 (Rv3734c), Tgs3 (Rv3234c), or Tgs4 (Rv3088).
However, the authors speculated that the substrate range of Tgs
enzymes is likely to differ from the standard substrates applied in
the enzyme assay (73). Later, it was shown that Tgs1 prefers C26

acyl-CoA as a substrate. Furthermore, the disruption of tgs1 dras-
tically reduced the ability to accumulate TAG. Thus, Tgs1 is the
major contributor to TAG synthesis, and, consequently, C26 is the
major constituent of TAG in M. tuberculosis H37Rv (81).

M. ratisbonense SD4 is naturally adapted to degrade alkanes or
isoprenoids such as phytane or squalane, and it accumulates TAG
or a mixture of isoprenoid WE derived from oxidized intermedi-

FIG 5 Multiple-sequence alignment of AtfA-like proteins from 17 different organisms (for details, see Table 1). Predicted secondary structural motifs of
AtfA are schematically displayed above the AtfA sequence, boxes represent putative � helices, and arrows represent � strands. The active-site motif is
marked with a red box.
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ates of incomplete isoprenoid catabolism (82, 83). Isoprenoid WE
biosynthesis from bulky substrates again demonstrates the broad
substrate spectrum of AtfA-like acyltransferases and emphasizes
that the type of accumulated lipids depends mainly on the physi-
ological background and on available metabolites rather than on a
restricted substrate range of the involved enzymes (83).

Marinobacter hydrocarbonoclasticus. The Gram-negative,
marine bacterium M. hydrocarbonoclasticus is able to utilize vari-
ous hydrocarbons and isoprenoids as sole carbon and energy
sources (84). Furthermore, like some other marine bacteria, M.
hydrocarbonoclasticus can accumulate (polyunsaturated) isoprenoid
WE upon degradation of phytol, farnesol squalene, or similar chlo-
rophyll-derived compounds, which are abundant in the marine
sediment (32, 85–87).

In 2007, four isoprenoid WE biosynthetic genes (together with
isoprenoid-CoA synthetases) were identified in the marine bacte-
rium M. hydrocarbonoclasticus by identifying genes similar to atfA
in the genome sequence of Marinobacter aquaeolei strain VT8
(32). Meanwhile, it has been proposed to designate M. aquaeolei as
M. hydrocarbonoclasticus, too (88). The respective sequences in
the genome of M. hydrocarbonoclasticus encode enzymes (termed
WS1 to -4) with amino acid identities of 27 to 45% compared to
AtfA from A. baylyi (32). WS4 is the product of a truncated pseu-
dogene in M. hydrocarbonoclasticus (but not in M. aquaeolei). N-
terminally His6-tagged WS1, WS2, and WS3 were purified in or-
der to analyze their substrate ranges and compare them with that
of AtfA (32). It turned out that WS1 and WS2 prefer long-chain-
length acyl-CoAs (�C14) to acylate a wide spectrum of fatty alco-
hols (C10 to C16) or isoprenoid alcohols (phytol or farnesol). In-
terestingly, if the acyl donor was phytanoyl-CoA instead of
(unbranched) acyl-CoA, only equally bulky molecules, phytol and
farnesol, were accepted as reaction partners. WS1 and WS2 are
able to synthesize not only isoprenoid WE but also hybrid acyl-
isoprenoid WE and “normal” WE (Fig. 6). On one hand, regard-

ing WE synthesis, WS2 seems to exhibit a broader substrate range,
with a higher preference for longer-chain alcohols as well as a
higher activity for isoprenoid WE formation than WS1. On the
other hand, only WS1 exhibited DGAT activity. WS3 did not show
activity with any of the tested substrates, and thus either it might
be an inactive variant or its substrate range is significantly differ-
ent from those of WS1 and WS2. AtfA from A. baylyi was also
included in this test but was unable to catalyze isoprenoid WE
formation from phytanoyl-CoA and phytol (32).

When specific activities of the enzymes were compared by
means of a spectrophotometric assay, WS2 turned out to be sig-
nificantly more active than both WS1 and AtfA. For the formation
of “normal” WE from hexadecanol and palmitoyl-CoA, its spe-
cific activity was about 61.3 mmol/min/mg, in comparison to only
1.3 or 0.4 mmol/min/mg for WS1 or AtfA, respectively. Further-
more, a specific activity of 28.9 mmol/min/mg with phytol and
palmitoyl-CoA was detected for WS2, whereas WS1 or AtfA ex-
hibited only about 0.2 or 0.1 mmol/min/mg. For the conversion of
isoprenoid substrates (phytol and phytanoyl-CoA), there was no
activity detectable with WS1 or AtfA using this assay method, but
WS2 still exhibited an activity of approximately 0.4 mmol/min/
mg. This value for isoprenoid substrates is comparable to the spe-
cific activity of AtfA with its natural acyl substrates. WS1 appears
to be quite similar to AtfA; it not only shares the highest amino
acid identity (45%) of all M. hydrocarbonoclasticus enzymes but
also has similar activity levels and substrate preferences (e.g., it
accepts DAG, in contrast to WS2) (32).

WS2 from M. hydrocarbonoclasticus was also included in the
already-mentioned comparison of five different acyltransferases
for their suitability for biodiesel synthesis in S. cerevisiae, and the
strain expressing ws2 achieved the highest biodiesel production.
Furthermore, WS2 exhibited highest in vitro activities for nearly
all of the tested alcohol substrates, including ethanol. For exam-

FIG 6 Biosynthesis of (hybrid) isoprenoid wax esters (WE) from phytol and phytanoyl-CoA or acyl-CoA, as catalyzed by WS2 from M. hydrocarbonoclasticus.
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ple, its activity toward ethanol and palmitoyl-CoA was nearly
twice as high as the activity of AtfA (72).

In a very recent study, Barney and coworkers compared AtfA
and four other bacterial WS/DGATs from Psychrobacter cryohalo-
lentis K5 and Rhodococcus jostii RHA1, as well as two proteins from
M. aquaeolei VT8 (which, in principle, equate with WS1 and WS2)
(28). The respective genes were expressed in E. coli as dual fusion
proteins, harboring an N-terminal maltose binding protein tag
and an additional C-terminal His8 tag for increased solubility and
easier purification. In in vitro activity assays, the enzyme Ma1
from M. aquaeolei showed by far the highest WS activity with
palmitoyl-CoA and dodecanol or hexadecanol. In general, all en-
zymes exhibited significantly higher WS activities with dodecanol
than with hexadecanol, although AtfA showed a higher specificity
for hexadecanol in earlier measurements (54). However, as differ-
ent assay methods were applied, the results might not be compa-
rable. In general, Ma1 from M. aquaeolei turned out to be the most
active enzyme. It is also most suitable for a rapid purification
process, and hence it is seen as the candidate with greatest poten-
tial for future structural and mechanistic studies (28). As men-
tioned above, it has been proposed that M. aquaeolei and M. hy-
drocarbonoclasticus belong to the same species (88); thus, Ma1
corresponds to WS1, and Ma2 corresponds to WS2. The deposited
protein sequences of WS1 (accession number ABO21020.1) and
Ma1 (YP_957462.1) are identical except for position 194, which is
aspartate in WS1 and glycine in Ma1, and position 321, where
aspartate is conservatively exchanged by glutamate. While the first
difference at position 194 lies in a nonconserved area (Fig. 5), the
aspartate at position 321 is conserved in many other AtfA-homol-
ogous proteins. Between the WS2 (ABO21021.1) and Ma2
(YP_960328.1) sequences, there is only one difference, at position
395, which is glycine in WS2 but aspartate in Ma2. This residue is
not conserved in other AtfA homologs (Fig. 5). However, despite
there being nearly 100% identity between WS1 and Ma1 and be-
tween WS2 and Ma2, their determined activities were greatly di-
vergent. When WS1 and WS2 were compared, the WS activity of
WS2 turned out to be approximately 60-fold higher than that of
WS1 (32). In contrast, the comparative assay of the WS activities
of Ma1 and Ma2 showed that Ma1 is significantly more active than
Ma2, i.e., approximately 7.5-fold with dodecanol as the substrate
or 3-fold with hexadecanol as the substrate. So far, it is uncertain
how these oppositional results for WS1/Ma1and WS2/Ma2 came
about and which enzyme, the first or second AtfA homolog from
M. hydrocarbonoclasticus, is indeed the more active enzyme.

Another very interesting finding concerning Ma1 from M.
aquaeolei was the identification of the small alanine residue at
position 360 to be relevant for the fatty alcohol chain length selec-
tivity of Ma1 (89). The replacement of alanine by isoleucine re-
sulted in an increased activity with the shorter-chain-length fatty
alcohols nonanol and decanol compared to that of the wild-type
enzyme, which is most active with dodecanol. This effect could
also be shown for AtfA when replacing the corresponding glycine
at position 355 by isoleucine. Apart from that, the ratio of enzyme
activities with hexadecanol versus dodecanol remained uninflu-
enced by the mutations. Therefore, the authors assumed that the
incorporation of a larger amino acid residue does not block the
access for longer-chain-length alcohols but improves the binding
of shorter alcohols to the active site instead (89). The identifica-
tion of residues affecting the substrate specificities of AtfA-like
WS/DGATs is of great relevance for potential biotechnological

utilization; hence, this recent study marks a first and important
step in this direction.

Alcanivorax borkumensis. The Gram-negative marine bacte-
rium A. borkumensis is specialized for the utilization of hydrocar-
bons as sole carbon and energy sources (90). Due to an otherwise
very restricted substrate utilization range, A. borkumensis is often
exposed to long starvation phases until a sudden occurrence of
utilizable hydrocarbon substrates, e.g., oil-polluted water, enables
a rapid propagation. A strategy to survive such fluctuating nutri-
tion supply seems to be the accumulation of TAG (to more than
20% of the CDW) and minor amounts of WE. Because large
amounts of intracellularly stored TAG are mostly found in Gram-
positive bacteria (belonging to the actinobacteria), A. borkumensis
is so far outstanding for being the only described Gram-negative
bacterium that is able to accumulate TAG in large amounts (26).

In the A. borkumensis genome, two atfA-homologous gene se-
quences have been identified, designated atfA1 and atfA2, which
are both transcribed. The respective enzymes, AtfA1 and AtfA2,
share significant amino acid identities (49% and 40%) to AtfA
from A. baylyi and a similar degree of identity (46%) to each other.
A detailed biochemical characterization of the two enzymes re-
vealed that both are active acyltransferases with broad substrate
ranges indeed, but they also differ substantially in their substrate
specificities. AtfA1 exhibits high DGAT activity and a nearly
3-fold-higher WS activity and shows a clear preference for 1-MAG
than for other MAGs. AtfA2 acts as active WS and accepts all kinds
of tested MAGs, but it has solely a residual DGAT activity.
Whereas most characterized bacterial WS/DGATs showed a pref-
erence for longer-chain-length alcohols, in particular hexade-
canol, AtfA1 and AtfA2 prefer medium-chain-length, linear alco-
hols, such as butanol or decanol, and even showed a higher activity
toward cyclic or phenolic alcohols (e.g., cyclohexylethanol or
2-phenylethanol) than toward hexadecanol (26).

By inactivation of both genes, their functional contribution to
the storage of neutral lipids in A. borkumensis could be revealed.
Although the WS activity is about four times the DGAT activity in
wild-type cells, they primarily accumulate TAG when cultivated
with pyruvate. WE, besides a greater proportion of TAG, are syn-
thesized only when hexadecane is provided (26, 91). This inability
is due to the lack of a fatty acyl-CoA reductase, so that during
growth with unrelated carbon sources, there are no fatty alcohols
present that could serve for WE synthesis. Inactivation of atfA1
drastically reduced both WS and DGAT activities, but the disrup-
tion of atfA2 affected both activities to only a minor degree, al-
though the respective enzyme exhibited significant WS activity in
vitro. A double knockout of both genes completely abolished WS
activity, but a residual low DGAT activity remained. More de-
tailed analyses confirmed that AtfA1 is the main contributor to
TAG and WE accumulation, whereas AtfA2 is dispensable for the
storage of lipids. It was speculated that AtfA2 might be involved in
synthesis of a yet-unknown fatty acid ester under natural, but not
laboratory, conditions. Beyond that, a substantial residual TAG
content (between 5 and 10% of the CDW) in the double knockout
mutant indicates the existence of an alternative, WS/DGAT-inde-
pendent TAG biosynthesis pathway (26).

Besides M. hydrocarbonoclasticus and A. borkumensis, other
marine hydrocarbonoclastic bacteria are able to accumulate lip-
ids. For example, Alcanivorax jadensis (formerly Fundibacter
jadensis) and Thalassolituus oleivorans are known to form intra-
cellular lipid inclusions (TAG, WE, or wax diesters), and they were
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even reported to export WE when cultivated with n-alkanes (26,
29, 91, 92). However, the responsible acyltransferase has not yet
been identified. It can only be speculated that these bacteria also
possess one or more AtfA-like acyltransferases.

Rhodococcus opacus. The Gram-positive, hydrocarbon-de-
grading soil bacterium R. opacus strain PD630 represents a prime
example of bacterial TAG accumulation. Due to its ability to
store up to 76 or 87% lipids (of the CDW) when cultivated in
nitrogen-limited medium with gluconate or olive oil, respec-
tively, R. opacus PD630 is of great biotechnological interest and
serves as a model organism to study bacterial TAG synthesis
and accumulation (18, 74).

In order to identify the enzymes involved in TAG biosynthesis
in this extraordinary strain, it was searched for atfA-similar se-
quences in its genome, which was at that time not sequenced.
Therefore, nondegenerate primers were designed according to the
genome sequence of the closely related R. jostii strain RHA1. In a
first survey, 10 atfA-homologous sequences were identified in R.
opacus PD630, designated atf1 to atf10 (74). In the genome of R.
jostii strain RHA1, there exist 14 atf-homologous genes with
amino acid identities of at least 22% to Atf1 from R. opacus.

The heterologous expression of atf1 to atf10 in E. coli revealed
that solely Atf1 and Atf2 exhibit relatively low WS and, in the case
of Atf2, also DGAT activity. Atf1 was predicted to possess two
putative transmembrane domains, whereas Atf2 seems to be a
cytoplasmic enzyme. Surprisingly, an atf1 disruption mutant of R.
opacus was seriously affected in TAG synthesis (having approxi-
mately 50% less TAG accumulation), and its DGAT activity was
decreased to approximately one-third of the wild-type activity,
whereas the WS activity was not strongly influenced (74). This
finding demonstrated again that acyltransferases can exhibit dif-
ferent substrate specificities depending on the expression host, as
Atf1 seems to be an important contributor to DGAT activity in
cells of R. opacus but not in recombinant E. coli. The finding of
very low activities of the majority of Atf proteins in E. coli could be
attributed to the expression host as well as to a strongly divergent
substrate range that is not covered in standard enzyme assays.
However, the high redundancy of atfA-like sequences in Rhodo-
coccus spp. might be a hint for their importance as well as for a
presumably complex relationship between the encoded gene
products (74). The detection of phenyldecanoic acid as a constit-
uent of WE (e.g., phenyldecyl-phenyldecanoate) and TAG in R.
opacus PD630 grown with phenyldecane again demonstrated the
ability of AtfA-like enzymes to utilize even bulky substrates (93).

Streptomyces coelicolor and Streptomyces avermitilis. The ge-
nus Streptomyces includes filamentous, Gram-positive soil bacte-
ria, many strains of which produce important antibiotics for clin-
ical use. Furthermore, many Streptomyces strains are also able to
synthesize TAG during the postexponential growth phase (94).

In the genome of S. coelicolor, there are genes for three proteins
with remote similarities to AtfA from A. baylyi: Sco0958, Sco0123,
and Sco1280 (75). Only Sco0958, exhibiting 25% identity to AtfA,
contributes to TAG biosynthesis in S. coelicolor strain A3(2): its
deletion seriously reduced TAG accumulation to approximately
30% of the S. coelicolor wild-type TAG level, whereas a deletion of
the other two candidates had no effect. Furthermore, the TAG
leaky phenotype could be complemented by reintroduction of
sco0958, and its overexpression resulted in significantly higher
TAG accumulation. This protein is the only one harboring an
intact active-site motif (HHxxxDG), and it exhibits DGAT but not

WS activity in vitro and in vivo when heterologously expressed in
E. coli. Although Sco1280 does not seem to play a functional role
in TAG storage in S. coelicolor and was not active in E. coli, the
expression of two copies of sco1280 in S. coelicolor led to a 20%
increased TAG content. This indicates that Sco1280 catalyzes a
DGAT reaction but plays only a minor role in S. coelicolor, so that
its loss might be easily compensated for by other DGAT enzymes.
The authors further speculated that Sco1280 might have a very
limited substrate range or that it might need an interaction with an
oily surface or another protein for full activity. Sco0123, in con-
trast, seems to have a completely different physiological role (75).

As was already speculated for other WE- or TAG-synthesizing
bacteria, there seems to be an alternative pathway with variable,
but generally lower, impact on the overall TAG storage (26, 51).
The finding that there was a residual DGAT activity and TAG
synthesis left in the triple mutant (sco0958 sco1280 sco0123) of S.
coelicolor again supported this hypothesis (75). In S. coelicolor,
bacterial phospholipid:DGAT (PDAT) activity could be proven
for the first time. This PDAT activity existed at comparable levels
in the S. coelicolor A3(2) wild type and in the triple mutant and was
thus not affected by the deletion of either of these proteins which
are similar to AtfA. Thus, glycerophospholipids can act as acyl
donors for TAG biosynthesis via the PDAT pathway in addition to
(or as substitute for) the DGAT pathway catalyzed by AtfA-like
acyltransferases. So far, the bacterial PDAT-mediating enzyme has
not been identified, and the genome of S. coelicolor does not fea-
ture any obvious sequence similarity to characterized eukaryotic
PDATs (e.g., Lro1 from S. cerevisiae) (75).

In S. avermitilis, more than 60% of the total cellular fatty
acids are iso- and anteiso-methyl-branched fatty acids, and,
accordingly, the accumulated TAG differ from the common
constitution due to their high proportion of such branched
fatty acids (e.g., anteiso-pentadecanoic acid) (76). S. avermitilis
also is able to synthesize small amounts of WE (less than 5% of
the total lipid extract) when cultivated with glucose and hexa-
decanol. The responsible atfA-homologous gene encodes a
protein, termed SAV7256, which strongly resembles the active
DGAT enzyme Sco0958 from S. coelicolor (SAV7256 and
Sco0958 share 82% identical amino acids). SAV7256 also ex-
hibits the HH(A)xxDG motif and shares 25% identical amino
acids with AtfA from A. baylyi. DGAT, but lower WS, activities
were detected in crude cell extracts of S. coelicolor strain MA-
4680, which is consistent with both high TAG and low or absent
WE storage, as well as with the substrate specificity of Sco0958.
This DGAT activity increases during cultivation under storage
conditions, indicating an induction of sav7256 expression. Re-
markably, SAV7256 exhibited an inverse substrate specificity in
E. coli. Here, WS activity predominated over DGAT activity,
corresponding to 46 and 31% of the activities of AtfA from A.
baylyi in E. coli, which was used as positive control. In E. coli
crude extracts, SAV7256 preferred 1-decanol rather than C4 or
C24 linear alcohols, cyclic or aromatic alcohols, MAG, or DAG.
Generally, the substrate range of SAV7256 seemed to be more
restricted in comparison to that of AtfA (76).

Alternatives to the AtfA-Catalyzed Pathway for Lipid
Synthesis in Bacteria

Studies regarding bacterial enzymes involved in substantial WE
and/or TAG accumulation clearly indicate that this function is
fulfilled exclusively by acyltransferases belonging to the WS/
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DGAT (AtfA-like) family, because no other acyltransferases es-
sentially linked to a bacterial lipid synthesis could be detected so
far.

However, in some cases there were still residual amounts of
TAG detectable after inactivation of the genes similar to atfA. For
instance, mutant strains of A. borkumensis still exhibited between
5 to 10% TAG of the CDW or, in the case of S. coelicolor, up to
30% of the wild-type TAG content (26, 75). The genome of A.
borkumensis was reported to comprise several putative acyltrans-
ferase genes, nonhomologous to atfA, of hitherto-unknown func-
tion (95).

Apart from the situations discussed above, it is likely that there
are alternative acyl-CoA-independent pathways for TAG synthe-
sis with a rather low contribution to the overall TAG content. This
could potentially be a DAG:DAG transacylase which utilizes DAG
as both the acyl donor and acceptor. Such a mechanism has been
described in plants and animals, although a responsible gene
product has not been identified yet (96, 97). An enzyme assay for
DAG:DAG transacylase was performed with S. coelicolor crude
extracts, but there was no detectable activity (75). Furthermore,
the eukaryotic sterol:acyl-CoA acyltransferase from S. cerevisiae
also exhibits a certain DGAT side activity (98). Thus, in both cases,
it is currently not known whether such enzymatic activities also
exist in bacteria. Indeed, as mentioned above, the PDAT pathway
as another, acyl-CoA-independent, TAG synthesis route has been
detected in S. coelicolor, which had only been described for yeast
and plants before (75, 99).

In contrast to alternative TAG synthesis pathways, there seem to
be no alternative enzymes for bacterial WE synthesis apart from
AtfA-related enzymes. The deletion of atfA-like genes in A. baylyi
(51) as well as in A. borkumensis (26) completely abolished their
ability to synthesize WE.

To sum up, bacterial accumulation of WE and noteworthy
amounts of TAG is essentially linked to WS/DGAT (AtfA-like)
enzymes. So far, no alternative acyltransferase type able to catalyze
WS or DGAT reactions and to synthesize bulk amounts of these
lipids has been identified in bacteria.

AtfA-Homologous Proteins in Eukaryotes

In contrast to the situation in bacteria, there are several different
classes of acyltransferases known in eukaryotes which mediate DGAT
or WS activity (Fig. 2). However, as mentioned above, database
searches suggest that AtfA-homologous proteins are additionally
widespread in eukaryotes. However, most of these putative eukary-
otic WS/DGAT enzymes, with the exception of the ones from Petunia
and Arabidopsis, have not been characterized to date.

Petunia hybrida. The AtfA-homologous WS from Petunia
(designated PhWS1) is composed of 522 amino acids and exhibits
19% identity to AtfA (53). It is predicted to contain two trans-
membrane domains, with the N terminus, including the active-
site motif HHxxxDG, being at the cytoplasmic site. Moreover,
PhWS1 activity could be detected only in the membrane fraction
of S. cerevisiae cells heterologously expressing PhWS1. In P. hy-
brida, PhWS1 is mostly expressed within the petals, which are
covered by a special mixture of low-molecular-weight WE from
very-long-chain fatty acids (VLCFA) and methanol, isoamyl alco-
hol, and C4 to C12 alcohols. When PhWS1 was heterologously
expressed in a TAG-deficient strain of S. cerevisiae, this led to the
synthesis of C16-24 fatty acid isoamyl esters but could not restore
TAG biosynthesis, indicating that PhWS1 has WS, but not DGAT,

activity. The latter could be verified by an in vitro enzyme assay
employing PhWS1 with palmitoyl-CoA and MAG or DAG. Fur-
thermore, the activity toward various straight, branched, aro-
matic, and terpenoid alcohols was determined: in vitro, PhWS1
exhibited the highest specific activity with medium-chain-length
dodecanol (C12) and approximately 50% of this activity toward
octanol (C8) and decanol (C10). Besides these three substrates, the
activity toward other alcohols was significantly lower than that
toward dodecanol (e.g., activity toward isoamyl alcohol was ca.
8-fold lower and that toward tetradecanol was 26-fold lower).
PhWS1 could not utilize methanol as a substrate. As acyl donors,
PhWS1 prefers saturated very-long-chain-length (VLC) acyl-
CoAs such as arachidoyl-CoA (C20:0) and behenoyl-CoA (C22:0),
with about 6- and 3-fold-increased activities compared to that
with palmitoyl-CoA. In comparison to saturated stearoyl-CoA
(C18:0), the specific activity was seriously diminished by C-C dou-
ble bonds, like in oleoyl-CoA (C18:1; 40% less) or linoleoyl-CoA
(C18:2; 90% less). The preference for saturated VLC acyl-CoAs is
reflected in the composition of waxes composed of saturated
VLCFA on petunia petals. However, there must be other WS en-
zymes that synthesize high-molecular-weight WE-containing
VLC alcohols, which could not be synthesized by PhWS1 in vitro
(53).

Arabidopsis thaliana. As mentioned above, database searches
revealed that there are 11 putative WS/DGAT enzymes present in
Arabidopsis (WSD1 to WSD11), with all of them sharing the con-
served HHxxxDG motif in the N-terminal region. WSD1 shares
22% amino acid identity to AtfA from A. baylyi and was first
characterized in 2008 (13). The enzyme is located in the mem-
branes forming the endoplasmic reticulum, representing the nat-
ural sites for the synthesis of cuticular wax components which are
then exported to the cuticle (9, 13). WSD1 disruption mutants of
Arabidopsis showed a severely reduced WE content in their total
stem wax mixture, which usually contains even-numbered C38 to
C54 (mainly C44) WE. In crude protein extracts of E. coli cells
heterologously expressing WSD1, the enzyme showed an about
10-fold-higher WS than DGAT activity, which is consistent with
the preferences of AtfA from A. baylyi (13, 51). WSD1 enabled
recombinant S. cerevisiae cells to synthesize WE when cultivated
with palmitic acid (C16) and octadecanol (C18), and even more
WE were accumulated from palmitic acid and either tetracosanol
(C24) or octacosanol (C28). Furthermore, shorter-chain-length al-
cohols (ethanol and isoamyl alcohol) present in yeast were not
esterified by WSD1, as was reported for AtfA (70) or PhWS1 (53).
These findings indicate a preference of WSD1 for VLC alcohols
(13). However, WSD1 could not restore the TAG-deficient phe-
notype of the mutant S. cerevisiae strain, as was the case for recom-
binant atfA expression. Thus, WSD1 might exhibit DGAT activity
only in vitro and not in vivo. Furthermore, Arabidopsis WSD1
mutants showed no diminished TAG contents (for example, in
seeds), which also implies that the natural physiological role of
WSD1 is stem WE synthesis rather than TAG storage. Others of
the 11 putative WS/DGAT homologs of Arabidopsis might take
over this role, e.g., WSD9, which is highly expressed in Arabidopsis
seeds (13, 100).

GLYCEROL-PHOSPHATE ACYLTRANSFERASES

As mentioned above, membrane glycerophospholipids and TAG
are both synthesized from the common precursor phosphatidate
(PA), consisting of a 2-fold-acylated glycerol-3-phosphate back-

Röttig and Steinbüchel

288 mmbr.asm.org Microbiology and Molecular Biology Reviews

http://mmbr.asm.org


bone. Thus, glycerophospholipids and TAG arise from the same
PA biosynthesis pathway (the “Kennedy pathway”) embedded in
the cytoplasmic membrane (101) (Fig. 7). Different types and
common features of bacterial glycerolipid acyltransferases have
already been excellently reviewed by Zhang and Rock (66); there-
fore, this review will present only central aspects necessary to pro-
vide a general overview of this important family of acyltransferases
in bacteria.

Conserved Motifs of Glycerolipid Acyltransferases

Glycerol-3-phosphate is successively acylated at the sn-1 and sn-2
positions, catalyzed by glycerol-3-phosphate acyltransferase
(GPAT) (EC 2.3.1.15) and 1-acylglycerol-3-phosphate acyltrans-
ferase (or lysophosphatidic acid acyltransferase [LPAAT] [EC
2.3.1.51]), respectively, yielding PA (102, 103). Glycerolipid acyl-
transferases (including GPAT and LPAAT enzymes) from bacte-
ria, plants, yeasts, and animals all share the highly conserved ac-
tive-site motif HxxxxD, consisting of invariant histidine and
aspartate residues separated by four less-conserved amino acids.

Apart from that, these universally occurring acyltransferases ex-
hibit high sequence variability, and the HxxxxD pattern can be
located in different areas (104). The highly conserved region con-
taining the HxxxxD sequence is referred to as block I. Further-
more, there are three short regions (blocks II to IV) exhibiting
high conservation in glycerolipid acyltransferases from bacteria,
yeasts, and animals (enzymes from plants lack blocks III and IV
[105]). Table 2 displays the sequences present in E. coli GPAT and
LPAAT (PlsB and PlsC, respectively) as well as consensus se-
quences for conserved blocks I to IV derived from bacterial, yeast,
and animal acyltransferases (105).

Catalytic Mechanism of GPAT

In order to investigate the importance of the conserved amino
acids of blocks I to IV, E. coli PlsB was analyzed as a representative
GPAT acyltransferase by means of site-directed mutagenesis and
chemical modifications (104, 105).

An exchange of histidine in block I with alanine completely dimin-
ished PlsB activity, indicating its essential role for functionality (104).

FIG 7 First two acylation steps in membrane lipid and triacylglycerol synthesis from glycerol-3-phosphate to the central intermediate phosphatidate (Kennedy
pathway).

TABLE 2 Blocks with high degree of conservation in acyltransferasesa

Enzyme

Sequenceb

Block I Block II Block III Block IV

E. coli GPAT (PlsB) VPCHRSHMDYL GAFFIRR YFVEGGRSRTGR ITLIPIYI
GPAT consensus �xxHRSx�D�� Gx�FIRR �F�EGTRSRxGK ����P���
E. coli LPAAT (PlsC) IANHQNNYDMV GNLLLDR MFPEGTRSR-GR VPIIPVCV
LPAAT consensus �xNHQSx�D�� Gx�FIDR �FPEGTRxxxGx �P��P���
a Adapted from reference 105 with permission (copyright 1999 American Chemical Society).
b �, hydrophobic amino acids (V, I, L, F, W, Y, or M). Highly conserved residues are in bold, the catalytically essential histidine and aspartate in block I in italic, and residues for
glycerol-3-phosphate binding are underlined. (Accession numbers of E. coli GPAT and LPAAT are P0A7A7 and AAC76054, respectively.)
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However, though an exchange with glycine seriously diminished PlsB
activity, residual in vitro catalysis of glycerol-3-phosphate acylation
was still detectable. This led to the speculation that the flexible nature
of the small glycine residue established a great conformational flexi-
bility in this area, thus permitting another amino acid to resume the
role of histidine (105). When the negative charge of aspartate in block
I was replaced by alanine, the enzyme was completely inactive, but the
retention of the negative charge at this position (glutamate) only re-
duced its activity. In addition, the barely influenced Km value of the
Asp311Gly variant indicated that substrate binding was not affected
(104, 105). Consequently, it is assumed that histidine and aspartate in
HxxxxD form a catalytic dyad in which the negative residue aspartate
forms a charge relay system with histidine that abstracted a proton
from the hydroxyl group of the substrate. Subsequently, the nucleo-
philic oxyanion attacks the carbon atom of the acyl-thioester sub-
strate (104).

This assumption was further substantiated when the crystal
structure of a distantly related, soluble GPAT variant from plant
plastids (squash) became available. In this structure, the HxxxxD
motif was folded in a helical turn so that the carboxyl group of
aspartate lies in the proper orientation to form an ionic linkage
with histidine in such a way that the nonbonding electron pair of
the imidazole ring faces the active site to abstract a proton from
glycerol-3-phosphate. Furthermore, this GPAT structure exhibits
a deep cleft lined with hydrophobic residues and a positively
charged pocket near the one end, which most likely represent the

binding sites for acyl-CoA and the negatively charged glycerol-
phosphate. Both putative substrate binding sites are immediately
adjacent to the catalytic HxxxxD pattern (106).

Some of the conserved amino acids in the remaining blocks II to IV
were found to be necessary for proper glycerol-3-phosphate binding
(underlined in Table 2), due to significantly increased Km values of
PlsB variants that have been mutated accordingly. The positively
charged arginine in block II seems to play the most critical role in the
interaction with the negatively charged phosphate, whereas the phe-
nylalanine in block II, as well as glutamate and serine in block III, are
of slightly less importance. The highly hydrophobic block IV is likely
to be involved in binding the hydrophobic chain of acyl-CoA. When
proline was replaced by polar serine, the Km value significantly in-
creased. Furthermore, the conserved first glycine in block III seems to
play a crucial steric role (105).

Figure 8 schematically sums up the different pathways for the
synthesis of glycerophospholipids and TAG in bacteria and again
illustrates that GPAT and LPAT provide PA as the precursor for
both membrane phospholipids and TAG synthesis, if the organ-
ism is able to accumulate TAG.

LPA Biosynthesis in E. coli and Other Gammaproteobacteria
(via PlsB)

In the first and most detailed analyzed model system of E. coli and
other gammaproteobacteria, glycerol-3-phosphate is acylated to
lysophosphatidate (LPA) by PlsB and further acylated to PA by

FIG 8 Overview of pathways for membrane phospholipid and triacylglycerol biosynthesis in bacteria. G3P, glycerol-3-phosphate; FAex, exogenous fatty acids;
LPA, lysophosphatidic acid; PA, phosphatidic acid; DAG, diacylglycerol; TAG, triacylglycerol.
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PlsC (left side of Fig. 8). Both membrane-bound enzymes of E. coli
utilize either acyl-ACP or acyl-CoA (107, 108), of which the latter
enables the cell to utilize exogenous fatty acids (after CoA activa-
tion by FadD) as an energy-saving alternative (66). PlsB is quite
selective for C16:0 and C18:1 fatty acyl chains but usually does not
accept substrates with a C16:1 carbon chain (109, 110). PlsB-ho-
mologous GPATs have also been identified in mammals and
plants (111, 112). However, during recent years it has turned out
that there exists an alternative for the first acylation step in the vast
majority of bacteria, as shown on the right side of Fig. 8 (113). A
comprehensive analysis of bacterial genomes revealed that this
alternative PlsX/PlsY pathway is most widely distributed, whereas
the PlsB pathway seems to be restricted primarily to gammapro-
teobacteria. While many of the latter organisms (e.g., Pseudomo-
nas aeruginosa) possess both alternatives, the Xanthomonadales
have solely PlsB (66).

LPA Biosynthesis in Other Bacteria (via the PlsX/PlsY
System)

PlsY represents a unique class of GPAT, as it not only has a com-
pletely different sequence and size but also uses acyl-phosphate as
a novel and unique acyl donor. This precursor is provided by the
soluble phosphotransacetylase PlsX, which catalyzes the forma-
tion of acyl-phosphate from acyl-ACP (114) (on the right in Fig.
8). Although the crystal structure of PlsX has been determined, the
residues specifically involved in substrate binding and catalysis
still remain to be elucidated (115).

PlsY has been characterized as a remarkably small (23-kDa)
membrane-bound enzyme in comparison to PlsB (93 kDa). It is
predicted to possess five membrane-spanning segments and three
cytoplasmic domains. An alignment with over 400 bacterial PlsY
sequences showed that this enzyme family includes highly con-
served sequences but has no eukaryotic homologs. PlsY enzymes
lack the characteristic conserved blocks of GPAT and LPAAT en-
zymes and exhibit three different, highly conserved sequence re-
gions instead (motifs 1 to 3) located in each cytoplasmic loop
(Table 3) (66).

The glycine-rich motif 1 is located in the first cytoplasmic loop,
and serine was found to be crucial for PlsY activity. Therefore, it
can be speculated that PlsY functions through an acyl-enzyme
intermediate like serine esterases. Asparagine and arginine are pu-
tatively involved in acyl-phosphate binding. The second cytoplas-
mic loop contains the conserved motif 2 and represents the glyc-
erol-3-phosphate binding site with an essential, positively charged
lysine. The conservative exchange of the glycines with alanine
strongly affected substrate binding due to steric hindrance. Motif
3 is located in the C-terminal cytoplasmic domain and comprises
the catalytically essential histidine and asparagine residues. As has
been described for GPATs, the assumed role of His185 of PlsY is to
initiate the catalytic mechanism by abstracting a proton from the
hydroxyl group of glycerol-3-phosphate to facilitate the nucleo-

philic attack on the phosphoanhydride bond of acyl-phosphate. A
replacement of glutamate in motif 3 prevented proper folding
and/or membrane assembly of the PlsY mutant, which was there-
fore also inactive. Nevertheless, it can also be speculated that glu-
tamate is essentially involved in establishing a charge relay system
with histidine. The fact, that PlsY is inhibited by acyl-CoA addi-
tionally underlines that it functions in a different way than PlsB-
like acyltransferases (113).

PA Biosynthesis (via PlsC)

While the initial step in glycerophospholipid and/or TAG synthe-
sis is realized in different ways via PlsB or PlsY, the second acyla-
tion step is always catalyzed by PlsCs (LPAATs), which are ubiq-
uitously distributed in all bacteria. Nevertheless, there are
differences between PlsCs from Gram-positive bacteria, such as
Bacillus subtilis, which are dependent on acyl-ACP as the essential
acyl donor (115), and PlsC from E. coli, which readily utilizes both
acyl-ACP and acyl-CoA (103, 114). This is in accordance with the
fact that most Gram-negative bacteria that belong to the gamma-
proteobacteria have the opportunity to incorporate exogenous
fatty acids into their lipids, whereas the remaining bacteria depend
on de novo fatty acid synthesis as a source for membrane synthesis.
As mentioned above, LPAAT enzymes share the common highly
conserved blocks I to IV with GPATs; therefore, it is assumed that
they use a similar catalytic mechanism. However, no mutagenesis
experiments or membrane topology analyses have been con-
ducted to verify these predictions for PlsC, which are solely based
on sequence resemblance to PlsB (66).

Lpx ACYLTRANSFERASES FOR SYNTHESIS AND
MODIFICATION OF LIPID A

The outer membrane of Gram-negative bacteria represents an
asymmetric bilayer, with an inner monolayer formed by glycero-
phospholipids and an outer monolayer composed mainly of lipo-
polysaccharides (LPS). LPS are complex glycolipids which not
only provide protection to the cell as a physical barrier but also act
as endotoxins in case of Gram-negative pathogens (116, 117). LPS
molecules are composed of three domains: lipid A, core, and O
antigen. Lipid A is the bioactive component of LPS, which is spe-
cifically recognized by the innate immune system and responsible
for the endotoxin property of LPS causing inflammatory re-
sponse-induced endotoxicity leading to host tissue damage or sep-
tic shock. Thus, knowledge about its biosynthesis and its possible
repression represents an important basis for the development of
antimicrobial substances or vaccines to combat important Gram-
negative pathogens (118–120).

Lipid A functions as the hydrophobic anchor of LPS and is
essential for outer membrane integrity; thus, this portion of LPS is
indispensable for the viability of most Gram-negative bacteria
(120). This essential anchor is composed of a glucosamine-de-
rived disaccharide backbone substituted with phosphate at posi-
tions 1 and 4= and is integrated in the outer membrane via several
attached (3-hydroxy-)fatty acyl chains (116, 117). Although the
overall structure of lipid A is conserved among Gram-negative
bacteria, different species modify this complex molecule upon en-
vironmental stimuli by removing or modifying the phosphate
groups or acyl chains, respectively. As a consequence, the toxicities
caused by lipid A molecules from different species show widely
varying extents (116, 120).

TABLE 3 Consensus sequences of highly conserved motifs 1 to 3 in the
PlsY family of glycerolipid acyltransferasesa

Motif Sequence Proposed function

1 GSGNxGxTNxxR Acyl-P binding
2 FxGGKxVA G3P binding
3 HxxNxxxxxxxxE Catalysis
a Based on data from reference 66.
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Transfer of Primary Acyl Chains by “Early Acyltransferases”
LpxA and LpxD

UDP-N-acetylglucosamine-O-acyltransferases (LpxA and LpxD),
which catalyze the first two acylation steps in the lipid A biosyn-
thesis pathway, are soluble cytosolic enzymes and usually require
3-hydroxyacyl chains attached to the essential acyl donor ACP
(120–124). The first step of the overall lipid A biosynthesis route,
displayed in Fig. 9, is the reversible O-acylation of the 3-hydroxyl
group of the sugar nucleotide UDP-N-acetylglucosamine
(GlcNAc) catalyzed by LpxA (125, 126).

Substrate specificities of LpxA acyltransferases. LpxA acyl-
transferases are highly selective for the acyl chain length of their
ACP substrate. This specificity is species dependent and is consis-
tent with the composition of lipid A isolated from the respective
bacterium. While LpxA from E. coli (LpxAEc) has about a 1,000-
fold-higher preference for 3-hydroxy-C14-ACP rather than for
3-hydroxy-C10-ACP, the P. aeruginosa homolog (LpxAPa) has an
opposite specificity (121). Although the specificity for 3-hydroxy-
C14-ACP of LpxAEc is very high, it can additionally incorporate
odd-chain acyl residues differing by one carbon atom unit when
the respective fatty acid substrate is available (123, 127). The re-
spective enzymes from Neisseria meningitidis and Helicobacter py-
lori prefer 3-hydroxy-C12-ACP and 3-hydroxy-C16-ACP as sub-
strates, respectively (128, 129). In contrast to that, LpxAs from
Bordetella species are less restrictive regarding the acyl chain
length and likewise accept 3-hydroxyacyl residues with a length of
C10, C12, or C14 (130). Similarly, the LpxA acyltransferase from
Porphyromonas gingivalis utilizes 3-hydroxy-C16- and 3-hydroxy-
C14-ACPs (127). Lipid A from Chlamydia trachomatis exhibits an
unusual structure, as the 3- and 3=-hydroxyl groups of glucosa-
mine are attached to a myristoyl residue. LpxA from this bacte-
rium is at present the only known variant that does not require
3-hydroxyacyl chains, but it shows a clear preference for myris-
toyl-ACP (131). Upon heterologous expression of different lpxA
genes in E. coli, it became obvious that the observed acyl chain
specificities are restricted by the respective LpxA enzyme variant,
possessing precise, internal hydrocarbon rulers. The substrate
specificities of LpxAEc and LpxAPa can be swapped by single amino
acid substitutions (Gly173Met or Met169Gly, respectively) (124).

Three-dimensional (3D) structure of LpxA. Native LpxAEc is a
trimer composed of three identical (28-kDa) LpxA subunits,
whereof each subunit exhibits a C-terminal domain with four �
helices and an N-terminal domain forming a left-handed helix
composed of short parallel sheets. This unusual fold captures ap-
proximately two-thirds of the enzyme and forms a left-handed
parallel � helix (L�H). The N-terminal portion of the LpxA se-
quence comprises 30 tandem repeats of a hexapeptide sequence
motif, and three contiguous hexapeptide repeats specify one turn
of the helix (122, 132). This repeating motif was also detected in
other transferases and is characterized by an aliphatic residue (Ile,
Val, or Leu, often directly followed by Gly) and a small residue
(Ala, Ser, Cys, Val, Thr, or Asn) preceding the hydrophobic resi-
due (132, 133). The side chains of the repeating aliphatic residues
are directed inwards, with the triangular helix forming a hydro-
phobic, solvent-free core (132).

Catalytic mechanism of LpxA. LpxAs from diverse bacterial
species share many conserved basic amino acid residues which are
positioned around the cleft in between adjacent subunits and par-
ticipate in substrate binding and catalysis. His125 is essential for

activity of LpxAEc and is thus believed to be the catalytic base that
attacks the 3-hydroxyl group of GlcNAc. His122, His144, His160,
and Arg204 are also of high importance for activity and are pre-
sumably involved in substrate binding (134). The analysis of the
crystal structure of LpxAEc in complex with its product revealed
that each of the three active-site regions in the clefts between the
three L�Hs accommodates one product molecule. In addition,
His125 of each LpxAEc subunit lies within hydrogen-bonding dis-
tance to the respective 3-O atom of the glucosamine ring. The
position of the product is stabilized by multiple hydrogen bonds
to conserved amino acid residues; e.g., His122 and Gln73 form a
hydrogen bond to the 3-hydroxyl group of the acyl chain. Further-
more, parts of the UDP-GlcNAc molecule are hydrogen bonded
by His144, Lys76 (6-hydroxyl group of glucosamine ring),
Leu75(acetyl group), Gln161 (phosphate residues), Asn198, and
Arg205 (uridine moiety). The acyl chain lies within the cleft in a
position parallel to a � helix. When comparing LpxA-bound
products with a carbon chain length of C10 or C14, it became ob-
vious that the end of the 3-hydroxy-C14 residue extends far more
into the cleft, with its end reaching beyond Gly173. In contrast, the
chain of a 3-hydroxy-C10 residue ends before reaching Gly173.
Thus, when Gly173 is replaced by a more bulky amino acid (such
as methionine, as mentioned above), there would not be enough
space for the longer C14 chain anymore. Methionine at this posi-
tion might in turn increase the affinity to the terminal methyl
group of the shorter C10 chain through additional hydrophobic
interactions. Analogously, a replacement of His191, which could
restrict the ability of LpxAEc to utilize acyl chains longer than C14,
by arginine might be the reason why LpxA from Helicobacter can
use 3-hydroxy-C16-ACP as the substrate. Thus, steric hindrance in
the active-site clefts, representing the fatty acid binding grooves,
determines the generally very restricted acyl chain selectivity of
LpxA acyltransferases. Shorter-chain-length acyl-ACP substrates,
which should not encounter steric hindrances in the more distal
part of the cleft, are probably utilized at significantly lower rates,
because their shorter hydrophobic tail contributes less binding
energy (122).

LpxA transfers acyl chains by using a general acid-base catalysis
mechanism. Similar to the mechanism described for acyltrans-
ferase AtfA from A. baylyi, (Fig. 4), the free electron pair of nitro-
gen of His125 (in this case NE2) activates the glucosamine 3-hy-
droxyl group by abstracting a proton and generating an oxoanion,
which then acts as nucleophile to attack the thioester linkage of
(hydroxy)acyl-ACP. A hydrogen bond between the side chain of
conserved Asp126 and the proton probably helps to position
and/or stabilize His125. Furthermore, the backbone nitrogen of
Gly143 is assumed to function as an oxyanion hole during the
acid-base catalysis to stabilize a tetrahedral enzyme-substrate in-
termediate (122, 134).

The LpxA variant of Leptospira interrogans has also been struc-
turally studied, because it is restricted not only to 3-hydroxy-C12-
ACP but also to an UDP-GlcNAc analog which harbors an amino
instead of a hydroxyl group at the 3= position of the glucosamine
ring. This represents an unusual characteristic, as LpxAEc can
equally utilize both variants. This selectivity of the L. interrogans
enzyme might be due to a differing orientation of the Gln68 back-
bone carbonyl group in comparison to the respective Gln73 in
LpxAEc, providing an additional hydrogen bond acceptor for the
3-amino group. The chain length specificity is probably deter-
mined by the Lys171 side chain in the fatty acid binding cleft,
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which again substantiates the hypothesis that this cleft in between
two subunits of LpxA functions as a hydrocarbon ruler and re-
stricts the carbon chain length of the substrate (135).

LpxA homologs not only are very widespread among (nearly

all) Gram-negative bacteria but also occur in the majority of
higher plants, although their function remains unclear (136). A.
thaliana has an LpxA homolog with 38% identical (and 53% sim-
ilar) amino acid residues compared to LpxA from E. coli. This

FIG 9 Lipid A biosynthesis pathway of Escherichia coli (details are described in the text).
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enzyme also seems to have a preference for 3-hydroxy-C14-ACP,
and its three-dimensional structure is generally very similar to that
of LpxAEc. Not only the conserved catalytic but also the chain
length-determining positions align well with the respective resi-
dues of LpxAEc (137).

LpxD acyltransferases catalyzing the second and committed
N-acylation step. The LpxA product is deacetylated by LpxC to
UDP-3-acylglucosamine, and subsequently a second acyl chain is
attached via an amide linkage at position 2 of the glucosamine ring
by the N-acyltransferase LpxD, yielding UDP-2,3-diacylgluco-
samine (Fig. 9). LpxD and LpxA are encoded in the same operon
and share significant sequence homology (45% similarity) to each
other. Therefore, it is supposed that both enzymes result from
gene duplications (125, 138, 139). Like LpxAEc, LpxDs from E. coli
and from other Enterobacteriaceae also prefer 3-hydroxy-C14-
ACP, whereas LpxD from P. aeruginosa prefers 3-hydroxy-C12-
ACP (like LpxAPa) (123). Native LpxD is also a trimer composed
of three identical (36-kDa) LpxD subunits, and its structure is
comparable to that of LpxA, including the characteristic L�H mo-
tif (140, 141). An additional N-terminal uridine binding domain
containing highly conserved amino acids could be identified, plac-
ing the glucosamine ring near the catalytic center which lies in the
cleft between two adjacent subunits (140). Due to a high binding
affinity of 3-hydroxy-C14-ACP for free LpxD, it is proposed that
the acyl-ACP substrate binds prior to the UDP-3-acylglucosamine
substrate and that the product UDP-2,3-diacylglucosamine disso-
ciates earlier than ACP, which in turn acts as a competitive inhib-
itor against acyl-ACP (142). A conserved histidine residue
(His239 in LpxDEc) is seen as the catalytic base facilitating the
generation of a nucleophile (amine group at position 2 of the
glucosamine ring) which attacks the carbonyl carbon of the acyl
chain. Furthermore, an oxyanion hole at Gly257 probably stabi-
lizes the tetrahedral intermediate (140, 142). The length of the
hydrophobic cleft, which represents the fatty acyl chain binding
groove, is restricted by the orientation of a certain amino acid side
chain (Met290 in LpxDEc) at its distal end, thus preventing the
incorporation of acyl chains with more than 14 carbon atoms. The
observation that an exchange of Met290 with alanine enabled
LpxDEc to utilize longer-chain 3-hydroxy-C16-ACP rather than
3-hydroxy-C14-ACP strongly supports the length-restricting
function of Met290. A comparison of 19 LpxD sequences further
indicated that enzymes utilizing C12 or C14 acyl substrates exhibit
a bulky residue (e.g., methionine or leucine, but never glycine) at
the position corresponding to Met290 of LpxDEc, whereas en-
zymes that are presumed to bind longer-chain-length substrates
tend to possess a small residue such as glycine at this position
(141).

Addition of Secondary Acyl Chains by “Late
Acyltransferases” LpxL and LpxM

After the �-1=,6-glycosidic linkage between two lipid X monomers
is formed (by LpxB), the lipid A precursor is further modified by
phosphorylation (LpxK) and attachment of two 3-deoxy-D-
manno-oct-2-ulosonic acid (Kdo) moieties to the 6= position
(WaaA) (Fig. 9) (120). Lipid A synthesis is completed by second-
ary O-acylations at hydroxyl groups of attached 3-hydroxy fatty
acids, catalyzed by LpxL-like acyltransferases. This group of acyl-
transferases comprises membrane-bound enzymes which do not
exhibit any similarity to soluble LpxA and LpxD. While in E. coli
and related bacteria the two successive acylations (first laurate at

position 2= then myristate at position 3=) are carried out by ho-
mologous LpxL (HtrB) and LpxM (MsbB) (Fig. 9), other Gram-
negative bacteria possess solely one or more lpxL-orthologous se-
quences but no lpxM gene (139, 143, 144). P. aeruginosa, for
example, possesses two LpxL versions, each of which is presumed
to transfer one of the secondary lauroyl groups of to lipid A of P.
aeruginosa (116). The lpxM gene is a product of lpxL gene dupli-
cation, and thus LpxM shares approximately 47% similarity to
LpxL and represents a more recently emerged, specialized version
characterized as myristoyl transferase (139, 144).

In addition to lpxM, lpxP represents a third lpxL ortholog in E.
coli and closely related bacteria (139). It encodes a palmitoleoyl
transferase with a high similarity to LpxL (74% similar amino
acids). As a response to low growth temperatures (12°C), the func-
tion of LpxL can be replaced by LpxP. LpxP from E. coli attaches an
unsaturated palmitoleoyl (C16:1) residue instead of laurate at po-
sition 2= to lipid A, which probably helps to adapt the outer mem-
brane fluidity to low temperatures (145, 146).

LpxL and LpxM from E. coli both require the lipid A-Kdo2 di-
saccharide, to which they add a secondary lauroyl and then a sec-
ondary myristoyl group, respectively (143, 147). However, in
Neisseria meningitidis and P. aeruginosa, the respective enzymes
do not show this specificity; they fully acylate lipid A, even if Kdo
is not attached. The lipid A molecules isolated from the latter
microorganisms show a more symmetrical structure than lipid A
from E. coli, because a lauryol moiety is attached to each glucosa-
mine unit at the 2 and the 2= positions (148–150).

The structure of LpxL-like acyltransferases has not been elu-
cidated yet. However, LpxL from E. coli has been purified and
studied in detail (64). Purified LpxL not only was able to per-
form the first lauroylation step but could also replace LpxM by
performing a slow second lauroylation in vitro. Furthermore,
although lauroyl-ACP is obviously the naturally preferred sub-
strate of LpxL, it can alternatively utilize several acyl-CoAs
instead of acyl-ACPs at a lower rate in vitro. For example, C10-
CoA, to a minor extent C14-CoA, and to a very low extent also
C16-CoA are used. However, the utilization of acyl-CoAs
strongly depends on their concentration, as they can also act as
inhibitors (64). This indicates that LpxL does not exhibit a
structure comparable to that of LpxA or LpxD, which are char-
acterized by their strict hydrocarbon rulers.

The sequence of the 36-kDa LpxL enzyme shows a predicted
N-terminal transmembrane domain. Although LpxL-like acyl-
transferases have no detectable homology to any other known
protein, they are distantly related to the GPAT family, as approx-
imately 150 amino acids of their sequences exhibit a weak homol-
ogy to LPAAT, including the catalytic motif in conserved block I
(see above) (64, 105). An alignment of 47 different LpxL-like acyl-
transferases revealed that one histidine (His132 in LpxLEc) is
strictly conserved and that all sequences possess either Asp or Glu
at the position corresponding to Glu137 of LpxLEc. Thus, all LpxL-
like acyltransferases exhibit a highly conserved HxxxxD/E motif
consisting of an essential histidine and an acidic residue. Apart
from that, the aligned sequences shared only one additional,
highly conserved arginine (Arg169 in LpxLEc). Based on a com-
parison with three further well-conserved blocks of GPATs (II to
IV), putative catalytically important residues of LpxL could be
selected and exchanged with alanine by site-directed mutagenesis.
The activities of LpxA variants with mutated His132 or Glu137
were most strongly impaired (over 1,000- and 3,000-fold-reduced
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activity compared to that of the wild-type LpxA, respectively).
Consequently, the HxxxxD/E motif was identified as the catalytic
dyad of LpxL acyltransferases, with histidine acting as the catalytic
base by activating the hydroxyl group for its nucleophilic attack on
the carbonyl carbon atom of the acyl donor (64).

Site-directed mutagenesis of Arg169 or Asp200 also signifi-
cantly reduced the LpxL activity. These two residues are therefore
assumed to represent the counterparts of two conserved arginine
and glutamine residues in GPATs which are known to be involved
in substrate binding and which are conserved in GPAT blocks II
and III, respectively (64, 105).

Modification of Lipid A by Additional Attachment of an
Acyl Chain Catalyzed by PagP

After its transport across the membrane, the lipid A structure can
be further modified by the cell as an adaptation to changes of the
environmental conditions. A mechanism involving additional
acylation is exerted by the outer membrane palmitoyl transferase
PagP. This enzyme catalyzes the esterification of palmitoyl resi-
dues derived from glycerophospholipids to hydroxyl groups of the
3-hydroxymyristoyl chains at position 2. The resulting hepta-acy-
lated lipid A can provide a more tightly packed LPS layer and
higher integrity of the outer membrane (151, 152). PagP was iden-
tified in a rather narrow group of mainly pathogenic Gram-nega-
tive bacteria (153). It forms an eight-stranded antiparallel �-bar-
rel with the putative active site located at the extracellular site of
the outer membrane (154). The interior of the PagP region, which
is exposed to the inner leaflet of the membrane, is mostly polar,
whereas the interior of the other, LPS-exposed, region is strictly
hydrophobic. Punctuations of the �-strands by proline residues
enable the lateral access of lipid substrates from the inner leaflet of
the membrane (155–157). The enzyme possesses something sim-
ilar to a hydrocarbon ruler, which became obvious when Gly88
was replaced by alanine, methionine, or cysteine, thereby restrict-
ing the selectivity to shorter acyl chains (155). However, although
the structure and dynamics of PagP have been studied in detail, its
exact catalytic mechanism remains uncertain (158). The putative
catalytically active residues His33, Asp76, and Ser77 were initially
thought to exert a mechanism similar to that of classical serine
esterases as a catalytic triad. However, detailed structural analysis
revealed that they are not organized correctly to form such a triad
(155). Moreover, it was observed that typical inhibitors acting
against serine esterases were not effective against PagP (158). It is
assumed that PagP can exist in different conformational states and
performs an induced-fit mechanism. Thus, the catalytic mecha-
nism will probably become clear only when there is detailed
(structural) information about the catalytically competent state
(153, 158).

POLYKETIDE-ASSOCIATED PROTEINS

Polyketides (PK) form a family of complex natural products with
high functional and structural diversity. They include pharmaceu-
tically highly interesting compounds with antibiotic, anticancer,
or immunosuppressive activities (e.g., erythromycin, rifamycin,
or rapamycin). PK biosynthesis catalyzed by multimodular PK
synthases (PKS) is closely related to de novo fatty acid synthesis by
fatty acid synthases (FAS) and also includes stepwise chain exten-
sions from a common pool of simple precursors. During synthe-
sis, the growing PK chain remains bound to PKS (159). The syn-

thesis of methyl-branched fatty acids is achieved by elongation of
linear fatty acids using methylmalonyl-CoA (160).

Pathogenic mycobacteria possess a unique lipid-rich cell wall
as protection against harmful environmental influences, such as
therapeutic agents. Components thereof act as offensive, defen-
sive, or adaptation effectors which additionally contribute to my-
cobacterial virulence. This thick wall contains various complex
PK-containing (glyco)lipids embedded into a mycolic acid layer
which is covalently linked to the arabinogalactan-peptidoglycan
structure (161, 162).

Examples of mycobacterial PK-containing lipids are esters of
two multimethyl-branched fatty acid residues such as mycoceros-
ate linked to a (phenol)phthiocerol (POL) or phthiodiolone
(PONE) backbone containing two free hydroxyl groups to form
phthiocerol dimycocerosates (PDIMs) (Fig. 10A). The phenolph-
thiocerol backbone may be further linked to a complex glycosyl
moiety, forming a phenolic glycolipid (PGL) (Fig. 10B). Another
class of mycobacterial glycolipids share a trehalose core that is
acylated and further modified, e.g., by sulfate groups or complex
glycosidic attachments. Three representatives of this class are
shown in Fig. 11. Sulfolipid 1 (SL-1) (Fig. 11A) and polyacyltre-
halose (PAT), containing five long acyl chains (Fig. 11B), are syn-
thesized by M. tuberculosis. Lipooligosaccharides (LOS), com-
posed of a highly complex glycan backbone and the acyltrehalose
part (Fig. 11C), are synthesized by the close relative Mycobacte-
rium marinum and contribute to its virulence (62, 163–167).

Commonly, each set of enzymes required for synthesis of any
of these PK-containing structures is encoded in one biosynthetic
cluster. These clusters contain, for example, the respective pks
genes for the synthesis of the branched long-chain fatty acid build-
ing blocks or membrane spanning proteins for the translocation
to the outer surface of the lipid cell wall. Each cluster usually
encodes another type of enzyme. These putative gene products
were designated “polyketide-associated proteins” (Pap) because
their function remained unclear over a long time.

In 2004, Onwueme and coworkers characterized such a Pap
(designated PapA5) from M. tuberculosis as a first member of a
new subfamily of acyltransferases which are essential for the acy-
lation of complex mycobacterial PK-derived compounds (62).
The M. tuberculosis genome comprises five such genes, papA1 to
papA5, and homologous genes could be identified in other myco-
bacterial species, as well as in Amycolatopsis mediterranei or S.
coelicolor, and all of these sequences share the highly conserved
motif HxxxD(x14Y). PapA5 from M. tuberculosis exhibits the ex-
tended motif HHxxxDG, which is also highly conserved in AtfA-
like acyltransferases (62). Table 4 shows the relevant sequence
region containing the highly conserved motif in PapA proteins
that have already been characterized.

PapA5, a suspected membrane-associated enzyme, has been
analyzed in most detail, and its 3D structure is known. As revealed
by papA5 deletion mutants of M. tuberculosis (a PDIM producer)
and M. marinum (a PDIM and PGL producer), this acyltrans-
ferase is crucial for the diesterification of phthiocerol with two
residues of mycocerosate, as shown in green in Fig. 10 (62, 163).
The highly conserved second histidine (His124) and aspartate
(Asp128) residues are essential for enzyme activity and are there-
fore considered the catalytically active-site residues, with histidine
as a catalytic base and aspartate as an active-site stabilizer, as de-
scribed above. In contrast, His123 and Tyr143 (the latter also be-
ing highly conserved) are obviously not of crucial importance for
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PapA5 (62). This conclusion could be further strengthened by
analysis of the crystal structure of PapA5 (169). The enzyme folds
into a two-domain structure, with both domains being structur-
ally related to each other but potentially movable independently
from each other. Although the respective sequence identities are
rather low, each PapA5 domain exhibits a structural similarity to
the chloramphenicol acetyltransferase (CAT) monomer. Further-
more, PapA5 displays a certain structural similarity to dihydroli-
poyl transacetylase, carnitine acetyltransferase, and VibH, a non-
ribosomal peptide synthetase, as all of them share the same active
site (the condensation domain) and fold into two tandem do-
mains similar to CAT (169–171). The active-site motif is located
in the N-terminal domain (domain 1) at the interface between the
two domains. One hydrophobic channel, which leads to the active
site, is likely to represent the binding site for the artificial substrate
1-octanal or the respective part of phthiocerol. The modeling of
putative substrates further strongly suggests that His124 acts as a
catalytic base, because it would be in close proximity to the hy-
droxyl group of the substrate. However, the PapA5 structure ex-
hibits an unusual � helix, which is not present in the structure of

CAT or carnitine acetyltransferase, thereby blocking the access to
this putative substrate binding channel. This indicates that con-
formational changes, e.g., upon phosphorylation, might be neces-
sary in order to activate the enzyme (169). Indeed, more recent
studies indicated that PapA5 may be reversibly phosphorylated at
a threonine residue(s) by serine/threonine protein kinase PknB,
although the exact phosphorylation sites are still unknown. This
modification might induce the necessary conformational change
to make the active site accessible for substrates, or it might be
relevant for an interaction with other components of PDIM or
PGL biosynthesis (172).

In contrast to AtfA-like acyltransferases, harboring an
HHxxxDG active-site region and exhibiting broad substrate spec-
tra, PapA5 showed a rather narrow substrate range when tested
with various nucleophiles (short-, medium-, and long-chain-
length alcohols, diols, hydroxy esters, acids, amines, or thiols) and
acyl-CoAs (with chain lengths ranging from C2 to C26 and benzoyl-
CoA). Of these artificial substrates, PapA5 showed a clear prefer-
ence for medium-chain-length alcohols (C8 � C10 � C9) and
exhibited O-specificity, as it did not accept amines or thiols. Of the

FIG 10 Chemical structures of the polyketide-containing complex lipids PDIM (A) and PGL (B) synthesized by PapA5 via esterification of two mycocerosyl
residues (green) with both hydroxyl groups of the (phenol)phthiocerol backbone (black).
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selection of acyl-CoAs, ester formation was highest with long-
chain acyl-CoAs (C16:0-CoA, followed by C18:1- and C17:0-CoA),
whereas C14:0-CoA seemed to inhibit the enzyme (62). When
PapA5 (from M. marinum) was incubated with C16:0-CoA and
glycosyl-phenolphthiocerol (GPPOL), one of its supposed physi-
ological substrates, GPPOL-monopalmitate but not GPPOL-di-
palmitate was built in vitro. However, as mycocerosyl residues and
not C16:0-CoA are supposed to be the physiological acyl substrate
and relevant factors such as protein interaction partners or asso-
ciation with a membrane are missing in vitro, it is assumed that
PapA5 is responsible for the acylation of both hydroxyl groups of
(phenol)phthiocerol in vivo (163). Furthermore, the physiological

acyl donors for Pap acyltransferases remain unknown. Although
they utilize CoA thioesters in vitro, they might transfer polyketide-
fatty acyl chains directly from a PKS component in vivo. Alterna-
tively, the residues could be transferred to ACP in between (165).
Thus, the in vitro measured catalytic behavior and activity of Pap
acyltransferases are not necessarily an exact image of their func-
tionality in vivo, where different (and much more complex) sub-
strates that are potentially linked to alternative acyl donors are
present.

As mentioned above, PAT, SL-1, and LOS are characterized by
an acylated trehalose core and constitute another mycobacterial
virulence-enhancing class of PK-containing glycolipids (Fig. 11).

FIG 11 Chemical structures of trehalose-based polyketide-containing glycolipids synthesized by mycobacteria. R, complex and variable glycan moiety.
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The respective biosynthesis gene clusters also contain one or more
papA genes encoding the acyltransferases responsible for acylation
of the trehalose core.

PapA1 and PapA2, for example, are essential for SL-1 biosyn-
thesis in M. tuberculosis (165, 173) (Fig. 11A). In an enzyme assay
with trehalose-2-sulfate (T2S) and C16-CoA, it could be shown
that PapA2 performs the first acylation of T2S at the 2= position,
while it did not accept unsulfated trehalose as the substrate. Sub-
sequently, T2S-2=-palmitate is acylated by PapA1. Remarkably,
although PapA1 and PapA2 share significant sequence similarity,
they are both very specific for their respective acyl acceptor. How-
ever, it still needs to be clarified whether the remaining two acyla-
tions for the completion of SL-1 are catalyzed by other, yet-un-
identified, enzymes, or whether PapA1 and/or PapA2 can also
catalyze these reactions in vivo (165).

Biosynthesis of PAT, a penta-acylated trehalose-based glyco-
lipid of M. tuberculosis, depends on PapA3. This enzyme, in con-
trast to PapA2, is highly specific for trehalose and does not acylate
other, structurally related, disaccharides, including sulfated treh-
alose. Hence, it can be excluded that there is some kind of cross
talk between the biosynthesis pathways of SL-1 and PAT in M.
tuberculosis. Moreover, a papA3 knockout mutant of M. tubercu-
losis does not synthesize PAT anymore, whereas its SL-1 biosyn-
thesis is not negatively affected. In vitro enzyme assays employing
purified PapA3 from recombinant E. coli cells with C16-CoA and
trehalose as substrates resulted in the formation of trehalose-2-
palmitate and trehalose-2,3-dipalmitate with both palmitoyl res-
idues attached to a single pyranose ring of trehalose. It could be
clearly demonstrated that the 2 position is acylated first, because
trehalose-3-palmitate is not accepted as a substrate. Thus, PapA3
is assumed to install at least the palmitoyl and mycolipenoyl
groups at positions 2 and 3 in vivo (marked in blue in Fig. 11B).
However, under physiological conditions, the enzyme might ad-
ditionally be capable of transferring the remaining mycolipenoyl
residues found in PAT (164).

LOS comprises a third type of mycobacterial glycolipids with
an acylated trehalose section which is further glycosylated in a
complex manner (174, 175). In M. marinum, there are four LOS
subtypes (I to IV) that differ in the glycan moieties but share a
similar acylation pattern, with two 2,4-dimethylhexadecanoate
residues linked to positions C4 and C2 of the terminal and internal
glucose residue, respectively. Furthermore, an unsaturated 2,4-
dimethyl-2-pentadecenoate chain is attached to the C6 position of
the terminal glucose ring (Fig. 11C). The LOS biosynthesis cluster
strongly resembles the SL-1 and PAT synthesis gene clusters, and
the encoded PapA4 was recently identified as crucial for the as-
sembly of the complete, acylated LOS structure (167).

In the genome of A. mediterranei, a producer of the antibiotic
rifamycin B, a distant gene homologous to the PapA5 gene was
identified, whose gene product was designated Rif-Orf20 (168).
Rifamycin B has antibiotic activity primarily against Gram-posi-
tive bacteria due to its inhibition of the prokaryotic DNA-depen-
dent RNA polymerase (176). The molecule is composed of a PK
framework with several side chains, for example, an acetyl group
at C25 (marked in red in Fig. 12). The in vitro formation of an
intermediate of rifamycin biosynthesis during an enzyme assay
employing Rif-Orf20 and acetyl-CoA revealed that this enzyme is
responsible for rifamycin acetylation at position C25 (Fig. 12).
Besides acetyl-CoA, the enzyme also accepted propionyl-CoA
with about 80% less efficiency, which enables the synthesis of a
rifamycin derivative. The ability to use acetyl-CoA is in sharp con-
trast to the case for PapA5, which was completely inactive with
such short-chain-length acyl chains. However, the substrate range
of Rif-Orf20 seems to be shifted, but comparably narrow, as it did
not show activity with butyryl-, isobutyryl-, palmitoyl-, or benzoyl-
CoA (168).

CHLORAMPHENICOL ACETYLTRANSFERASE

Chloramphenicol acetyltransferases (CATs) (acetyl-CoA:chlor-
amphenicol O3-acetyltransferase; EC 2.3.1.28) catalyze the trans-
fer of an acetyl residue from acetyl-CoA to one of the two hydroxyl
groups of chloramphenicol (Fig. 13). CATs are responsible for
bacterial resistance to the antibiotic chloramphenicol, which in-
hibits the ribosomal peptidyl-transferase activity. The respective
CAT-encoding gene is widespread among Gram-positive and
Gram-negative bacteria and is often plasmid borne (177, 178).

At least 16 distinct subgroups of CAT genes have been identi-
fied so far, which encode proteins sharing more than 80% identi-
cal amino acids (179). The structures of native CATs are formed
by three identical subunits, each of which is 207 to 238 amino acids
in size and 24 to 26 kDa in mass (178, 179). To date, CAT type III
(CATIII) from E. coli represents the most extensively studied CAT
variant, as its 3D structure was solved almost 25 years ago (177).

As mentioned before, CATs possess the highly conserved
HHxxxDG sequence, in which histidine and aspartate have been
identified as crucial active-site residues (61, 180, 181). His195 (of
CATIII) acts as a general base and deprotonates the C3 hydroxyl of
chloramphenicol, which in turn attacks the carbonyl carbon atom
of the thioester bond in acetyl-CoA (as described for AtfA [Fig.
4]). Thus, an oxyanion tetrahedral intermediate is formed, and the
reaction does not follow the alternative, so-called ping-pong
mechanism (182).

The monomer structure of CATIII resembles the open-face
sandwich which is also found in other, nonhomologous, proteins.

TABLE 4 Characterized Pap acyltransferases from Mycobacterium or Amycolatopsis and sequence region containing the proposed active-site motif
HxxxDx14Y

Protein Species HxxxDx14Y motif region Reference

PapA1 Mycobacterium tuberculosis SIDHLHADGQFVGVGLMEFQSMYTAL 165
PapA2 M. tuberculosis SIAHLCVDPMIVGVLFIEIHMMYSAL
PapA3 M. tuberculosis SVDHVHVDAMIVGVTLMEFHLMYAAL 164
PapA4 M. marinum SVDHLNVDAMFISAVFWEIEAMYNTL 167
PapA5 M. tuberculosis YLHHCMADGHHGAVLVDELFSRYTDA 62
PapA5 M. marinum YVHHSLADAHHLGSLLDELLSRYTDV 163
Rif-Orf20 Amycolatopsis mediterranei AIQHSVADAHHATAILSALWSCYTDV 168
a Strictly conserved residues are in bold; residues resembling the AtfA active-site motif (HHxxxDG) are underlined.
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Three monomers constitute a compact disc-shaped trimer which
exhibits substrate binding pockets at the interface between two
subunits, which are predominantly lined with hydrophobic resi-
dues. As most of the pocket is formed by one subunit but the
respective catalytically essential histidine residue is provided by
the second subunit, CAT monomers cannot be catalytically active.
A chloramphenicol molecule binds in the deep pocket in a manner
that its primary C3 hydroxyl group can form a hydrogen bond to
the N3 nitrogen of the imidazole ring of the active-site histidine.
Furthermore, the crystal structure revealed a possible role for
Ser128 as a transition state stabilizer for the oxyanion. The highly
conserved Asp199 forms a salt bridge to an arginine but is not
assumed to stabilize the catalytic imidazole ring of histidine.
His195 is stabilized by a hydrogen bond of the protonated ring to

its own backbone carbonyl carbon atom. The analysis of a CATIII

Asp199Asn mutant structure revealed that the replacement of as-
partate by asparagine results in severe structural changes. The
main chain is dislocated, and the network of stabilizing hydrogen
bonds as well as the salt bridge between aspartate and arginine is
interrupted. The replacement of Asp199 by alanine did not influ-
ence the activity dramatically but significantly increased the ther-
molability of the enzyme, which also underlines the proposed
structure-stabilizing effect of the buried charge of Asp199 (177,
183, 184).

The second substrate, acetyl-CoA, must approach the catalytic
site through an alternative tunnel from a different direction than
chloramphenicol, because the latter blocks the access to the active
site in the pocket. This tunnel from the protein’s surface to the

FIG 12 Biosynthesis of rifamycin B, a polyketide antibiotic produced by Amycolatopsis mediterranei. The acetyl moiety (marked in red) is attached by the PapA5
homolog Rif-Orf20.
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catalytic side is lined with hydrophobic residues that contribute to
the overall binding energy (177, 184–186).

As the nitro group and one of the two chlorines are exposed to
the outside of the pocket, chloramphenicol analogs with substitu-
tions at these positions are also acetylated by CATIII. However,
CAT shows a rather strict substrate specificity, and it catalyzes the
acyl transfer from CoA thioesters only to structures similar to
chloramphenicol (184). Thus, although CAT and AtfA-like acyl-
transferases employ the same catalytic mechanism, they most
likely have different conformations and substrate binding areas
because they differ so much regarding their substrate range. While
in CAT the active-site motif is deeply buried in a pocket, it may be
assumed that in AtfA-like acyltransferases this catalytic site must
be located in a more accessible area or at the interface of two more
flexible subunits, which allows the esterification of even bulky
substrates.

RtxC ACYLTRANSFERASES THAT ACTIVATE RTX
LEUKOTOXINS

Members of the large and diverse bacterial protein family of RTX
(repeats-in-toxin) exoproteins are characterized by the presence
of repeating glycine- and aspartate-rich short motifs typically of

nine amino acid residues, designated RTX repeats, forming a
unique calcium binding structure (parallel � helix) (187, 188).
Another common trait of RTX proteins is their special single-step
translocation mechanism across both the inner and outer mem-
branes via a type I secretion system, initiated by a C-terminal
secretion signal (189, 190).

The family of RTX proteins, comprehensively reviewed by Lin-
hartová et al. (191), encompasses pore-forming leukotoxins, mul-
tifunctional enzymatic toxins, bacteriocins, nodulation proteins,
surface layer proteins, and secreted hydrolytic enzymes. Although
the functions of many proteins belonging to this family still re-
main unknown, most of them are believed to exert host cell dam-
age or somehow support virulence of pathogens.

Numerous important Gram-negative animal pathogens or
commensals secrete proteinaceous pore-forming leukotoxins
with molecular masses typically between 100 and 120 kDa, pos-
sessing similar structural and functional domains, encoded in rtx
operons (Table 5) (191). They constitute a unique class of bacte-
rial RTX proteins and, apart from the common RTX protein fea-
tures mentioned above, exhibit a hydrophobic domain to infil-
trate the target cell membrane and to form cation-selective pores
(209–214). Furthermore, these toxins are synthesized as inactive

FIG 13 Acetylation of chloramphenicol catalyzed by chloramphenicol acetyltransferase (CAT) by transfer of the acetyl group from acetyl-CoA to the primary
hydroxyl group of chloramphenicol, forming 3-acetylchloramphenicol.

TABLE 5 Pathogenic bacteria synthesizing HlyA and HlyA-homologous RTX toxinsa

Bacterium RTX toxin
RtxC acyltransferase
(accession no.)b Reference(s)c

Uropathogenic strain of E. coli HlyA HlyC (P06736) 192, 193
Enterohemorrhagic strain of E. coli EhxA 194
Bordetella pertussis CyaA CyaC (AAA22971) 195, 196

Mannheimia/Pasteurella haemolytica LktA LktC 197
Serotype A1 LktA LktC (P16533)
Serotype T3 LktA LktC (P55120)
Serotype A11 LktA LktC (P55121)

Pasteurella aerogenes PaxA PaxC (AAF15369) 198
Proteus vulgaris PvxA 199
Morganella morganii MmxA 200
Aggregatibacter actinomycetemcomitans LtxA LtxC (P16461) 201, 202
Actinobacillus pleuropneumoniae ApxIA ApxIC (P55132) 203, 204

ApxIIA ApxIIC (P15376) 205, 204
ApxIIIA ApXIIIC (Q04474) 206

Actinobacillus equuli AqxA AqxC (AAM45565) 207
Moraxella bovis MbxA MbxC (AAP74652) 208
a Partially adapted from reference 191 with permission of the publisher (copyright 2010 Federation of European Microbiological Societies.)
b If possible, the respective RtxC acyltransferases (and NCBI accession numbers) are supplied. Characterized acyltransferases are marked in bold.
c First references correspond to the identification of RTX toxin; secondly listed references correspond to the respective acyltransferase.
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protoxins, requiring one or two posttranslational acylations in
order to exert their full cytotoxic activity once they are translo-
cated and folded correctly in the extracellular space. The essential
acylation of ε-amino groups of internal lysine residues of the pro-
toxin is catalyzed by coexpressed RtxC acyltransferases (192, 215,
216). Three different RtxC lysine acyltransferases, HlyC from E.
coli, CyaC from Bordetella pertussis, and LtxC from Aggregatibacter
(Formerly Actinobacillus) actinomycetemcomitans have been char-
acterized.

HlyC from E. coli

The first characterized pore-forming RTX leukotoxin was HlyA
from a pathogenic hemolytic E. coli strain, and the respective acyl-
transferase, HlyC, has been studied in the most detail as a model
RtxC acyltransferase to elucidate their unique mechanism of acy-
lation (192, 193, 217–220). HlyC appears to be structurally and
functionally distinct from other characterized eukaryotic or pro-
karyotic acyltransferase types, to which it does not show signifi-
cant sequence similarities (221). In vitro, HlyC utilizes several
acyl-ACPs (C12, C14, C16, C16:1, C18, and C18:1) as acyl donors, with
C14-ACP being the most effective substrate (193, 222). A similar
preference is observed in vivo, as myristic acid accounts for the
majority (68%) of acyl chains covalently attached to native HlyA.
The remaining acyl chains were found to be odd C15 and C17

saturated fatty acids (223). The purpose of these usually extremely
rare fatty acids and a mechanism determining the specificity of
HlyC are still unknown (191). HlyC is clearly acyl-ACP depen-
dent, as C16-CoA is not accepted as an acyl donor. Free ACP, but
not free fatty acids or acyl-CoAs, inhibits the reaction (222). A
survey of homologous RtxC acyltransferases revealed that 21% of
170 amino acid residues were highly conserved, whereas the N-
and C-terminal regions do not exhibit obvious conservation.
Conserved amino acid residues which might transitionally carry
an acyl moiety during acyl transfer, such as amino acids with hy-
droxyl, sulfhydryl, imidazole, or carboxyl groups, were chemically
modified or mutated in order to identify the acylation site in HlyC
essential for the formation of an acyl-HlyC intermediate during
catalysis. These studies showed that His23 is absolutely essential
for activity and that Ser20 seems to exert a crucial function during
catalysis. When His23 was replaced by alanine, cysteine, serine,
aspartate, or lysine, HlyC was completely inactive, while a replace-
ment of His23 by tyrosine resulted in a minimally active HlyC
variant (220, 224). The fact that His23 was the only conserved
residue capable of bearing an acyl group whose mutation com-
pletely abolished HlyC activity, as well as the finding that a
His23Lys variant forms the acyl-HlyC complex but is unable to
transfer the acyl group to pro-HlyA, substantiated the assumed
catalytic role of histidine. Consequently, it was postulated that the
acylation followed a so-called “ping-pong” mechanism consisting
of two independent, partial reaction steps (Fig. 14). First, the acyl
chain from acyl-ACP is transferred to HlyC, initiated by a nucleo-
philic attack of His23, and free ACP is released. Second, from this
covalent acyl-HlyC heterocomplex, the acyl chain is transferred to
ε-amino nucleophiles of lysine residues Lys564 and Lys690 in pro-
HlyA (Fig. 14). There is no complex formed between all three
components, pro-HlyA, HlyC, and acyl-ACP (220, 225). This pos-
tulated mechanism is analogous to the internal acyl group transfer
via an acyl-imidazole intermediate during catalysis of the covalent
binding of human complement component C4. Solely the re-
placement of the crucial histidine residue of C4 by tyrosine could

sustain a reduced activity, as was also found for HlyC (226, 227). It
is assumed that the phenolic group of tyrosine may function as a
less effective nucleophile than the imidazole group of histidine.
When His23 of HlyC is replaced by lysine, as mentioned above, the
ε-amino group of Lys23 can serve as an internal acylation site, but
in contrast to the wild type, it is probably not reactive enough to
allow a subsequent transfer of the acyl moiety to the protoxin’s
amino group (220).

CyaC from Bordetella pertussis

B. pertussis produces a bifunctional toxin, CyaA, which harbors a
cell-invasive adenylate cyclase domain at the N terminus that cat-
alyze an uncontrolled conversion of ATP to cyclic AMP (cAMP)
in the host cell (195). CyaA is fully activated by a single palmitoyl-
ation at Lys983, although a second lysine residue, Lys860, may
additionally be acylated. However, the acylation of Lys860 alone
does not confer a cell-invasive activity on CyaA (196, 228–231).
The respective acyltransferase CyaC, which acylates pro-CyaA,
functions analogously to HlyC. In CyaC, Ser30 and His33 are es-
sential for the catalysis of the acyl transfer to CyaA. Furthermore,
a replacement of Ala140 influenced the selectivity of CyaC for the
two alternative acylation sites. When alanine was replaced by gly-
cine, the enzyme generated a mixture of mono- and (10 to 15%)
biacylated CyaAs, and either only Lys860 or both Lys860 and
Lys983 were modified. When Ala140 was replaced by valine, a
nearly 50:50 mixture of non- and monoacylated CyaAs was gen-
erated, and Lys983 was used as the principal acylation site. Thus,
even conservative substitutions of Ala140 drastically reduced the
ability to synthesize a biacylated form of CyaA (196). In its native
host, CyaC transfers palmitoyl residues almost exclusively onto
Lys983, whereas the selectivity in recombinant E. coli cells was
different. Recombinant CyaA was acylated by palmitoleoyl,
palmitoyl, and myristoyl residues at Lys983 and partly also at
Lys860 (228, 230).

LtxC from Aggregatibacter (Formerly Actinobacillus)
actinomycetemcomitans

So far, LtxC from A. actinomycetemcomitans has not been charac-
terized biochemically. However, it is expected that this acyltrans-
ferase exhibits a reaction mechanism similar to that of HlyC. It can
acylate not only pro-LtxA but also pro-LktA toxins (from
Mannheimia haemolytica) (232). Furthermore, pro-LktA can also
be acylated by HlyC from E. coli or CyaC from B. pertussis (216).
This indicates a certain redundancy in the characteristic acylation
domains of homologous RTX leukotoxins. Although most of the
RtxC acyltransferases listed in Table 5 have not been studied yet,
they are likely to share the same catalytic mechanism with HlyC, as
outlined above (Fig. 14).

LIPASES

Lipases are ubiquitous, mostly extracellular enzymes belonging to
the enzyme class of hydrolases (EC 3.1.1.3). Their natural function
is to hydrolyze the carboxyl ester bonds in acylglycerols, with
long-chain TAG being their predominant natural substrate. Thus,
lipases do not represent acyltransferases in the classical sense.
However, they exhibit a high promiscuity and can also catalyze
reverse reactions of hydrolysis such as (trans)esterifications at low
water concentrations, e.g., in organic solvents (233–235). Figure
15 gives an overview of the different types of reactions catalyzed by
lipases. Lipases represent the most widely used biocatalysts in var-
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ious application fields. Besides their already mentioned high ver-
satility, they are easily produced in large amounts and thus at a
relatively low price and are, furthermore, comparatively stable.
About 1,000 tons of lipases are added to detergents each year,
together with proteases, amylases, and cellulases (236). In ad-
dition, their chemo-, regio-, and/or stereoselectivity has pro-
moted their use for the production of biodiesel (43), (chiral)
fine chemicals, agrochemicals, cosmetics, or flavorings (237). A
high number of lipases have already been studied in detail, and
as this research field, especially concerning the utilization of
lipases for biodiesel production, has already been reviewed ex-
tensively (235, 238), this review will focus on the catalytic
mechanism of hydrolysis and transesterification catalyzed by
lipases, which differs completely from that for the acyltrans-
ferases discussed above.

Although they have a rather low sequence similarity, all lipases
share the common, highly conserved �/� hydrolase fold. In the
majority of cases, this widely distributed fold consists of eight �
strands forming a left-handed, superhelical twisted � sheet partly

connected and surrounded by � helices. Enzymes belonging to the
�/� hydrolases exhibit a catalytic triad composed of a nucleophilic
residue, such as serine, cysteine, or aspartate, an acid residue, and
a histidine residue. The nucleophilic residue is always positioned
in the middle of the pentapeptide motif Gly-X-Ser-X-Gly, called
the lipase box, which forms a highly conserved structure with a
sharp, �-like turn, the so-called nucleophile elbow. Thereby, the
key nucleophilic residue is easily accessible during catalysis. The
position of the acid residue, which participates in the catalytic
triad by forming a hydrogen bond with the active-site histidine,
seems to be more variable. Similarly, the catalytic histidine is po-
sitioned in a structurally more or less variable loop after the eighth
� strand (233, 239–241). Since in lipases the nucleophilic residue
is usually serine, their catalytic mechanism is comparable to
that of serine proteases. However, although chemically similar,
the seryl hydroxyl group is structurally positioned differently
in the two enzyme types (242). In general, the reaction can be
divided into two steps, each of which involves the formation of
a tetrahedral intermediate. First, a covalent acyl-enzyme ester

FIG 14 Catalytic mechanism of HlyC acyltransferase. Details are described in the text. HD, hydrophobic region; RTX, repeats-in-toxin.

Röttig and Steinbüchel

302 mmbr.asm.org Microbiology and Molecular Biology Reviews

http://mmbr.asm.org


is formed and, second, this ester bond is broken by the attack of
a second nucleophile (239). This second nucleophile can either
be a water molecule, leading to hydrolysis, or an alcoholic com-
pound, which results in transesterification of the fatty acid
(235) (Fig. 16).

In order to initiate the reaction, the residues that form the
catalytic triad have to interact to increase the nucleophilic strength
of serine. Histidine, on one hand, abstracts a proton from the
hydroxyl group of serine. The acid residue, on the other hand,
interacts with histidine and thereby properly adjusts its imidazole
ring and furthermore balances the emerging positive charge. The
alkoxide ion Ser-O� is now able to perform a nucleophilic attack
on the substrate’s carbonyl carbon atom of the lipid ester bond
(Fig. 16, step 1). A tetrahedral intermediate is formed, and its
negatively charged oxyanion is stabilized by hydrogen bonds to
the peptide backbone in the oxyanion hole (Fig. 16, step 2). The
proton which was deposited at the histidine residue is subse-
quently used to release the alcohol component as the first product,
leaving the acid component covalently attached to the nucleo-
philic serine residue. The following deacylation step of this acyl-
enzyme complex is facilitated by a second nucleophilic attack.
Therefore, histidine abstracts a proton from either water or an
alcohol molecule. The resulting strong nucleophile again attacks
the carbonyl carbon atom, which is covalently linked to the en-
zyme’s serine residue (Fig. 16, step 3). During a second, transient
tetrahedral intermediate step, histidine transfers this proton to the
oxygen atom of serine to release the second product, which is a
free fatty acid in the case of water as the second nucleophile or a

FAAE in the case of an alcohol as the second nucleophile. This step
also regenerates the active site of the enzyme (Fig. 16, step 4) (239).

Recently, two lipases, Tgl3p and Tgl5p, that contain not
only the highly conserved lipase box motif (Gly-X-Ser-X-Gly)
but also the HxxxxD acyltransferase motif, which is usually
absent from lipases, have been identified in yeast (243). Besides
acting as lipases, both enzymes were found to catalyze the acyl-
CoA-dependent acylation of lysophospholipids. Tgl3p can spe-
cifically acylate lysophosphatidylethanolamine (LPE) and, to
lesser extents, lysophosphatidic acid (LPA), lysophosphatidyl-
choline (LPC), and lysophosphatidylserine. Tgl5p, in turn, is
more specific for LPA. Thus, these extraordinary enzymes are
involved in both the degradation of lipids and the biosynthesis
of glycerophospholipids.

Site-directed mutagenesis of the HxxxxD motif could clearly
prove that histidine is crucial for acyltransferase activity, whereas
a replacement of aspartate led to only a moderate decrease of this
activity. It could additionally be shown that the lipase and acyl-
transferase activities act independently from each other: on one
hand, a mutation of the catalytic serine belonging to the lipase box
did not influence acyltransferase activity, and on the other hand, a
mutated HxxxxD motif did not affect lipase activity. However,
neither mutation of the histidine in HxxxxD nor mutation of the
serine in the lipase box could completely abolish acyltransferase or
lipase activity, respectively, as the mutant activities were still ap-
proximately 30% or 40% of the corresponding wild-type activities
(243).

FIG 15 Hydrolysis and (trans)esterification reactions catalyzed by lipases.

Acyltransferases in Bacteria

June 2013 Volume 77 Number 2 mmbr.asm.org 303

http://mmbr.asm.org


PHA SYNTHASES

The term PHA comprises a diverse group of naturally occurring
polyesters composed of 3-hydroxyalkanoic acids. Over 150 differ-
ent polyester constituents have been described so far, and the car-
bon chain length of the alkyl groups at the C3 (or �) position can
vary from methyl to tridecyl (see Fig. 1). The molecular masses of
PHA polymers can range from 50 to 1,000 kDa or even above, and
they may exhibit variable physical properties according to their
monomer composition (244, 245). The lack of specificity of PHA
synthases is further underlined by their ability to synthesize poly-
thioesters (PTE) by generating thioester bonds between 3-mer-
captopropionic acid or other thiolic compounds (246, 247).

In the past decades, PHA have attracted public interest as a
promising solution for the continuously increasing plastic waste
problem. As PHA polyesters are water insoluble, nontoxic, and
thermoplastically deformable, they can serve as adequate substi-
tutes for conventional plastics (e.g., for packaging materials) with
the advantage of being biodegradable and thus in principle also
compostable (248). In contrast, artificial and nonbiodegradable
PTE could find applications in the medical or automotive industry
(249). In contrast to the omnipresent conventional plastics, which

are produced from mineral oil, PHA or PTE can be produced in a
sustainable way using renewable resources such as carbohydrates
derived from surplus plant material. Thus, it is expected that mi-
crobiological plastic production will be capable of competing with
conventional plastics in the future, as oil prices will continue to
increase (250).

PHA are usually classified by their monomer chain length:
short-chain-length PHA (PHASCL, with C3 to C5 monomers) are
synthesized by a wide range of eubacteria and even some archaea
(248, 251, 252). The most common type of PHASCL is poly(3-
hydroxybutyrate) (PHB), which is particularly prominent as it is
accumulated in very large amounts of up to 90% (of the CDW) by
the Gram-negative (“Knallgas”) bacterium Ralstonia eutropha
(also designated as Cupriavidus necator) (253). Medium-chain-
length PHA (PHAMCL, with C6 to C14 monomers) are synthesized
mainly by pseudomonads using pathways which are closely linked
to the fatty acid metabolism (245). So-called structurally related
substrates such as alkanes or fatty acids are CoA activated, are
optionally shortened by �-oxidation, and can then directly be in-
corporated into PHA (254). Additionally, the majority of pseu-
domonads of the rRNA homology group I, such as Pseudomonas

FIG 16 Catalytic mechanism of lipases. A detailed description is provided in the text. (Based on data from reference 239.)
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putida or P. aeruginosa, can synthesize PHAMCL from unrelated
substrates. They are catabolized to the central metabolite acetyl-
CoA first, followed by a metabolic route which involves de novo
fatty acid synthesis to provide 3-hydroxyacyl-CoAs as activated
precursors for PHA synthesis, which will be outlined below (255,
256).

Unspecific PHA synthases (PhaC) polymerize a wide range of
3-hydroxyalkanoic acids and belong to the serine hydrolase super-
family. Thus, they cannot be considered as classical acyltrans-
ferases, although they handle hydroxy fatty acids. Studies con-
cerning PHA synthases have been reviewed elsewhere (257), and
this review will hence focus only on a description of their proposed
catalytic mechanism in order to compare it with the functionality
of other acyl-transferring enzymes.

The 3D structure of PHA synthases has not been elucidated yet,
but it has been observed that the enzyme is a homodimer in its
active form and that its dimerization is induced by the presence of
substrate (258, 259). PHA synthases catalyze the polymerization at
the surface of the growing PHA granule (260, 261). Their signifi-
cantly increased activity at a hydrophobic-hydrophilic interface
strongly resembles the behavior of lipases, which are characterized
by a phenomenon called interfacial activation at the lipid-water
interface. Furthermore, in silico analyses revealed sequence iden-
tities to lipases, and all PHA synthases contain the slightly modi-
fied lipase box motif Gly-X-Cys-X-Gly with cysteine instead of
serine. Structure models of type I, II, and III PHA synthases indi-
cate the formation of a catalytic triad by the highly conserved
residues cysteine (located at the nucleophile elbow), histidine, and
aspartate (257, 262–265).

From these clues, a model for the catalytic mechanism which is
similar to the lipase mechanism has been developed. Two thiol
groups, or one hydroxyl group and one thiol group, might func-
tion as a loading site for 3-hydroxyalkanoic acids and as a priming/
elongation site, respectively (257, 266). Figure 17 shows the pro-
posed catalytic mechanism of initiation and elongation of a PHA
chain. The one or two PhaC subunits are schematically shown in
blue with the involved catalytic amino acids histidine, cysteine,
and aspartate. Steps 1 to 3 illustrate the loading of a 3-hydroxyal-
kanoic acid monomer to one subunit, while steps 4 to 6 show the
first elongation step, consisting of the connection of two mono-
mers. In order to initiate the loading of the substrate to one of the
two subunits, histidine is believed to abstract a proton from the
thiol group of cysteine, which enables the nucleophilic attack of
the carbonyl carbon atom of a 3-hydroxyalkanoic acid (Fig. 17,
step 1). The resulting tetrahedral intermediate is broken by the
release of free CoA (Fig. 17, step 2). The substrate is then cova-
lently linked to the PhaC subunit (Fig. 17, step 3). The second
subunit probably loads a primer molecule consisting of a short
chain of several 3-hydroxyalkanoate moieties, following the same
mechanism (Fig. 17, step 4). The 3-hydroxyl group of the sub-
strate is then activated by aspartate. Thus, aspartate is proposed to
act as second general base catalyst next to histidine, which is dif-
ferent from the classical lipase mechanism. The activated 3-hy-
droxyl group can subsequently attack the covalent acyl-enzyme
intermediate at the other subunit (Fig. 17, step 4), which involves
the formation of a second tetrahedral intermediate (Fig. 17, step 5)
and results in the elongation of the PHA polymer by one mono-
mer. The second thiol group and the negative charge at aspartate
are regenerated, and another substrate molecule can be loaded
(Fig. 17, step 6) (257, 266). The unstable oxyanions of the tetra-

hedral intermediates might be stabilized by an oxyanion hole pro-
vided by serine, e.g., Ser297 in PhaC1 from Pseudomonas sp. USM
4-55, which is a conserved residue in type II PHA synthases (266).

TRANSACYLASE PhaG INVOLVED IN PHA SYNTHESIS

As mentioned above, many pseudomonads are able to synthesize
PHAMCL from unrelated carbon sources by employing de novo
fatty acid synthesis. The connection between the pathways is ac-
complished by a transacylase which transfers the 3-hydroxyacyl
moieties from ACP to CoA, thereby preparing their polymeriza-
tion by PhaC. This enzyme is termed 3-hydroxyacyl-ACP:CoA
transacylase (PhaG). As PhaC can polymerize only 3-hydroxya-
cyl-CoA and not 3-hydroxyacyl-ACP precursors, the mediator
PhaG is essential for PHA accumulation from unrelated carbon
sources using de novo fatty acid synthesis (256). Figure 18 displays
this biosynthesis pathway starting from the central metabolite
acetyl-CoA.

As a first step, the fatty acid synthase multienzyme system
(FASII) converts acetyl-CoA to malonyl-ACP units, which are uti-
lized for subsequent condensation reactions. Each reaction cycle
consists of four steps: condensation, reduction, dehydration, and
a final reduction. During the condensation reaction between ma-
lonyl-ACP and acyl-ACP, one carbon atom is released as carbon
dioxide so that the growing acyl chain is elongated by two carbon
atoms during each cycle. Furthermore, 3-hydroxyacyl-ACPs with
increasing chain lengths occur as intermediates in each cycle
(267). PhaG transfers the 3-hydroxyacyl moiety from these ACP-
bound intermediates to CoA and thus channels them into
PHAMCL synthesis (256).

In vitro enzyme assays with PhaG and the common PHAMCL

precursor 3-hydroxydecanoyl-ACP or -CoA demonstrated that
the conversion is reversible and that MgCl2 seems to be an impor-
tant cofactor for the reaction (Fig. 19). However, it could also be
shown that PhaG does not accept straight-chain, nonhydroxy-
lated substrates such as decanoyl-CoA (256).

The first identification and description of PhaG were achieved
by the analysis of P. putida mutants that were significantly im-
paired in PHA accumulation when gluconate was the sole carbon
source but not when octanoate was provided as the substrate.
However, residual PHA amounts (of up to 3% of the CDW) syn-
thesized from unrelated carbon sources in those mutants indicate
the presence of alternative routes to bypass the loss of PhaG activ-
ity to a limited extent. This could be a release of free fatty acids by
a thioesterase and a subsequent, unspecific esterification with
CoA. Alternatively, small amounts of 3-hydroxyacyl-CoA inter-
mediates might emerge from �-oxidation (256). Especially in P.
aeruginosa, such alternative pathways seem to play a more impor-
tant role than in P. putida, as the PHA accumulation in a P. aerugi-
nosa phaG mutant is reduced to only about 40% of the wild-type
PHA content (268).

PhaG from Pseudomonas putida as a Model Enzyme

The member of the PhaG enzyme family characterized first and in
most detail is PhaG from P. putida (PhaGPp). The 34-kDa enzyme
consists of 295 amino acids and is localized in the soluble cytosolic
cell fraction (269). Although its amino acid sequence contains the
short pattern HxxxxD, representing the catalytically active-site
motif for various ester- or amide-forming enzymes as described
above, PhaG does not exhibit a significant overall sequence ho-
mology to other known transacylases or acyltransferases.
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Biochemical properties of PhaGPp. In order to purify PhaGPp

and to characterize its biochemical properties, Hoffmann et al.
overexpressed a PhaG-His6 fusion protein in E. coli and refolded
active enzymes from inclusion bodies (269). The enzyme’s geom-

etry seemed to accept only a C-terminal His tag, whereas an N-ter-
minal His tag resulted in a strong inactivation. This interference
between an N-terminal His tag and the correct folding or catalysis
of PhaG indicates a more important functional role of the N ter-

FIG 17 Proposed catalytic mechanism of PHA synthases. A detailed description is provided in the text. (Based on data from references 257 and 266.)
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minus than of the C terminus. PhaG might form a homodimer
when high enzyme concentrations are present. Furthermore,
PhaG can be specifically inhibited by the addition of 2-bro-
mooctanoic acid to P. fluorescens cells (270, 271).

Two- and three-dimensional structures of PhaGPp. The sec-
ondary structure of PhaGPp was predicted by means of two differ-
ent approaches: an analysis of circular dichroism (CD) spectra of
the purified enzyme and a software-based prediction of the pro-
tein structure. The resulting predicted proportions of � helix (28
to 29%), � sheet (22 to 24%), � turn (18 to 18.5%), and random
coil (30 to 31%) from both methods were in very good agreement.
Furthermore, the peptide sequence of PhaGPp was searched for
domains with known structure. As a part of the sequence exhibits
22% identity to the conserved �/� hydrolase fold domain, it was
speculated that PhaG is a member of the �/� hydrolase superfam-
ily. A 3D structure was predicted based on the known structures of
the conserved �/� hydrolase fold and the mouse epoxide hydro-
lase (269).

The applied method, called “protein threading” (or “fold rec-
ognition”), aligns the amino acids of a protein of interest with the
amino acid backbone coordinates of a known structural fold. This
method is applied when there are no homologous structures avail-
able and it is based solely on similarities to known and common
protein folds (272, 273). It thus represents an alternative to “ho-
mology (or comparative) modeling,” which relies on template
structures exhibiting an evident homology to the studied protein
(274).

The generated PhaGPp threading model suggests that an �/�

hydrolase fold builds the core, with Ser102, His251, and Asp223
acting together as a catalytic triad. These residues are underlined
in the PhaGPp sequence in the MSA shown in Fig. 20. The putative
active-site Ser102 sits at the nucleophile elbow, as described for
lipases (269). Another predicted PhaGPp structure, which was
generated with a bacterial epoxide hydrolase as the template, con-
firmed the model generated by Hoffmann and coworkers (275).
The essential roles of Ser102, His251, and Asp223 were confirmed
by the observation that a replacement of each of these amino acids
with alanine diminished PhaG activity (269). This type of catalytic
triad with serine is found in enzymes belonging to the serine hy-
drolase superfamily, which act, for example, as lipases, PHA de-
polymerases, serine hydrolases, (thio-)esterases, or fatty acid or
PK synthases (233, 276–281). As mentioned above, the carbonyl
carbon atom of the acyl group is covalently attached to the serine
hydroxyl group of the enzyme and is subsequently released or, in
case of PhaG, transesterified to ACP or CoA. The catalytic mech-
anism of PhaG is thought to be quite similar to the mechanism
exerted by the FASII component malonyl-CoA:ACP transacylases
(MCAT) (269). MCAT transfers the malonyl moiety to ACP, pro-
viding the malonyl-ACP intermediates for the initiation of type II
fatty acid synthesis in bacteria. Its 3D structure reveals a core sim-
ilar to that of �/� hydrolases (281). However, although the cata-
lytic core seems to be organized in a similar manner, the very low
sequence similarities between PhaG and other kinds of acyltrans-
ferases or serine hydrolases are remarkable (269).

Assuming that PhaG has a catalytic mechanism similar to that
of serine hydrolases, the catalytic function of the identified

FIG 18 Metabolic link between de novo fatty acid synthesis and PHA synthesis in pseudomonads. (Based on data from reference 300.)

FIG 19 Conversion of 3-hydroxydecanoyl-ACP to 3-hydroxydecanoyl-CoA catalyzed by PhaG.
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HxxxxD/A motif remains obscure. PhaGPp variants with a mu-
tated histidine in this pattern were inactive, whereas a replacement
of the aspartate residue only reduced the activity and slightly
shifted the substrate specificity. This residue might therefore be
involved in substrate binding at the protein’s surface (269).

Distribution of PhaGs in Bacteria

So far, PhaG-homologous proteins have been identified in eight
different Pseudomonas species with amino acid similarities to
PhaGPp ranging from 77 to 100% (Table 6). In addition to the
eight already-described PhaG proteins, a BLAST search reveals the
presence of PhaG homologs encoded in the genomes of additional
Pseudomonas species (Table 6). Applying a PCR-based strategy,
phaG genes were even identified in nonpseudomonads, such as
Burkholderia caryophylli or Aeromonas hydrophila (275, 282), al-
though the detection of a gene similar to phaG in A. hydrophila is
questionable, because its genome sequence, which was published
later, does not have a sequence similar to phaG. There remains
uncertainty regarding a possible occurrence of phaG genes in the
genus Burkholderia, as the ability to link de novo fatty acid synthe-
sis with PHAMCL synthesis via PhaG was originally considered to
be unique to Pseudomonas species. A BLAST search of the avail-
able Burkholderia genome sequences with the PhaGPp sequence as
a query identifies solely the identified PhaG homolog of B. caryo-
phylli (PhaGBc) (Table 6).

Further hits in the genomes of, for example, B. pseudomallei, B.
oklahomensis, B. thailandensis, B. mallei, B. gladioli, or B. glumae,
showing maximal amino acid identities of about 40% to PhaGPp as
well as to PhaGBc, and these proteins have been annotated as sub-
unit A of rhamnosyltransferase I in the database. This enzyme is
homologous to PhaG, as will be outlined below. Thus, as the com-

plete genome sequence of B. caryophylli is not available yet, it
remains to be elucidated whether the single PCR-identified phaG
sequence represents a unique trait of B. caryophylli and whether it
is related to PHAMCL biosynthesis in this bacterium at all. Most
studied Burkholderia species exhibit a PHB synthesis pathway re-
sembling that of R. eutropha, where PhaG is not necessary because
the substrates are not derived from de novo fatty acid synthesis
(285). However, the detection of an additional PHAMCL biosyn-
thesis pathway in B. caryophylli resembling that of pseudomonads
(with phaC1 and phaC2) indicates that this bacterium may be
distinguished from other Burkholderia species in this regard (286).
It can thus be speculated that B. caryophylli is more related to
Pseudomonas spp. regarding its PHA metabolism than other Burk-
holderia species, which would explain why it also possess a PhaG
homolog.

The sequences of nine characterized PhaG proteins (the first
nine proteins in Table 6) were aligned in order to visualize the
conservation of certain domains. As the overall similarity is quite
high, the interpretability was advanced by displaying amino acid
residues identical to the PhaGPp reference as dots (Fig. 20). The
MSA shows a higher degree of conservation of the N termini of
PhaG proteins than of the C termini, which is in accordance with
previous PhaG alignments and the assumption that the N termi-
nus of PhaG is functionally more important, as noted above (269).

PCR-identified phaG genes from P. stutzeri and P. nitroredu-
cens, which are nearly identical to the PhaGPp gene, could be func-
tionally expressed in a P. putida strain (282). Apart from that, two
other PhaG versions (from P. aeruginosa and Pseudomonas sp.
61-3) have been analyzed in more detail. In the following, charac-
terized PhaG enzymes from species other than P. putida will be

FIG 20 Multiple-sequence alignment of different PhaG proteins (generated with ClustalW). Amino acid residues identical to those of the PhaGPp reference
protein from Pseudomonas putida are displayed as dots. PhaG protein sequences are derived from the following bacteria: Pp, P. putida; Pn, P. nitroreducens; Pm,
P. mendocina; Po, P. oleovorans; Bc, Burkholderia caryophylli; Ps, Pseudomonas sp. 61-3; Pf, P. fluorescens; Pa, P. aeruginosa (for details, see Table 6).

Röttig and Steinbüchel

308 mmbr.asm.org Microbiology and Molecular Biology Reviews

http://mmbr.asm.org


described. Furthermore, an inactive PhaG variant and the occur-
rence of cryptic phaG genes or the untypical absence of phaG genes
in Pseudomonas species are outlined.

P. aeruginosa. PhaGPa from P. aeruginosa shares about 59%
identical amino acids with PhaGPp and is approximately half as
active as PhaGPp when heterologously expressed in a phaG mutant
of P. putida (268). Another observation strengthening the as-
sumption that PhaGPa is less active than PhaGPp is a significantly
(40%) increased PHA accumulation in P. aeruginosa upon phaGPp

expression (256). However, a phaG insertion mutant of P. aerugi-
nosa is still able to accumulate a significant proportion of about
40% of the wild-type PHA content, implying that alternative path-
ways to provide 3-hydroxyacyl-CoA precursors have a higher con-
tribution to the overall PHA synthesis in comparison to P. putida
(268). Consequently, bearing a less active PhaG version might not
be a burden for P. aeruginosa because it harbors compensatory
pathways.

Pseudomonas sp. 61-3. The PhaG version of Pseudomonas sp.
61-3, PhaGPs, shares 70% identical amino acids with PhaGPp and is
also involved in channeling 3-hydroxyacyl-CoAs derived from
unrelated carbon sources in PHA synthesis. However, this strain is
additionally able to synthesize PHB from acetyl-CoA via the
PhaA/PhaB-mediated pathway involving the �-ketothiolase-cat-
alyzed condensation of two acetyl-CoA molecules and its subse-
quent reduction by acetoacetyl-CoA reductase to 3-hydroxybu-
tyryl-CoA. Furthermore, there seem to be alternative metabolic
routes to provide 3-hydroxyacyl-CoAs that can bypass PhaG, as
described for P. aeruginosa (284). As can be seen in Table 6, in
PhaGPs the HxxxxD-like motif is modified to HxxxxAE. Via site-
directed mutagenesis, Matsumoto and coworkers (284) investi-
gated to what extent the HxxxxD-like motif is relevant for PhaG

activity. As verified by Hoffmann and coworkers (269), the con-
served histidine, His177, seems to be crucial for PhaG functional-
ity, but a replacement of neither Ala182 nor Glu183 influenced its
activity. On one hand, a reconstruction of the conserved motif
HxxxxD harboring the acidic residue aspartate instead of neutral
alanine did not increase the activity. On the other hand, the acidic
glutamate obviously did not inherit the function of aspartate in
the modified motif. Thus, the authors came to the conclusion that
an acidic residue as part of the conserved motif HxxxxD is not
essential and that the PhaG mechanism must therefore differ from
that of glycerolipid acyltransferases (284).

P. mendocina. A catalytically inactive PhaG protein was iden-
tified in P. mendocina (275). The protein is nearly identical to
PhaGPp but exhibits two crucial modifications: an exchange of
Ser78 with cysteine and a short deletion of the two successive
amino acids Ala111 and Leu112 (Fig. 20). Although phaG is ex-
pressed during growth with gluconate as the sole carbon source by
P. mendocina, the cells can synthesize only residual amounts of
PHA (1%). To elucidate the harmful impact of each of the two
mutations, the authors introduced them separately into PhaGPp

and measured the resulting activity of the enzyme. The Ser78Cys
variant of PhaGPp showed an approximately 50% reduced activity
in comparison to wild-type PhaGPp, indicating that the hydroxyl
group of serine might play a supporting role in structure mainte-
nance or catalysis. However, site-directed mutagenesis of PhaGPm

to exchange the mutated cysteine with serine or threonine did not
result in an active enzyme. Deleting either Leu110, Ala111,
Leu112, or both Ala111 and Leu112 in PhaGPp diminished its
activity completely. Correspondingly, an insertion of Ala111 to-
gether with Leu112 in PhaGPm recovered its activity to about 50%
(comparable to that of the PhaGPp Ser78Cys mutant). Compara-

TABLE 6 PhaG homologs in various bacteria sorted according to their amino acid identity to PhaG from Pseudomonas putida KT2440a

Organism
Protein size
(amino acids)

% Identity
(similarity)b Special features Reference

P. putida strain KT2440 295 100 256
P. stutzeri strain 1317 295 100 282
P. nitroreducens strain 0802 295 99 (99) Cryptic but active 282
P. mendocina strain LZ 293 99 (99) Inactive 275
P. oleovorans 295 95 (98) Cryptic but active 283
Burkholderia caryophylli 294 78 (87) 282
Pseudomonas sp. 61-3 294 70 (82) HxxxxAE motif 284
P. fluorescens strain BM07 294 69 (82) HxxxxAE motif 270
P. aeruginosa 300 59 (77) 268
P. pseudoalcaligenes 295 99 (99) Uncharacterized
Pseudomonas sp. TJI-51 295 92 (95) Uncharacterized
P. entomophila 294 89 (95) Uncharacterized
Pseudomonas sp. M47T1 294 72 (84) Uncharacterized
P. chlororaphis 294 71 (83) Uncharacterized
P. synxantha 294 68 (83) Uncharacterized
Pseudomonas sp. Ag1 294 67 (81) Uncharacterized
Pseudomonas sp. PAMC 25886 294 66 (81) Uncharacterized
P. brassicacearum subsp. brassicacearum NFM421 294 68 (80) Uncharacterized
P. extremaustralis 14-3 294 68 (82) Uncharacterized
Pseudomonas sp. USM 4-55 295 57 (74) Uncharacterized
P. fulva 292 54 (72) Uncharacterized
P. savastanoi 287 52 (74) Uncharacterized
Various P. syringae pathovars 293 66 (80) Uncharacterized
a The first nine proteins have been described in the literature, whereas the remaining, uncharacterized ones have been found via BLAST searches. In case of multiple hits for
proteins similar to PhaG in different strains of one species, the maximal amino acid identity to PhaGPp in this species is given.
b Maximal percentage of identical or similar amino acids in comparison to the reference sequence of PhaGPp.
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tive modeling of a 3D structure of the inactive PhaGPm variant
suggested that the mutation at position 78 does not alter the over-
all protein structure compared to that of PhaGPp but that the short
deletion (�Ala111�Leu112) dramatically disordered the struc-
ture. The predicted structural impacts would result in surface ex-
posure of the aspartate belonging to the catalytic triad and thus in
a loss of the essential steric adjustment of the catalytically active
residues to each other. Additionally, the deletion and a conse-
quent distortion eliminate the hydrophobic environment sur-
rounding the catalytic triad (275).

P. oleovorans and P. nitroreducens. Although the genomes of
P. oleovorans and P. nitroreducens encode PhaGs with high simi-
larities to PhaGPp (95% and 99% identical amino acids, respec-
tively), these organisms are unable to utilize sugars for PHA accu-
mulation. The respective genes were found to be cryptic, as they
are not transcribed properly under natural conditions (282, 283).
PHA accumulation could be restored in P. oleovorans by reintro-
ducing the phaGPo gene under the control of the lacZ promoter
(283).

Pseudomonas species lacking PhaG. The PhaG-mediated bio-
synthesis of PHAMCL from unrelated carbon sources appears to be
a widespread strategy among various pseudomonads, but several
species are not able to exploit this route. For example, P. fragi and
P. jessenii are known to synthesize only very small amounts of
PHA from sugars (287, 288). A BLAST search reveals that their
genomes do not encode a protein similar to PhaG. This again
underlines that PhaG is the essential connecting link between the
central metabolism and PHA synthesis and thus is important for a
noteworthy accumulation of PHAMCL from nonrelated sub-
strates.

SYNTHESIS OF RHAMNOLIPIDS

Rhamnolipids (RL) are extracellular glycolipids, composed of
3-hydroxy fatty acids which are glycosidically linked to one or two
L-rhamnose units (displayed at the bottom of Fig. 21), that natu-
rally appear in a great diversity of structures, with about 60 con-
geners and homologs, and may fulfill various physiological func-
tions (comprehensively reviewed in references 289 and 290).

Functions of Rhamnolipids

The amphiphilic, surface-active RL act as emulsifiers and thereby,
for example, facilitate the uptake and assimilation of poorly solu-
ble hydrocarbon substrates (291–293). As RL reduce the surface
tension and act as wetting agent, they promote swarming or slid-
ing of bacterial colonies (294, 295). Additionally, RL synthesis is
involved in bacterial biofilm development by altering the cell sur-
face hydrophobicity and facilitates cell adhesion (294, 296). The
ability of RL to intercalate into cell membranes and permeabilize
them is assumed to cause their antimicrobial properties (297). RL
of pathogenic microbes are furthermore considered to play an
important virulence-enhancing or even hemolytic role and induce
various immune responses (289). Indeed, their importance for
invasion of respiratory epithelia and establishment of infection
could be proven for the opportunistic pathogen P. aeruginosa
(298, 299).

Rhamnolipid-Producing Bacteria

To date, most studied RL producers belong to the genus Pseudomo-
nas, of which especially P. aeruginosa has extensively been studied as a
model system for RL synthesis. During the last years, the ability to

synthesize and secrete RL or RL-like compounds has been detected in
an increasing number of natural isolates covering a broader taxo-
nomic range. For example, RL synthesis seems to be a more widely
distributed trait in the Proteobacteria, as RL-producing strains be-
longing to the genera Acinetobacter, Pseudoxanthomonas, Enterobac-
ter, Pantoea (gammaproteobacteria), Burkholderia (betaproteobacte-
ria), or Myxococcus (deltaproteobacteria) have been described.
Furthermore, RL-synthesizing isolates were even reported for other
phyla, such as the Actinobacteria (Renibacterium, Cellulomonas, or
Nocardioides) or the Firmicutes (Tetragenococcus). However, some of
these findings need to be confirmed by more detailed measurements
and taxonomic characterizations, and in most cases, a physiological
function of RL in these bacteria is still unknown (289).

Rhamnolipid Biosynthesis

Similarly to PHAMCL, RL are also synthesized from 3-hydroxy
fatty acyl-ACPs provided by de novo fatty acid synthesis. Thus, in
those pseudomonads which are able to accumulate PHAMCL and
secrete RL, both biosynthesis pathways compete for the same pre-
cursors. This becomes obvious in mutants defective in RL synthe-
sis, as they show elevated PHAMCL accumulation (300, 301). Fig-
ure 21 illustrates the biosynthesis of mono- or dirhamnolipids
from 3-hydroxyacyl-ACPs derived from de novo fatty acid synthe-
sis. In P. aeruginosa, the lipid part of RL is composed predomi-
nantly of 3-hydroxydecanoyl moieties (302).

First, two molecules of 3-hydroxydecanoyl-ACP are linked by
RhlA (3-hydroxyacyl-ACP:3-hydroxyacyl-ACP O-3-hydroxyacyl-
transferase) to a dimer. In general, dimerization products from two
3-hydroxyacyl residues are termed 3-(3-hydroxyalkanoyloxy)al-
kanoates (HAAs) (294, 303). The second step is the condensation of
HAA with dTDP-L-rhamnose catalyzed by rhamnosyltransferase I,
RhlB, leading to mono-RL (L-rhamnosyl-3-hydroxydecanoyl-3-hy-
droxydecanoate in Fig. 21) (304). Finally, a second rhamnose moiety
can optionally be attached to the first by rhamosyltransferase II, RhlC,
resulting in di-RL (L-rhamnosyl-L-rhamnosyl-3-hydroxydecanoyl-
3-hydroxydecanoate in Fig. 21) (305). The first two enzymes of this
pathway, RhlA and RhlB, are encoded in one operon, rhlAB (304).

For several years, some aspects regarding a direct connection
between de novo fatty acid synthesis and RL synthesis remained
uncertain. It had been shown that PHAMCL and RL syntheses both
compete for the same source of FASII-derived substrates, and it
was speculated that a putative �-ketoacyl reductase, RhlG, pro-
vided substrates for RL synthesis by reduction of �-ketodecanoyl-
ACP to �-hydroxydecanoyl-ACP (300, 306). However, later it
turned out that RhlG does not have the catalytic capability to carry
out the proposed reaction, and its indispensability for RL synthe-
sis could not be clearly proven (303, 307). RhlA from P. aeruginosa
and PhaGs from various Pseudomonas species exhibit significant
sequence homology, i.e., 41 to 48% identical and 60 to 65% sim-
ilar amino acids, which first led to the assumption that RhlA, like
PhaG, might also catalyze a transacylation of 3-hydroxydecanoyl
moieties from ACP to CoA (294). The speculation that PhaC
might provide HAA dimers was also disproven by the finding that
PhaC-negative mutants still synthesize RL (306, 308). In vitro en-
zyme assays could finally clarify the physiological role of RhlA as
an acyltransferase that forms HAA by directly utilizing 3-hy-
droxydecanoyl-ACPs. Thus, RhlA links de novo fatty acid synthe-
sis with RL synthesis and therefore competes directly with its dis-
tant homolog PhaG for substrates. Purified RhlA appeared to be a
34-kDa monomer in solution (303). The enzyme is assumed to be
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attached or bound to the cytoplasmic membrane (305). In vitro,
purified RhlA is highly selective for the 3-hydroxydecanoyl-ACP
intermediate and exhibited only approximately 10 or 5% of this
activity when 3-hydroxy-C8- or 3-hydroxy-C12-ACP was supplied
as the substrate, respectively. This high specificity of RhlA seems to

control the acyl chain composition of RL, as reflected in the afore-
mentioned predominance of C10 residues in RL synthesized by P.
aeruginosa (303).

However, although the role of RhlA appears to be clarified, it
still remains to be elucidated how RhlA catalyzes the esterification

FIG 21 Synthesis of rhamnolipids from 3-hydroxydecanoyl-ACP derived from de novo fatty acid synthesis.
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between the 3-hydroxyl group of one and the ACP-thioester bond
of the other 3-hydroxydecanoyl-ACP molecule. Until now, no
studies have been performed concerning conserved and catalyti-
cally important residues or a putative structure of RhlA. Further-
more, publications concerning RhlA do not clearly specify
whether the second ACP moiety is detached from HAA during its
formation (as shown in Fig. 21) or remains attached during RL
synthesis. On the basis of the moderate amino acid sequence sim-
ilarity between RhlA and PhaG, it might be speculated that the
catalytic mechanisms are similar. In RhlA protein sequences from
strains of P. aeruginosa, B. pseudomallei, and Pantoea ananatis, the
amino acids which form a catalytic triad in PhaG proteins are also
conserved.

Rhamnose, the hydrophilic moiety of amphiphilic RL, is at-
tached to HAA by rhamnosyltransferases I and II. The membrane-
bound, 47-kDa rhamnosyltransferase I, RhlB, transfers a dTDP-
activated L-rhamnose moiety to the free 3-hydroxyl group of HAA
via an O-glycosidic linkage (Fig. 21) (304).

RhlC transfers a second rhamnose moiety to a fraction of
mono-RL, also referred to as rhamnolipid 1, via an �-1,2-glyco-
sidic linkage, yielding di-RL (Fig. 21). As RhlB and RhlC catalyze
the formation of glycosidic linkages, they cannot be classified as
acyltransferases. There is no sequence similarity between RhlB or
RhlC and PhaG, as it is the case for RhlA. The amino acid sequence
of the 36-kDa RhlC exhibits significant homology to other rham-
nosyltransferases that attach L-rhamnose to terminal L-rhamnosyl
or other sugar moieties (e.g., in the LPS). By deletion of the rhlC
gene, it was demonstrated that RhlC is essential for di-RL synthe-
sis. It is assumed that mono- and di-RL are synthesized at the
cytoplasmic site of the membrane and subsequently transported
out of the cell (305). However, the exact mechanism for secretion
of RL is not known yet (309). Likewise, a putative catalytic mech-
anism of both rhamnosyltransferases has not been proposed yet.
RL synthesis is tightly regulated at the transcriptional level and
influenced by numerous factors. In general, it depends on cell
density, which is quorum sensing regulated via the RhlR regulator,
and limitation of nutrients, such as phosphate and nitrogen (310,
311). However, this complex transcriptional regulatory network
lies beyond the scope of this review.

While the majority of P. aeruginosa-secreted RL are composed
of 3-hydroxydecanoyl-3-hydroxydecanoate linked to one or two
rhamnose moieties, there exist diverse structures in other RL-pro-
ducing bacteria. The lipid proportion of RL is most often com-
posed of one or two (in a few cases three) 3-hydroxy fatty acyl
chains that can be saturated, monosaturated, or polyunsaturated
and vary from C8 to C16 in length. The distal carboxyl group most
often remains free, but in some cases it is esterified with a short
alkyl residue. The free 2-hydroxyl group of the second rhamnose
moiety can also be rarely further acylated with long-chain alkenoic
acid (289).

Industrial Relevance of Rhamnolipids

There is a diverse range of possible industrial applications for RL
due to their physicochemical properties, e.g., as detergents or
emulsifiers in the cosmetic, pharmaceutical, food, and detergent
industries. Furthermore, they might be applied for bioremedia-
tion, enhanced oil recovery, and biodegradation. Key advantages
compared to conventional petrochemical-based surfactants is that
RL can be synthesized biotechnologically from renewable re-
sources and that they are biodegradable (309). Due to their great

range of potential applications and variety in structure, it can be
expected that RL biosynthesis will be the subject of extensive re-
search and that more detailed biochemical knowledge of the cor-
responding enzymes will become available soon. Finding non-
pathogenic production strains as alternatives to the RL model
producer P. aeruginosa or the establishment of high-yield recom-
binant RL synthesis also represents an important aspect to facili-
tate large-scale biotechnological RL production.

CONCLUSIONS AND COMPARISON OF ACYL TRANSFER
REACTIONS IN BACTERIA

The aim of this review was to provide a representative survey of the
wide spectrum of acyl transfer-catalyzing enzymes in prokaryotes.
From a variety of acyl residue-transferring enzymes, a part of
which is still poorly analyzed, several enzyme types have been
selected due to their relevance and/or current state of research.
Some key features of each type are summarized in Table 7.

Regarding their catalytic mechanism, the enzyme types can
roughly be divided into two groups: the majority of enzymes dis-
cussed in this review are characterized by a conserved Hxxx(x)D/
E-like active-site motif with a catalytically active histidine residue
and a noncovalent transition state, whereas RtxC acyltransferases,
lipases, PHA synthases, or PhaG transacylases form a covalent
intermediate during catalysis. Apart from these enzymes, all of the
“real” acyltransferases, which have been discussed in this review,
seem not to function via a catalytic triad but have a crucial cata-
lytically active histidine residue in common. In some of the
Hxxx(x)D/E-like motifs, histidine and the negatively charged res-
idue aspartate or glutamate seem to form an essential catalytic
dyad. In GPAT-, LpxA-, LpxL-, PapA5-, and CATIII-like acyl-
transferases, aspartate is thought to stabilize the protonated histi-
dine residue during catalysis and/or to have an essential structural
function for the catalytic core. In contrast, the highly conserved
aspartate residue does not seem to be of major importance for
catalysis or structure in AtfA-like WS/DGATs, as an exchange of
this residue with a nonpolar amino acid did not influence the
enzyme’s activity dramatically. Thus, it can be speculated that the
actual spatial arrangement of residues belonging to this kind of
active-site motif might be different in these enzyme types.

Although PhaG transacylases also possess a conserved
HxxxxD/A sequence motif, it could be shown that they use a com-
pletely different catalytic mechanism than, for example, AtfA-like
WS/DGATs. Due to sequence homology and structural resem-
blance, they have been assigned to the �/� hydrolase superfamily
and possess an essential catalytic triad like that described for
lipases and PHA synthases. In contrast to AtfA-like WS/DGATs,
which acylate free hydroxyl groups, PhaG transfers the acyl resi-
due by separating it from an activated thioester linkage and sub-
sequently forming another thioester linkage. This explains why it
resembles a (thio)esterase, and thus hydrolase, rather than an
acyltransferase. The phenomenon of a simultaneous presence of a
catalytic triad and the HxxxxD motif has also been described for
the lipases Tgl3p and Tgl5p from yeast, which were shown to
harbor two independent activities and function as both lipase and
acyltransferase.

It should be noted that HlyC-like acyltransferases exert a com-
pletely different kind of “ping-pong” mechanism which distin-
guishes them from AtfA-like acyltransferases as well as from
lipases, PhaG transacylases, or PHA synthases. In HlyC, the cata-
lytic histidine residue directly attacks the thioester carbonyl car-
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bon atom and forms a covalent acyl-enzyme heterocomplex,
whereas histidine in the HxxxxD-like motif or catalytic triad first
attacks the hydroxyl group of the alcohol or serine, respectively, to
create a strong nucleophile which then can, in turn, attack the
thioester carbonyl carbon atom.

To sum up, the transfer of hydrophobic acyl chains is essential
for a multitude of biological functions and can be realized by
enzymes with completely different structures and/or catalytic
mechanisms. Despite this variety, it can be noted that all involved
mechanisms known so far directly or indirectly rely on a catalyti-
cally active histidine residue. Furthermore, in “real” acyltrans-
ferases, this histidine residue is most often part of an Hxxx(x)D-
like sequence motif together with acidic aspartate or glutamate.
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