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Photoactivation of caged fluorescent tubulin was used mark the
microtubule (MT) lattice and monitor MT behavior in interphase
cells. A broadening of the photoactivated region occurred as MTs
moved bidirectionally. MT movement was not inhibited when MT
assembly was suppressed with nocodazole or Taxol; MT movement
was suppressed by inhibition of myosin light chain kinase with ML7
or by a peptide inhibitor. Conversely, MT movement was increased
after inhibition of cytoplasmic dynein with the antibody 70.1. In
addition, the half-time for MT turnover was decreased in cells
treated with ML7. These results demonstrate that myosin II and
cytoplasmic dynein contribute to a balance of forces that regulates
MT organization, movement, and turnover in interphase cells.

microtubule motion

The capacity for microtubules (MTs) to undergo dynamic
rearrangement is critical to the various vital cellular activities

to which they contribute, including the assembly and function of
the mitotic spindle, intracellular transport of organelles and
vesicles, and the establishment and maintenance of cell shape
and polarity. MTs are nucleated at the centrosome and maintain
a generally radial organization, with plus-ends at the cell pe-
riphery. Direct observations show that peripheral plus-ends
undergo dynamic instability behavior, characterized by the sto-
chastic switching between phases of elongation and rapid short-
ening (1). Dynamic instability is tempered, such that turnover is
more rapid in the peripheral region of the cell (2). MT turnover
in the more central cytoplasmic domain is thought to occur by
subunit turnover at both plus- and minus-ends (3, 4).

MTs modulate the behavior of the actin cytoskeleton in a
temporally and spatially regulated manner. For example, MTs
are required to establish the site of contractile ring formation in
cytokinesis and to restrict ruff ling behavior to the leading edge
of motile fibroblasts (5). The nature of the cross-talk between the
MT and actin cytoskeletons is not well understood, but recent
work indicates that a feedback mechanism involving Rho family
members may contribute to these regulatory interactions (6). In
addition, molecular motors may integrate the MT and actin
systems. Actomyosin moves MTs rearward at the cell periphery
(3), and myosin-generated forces are responsible for MT trans-
port in motile cells and for axon retraction in cultured neurons
(7, 8). Cytoplasmic dynein contributes to MT organization in
interphase cells, to the assembly and function of the mitotic
spindle, and to MT transport in neurons (9, 10). These obser-
vations led us to test the hypothesis that molecular motors
modulate the organization, rearrangement, and turnover of MTs
in interphase cells.

Materials and Methods
Materials. All materials for cell culture were obtained from Life
Technologies (Gaithersburg, MD), with the exception of FCS,

which was obtained from Atlanta Biologicals (Norcross, GA).
Unless otherwise noted, all other chemicals were obtained from
Sigma.

Cell Culture, Cell Staining, and Microinjection. Cell culture, labeling
of fluorescent tubulins, and microinjection were performed
exactly as described (11). Tubulin labeled with a reactive fluo-
rescent dye, Cy3, was microinjected at a needle concentration of
2.0–2.7 mg/ml; tubulin labeled with a caged derivative of car-
boxyfluorescein called C2CF (1) was microinjected at a needle
concentration of 4.1–4.7 mg/ml. Cells that were to be double
injected with fluorescent tubulin and antibodies or inhibitory
peptide were injected with tubulin and allowed to recover at 37°C
for 60 min. The same cells were relocated and injected with
anti-dynein antibody (Sigma clone 70.1) at a needle concentra-
tion of 30–50 mg/ml, anti-kinesin HD antibody (gift of Fatima
Gyoeva) at a needle concentration of 9.5 mg/ml, anti-HSET
antibody at a needle concentration of 10 mg/ml, anti-Eg5
antibody (both gifts of Duane Compton) at a needle concentra-
tion of 5.7 mg/ml, nonimmune IgM (Sigma) at a needle con-
centration of 43 mg/ml, or myosin light chain kinase (MLCK)
pseudosubstrate inhibitory peptide (Peptides International) at a
needle concentration of 1 mM. The peptide, sequence
AKKLSKDRMKKYMARRKWQKTG, specifically inhibits my-
osin II by acting both as a pseudosubstrate for the autoinhibitory
domain of MLCK and by binding to calmodulin and inhibiting
Ca21/calmodulin-dependent activation of MLCK (12, 13).

Pharmacological inhibitors were used as follows. Cells were
pretreated for 1 h with 100 nM Taxol or nocodazole, and were
photoactivated and imaged for an additional 75 min. Cells were
treated with 100 mM ML7 or 20 mM 2,3-butanedionemonoxime
(BDM), and were photoactivated and imaged within 75 min of
drug application. Cytokinesis was blocked in mitotic cells incu-
bated with BDM or ML7 under these conditions.

To stain for the 58-kDa Golgi protein after imaging, cells were
fixed in 3.7% formaldehyde and incubated in a monoclonal
antibody (Sigma, clone 58K-9; 1:100 dilution) followed by incu-
bation in FITC-conjugated goat anti-mouse secondary antibody
(Organon Teknika-Cappel; 1:13 dilution). Staining for MTs and
F-actin was performed exactly as described (11). Some cells that
were injected with Eg5 antibody were followed into mitosis, and
monopolar spindles were observed in phase contrast to verify the
inhibitory activity of the antibody. Vital staining with rhodamine
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123 (Molecular Probes) was performed by incubating cells in 10
mg/ml dye for 5 min, and rinsing twice in dye-free medium.

Image Collection. Cells that were injected with a mixture of caged
fluorescein tubulin and Cy3-labeled tubulin were imaged on a
Bio-Rad 600 Confocal microscope with a 60 3 1.4 numerical
aperture lens. Photoactivation was performed by using a 4-sec
exposure to unattenuated 360-nm light generated by a 100-watt
mercury arc lamp and a 49,6-diamidino-2-phenylindole filter
cube (Nikon). A 25-mm 3 3-mm slit (Coherent Ealing, Auburn,
CA) was placed on a slider in a conjugate image plane. Oxyrase
(Oxyrase Inc., Mansfield, OH) was added to the medium at 0.3
unit/ml to reduce photodamage to cells (14). Images were
printed by using ADOBE PHOTOSHOP software (Adobe Systems,
Mountain View, CA) running on a Power Macintosh G3 with an
Epson Stylus 850N printer.

For analysis of individual MT dynamics and observation of
Rhodadmine 123-stained cells, a Nikon Eclipse TE 300 in-
verted microscope equipped with a 100 3 1.3 numerical
aperture objective lens was used. Images were acquired by
using a Princeton Instruments micromax interline transfer-
cooled CCD camera and METAMORPH software (Universal
Imaging, Media, PA).

Data Analysis. The behavior of individual MTs was measured and
analyzed as described (15). To measure turnover of the MT
array, f luorescence intensity values, within a rectangle of suffi-
cient dimensions to ensure that the photoactivated region was
within the box for the entire sequence, were measured and
corrected for background fluorescence (determined by measur-
ing fluorescence in a rectangle of the same dimensions placed in
a region of the cell that was not photoactivated). Several cells
were measured, and the values for each time point were aver-
aged; percentage of fluorescence (6 SD) versus time, in min, was
plotted by using ORIGIN (Microcal Software, Northampton, MA)
analytical software and fitted to a single exponential decay. We
measured the fluorescence intensity in the original photoacti-
vated region just after photoactivation, and at 14 min after
photoactivation. The 14-min value was corrected for the dynamic

turnover of MTs, by using the rate constant for turnover
generated for each cell, and the resulting fluorescence intensity,
which represents the percentage of MTs remaining in the
original photoactivated region, was expressed as a percentage of
the initial intensity. The difference between 100 and the per-
centage left in the original region is the percentage of MTs that
have moved. Decay of fluorescent signal because of photo-
bleaching was determined to be negligible.

Results and Discussion
Bidirectional Movement of MTs in Interphase Cells. We have used
photoactivation of a caged fluorescent derivative of tubulin (16)
to observe and quantify MT behavior in nonperipheral regions
of interphase PtK2 cells. Bidirectional movement, either toward
the nucleus or toward the cell periphery, of individual and small
bundles of photoactivated MTs is shown in Fig. 1. The rate of
movement was measured from sequences of images collected at
2-min intervals for 16 min. The average rate of movement
(0.21 6 0.09 mm/min, range 0.11–0.45, n 5 28 measurements in
12 cells) was the same for MTs moving toward or away from the
nucleus. Individual MTs behaved independently: adjacent MTs
could move in opposite directions, indicating that the mechanism
for movement is highly local (Fig. 1d) (17). The apparent
lengthening of the fluorescent mark on some MTs was likely to
be the result of closely aligned MTs moving at different rates or
in opposite directions (Fig. 1d).

The extent of movement was measured by visually marking the
boundaries of the photoactivated region at the initial and final
time points (Fig. 1 b and b9) and measuring the fold increase in
the distance between the boundaries. Note that the photoacti-
vated mark was made perpendicular to the radial orientation of
the MTs; therefore, only MT movement in the y axis is measured
by our assay, and measurements of the extent of movement are
likely to be underestimations. For control PtK2 cells, the pho-
toactivated mark spread an average of 2.45 times its original
width in 28 min after photoactivation (Table 1). The direction of
mark widening in control cells was biased toward the cell center;
64% of the increase in width was rearward and 36% was forward.
Movement of MTs was observed regardless of whether photo-

Fig. 1. MT movement in interphase cells. (a) PtK2 epithelial cell. (Left) Rhodamine tubulin fluorescence of the entire MT array. (Right) Photoactivated
fluorescence immediately (Upper) and 21 min after (Lower) photoactivation. (Bar, 10 mm.) (b and b9) Enlargement of the photoactivated region shown in a.
Horizontal lines illustrate the increased width of the mark over time. Arrowheads at the same pixel location in both images show the bidirectionality of the
movement. (c) Photoactivation in a COS-7 fibroblast. The more rapid dissipation of fluorescence, compared with cell in a, is due to faster dynamic turnover of
MTs in fibroblasts. Arrowheads highlight the widespread position of remaining MTs. (Bar, 5 mm.) (d) Additional example of photoactivated region of a PtK2 cell,
which shows bidirectional MT movement and apparent lengthening of photoactivated MTs as marks on adjacent MTs are moved; time, in min, after
photoactivation is given in the corner of each panel. Fiduciary line indicates the approximate center of the original photoactivated region. (Bar, 5 mm.) Note that
the example shown in d contains an unusually uniform MT arrangement; the arrangement shown in b is more typical.
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activation was performed nearer to the nucleus or nearer to the
cell periphery, and was also observed in BSC1 epithelial cells and
COS-7 fibroblasts (Fig. 1c), both of which are characterized by
a more centrosomal microtubule array than PtK2 cells. The
extent of movement was greater in both BSC1 and COS-7 cells
than in PtK2 cells, which may result from differences in the
distribution or activity of motor proteins in these cells.

MT Movement Does Not Depend on MT Dynamics or on Kinesin-
Related Motors. We tested the role of MT assembly in MT
movement by treating cells with nocodazole or Taxol, at con-
centrations that have little effect on polymer level but greatly
suppress subunit addition and loss from the ends of MTs (18, 19).
Treatment with nocodazole (100 nM for 1 h) did not inhibit
bidirectional MT movement (Fig. 2b, Table 1), nor did treatment
with Taxol (100 nM for 1 h); however, Taxol-induced rearrange-
ments of the MT array precluded meaningful quantitative anal-
ysis of movement. It should be noted that these subtle rear-
rangements occur even at the low levels of Taxol that inhibit
dynamic instability without affecting polymer level. The results
of these experiments indicate that dynamic instability of MTs is
not required for MT movement in these cells, and is likely to be
an independent process.

We wished to determine whether MT movement in interphase
cells is mechanistically similar to flux in the mitotic spindle (16).
In spindle flux, transport is coupled to addition and loss of
subunits from the MT ends, and is inhibited by adenosine
59-[b,g2imido]triphosphate (20) and by monastrol, a specific
inhibitor of the plus-end directed kinesin-related protein Eg5
(21, ¶). We did not observe inhibition of movement after
nocodazole or Taxol treatment, indicating that subunit addition
and loss were not required for MT movement. In addition, the
movement that we observed is distinct from spindle flux because
it is bidirectional and the behavior of the MTs is uncoordinated.
We also tested the possible contribution of Eg5, and of the
minus-end-directed mitotic kinesin-related protein HSET, to
MT movement. Neither an antibody to HSET that inhibits
meiotic spindle formation and Taxol-induced aster formation
(22), nor an antibody to Eg5 that blocks bipolar spindle forma-
tion (see Materials and Methods) had any detectable effect on
MT movement in interphase cells (Table 1).

The contribution of other members of the kinesin family to
MT movement was also tested by using an antibody to a
conserved region of the conventional kinesin heavy chain, HD,
which has been previously demonstrated to block MT-dependent

processes (23). Microinjection of HD into cells induced mito-
chondria clustering to the perinuclear region, as assessed by
rhodamine 123 staining (23), and had no detectable effect on the
movement of marked MTs (Table 1).

MT Movement Requires Actomyosin and Is Restricted by Cytoplasmic
Dynein. Overexpression of various components of the cytoplas-
mic dynein-activating complex, dynactin, disrupts MT organiza-

¶Kapoor, T. M., Mayer, T. U., Desai, A., Maddox, P., Salmon, E. D., Schreiber, S. L. & Mitchison,
T. J. (1999) Mol. Biol. Cell 10, 128 (abstr).

Table 1. Quantitative analysis of MT movement in PtK2 epithelial cells

Cell type
Extent of movement

(28 min)
Percentage transported

(14 min)
Turnover half-time,

min

Control PtK2 2.45 6 0.61 (14) 24.9 6 9.8 (8) 10.2 (12)
Nocodazole treated 3.05 6 1.10 (11) — —
Kinesin inhibited (HSET) 2.23 6 0.80 (7) — —
Kinesin inhibited (Eg5) 2.21 6 0.36 (5) — —
Kinesin inhibited (HD) 2.87 6 0.89 (5) — —
Dynein inhibited (70.1) 4.18 6 0.92* (13) 29.6 6 12.7 (6) 10.2 (10)
Myosin inhibited (peptide) 1.81 6 0.37† (6) — —
Myosin inhibited (ML7) 1.87 6 0.38† (12) 2.0 6 15.2* (5) 15.6 (8)
Myosin inhibited (BDM) 1.85 6 0.61† (13) — —
Myosin and dynein inhibited 1.78 6 0.56† (10) — —

The extent of movement is the fold increase in the width of the photoactivated mark between the initial and
final time points (t 5 0 to t 5 28 min); units are arbitrary. Values are average 6 SD (number of cells). Statistically
different from control: *, P 5 0.001; †, P # 0.05.

Fig. 2. MT movement requires myosin II activity and is restricted by cyto-
plasmic dynein/dynactin. Cells were treated as described and photoactivated
as in Fig. 1. Only the photoactivated region is shown. In all panels except b, the
cell center is toward the top of the figure; the cell center is toward the bottom
of the figure in b. (Left) MTs immediately after photoactivation. (Right) MTs
21 min later. (a) Control PtK2 cell. The rearward movement of MTs in this cell
was 89%, as compared with the average of 64%. (b) Cell treated with no-
codazole; MT dynamic instability is not required for MT movement. (c) Cells
injected with a function blocking dynein antibody; MT movement is extensive.
Individual MTs are often observed at sites distant from their initial location. (d)
Cells treated with the MLCK inhibitor ML7; MT movement is decreased. (e) Cell
microinjected with a function-blocking dynein antibody and treated with
ML7. The extensive movement of MTs observed on cytoplasmic dynein inhi-
bition (c) is suppressed when myosin II is inhibited. (Bars, 5 mm.)
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tion in fibroblasts (9). To test the role of dynein/dynactin in MT
movement, an antibody to a cytoplasmic dynein intermediate
chain, clone 70.1, that blocks cytoplasmic dynein function by
inhibiting its association with intact dynactin complex (24) was
microinjected into cells. Our results show that marked MTs were
moved farther from their original location in the absence of
cytoplasmic dynein function (Fig. 2c). The movement was ex-
tensive; the photoactivated mark spread an average of 4.18 times
its original width (Table 1). There was a slight rearward bias to
the direction of MT movement, but this difference was not
statistically significant from a 50/50 division, as it was in control
cells. We hypothesize that retrograde flow of F-actin is respon-
sible for the rearward bias in control cells, and that the inhibition
of cytoplasmic dynein untethers MTs, randomizing their move-
ment. The overall arrangement of MTs in cells injected with 70.1
was also assayed by immunofluorescence microscopy of fixed
cells; consistent with recent results in fibroblasts (9), we ob-
served a general disorganization of the MT array in epithelial
cells (Fig. 3 a–f ).

Cells injected with 70.1 were fixed and stained for the 58-kDa
Golgi marker protein; all cells were positive for a disrupted Golgi
complex, verifying the abolition of cytoplasmic dynein function
(Fig. 3 g and h) (25). As an additional control, the photoacti-
vation experiment was also performed on cells microinjected
with nonimmune IgM rather than 70.1. The degree of spreading

of the photoactivated mark was determined to be statistically the
same as in control cells, demonstrating that the effect of greater
MT movement seen with 70.1 was specific (data not shown).

Previous work has shown that MTs in the extreme cell
periphery are moved by actin-dependent retrograde flow, and
numerous studies have shown that coordination between MTs
and actin is required for various cellular processes (5, 6). We
tested whether myosin II contributes to the bidirectional move-
ment of MTs in nonmotile cells by microinjecting an inhibitory
peptide of MLCK (see Materials and Methods), and also by
treating cells with the MLCK inhibitor ML7 (12, 13, 26). The
results show that MT movement was, in fact, suppressed when
myosin II was inhibited (Fig. 2 d and e). After 28 min, the
photoactivated marks in peptide-injected and ML7-treated cells
had widened to only 1.81 and 1.87 times their original width,
respectively, compared with the 2.45-fold increase seen in con-
trol cells (Table 1).

Photoactivation experiments were also performed following
inhibition of myosin with 20 mM BDM. BDM interferes with the
ATPase cycle of myosin and is reported to inhibit myosin II and
myosin V (27), although it could potentially interfere with other
myosins as well, because the ATP-binding region is highly
conserved among family members. The average increase in
width of photoactivated marks in cells treated with BDM was
1.85 6 0.61, similar to the peptide-injected and ML7-treated
cells, and statistically different from controls (Table 1).

As an additional test, we first inhibited cytoplasmic dynein/
dynactin by injection of 70.1 to allow for more extensive MT
movement, and subsequently added ML7 to determine whether
movement was partially or entirely dependent on myosin II. MT
movement was also inhibited in these cells, to an approximately
equal extent as in cells treated with ML7 alone; the average
extent of mark widening was 1.78 6 0.56 (Fig. 2e, Table 1).

To ascertain whether myosin acts to move MTs through its
interactions with F-actin or through a mechanism independent
of actin, we used 300 nM latrunculin B to disassemble the F-actin
(28). Quantitative analysis of these experiments was difficult
because of the global changes in cell morphology that occur when
the actin cytoskeleton is disrupted. However, qualitative assess-
ment indicates that F-actin is necessary for the role of myosin II
in MT movement (data not shown). Our results are consistent
with recent work demonstrating a role for actomyosin in spindle
flux in spermatocytes (29).

To test whether Taxol-induced MT rearrangements were
dependent on myosin II activity, we incubated cells simulta-
neously in 1 mM Taxol and 100 mM ML7 for 1 h. This treatment
resulted in extensive cell rounding, a result not seen with either
drug treatment alone. That either MT-dynamic behavior can be
altered or myosin function can be inhibited without causing
significant cell rounding, but the combination of both results in
rounded cells, further emphasizes the antagonistic nature of the
MT–actomyosin relationship.

We determined the percentage of photoactivated MTs that
moved from the original photoactivated region at the half-time
of the observation period (Materials and Methods; Table 1). MT
movement was measured at the halfway point of observation
because there was enough fluorescent signal remaining to pro-
vide an accurate measurement for a greater number of cells. In
addition, because the fluorescence measurements must be cor-
rected for turnover, only cells for which turnover could be
accurately determined were included in the measurement. In
control cells, 24.9% of the fluorescence moved to a region of the
cell outside of the original photoactivated area; that number was
29.6% in 70.1-injected cells and only 2% in ML7-treated cells
(Table 1). Thus, inhibition of cytoplasmic dynein-induced MTs
to move further than in control cells, but increased the percent-
age of MTs that moved by only 5%, indicating that movement is
limited, perhaps by interaction with or interference by other

Fig. 3. Disruption of cytoplasmic dynein induces a reorganization of the MT
array in interphase cells. MTs in untreated cells (a) are arranged radially,
whereas those in 70.1-injected cells (b) are disorganized. (Bar, 10 mm.) (c and
d) Magnification of boxed regions indicated in a; (e and f ) magnification of
boxed regions indicated in b. (Bar, 5 mm.) Immunostaining for the 58-kDa
Golgi marker protein shows compact Golgi stacks in control cells (g) and
dispersed Golgi vesicles, indicated by arrowheads, in 70.1-injected cells (h).
The background in h is high because the anti-mouse secondary antibody that
recognizes the 58-kDa primary antibody also binds to the injected 70.1 anti-
body. (Bar, 10 mm.)
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cellular elements. Conversely, inhibition of myosin activity dra-
matically reduced the percentage of MTs that moved. The lack
of complete inhibition of MT movement by ML7 could result
from an incomplete inhibition of MLCK andyor from movement
mediated by myosins that are insensitive to ML7.

Inhibition of Myosin Reduces Dynamic Turnover of MTs. The half-
time of MT turnover was measured for control, 70.1-injected and
ML7-treated cells by measuring the dissipation of fluorescence
after photoactivation. A half-time of 10.2 min was measured for
both control and cytoplasmic dynein-inhibited cells; however,
the half-time for myosin-inhibited cells was increased by 53% to
15.6 min, indicating a substantial reduction in MT dynamic
turnover (Table 1). To determine the mechanism responsible for
the increased half-time of turnover, we measured the dynamic
instability behavior of the plus-ends of individual MTs in control,
ML7-treated, and 70.1-injected cells (15, 19). As shown in Table
2, the dynamic instability parameters are similar for all three
groups. Specifically, no statistically significant differences were
detected between the control and 70.1-injected cells. In cells
treated with ML7, the rate of growth was 15% slower and the
rate of shortening was 36% slower than in control cells; these
differences were statistically significant (Table 2). In addition,
rescue was 34% less frequent in ML7-treated cells than in
controls. Other parameters, including dynamicity, which is a
measure of the overall growth and shortening, were similar to
controls (Table 2), indicating that the reduction in turnover is not
solely due to an alteration in plus-end dynamic behavior. MT
minus-ends, generated by release from the centrosome and by
breaking of long MTs, also contribute to MT turnover (4, 6, 30).
In epithelial cells, the frequency of release from the centrosome
is low ('1.5 MTs per min), suggesting that MT breakage is the
more physiologically relevant pathway for generating MT minus
ends (4, 30). Our data suggest that, in the absence of myosin
contractility, MT bending and breaking is reduced, and fewer
free minus ends are generated, resulting in slower overall
turnover. These results provide direct evidence for myosin-
generated forces modulating the kinetic behavior of MTs (7, 17).

Model for the Regulation of MT Movement by Cytoplasmic Dynein and
Myosin II. Our results can be explained by a model in which
cytoplasmic dynein and myosin generate antagonistic forces that
contribute to the organization of the MT array (Fig. 4). Our data
support a role for cytoplasmic dynein in tethering MTs and resisting
actomyosin-generated forces. One possible mechanism for tether-
ing is that the cytoplasmic dynein heavy chain and the p150 subunit
of dynactin, both of which contain MT binding domains, could
cross-link adjacent MTs (31). Alternatively, dynein/dynactin could
link MTs to other cellular components such as the centrosome (9),
membrane systems (10), or sites of cell–substrate adhesion (5). Note

Table 2. Dynamic instability parameters at the MT plus ends

Parameter Control 70.1-injected ML7-treated

Shortening rate, mmymin 12.9 6 9.2 (78) 10.7 6 7.3 (68) 8.3 6 4.5† (63)
Growth rate, mmymin 6.6 6 3.7 (121) 7.3 6 4.5 (92) 5.6 6 2.9† (108)
Pause duration, sec 18.5 6 17.5 (124) 21.7 6 22.5 (115) 21.9 6 22.7 (122)
% time in pause 41.8 49.3 40.9
% time in growth 18.4 21.8 19.8
% time in shortening 39.8 28.9 39.3
Rescue frequency, sec21 0.090 6 0.055 (36) 0.105 6 0.083 (32) 0.059 6 0.050* (35)
Catastrophe frequency, sec21 0.019 6 0.015 (40) 0.030 6 0.062 (39) 0.017 6 0.024 (49)
Dynamicity, mmymin 4.81 6 3.07 (40) 3.99 6 2.67 (40) 3.76 6 2.44 (49)

Values are average 6 SD (number of events). Number of MTs analyzed is 41 in control cells, 40 in 70.1-injected
cells, and 50 in ML7-treated cells. Statistically different from control: *, P 5 0.02; †, P 5 0.05.

Fig. 4. Model for regulation of MT movement by cytoplasmic dynein and
myosin II. MT position immediately after (a) and 21 min after (b–d) photoac-
tivation is shown. (a) Dynein/dynactin complexes cross-link adjacent MTs,
restricting MT movement. It is assumed that the majority of MTs in the lamella
are of uniform polarity. MTs are linked to F-actin by multifunctional cross-
linking molecules, shown at different positions along the filaments to em-
phasize their dynamic nature. (b) Bipolar myosin II molecules interact with
neighboring microfilaments of opposite polarity, resulting in bidirectional MT
movement. When myosin II moves actin filaments in the direction(s) indicated
by the green arrows, adjacent MTs are also moved in the same direction. Some
MTs may not be moved if they do not have a dynamic link to actin. The extent
of MT movement is limited by dynein/dynactin. (c) Actin filaments are not
moved when myosin II is inactivated, reducing MT movement. (d) Inhibition of
cytoplasmic dynein relieves the restraint of MT movement, and MTs are moved
further with actin movement. Note that the MTs and microfilaments shown in
the diagram are meant to represent only a portion of the polymer lattice;
assembly/disassembly behavior at polymer ends is not included on the dia-
gram. In addition, although dynein is shown linking adjacent MTs, it could also
function by linking MTs to the centrosome or to membranous organelles in the
cytoplasm.
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that inhibition of dynein activity could enhance MT movement
indirectly, by increasing MT release from the centrosome, or
directly, by preventing dynein-dependent force generation on MTs
bound to membrane organelles or other MTs. Further experiments
are necessary to distinguish between these possibilities.

In our model, myosin moves MTs because actin filaments and
MTs are linked, directly or indirectly. One possibility is that
multifunctional proteins link the two filament systems in cells;
movement of myosin on actin would then indirectly move MTs.
This possibility is supported by the recent identification of
several molecules that contain both MT and actin binding
domains (32) and by recent in vitro work, which reports MT-
dependent F-actin motility and implicates myosin V in linking
the two systems (33). Alternatively, myosin might act directly on
MTs, independently of actin, for example, through interactions
with MT-associated proteins or other motor proteins (5). The
observation that F-actin is necessary for the role of myosin in MT
movement supports the former, rather than the latter, possibility.
Additional experiments are necessary to elucidate the precise
mechanism by which actomyosin mediates MT movement, and
how dynein/dynactin functions to restrict MT movement.

Summary. Our results provide evidence for the view that a
dynamic feedback system exists between the actin and MT
cytoskeletal systems. Myosin-generated forces are highly local-
ized, as indicated by the pattern of MT movements, and myosin-
generated tension modulates the turnover half-time of MTs. Our
data also demonstrate that forces generated by molecular motors
play an important and previously unrecognized role in mediating
interactions between cytoskeletal polymers: tension generated
by actomyosin is responsible for moving MTs in cells and this
tension is resisted by cytoplasmic dynein/dynactin complexes (6,
7). Temporal and spatial regulation of both the myosin- and
cytoplasmic dynein/dynactin-generated forces is likely to play a
significant role in diverse cellular processes including cell loco-
motion, cell division, and the establishment and maintenance of
asymmetric cell morphologies.
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