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Among oleaginous microalgae, the colonial green alga Botryococcus braunii accumulates especially large quantities of hydrocar-
bons. This accumulation may be achieved more by storage of lipids in the extracellular space rather than in the cytoplasm, as is
the case for all other examined oleaginous microalgae. The stage of hydrocarbon synthesis during the cell cycle was determined
by autoradiography. The cell cycle of B. braunii race A was synchronized by aminouracil treatment, and cells were taken at vari-
ous stages in the cell cycle and cultured in a medium containing [14C]acetate. Incorporation of 14C into hydrocarbons was de-
tected. The highest labeling occurred just after septum formation, when it was about 2.6 times the rate during interphase. Fluo-
rescent and electron microscopy revealed that new lipid accumulation on the cell surface occurred during at least two different
growth stages and sites of cells. Lipid bodies in the cytoplasm were not prominent in interphase cells. These lipid bodies then
increased in number, size, and inclusions, reaching maximum values just before the first lipid accumulation on the cell surface at
the cell apex. Most of them disappeared from the cytoplasm concomitant with the second new accumulation at the basolat-
eral region, where extracellular lipids continuously accumulated. The rough endoplasmic reticulum near the plasma mem-
brane is prominent in B. braunii, and the endoplasmic reticulum was often in contact with both a chloroplast and lipid
bodies in cells with increasing numbers of lipid bodies. We discuss the transport pathway of precursors of extracellular
hydrocarbons in race A.

The fact that oxygenic photosynthetic microorganisms have the
ability to produce substantial amounts of lipids has attracted

attention with respect to production of renewable biofuels. Dur-
ing the past few decades, many algal and cyanobacterial species
have been screened for high lipid content, and some green algae,
diatoms, Euglena, and cyanobacteria have been characterized as
oleaginous and examined for potential use in an alga-based bio-
fuel industry (1, 2). In fact, such organisms could potentially pro-
duce 8 to 24 times more biofuel per unit area than the best land
plants (3).

Among oleaginous microalgae, the colonial green alga Botryo-
coccus braunii accumulates especially large quantities of hydrocar-
bons; the best record was 86% of its dry weight for an algal sample
harvested from a natural bloom (4–7). This accumulation seems
to be achieved by storage of most of the lipids in the extracellular
space (8–11). In contrast, all other examined microalgae store
lipid bodies in the cytoplasm. B. barunii is classified into three
principal races, A, B, and L, depending on the types of hydrocar-
bons synthesized (12, 13). Race A produces alkadienes and
alkatrienes (14), race B produces mainly triterpenoids known as
botrococcenes (15, 16), and race L produces a tetraterpenoid
known as lycopadiene (17). In both races A and B, the biosynthetic
pathways to these hydrocarbons have been clarified, and some of
the enzymes involved in the synthetic activity have been charac-
terized (18–24). In addition, the associated patterns of gene ex-
pression have been examined to clarify the biosynthetic pathways
to hydrocarbons (25–27).

Given the increase of physiological, molecular, and genetic in-
formation about hydrocarbon synthesis in B. braunii, further un-
derstanding of this process also requires basic cytological infor-
mation. The high rates of hydrocarbon production by B. braunii
had already attracted the attention of phycologists more than 30
years ago, and interesting cytological experiments were carried

out with techniques such as chemical analysis of hydrocabons,
radiolabeling, and electron microscopy. However, the major ul-
trastructural studies with electron microscopy were limited to the
period from 1978 to 1984 (6, 8, 28, 29). In the case of B. braunii,
the use of conventional chemical fixation for electron microscopy
failed to show the fine ultrastructure of the cells, especially the
cytoplasm, probably because the large amount of lipid that accu-
mulated around cell surfaces interfered with the penetration of
fixatives and embedding resin. We overcame this weakness by
using a rapid freezing and freeze-substitution method for electron
microscopic analysis and were thus able to advance studies of the
transformation of trans-Golgi networks throughout the cell cycle
of race A (30–32). Recently, Weiss et al. examined the extracellular
matrix and intercellular structures of B. braunii race B by another
rapid-freezing method— quick-freeze deep-etch electron micros-
copy—and clarified its colony organization (33).

The goals of this study were to (i) determine the stage(s) of the
cell cycle during which hydrocarbon synthesis occurs, (ii) analyze
the behavior and structural changes of lipid bodies during the cell
cycle, (iii) clarify the stage and site of extracellular hydrocarbon
accumulation during the cell cycle, and (iv) based on the results of
goals i to iii, discuss the transport pathway of the precursors of
extracellular hydrocarbons.
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Although a method for synchronous culture of B. braunii had
not been established, synchronous growth was essential for the
first experimental purpose (goal i). Until now, we have succeeded
in synchronizing the growth of only race A. We therefore selected
race A for this experimental study. The alkadienes and alkatrienes
synthesized by race A are straight, odd-number C27, C29, and C31

hydrocarbon chains, each of which has two or three double bonds
(12). These chains are produced by elongation of oleic acid (C18)
followed by loss of the carboxyl carbon (18, 19). Various growth
conditions have been examined to maximize hydrocarbon pro-
duction, and it has been reported that hydrocarbons are produced
mainly during the exponential and linear phases of culture growth
(7, 13). These results indicate that active hydrocarbon synthesis
accompanies cell division. However, the exact phase of the cell
cycle associated with hydrocarbon synthesis has not been clarified.
Because [1-14C]acetate is readily incorporated into hydrocarbons
of race A (18), the rate of synthesis of hydrocarbons at different
stages of the cell cycle can be estimated from the incorporation of
[14C]acetate into hydrocarbons. Our ability to synchronize the
growth of race A allowed us to obtain unambiguous results.

Lipid accumulation in the extracellular space in B. braunii is
the major factor that distinguishes it from other oleaginous mi-
croalgae. The major lipid components produced by B. braunii are
hydrocarbons, and most of them accumulate in the extracellular
space; 90 to 95% external compared to 10 to 5% internal in exper-
iments with race A (7–9). Until now, an idea proposed in 1980 by
Largeau et al. (9) has been cited in papers, namely, that hydrocar-
bon secretion does not occur in race A of B. braunii, and there has
been no information about the transport pathway of hydrocarbon
precursors in the cytoplasm. Because the precursors must be
transported from sites of synthesis in the cytoplasm to the cell
surface as hydrocarbon synthesis progresses, their transport path-
way has remained a focus of research. This study shows that new
lipid accumulation occurs at the cell apex and at the basolateral
region, the latter being the site of most accumulation in race A; the
transport pathway of precursors of extracellular hydrocarbons is
discussed based on the distribution of the endoplasmic reticulum
(ER) and the behavior of lipid bodies that occur concomitant with
new lipid accumulation on the cell surface.

MATERIALS AND METHODS
Strains and culture conditions. Botryococcus braunii Kützing (UTEX
2441) was obtained from the Culture Collection of Algae at the University
of Texas at Austin; B. braunii Kützing (807/1, Droop, Maddingley, Brick
Pits, United Kingdom) from the Göttingen Culture Collection (Ger-
many).

Cells were cultured in Chu10 medium at 22°C. They were illuminated
for 13 h per day with fluorescent light at a photon flux density of 50 �mol·
m�2· s�1. To induce synchronized cell division, we used 0.5 mM amino-
uracil (Nacalai Tesque, Inc., Kyoto, Japan) to block the cell cycle in the S
phase. Aminouracil was dissolved at a concentration of 2.5 mM in distilled
water, which was then autoclaved at 110°C for 10 min (stock solution).
The sterile aminouracil solution was then added to the culture medium.
One-month-old cell cultures (UTEX 2441) were transferred to a new cul-
ture medium 1 h before illumination to induce cell division. They were
allowed to grow until 1 h before the next dark period (i.e., for 13 h),
treated with 0.5 mM aminouracil for another 24 h, washed with amino-
uracil-free culture medium 6 times for a total of 1 h, and then transferred
to fresh medium.

Incorporation of [1-14C]acetate into hydrocarbons. Synchronously
growing cells (UTEX 2441) under the same culture conditions were har-
vested 5, 13, 21, and 48 h after the aminouracil was washed out. The cells

were placed in 10-ml test tubes containing 2.5 �Ci sodium [1-14C]acetate
and 5 ml of culture medium. The test tubes were shaken on a reciprocal
shaker at 60 cycles min�1 in darkness at 22°C for 2 h. Radiolabeled cells
were washed with 14C-free culture medium, boiled for 1 min to stop
hydrocarbon synthesis, washed 8 times with distilled water, and dried in a
micropetri dish.

Lipids were extracted from 10 mg of each dried sample at room tem-
perature with n-hexane for 4 h (two times for 2 h each) and then with
chloroform-methanol (2:1 vol/vol) for 24 h, in both cases with efficient
stirring. All extracts were combined, and the solvents were evaporated.
The lipids were separated by thin-layer chromatography (TLC) on What-
man silica gel 60-Å plates with n-hexane– diethyl ether–formic acid (40:
10:1 vol/vol/vol) as the chromatography solvent. The radioactive bands
(Rf, 0.93) were located by autoradiography with Fuji medical X-ray film.
The intensities of the autoradiographic images of the hydrocarbon bands
were measured with a densitometer.

Analysis of hydrocarbons. Cells were collected by centrifugation and
dried in a micropetri dish. Lipids were extracted at room temperature
from the dried samples by soaking in acetone. An acetone extract was
obtained as a supernatant after centrifugation at 600 � g for 10 min at
room temperature. This operation was repeated until the supernatant
became colorless. The acetone extracts were combined, evaporated, dis-
solved in n-hexane, and subjected to silica gel column chromatography
using Wako gel C-300 as the stationary phase. A hydrocarbon fraction was
obtained by elution with n-hexane. Hydrocarbon composition was deter-
mined by gas chromatography-mass spectrometry (GC-MS) with a Shi-
madzu GCMS-QP2010 Ultra equipped with a capillary column (InertCap
1MS, GL Science; 60 m by 0.25 m, film thickness, 0.25 �m). The column
temperature was programmed as follows: 50°C for 1 min, increased at
10°C/min to 220°C and at 2°C/min to 260°C, and held for 50 min. The ion
source and injection port were held at 200 and 260°C, respectively. Rela-
tive abundances of major components were calculated from their peak
areas in the total ion chromatogram.

Light and fluorescence microscopy. Neutral red was dissolved in the
culture medium at a concentration of 0.05%. Living cells were soaked in
the staining solution for 20 min and were observed under a conventional
light microscope.

For double staining with Nile red and neutral red, live cells were
soaked in neutral red solution for 20 min. Then 1/200 volume of 1 mM
Nile red solution (stock solution dissolved in dimethyl sulfoxide
[DMSO]) was added, and the cells were stained for another 4 min. The
cells were then washed four times with culture medium, mounted on a
slide glass, and slightly pressed with a coverslip to obtain most of the lipid
bodies/vacuoles in a focal plane and observed by using light (neutral red)
and fluorescence (Nile red) microscopy.

Electron microscopy. Algal cells of the Göttingen strain at different
developmental stages were attached to Formvar films mounted on copper
wire loops 8 mm in diameter and were frozen in liquid propane at
�190°C. They were then transferred to acetone (�85°C) that contained
2% osmium tetroxide and 0.2% uranyl acetate. After 48 h at �85°C, the
samples were gradually warmed to room temperature, washed with ace-
tone, and embedded in Spurr resin. Sections were stained with lead citrate
and examined in a Hitachi H-7000 or JEM-1230 transmission electron
microscope or an ultra-high-voltage electron microscope.

RESULTS
Cell growth and hydrocarbon synthesis during the cell cycle.
Analysis of the hydrocarbons synthesized by the UTEX 2441 strain
under our culture conditions showed that C27H52, C29H56, and
C31H60 alkadienes were the main products and accounted for
20.8%, 35.8%, and 14.4% of the total hydrocarbons, respectively
(Table 1). No alkatrienes were detectable, whereas small amounts
of C23, C25, C27, C29, and C31 monoenes were present in this strain.
The composition of hydrocarbons produced by the Göttingen
strain (see Table S1 in the supplemental material) suggested that,
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like the UTEX 2441 strain, it is a typical strain of race A. For
measurements of hydrocarbon synthesis, we used UTEX 2441 be-
cause it is axenic.

We made our cell cultures grow synchronously by treating
them with aminouracil (Fig. 1). The percentage of synchroniza-
tion was about 80% (i.e., the ratio of synchronously growing cells
to interphase cells was about 4:1). Five hours after removal of the
aminouracil (4 h after the beginning of the dark period), the cells
were swollen (Fig. 1A2) compared to interphase cells (Fig. 1A1),
but there was no septum visible in any cell, the indication being
that cell division had not yet begun. The volumes of the cells 13 h
and 5 h after removal of the aminouracil were the same, but at 13
h a fine septum was visible across the center of each cell (Fig. 1A3).
After 21 h, a pair of daughter cells (autospores) was clearly seen
inside the mother cell wall (Fig. 1A4). After 48 h, cells were no
longer paired and were liberated from the mother cell wall (Fig.
1A5).

The cells shown in Fig. 1 were treated with neutral red. Particles
1 to 2 �m in diameter around the nuclei of the interphase cells
stained strongly (Fig. 1A1). It is well known that neutral red selec-
tively enters the vacuoles in plant cells. Red particles were there-
fore identified as vacuoles. Particles that stained with neutral red
were rare in dividing cells (Fig. 1A3 and A4) (for details, see ref-
erence 30). Forty-eight hours after removal of aminouracil (Fig.
1A5), the vacuoles of cells heavily stained with neutral red again
appeared, the indication being that the 48-h cells may have been
physiologically the same as interphase cells.

The B. braunii cells grew very slowly in synchronized cultures.
About 16 h elapsed from the beginning of cell growth (Fig. 1A2) to
the formation of autospores (Fig. 1A4). This transition seemed to
take less time in untreated cultures, in which growing cells just
after cell division were prominent 5 h after the beginning of the
dark period. We could not observe the real time required for
growth, because B. brauniii is a very sensitive alga, and the growth
stage of growing cells did not progress under a light microscope,
although we have made analogous light microscopic observations
successfully with many other algae.

The stage of hydrocarbon synthesis during the cell cycle was
determined by incorporation of radiolabeled [14C]acetate into hy-
drocarbons produced in synchronized cell cultures at various

stages. Figure 1B shows the results of two experiments, one (dark
bars) of which was carried out with the cell cultures shown in Fig.
1A2 to A5. The 14C labeling of hydrocarbons in cells occurred
throughout the cell cycle. The highest 14C labeling occurred just
after septum formation (corresponding to Fig. 1A3), when the
amount of 14C-labeled hydrocarbons was more than 250% that of

TABLE 1 Composition of the hydrocarbons from B. braunii race A
(UTEX 2441)

Hydrocarbon Mol wt %

C23H44� 320 0.1
C23H44� 320 0.4
C23H46 322 0.7
C25H48� 348 0.8
C25H48� 348 3.2
C25H50 350 0.7
C27H52� 376 11.1
C27H52� 376 9.7
C27H54 378 3.7
C29H56 404 35.8
C29H58 406 9.4
C31H60 432 14.4
C31H62 434 1.0
C33H64 460 1.2
Unidentified 7.8

FIG 1 Hydrocarbon synthesis during the cell cycle. (A) Synchronously grow-
ing B. braunii. (A1) Interphase cells; (A2) cells just before cell division (5 h after
removal of aminouracil); (A3) cells just after septum formation (13 h); (A4) a
pair of daughter cells within the mother cell wall (21 h); (A5) interphase cells
(48 h). All cells were treated with neutral red. Size bar, 5 �m. (B) Incorporation
of 14C into hydrocarbons. Cells were cultured in a medium containing 2.5 �Ci
sodium [1-14C]acetate for 2 h, and the incorporation of 14C into hydrocarbons
was measured. Experiments were carried out twice (dark and white bars),
except for stage 2. The dark bar shows the results of an experiment with the
cells shown in Fig. A2 to 5. Stage 2, just before cell division (corresponds to
panel A2); stage 3, just after cell division (A3); stage 4, stage of a pair of daugh-
ter cells within a mother cell wall (A4); stage 5, interphase (A5).

Hirose et al.

1134 ec.asm.org Eukaryotic Cell

http://ec.asm.org


interphase cells (Fig. 1A5). The same radiolabeling experiment
was done five times with interphase cells that were not treated with
aminouracil, and a substantial amount of [14C]acetate was incor-
porated into hydrocarbons in all experiments (data not shown).

Behavior of the lipid body and vacuole. When 1-month-old
cell cultures were transferred into a new culture medium 1 h be-
fore illumination, about 20% of the cells started to divide in the
dark period after 2 days. Colonies from the culture were double
stained with the fluorescent lipophilic dye Nile red and neutral red
to clarify the relative behavior of the lipid body and the vacuole
(Fig. 2). B. braunii formed amorphous, three-dimensional micro-
colonies, wherein individual cells were held together at the bottom
by a matrix stained by Nile red (Fig. 2A2, yellow). Because hydro-
carbons accounted for the major part of total lipids in most strains
of B. braunii, we assumed that the main component in the matrix
consisted of hydrocarbons. A cup-shaped chloroplast occupied
the cell bottom. In interphase cells, many vacuoles were present in
the center of cells (Fig. 2A1; black arrowheads; see Fig. S1B, stage 1,
in the supplemental material), but lipid bodies were small and not
prominent (Fig. 2A2, white arrowhead; see Fig. S1A, stage 1).
When cells entered the M phase (mitosis and cytokinesis), lipid
bodies increased in number and size (Fig. 2A, thin arrows; see
Fig.S1A, stage 2). In cells with a clear septum (Fig. 2A1 and B,
white arrows) that had lost vacuoles, large lipid bodies stained
with Nile red were prominent (Fig. 2A2 and B1, left cell; see Fig.
S1, stage 3).

Ultrastructure of a cell visualized by electron microscopy.
The center of the cell was occupied by the nucleus, which was
surrounded by vacuoles with tonoplasts (Fig. 3A and B). There

was a cup-shaped chloroplast at the bottom of the cell, and the
Golgi apparatus (6 to 8 Golgi bodies/cell) (32) was in the upper
portion of the cell (cell apex). A layer having a uniform thick-
ness completely surrounded the plasma membrane and was
composed, inter alia, of cellulose, pectin, and hemicellulose (T.
Noguchi, unpublished data). We have therefore characterized
this layer as a polysaccharide cell wall in this article. Each cell
was covered with amorphous materials and thin layers in the
basolateral region; the former occupied 70 to 90% of the cell
surface (Fig. 3A). These materials and layers might be extracel-
lular lipids containing hydrocarbons, because they stained with
Nile red (Fig. 2A2).

FIG 2 Cells double stained with Nile red and neutral red. (A1 and B1) Neutral red, light microscopy. (A2 and B2) Nile red, fluorescence microscopy. (A) A colony
with cells at three different stages. In stage 1, interphase cells (arrowheads) have many neutral-red-positive particles localized around the cell center. These cells
also contain smaller particles faintly stained with Nile red. In stage 2, growing cells (thin arrows), which we assume are preparing to enter or are just entering
mitosis, are also particle rich. Differently from interphase cells, most particles are intensely stained with Nile red. In stage 3, dividing cells with septum (A1, large
open arrow; A2, large white arrow) also have many yellow particles that are larger than those in interphase cells. Size bar, 5 �m. (B) Enlargement of double-stained
cells. In a cell just after septum formation (left), particles are strongly stained with Nile red but cannot be stained with neutral red. White arrow; septum. Size bar,
5 �m.

FIG 3 Electron microscopy of an interphase cell. (A) Longitudinal section of
the cell. (B) Vacuoles around nucleus. Ch, chloroplast; CW, cell wall; G, Golgi
body; M, mitochondria; N, nucleus; V, vacuole. Size bars, 1 �m.
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Behavior of the lipid body and vacuole visualized by electron
microscopy. 14C incorporation into hydrocarbons was highest
just after septum formation. In addition to vacuoles, we therefore
focused on lipid bodies and the endoplasmic reticulum (ER) be-
fore and after septum formation and, as a control, during inter-
phase. Particles without a unit membrane (lipid bilayer) were
identified as lipid bodies, and a particle with a unit membrane was
identified as a vacuole with a tonoplast, because the size, location
within the cell, and behavior of the former were similar to those of
lipid bodies stained with Nile red and of the latter to those of
vacuoles stained with neutral red in Fig. 2. Both kinds of particles
were always located in the space between a nucleus and a chloro-
plast. In cells at an early stage of cell growth before nuclear division
(Fig. 4A), there were recently formed lipid bodies between the
chloroplast and nucleus, more than half the contents of which
consisted of electron-transparent regions. The lipid bodies were
covered with the rough endoplasmic reticulum (rER), but the rER
had lost ribosomes from the surface facing toward the lipid bodies
(Fig. 4A, insert, arrowheads), and the vacuoles were also covered
with rER. In growing cells before septum formation (Fig. 4B), lipid
bodies were covered with electron-transparent belts, the outlines
of which were wavy. The electron-transparent region within these
lipid bodies was smaller; in other words, the volume of the elec-
tron-dense region had increased. Sometimes, the rER near the
chloroplast envelope reached to the surface of lipid bodies and had
lost ribosomes from the surface facing toward them (Fig. 4B, in-
sert, arrowhead). The rER was also developed in the upper region
of cells. In cells just after septum formation but before polysaccha-
ride cell wall formation (Fig. 4C), there were few vacuoles, and we
observed typical lipid bodies that lacked electron-transparent re-
gions and had a clear outline expected for a lipid monolayer. In
cells during the formation of a polysaccharide cell wall around
daughter cells (Fig. 4D), Golgi bodies produced vesicles with an
electron-dense core, and lipid bodies maintained a clear outline,
but an electron-transparent region appeared again. After polysac-
charide cell wall formation, the divided chloroplast recovered its
volume and finally became cup shaped. In a pair of daughter cells
recovering chloroplasts (Fig. 4E), lipid bodies remained in num-
ber and appearance similar to those in previous stages. In mature
cells accumulating new lipid droplets between the new cell wall
and a thin outer layer (Fig. 4F and G), lipid bodies had lower
electron densities and were covered by a structure similar to
smooth endoplasmic reticulum (sER), with a wavy outline (Fig.
4F), or disappeared (Fig. 4G). Vacuoles containing electron-dense
amorphous materials appeared (Fig. 4F) and became prominent
(Fig. 4G).

Stage and site of new extracellular lipid accumulation.
Round lipid droplets on the cell surface were considered to be
lipids recently secreted to the cell surface. They were observed
during at least two special stages: just before (Fig. 5A) and after
(Fig. 5B) septum formation and after polysaccharide cell wall for-
mation in mature cells (Fig. 5C). In Fig. 5A, lipid droplets stained
with Nile red are observed on and outside the cell apex (yellow
ellipses). This phenomenon was very surprising, because hydro-
carbons usually do not accumulate at the cell apex (Fig. 2, 3, 4, and
5C and D). We therefore confirmed the phenomenon by observ-
ing a 500-nm-thick section with ultra-high-voltage (2,000-kV)
electron microscopy. Figure 5B is a longitudinal section of a cell in
which a septum has already formed, and electron-dense droplets
are prominent on the mother cell wall at the cell apex. Because this

phenomenon was infrequently observed, it may occur during a
short period of time.

Electron microscopy also revealed round lipid droplets in the
basolateral region. In Fig. 5C, many round lipid droplets (brack-
ets) can be seen attached to the cell surface where a recovered
chloroplast is located nearby, and there is a thin layer with round
lipid droplets and amorphous materials surrounding the whole
cell (arrows). The extracellular thin layer with amorphous mate-
rials corresponded to the “trilaminar sheath” reported by Largeau
et al. (8) and easily peeled off (Fig. 5D). We observed electron-
transparent thin layers only in the amorphous materials (Fig. 5C
and E), but not in round lipids recently secreted to the cell surface
(Fig. 5C, brackets). New lipid accumulation in the basolateral re-
gion could not be detected by Nile red staining because the lipids
were mixed with preexisting extracellular lipids, including hydro-
carbons.

Cortical ER under the plasma membrane. The cortical ER
was prominent in B. braunii. Because it was located in a similar
position throughout the cell cycle, we therefore show the ER in
a cell at an early stage of polysaccharide cell wall formation
(Fig. 6), when lipid-like substances accumulated between septa
(Fig. 6D) and in an interphase cell (see Fig. S2 in the supple-
mental material). It is generally accepted that a cell has one ER.
Therefore, the cortical ER located near the plasma membrane
shown in Fig. 6 is considered to be one fenestrated sheet, par-
tially smooth and partially rough with attached ribosomes. The
ER was located not only within the top of the cell (Fig. 6C) but
also along with the septum (Fig. 6D) and in the narrow space
between the chloroplast and the plasma membrane (Fig. 6B
and E). The rER just under the plasma membrane often lacked
ribosomes on the surface toward the plasma membrane
(Fig. 6B, D, and E), and even the sER was observed in the
basolateral regions (Fig. 6B and E).

DISCUSSION

We successfully observed recently accumulated extracellular lip-
ids as spherical droplets on the cell surface (Fig. 5A to C). The
accumulation of new lipid in the extracellular space (site and
stage) and transformation of lipid bodies in the cytoplasm (loca-
tion and inclusion) during the cell cycle are summarized in Fig. 7.
Because the increase and decrease of vacuoles seem to be related to
changes in the concentrations of lipids, their transformations have
been added in Fig. 7. In interphase cells (stage 1), lipid bodies are
small, and large vacuoles occupy the space between a nucleus and
a chloroplast. When cells start to grow (stage 2), the sizes of the
lipid bodies and their electron-dense inclusions gradually in-
crease. Just after septum formation (stage 3), the lipid bodies reach
a maximum in total volume per pair of daughter cells and are filled
with electron-dense inclusions, and round lipid droplets appear
on the cell surface at the cell apex. During polysaccharide cell wall
formation (stage 4), lipid bodies retain their numbers, but elec-
tron-transparent regions appear in them. Accompanying recovery
of the chloroplast in daughter cells (stage 5), vacuoles appear
again. After recovery of the chloroplast (stage 6), round lipid
droplets appear on the cell surface at the basolateral regions of
cells, and lipid bodies disappear from the cytoplasm.

The increase and decrease of lipid bodies in the cytoplasm are
inversely related to new lipid accumulation on the cell surface. In
other words, there were small lipid bodies in interphase cells, the
sizes of the lipid bodies and their inclusions then increased, and

Hirose et al.

1136 ec.asm.org Eukaryotic Cell

http://ec.asm.org


FIG 4 Morphological changes of lipid bodies and vacuoles in cells at different stages of growth. (A) Cell at an early stage of cell growth. The inset is an enlargement
of the rectangle. (B) Cell just before septum formation. The inset is an enlargement of the rectangle. (C) Cell just after septum formation (white arrow) but before
polysaccharide cell wall formation. (D) Cell during polysaccharide cell wall formation, in which Golgi bodies produce vesicles with an electron-dense core. (E)
A pair of daughter cells recovering a chloroplast. Size bar, 2 �m. (F and G) Mature cell accumulating new lipids between its surface and a thin layer. Ch,
chloroplast; ER, endoplasmic reticulum; G, Golgi body; m-CW, mother cell wall; N, nucleus; n-CW, new cell wall; PM, plasma membrane; V, vacuole; white
arrow, septum; *, oil body; arrow, thin layer; arrowhead, ER lacking ribosomes from the surface facing toward the lipid body or the chloroplast. Size bars in panels
A to D, F, and G, 1 �m.
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both reached maximum values just before the first new accumu-
lation of lipid at the cell apex. Most of the lipid disappeared from
the cytoplasm concomitant with the second new accumulation of
lipid in the basolateral region, where extracellular lipids were al-
ways observed. These results indicate that lipid bodies participate
in the accumulation of extracellular lipid in B. braunii race A. The
finding by Weiss et al. in 2010 that botryococcene, the major hy-
drocarbon of race B, was detected in cytoplasmic lipid bodies of
race B by Raman spectroscopy (34) also supports the participation
of lipid bodies in the accumulation of extracellular lipid.

Stage of active hydrocarbon synthesis during the cell cycle.
Three main results of this study indicate that hydrocarbon synthe-
sis occurs most actively just after septum formation. First, the
highest rate of 14C incorporation into hydrocarbons occurred just
after septum formation. Second, Nile red staining showed that

there were only a few, small lipid bodies in interphase cells; these
increased in volume and number at the stage of cell growth, prior to
active hydrocarbon synthesis. Third, supporting data from electron
microscopy revealed that lipid bodies were completely filled with in-
clusions just after septum formation, in contrast to other stages of
growth. The fact that a culture of race A increased in total hydrocar-
bon content in proportion to its total weight (7, 35) might reflect
active hydrocarbon synthesis accompanying cell division.

At the same time, it also seems that hydrocarbon synthesis occurs
throughout the cell cycle. Incubation with sodium [1-14C]acetate
showed that 14C was incorporated into hydrocarbons not only just
after cell division but also at other stages of the cell cycle (Fig. 1B). The
control experiment showed that hydrocarbon synthesis does occur in
interphase cells. In addition, all radiolabeling experiments on race A
of B. braunii reported up to now have been carried out with nonsyn-

FIG 5 Recent accumulation of oil droplets on a cell surface and outer thin layer. (A) Cells at the growing stage before septum formation double stained
with neutral red (A1) and Nile red (A2). Lipid droplets are seen on the surface of the cell apex (yellow ellipses). Size bar, 5 �m. (B) Cell just after septum
(white arrow) formation in thick section (500 nm). Oil droplets (arrowhead) are seen on the cell wall at the cell apex. Fine fibrils (*) stretch from the cell
wall to a thin layer separated from the cell wall. (C) Mature cell covered with a thin layer. Oil droplets (bracket) are seen on the new cell wall in the
basolateral region. (D) Mature cell peeling off a thin layer from the cell apex. (E) Same stage as panel D. Amorphous materials are attached to thin layers,
including electron-transparent layers. Ch, chloroplast; CW, cell wall; G, Golgi body; N, nucleus; black arrow, thin layer with amorphous material. Size
bars in panels B to E, 1 �m.
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chronized cultures, and the precursors, radiolabeled [14C]acetate,
[14C]oleic acid, or [3H]palmitic acid, have been incorporated into
hydrocarbons within just 1 day and within as short a time as 1.5 h (9,
15, 35). In this context, a decarbonylase that catalyzes n-alkane pro-
duction from fatty aldehydes was purified from a 10-day-old race A
culture (19) in which the proportion of cells in the stage just after cell
division would not be expected to be high.

Extracellular lipid accumulation and its transport pathway.
Hydrocarbons are major lipid components produced by B. brau-
nii, and most of them accumulate in the extracellular space. Lipid
secretion is also an unusual phenomenon in higher plants, having
been studied in epidermal cells covered by cuticular wax (36, 37)
and the root cells of Lithospermum erythrorhizon accumulating
shikonin (38). Among these three cases, biosynthesis of cuticular
wax has been examined most thoroughly. Its biosynthesis begins
with fatty acid synthesis (up to C18) in the plastid. These fatty
acids, elongated within the ER, are transferred to the plasma
membrane from the ER or via Golgi bodies and are then secreted
to the cell surface (36, 37). Shikonin (a naphthoquinone) or its
precursor that is considered to be accumulated in the ER is trans-
ported to the plasma membrane by vesicles and secreted to the cell
surface (38). In B. braunii, there has been no information about

the transport pathway of hydrocarbon precursors in the cyto-
plasm. In this study, we clarified that the accumulation of new
lipid at the basolateral region (stage 6 in Fig. 7) corresponded to a
major site of lipid accumulation in race A. Because the alkadienes
and alkatrienes produced by B. braunii race A are derived from
fatty acid elongation in a manner similar to cuticular waxes, the
initial steps of the biosynthetic pathway for them are considered to
occur in the plastids (36, 37). The rER is often in contact with both
a chloroplast and lipid bodies in cells with increasing numbers of
lipid bodies (Fig. 4A and B, insets). In addition, the rER lost ribo-
somes from the surface facing the chloroplast or lipid bodies. A
similar loss of rER ribosomes occurs at a budding site to form
transport vesicles containing cargo proteins that are transported
to the Golgi apparatus. The area is called the transitional ER and is
considered a boundary for quality control in the case of protein se-
cretion (39). There follows a migration of the lipid body to the cell
surface. In the case of the main secretion from the basolateral region,
the ER would seem to be the most likely conduit, although we could
not observe the ER directly connecting both lipid bodies and the
plasma membrane on a thin section for electron microscopy. Because
the ER is located near the plasma membrane throughout the cell, it is
especially prominent in B. braunii (Fig. 6) (33).

FIG 6 Cortical ER observed on thin section. (A) Low magnification. The rectangles labeled B, C, D, and E were enlarged to create panels B (lateral region), C (top
region), D (septum region), and E (bottom region). The developed rER is prominent in the top region, and in the basolateral region the rER and sER are located
between the plasma membrane and a chloroplast. The rER just under the plasma membrane lacks ribosomes on the surface facing the plasma membrane. Ch,
chloroplast; G, Golgi body; white arrow, septum. Size bars, 1 �m in panel A and 0.5 �m in panels B to E.
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A radiolabeling experiment by Largeau et al. in 1980 has shown
that race A does not secrete cytoplasmic hydrocarbons (9), in con-
trast to race B, which does secrete cytoplasmic hydrocarbons (15).

The results of the present studies with race A can be explained
if the synthesis of extracellular hydrocarbons is not completed in
the cytoplasm, but instead precursors are synthesized in the cyto-
plasm and then secreted to the cell surface. In other words, matu-
ration of hydrocarbons occurs in the extracellular space, as re-
ported by Largeau et al. (9). In this study, we obtained results that
support this explanation. There were no special fine structures in
the newly accumulated lipid droplets on the cell surface (Fig. 4G
and 5C); however, amorphous materials attached to the outer thin
layer in the extracellular space usually contained electron-trans-
parent thin layers (Fig. 5C and E and 6E). A definitive answer can
be obtained by immunoelectron microscopic detection of the en-
zyme that catalyzes the final step in the generation of odd-number
hydrocarbons.

Accumulation at the cell apex was expected to occur in a short
time and in small amounts compared to the basolateral pathway,
because the number of lipid bodies did not decrease after secre-
tion. The trans-Golgi networks that are located near the cell apex
and produce special 400- to 450-nm vesicles only just after septum
formation (32) may contribute to the secretion. We will report
their role in the future.
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