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Knowing the topology and location of protein segments at water–
membrane interfaces is critical for rationalizing their functions, but
their characterization is challenging under physiological conditions.
Here, we debut a unique spectroscopic approach by using the hy-
dration dynamics gradient found across the phospholipid bilayer as
an intrinsic ruler for determining the topology, immersion depth,
and orientation of protein segments in lipid membranes, particularly
at water–membrane interfaces. This is achieved through the site-
specific quantification of translational diffusion of hydration water
using an emerging tool, 1H Overhauser dynamic nuclear polarization
(ODNP)-enhanced NMR relaxometry. ODNP confirms that the mem-
brane-bound region of α-synuclein (αS), an amyloid protein known
to insert an amphipathic α-helix into negatively charged phospho-
lipid membranes, forms an extended α-helix parallel to the mem-
brane surface. We extend the current knowledge by showing that
residues 90–96 of bound αS, which is a transition segment that links
the α-helix and the C terminus, adopt a larger loop than an idealized
α-helix. The unstructured C terminus gradually threads through the
surface hydration layers of lipid membranes, with the beginning
portion residing within 5–15 Å above the phosphate level, and only
the very end of C terminus surveying bulk water. Remarkably, the
intrinsic hydration dynamics gradient along the bilayer normal
extends to 20–30 Å above the phosphate level, as demonstrated
with a peripheral membrane protein, annexin B12. ODNP offers
the opportunity to reveal previously unresolvable structure and lo-
cation of protein segments well above the lipid phosphate, whose
structure and dynamics critically contribute to the understanding of
functional versatility of membrane proteins.
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interaction | liposomes | Parkinson disease

Membrane proteins (MPs) constitute more than 25% of all
human proteins. They not only represent the largest class

of drug targets, but they also perform essential functions ranging
from sensing, signaling, to transporting ions and solutes (1). MP
function is critically associated with its structure, not only the
conformations within the hydrophobic core of the bilayer but
also of the protein segments located at or near the hydrophilic
lipid headgroup region (1–4). This water–membrane interface
comprises a large portion (∼20%) of the total MP in the lipid
bilayer. Many functional domains of MPs are found to extend
outward from the outer leaflet of the lipid bilayer into the water–
membrane interface, exposing a heterogeneous environment
capable of mediating a wide range of noncovalent interactions in
the extracellular matrix. For instance, the membrane-associating
domain of peripheral MP is essential for several key cellular
functions by regulating the dynamics and morphology of cellular
membranes (5). These functional domains of MPs are commonly
highly disordered, display heterogeneous conformations, are
often associated with parts of the cell matrix, or transiently bind
to a cell surface in crowded environments (4). Thus, it is difficult
to study the structure and dynamics of these protein segments at
water–membrane interfaces by using traditional analytical tools.
For instance, although X-ray crystallography and solution-state
NMR spectroscopy offer atomic-level information of MPs, they

have limitations associated with the size, dynamics, and com-
plexity of MPs in membrane-mimetic systems (6).
Electron paramagnetic resonance (EPR) spectroscopy com-

bined with site-directed spin labeling (SDSL) is an alternative
approach for accessing local structural and dynamic information
of MPs by means of probing dynamics and coupling of stable
nitroxide radicals, termed spin labels, attached to biomolecular
sites of interest. Its unique benefit is that the measurement is not
intrinsically limited by the size or complexity of protein and its
environments (7). Continuous wave (CW) EPR line shape
analysis can track conformational changes of protein segments
and their interactions with other biomolecular assemblies (8).
Pulsed dipolar EPR methods provide intra- or interprotein dis-
tances between 2- and 7-nm length scales in various biological
environments (9). Moreover, the local protein structure with
respect to the lipid bilayer surface can be determined from the
collision frequency (or solvent accessibility) of a single nitroxide
radical labeled on consecutive protein residues to paramagnetic
reagents, such as nickel-ethylenediaminediacetic acid (Ni-EDDA)
(water-soluble) and O2 (lipid-soluble), via power saturation EPR
measurements (10). Although this collision gradient approach
has been well established to determine the immersion depth
and topology of various MP structural elements in lipid bilayers
(10–18), it has lower or, in some cases, no resolution when the
protein segment is located more than 5 Å away from the lipid
phosphate toward the solvent (13, 14). This limitation is be-
cause the collision frequency of nitroxide radicals with para-
magnetic reagents measured by this method relies on their
concentration gradient along the bilayer, which vanishes in the
region of a distance >5 Å above the phosphate level. Thus, the
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collision frequency becomes indistinguishable from that in bulk
water. As MPs’ domains close to water–membrane interfaces are
highly tuned to their functional role, alternative and/or more
sensitive methods for characterizing their structural features and
locations are needed.
A synthetic lipid bilayer comprises well-defined hydrophobic

dimensions, with a substantially steep gradient of water density
connecting the surface hydration layers of the membrane and
a nearly dehydrated core of hydrocarbon bilayer (19). A less
obvious, but equally important, characteristic is the differential
hydration dynamics across the lipid bilayer that is determined by
the interfacial energy between hydration water and the lipid
molecules, as well as the spatial confinement of hydration water
within the bilayers. Given that these properties are thought to
play a key role in tuning the structure and function of MPs in the
lipid membrane (20), it motivates us to closely investigate the
diffusion characteristics of hydration water across the lipid bi-
layer. Although it is now well accepted that the water diffusivity
within the interior and near the surface of the lipid bilayer is
significantly (5- to 11-fold) retarded (21–23) compared with that
of bulk water (i.e., 2.3 × 10−9 m2/s at 25 °C), the mechanism by
which water passively diffuses across the bilayer is not well
established. Although water diffusivity is assumed to be homo-
geneous across the bilayer interior in some studies (24, 25), re-
cent computational works have suggested local heterogeneities
in water diffusivity across the bilayer, possibly mediated by
transient pores (26). Diverging viewpoints are further fueled by
the sparsity of direct experimental measurements. Among oth-
ers, an experimental observation of differential hydration dy-
namics across the lipid bilayer has been reported on large
unilamellar vesicles (LUVs, 200 nm in diameter) made of 1,2-
dioleoyl-3-trimethylammonium-propane (DOTAP), countering
the homogeneous diffusion model (23). These measurements were
enabled by Overhauser dynamic nuclear polarization (ODNP)-
enhanced NMR relaxometry that probes the local translational
diffusion of hydration water around the specific sites of biological
samples under physiological conditions (27–33).
In this work, we extend this finding by demonstrating that the

gradient of water diffusion not only exists within the bilayer in-
terior, but also spans about 20–30 Å above the phosphate level,
eventually interfacing bulk water. This finding is consistent with
recent studies identifying the existence of a thick hydration shell
(>20 Å thickness) on biomolecular surfaces (34). Based on this
observation, we debut a unique approach that employs this
extended gradient of hydration dynamics as a sensitive and high-
resolution molecular ruler for probing conformation and loca-
tion of MPs within the bilayer and near the water–membrane
interface, extending to the distance of 20–30 Å above the
phosphate level. In this work, α-synuclein (αS), a 14-kDa amyloid
protein implicated in Parkinson disease (PD), was used as an
illustrative system to showcase the herein introduced approach.
It has been known that its amphipathic N terminus (residues 1–
60) can transform into an extended α-helix upon binding to
a negatively charged small unilamellar vesicle (SUV) surface,
whereas the C terminus (residues 96–140) remains unstructured
and does not bind to the lipid membrane (11, 12, 35–38). The
residues 61–95 of αS contain a highly hydrophobic self-aggre-
gating sequence that is essential for αS fibrillation (39). It is
generally thought that the interaction between different αS ag-
gregated species and the cell membrane is directly implicated in
the pathological and physiological roles of PD (39–41). However,
little is known about the conformational states of αS in the di-
sease mechanism of PD, fueled by challenges in characterizing
the structural states of membrane-bound proteins in the aggre-
gation processes. Although the C terminus does not seem to play
a key role in the αS fibrillation, recent studies have suggested
that it may be critical for preventing the formation of rapid αS
filament assemblies (42–44). Our unique approach demonstrates

that the local hydration dynamics at the αS protein–membrane
interfaces can sensitively register the relative position of the
protein residues that are embedded within the lipid bilayer, as
well as located more than 5 Å above the lipid phosphate. Im-
portantly, this result implies that the intrinsic hydration dynamics
gradient along the bilayers must dominate over the intrinsic
hydration dynamics of the protein surface. We verify this to be
the case by studying a model peripheral MP, annexin B12 (17, 18,
45), whose surface hydration dynamics are found to scale with
distance up to 30 Å from the phosphate level toward bulk water,
suggesting the potential generality of this method. Thus, ODNP
is uniquely applicable to characterizing the structural features of
MPs’ regions that reside at the water–membrane interface. By
integrating this powerful tool with other mature biophysical
tools, such as power saturation EPR and CW EPR line shape
analysis, previously inaccessible questions can now be addressed,
such as whether a MP segment is bound to the surface or im-
mersed in the bilayer, whether the structural motifs of a MP
orient along the membrane surface, whether hydration water
resides between the MP segment and the membrane surface, and
what part of the unstructured MP segments resides close to the
membrane surface or extends into bulk water.

Results and Discussion
Approach to Quantify Local Hydration Dynamics at Biomolecular
Interfaces. ODNP measurements were used to quantify the dif-
fusion dynamics of hydration water around nitroxide spin labels
tethered to the specific sites of protein or lipid membrane sys-
tems, while the local conformational dynamics at the same sites
of protein or lipid membrane were concurrently evaluated by
CW EPR line shape analysis. ODNP relies on extracting the
efficiency of dipolar relaxation between the electron spin of
a nitroxide radical and the nuclear spin of nearby water protons.
The efficiency of the electron–nuclear cross-relaxation is criti-
cally modulated by the water diffusivity within 5–10 Å around the
spin label (28–30). The distance-dependent dipolar coupling
between the water protons and the electron spin of the radical
functionalized at biomolecular interfaces permits the selective
characterization of the diffusivity of hydration water within 5–10
Å (encompasses two to four hydration layers) around the tet-
hered spin label, whose dynamic characteristics is defined by the
nearby biomolecular surface. Given that the frequency for probing
hydration dynamics by NMR relaxometry is extended from the
traditional upper limit of hundreds of megahertz to 10 GHz, and
given that the efficiency of electron–nuclear cross-relaxation yields
up to 300-fold NMR signal amplification, ODNP is rendered much
more sensitive than conventional NMR relaxometry methods.
In ODNP, the electron–proton dipolar cross-relaxation that is

critically mediated through the translational diffusion of the
hydration water is driven by the saturation of the EPR transition,
giving rise to NMR signal enhancement (27–30). At extrapolated
maximum saturation, the NMR signal enhancement can be
expressed as (27–30)

Emax = 1− ξfsmaxjγe=γN j; [1]

where ξ is the coupling factor, f is the leakage factor accounting for
paramagnetic-enhanced proton relaxation over all proton relaxa-
tion mechanisms, smax is the maximum saturation factor for the
electron spin (i.e., smax = 1 for full saturation achieved for slow-
tumbling molecular systems) (28), and jγe/γNj is the ratio of the
gyromagnetic ratios of the electron and proton spins, giving 658. ξ
is the key parameter describing the efficiency of electron–proton
cross-relaxation and can be obtained directly from the measure-
ment of Emax and the proton T1 relaxation rates in the presence
and absence of the paramagnetic radicals (28–30). The transla-
tional correlation time, τ, of hydration water around the radical
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can then be extracted from ξ, when explicit spectral density func-
tions are modeled (27), as described in SI Text.
In this study, ODNP is performed using a modified X-band

CW EPR spectrometer at a magnetic field of 0.35 T and at 25 °C,
irradiating with moderate microwave powers (up to ∼4 W) at the
electron Larmor frequency of ωe = 9.8 GHz. The choice of ωe of
9.8 GHz is critical, as the electron–nuclear cross-relaxation near
this frequency is precisely modulated by the fast translational
diffusion of loosely bound hydration water within the distance of
closest approach (d) between the electron and 1H at bio-
molecular interfaces with translational correlation time, τ, on the
order of tens to hundreds of picosecond, given the translational
diffusivity of water, D, following D ∼ d2/τ (27–30). The range of τ
accessible by ODNP at ωe = 9.8 GHz covers the dynamic range
for hydration water surrounding solvent-exposed sites, as well
as to some extent buried sites of proteins and other bio-
macromolecules (33). To qualitatively compare the hydration
dynamics in different biological environments, we define the
retardation factor of hydration dynamics, ρt = 〈τ〉/τbulk, which is
the average translational correlation time of the local hydration
water around a tethered spin label divided by that of bulk water
(i.e., τbulk = 33 ps, measured by ODNP at 0.35 T using a small
nitroxide radical dissolved in water) (30, 46). As illustrated in
Fig. 1, the coupling between the electron spin and water proton
is shown to be sensitively modulated within the dynamic range of
hydration water at solvent-exposed surfaces of proteins (ρt = 2–
5) (32, 47–49), as well as on the surfaces or within cores of lipid
bilayers (ρt = 5–11) (21–23), affording the use of ODNP to probe
conformational changes or interactions between proteins and
lipid membranes by monitoring the changes in the local hydration
dynamics at molecular interfaces. Crucially, biological samples
at dilute concentrations (approximately tens of micromolars),
of minute volumes (approximately a few microliters), and in an
environment of excess water, lipids and other biological con-
stituents at physiological temperature are experimentally accessi-
ble. Similar to CW EPR spectroscopy, ODNP is not fundamentally
limited by the molecular weight, size, or the complexity of the
sample system, permitting the study of site-specific hydration
dynamics of MPs in lipid membrane environments under phys-
iological conditions.

Probing Hydration Dynamics as a Function of Distance Along the
Bilayer Normal. To obtain the diffusion profile of water pene-
tration into the fully hydrated lipid bilayer composed of
1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine (POPC) and 1-
palmitoyl-2-oleoyl-sn-glycero-3-phospho-L-serine (POPS) in SUVs,
we measured the ρt value of hydration water at distances above
the lipid phosphate and at different bilayer depths using lipid spin
probes: 1-palmitoyl-2-oleoyl-sn-glycero-3-phospho(tempo)choline
(TEMPO-PC) with a nitroxide radical attached to the choline
moiety of PC and doxyl stearic acids (DSAs) with a nitroxide
radical attached at various positions along the alkyl chains. The
distance from the nitrogen of the nitroxide to the phosphate in
TEMPO-PC was estimated to be ∼5 Å based on molecular
models (50), whereas the immersion depths of the lipid spin
probes were estimated from X-ray diffraction (51). The corre-
lation between the distance from the lipid phosphate to the
nitroxide of the lipid spin probes, xi, and the herein measured
retardation factors, ρt, at the given spin-labeled sites of bilayers is
presented in Fig. 2, where a positive xi value signifies the position
below the phosphate group toward the bilayer and a negative xi
value represents the position above the phosphate group toward
bulk water. The experimental ODNP data in Fig. 2 are presented
in Tables S1 and S2. We empirically found that the natural
logarithm of the ρt value of the POPC/POPS bilayer increases
approximately linearly with the immersion depth of the nitroxide
spin probe within the bilayers. Most significantly, the surface
hydration dynamics probed by TEMPO-PC at around 5 Å above
the phosphate group of the lipid bilayer (50) is still 6.8-fold re-
tarded compared with bulk water diffusivity, thereby providing
a significant dynamic range for resolving the location of protein
segments within the relatively thick hydration layers on the lipid
membrane surfaces. In contrast, the solvent accessibility measured
by power saturation EPR loses contrast when the spin label is
>5 Å away from the phosphate level (13, 14).
To test the generality and the validity of this intrinsic hydra-

tion dynamics gradient-based ruler along the bilayer normal at
distances of >5 Å above the lipid phosphate, we examined an-
other membrane-associating protein—a Ca2+-dependent pe-
ripheral MP, annexin B12. The membrane-bound form of
annexin B12 has a convex shape on phosphatidylserine (PS)-rich
membrane surfaces with a known tertiary structure (45), whose
membrane binding is mediated by Ca2+ ions (17, 18). The crys-
tallographic data suggest that the most distant portion of the
membrane-bound annexin B12 is around xi = −30 Å (above
the phosphate), whereas its deepest residue is xi ∼2 Å (below
the phosphate) (45), as illustrated in Fig. S1. Fig. 2 presents a plot
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of the retardation factors at selected water-exposed residues of
annexin B12 bound on the LUV surface composed of POPC and
POPS with varying distance, xi, with respect to the phosphate
level. Interestingly, we revealed that the natural logarithm of the
retardation factor again monotonically decreases with the dis-
tance away from the bilayer surface, whereas a simple linear
regression of the measured data is not suitable, especially at
distant water-exposed sites of the membrane-bound annexin
B12. Rather, the distance dependence of the lnρt value across the
protein surface along bilayer normal follows a hyperbolic tangent
function edged by a significant retardation factor up to xi = −30
Å (solid curve in Fig. 2), whereas an approximately linear re-
lation was only found between xi = −5 and −25 Å (dotted line in
Fig. 2). To understand whether Ca2+ influences the absolute
values of hydration dynamics on the POPC/POPS bilayer surface
studied herein, we compare the ODNP data in the presence and
absence of Ca2+. We found that upon addition of 1 mM CaCl2 to
the POPC/POPS LUV solution, the hydration dynamics mea-
sured at the bare membrane surface substantially slows by 54%
(τ increases from 257 to 474 ps), likely because Ca2+ rigidifies the
PS and neighboring PC headgroups (52). All experimental data
yielding ρt values are presented in Table S2. This finding suggests
that, although a qualitatively similar hydration dynamics gra-
dient was found in different lipid bilayer systems, the absolute
diffusivities of the hydration water alter significantly, likely
depending on the lipid composition, lipid membrane curvature,
charge density of the phospholipid headgroups, buffer condition,
and the presence of ions or osmolytes. For instance, a similar
linear correlation between the retardation factor and immersion
depth of lipid bilayers was observed in different bilayer systems,
regardless of their surface charges or vesicle sizes, whereas their
absolute water diffusivities are quite different (Fig. S2). Detailed
investigation into this dependence merits future studies, in par-
ticular considering the potential effect of membrane curvature
on tuning the hydration dynamics on the membrane surface
(53) and the interactions of curvature-sensitive MPs with lipid
membranes.

Topology and Immersion Depth of α-Synuclein at the Water–Membrane
Interface.The approximately linear relation found between the lnρt
value and corresponding distance with respect to the phosphate
group, xi, can be used as a calibration curve to determine the
relative distance of specific protein residues in the lipid bilayer.
Here, we use αS as an example to examine whether the ODNP-
derived hydration dynamics gradient can indeed provide structural
information of a membrane-associating protein with higher sen-
sitivity and spatial resolution. Previous studies have revealed that
when αS binds to intact negatively charged SUVs, its amphipathic
repeats comprising ∼90 N-terminal residues form an extended
α-helix, located parallel to the membrane surface, whereas the
disordered C terminus has not been observed to directly interact
with the lipid membrane (11, 12, 35–38).
We first measured hydration dynamics at selected sites of

monomeric αS between residues 76 and 108 in the absence of
lipid membranes, as shown in Fig. 3. The results show that the ρt
value exhibits a small dispersion between 2.4 and 4.0, suggesting
that hydration water is relatively freely, and roughly evenly,
diffusing near the protein surface in the unbound state. This
result displays typical characteristics of hydration water around
solvent-exposed protein surfaces with ρt values found between 2
and 5 (32, 47–49), confirming that αS in solution is in an overall
unstructured state, where each residue is significantly exposed to
bulk water.
Additionally, the retardation factor of membrane-bound αS at

consecutive spin-labeled sites from residue 76–108, as well as two
additional residues 124 and 136 of the C-terminal end, were
examined (Fig. 3). The first observation is that all sites, except
residues 124 and 136, display measurably higher retardation

factors (ρt = 5.4–9.7) in the membrane-bound states compared
with their unbound states, implying the existence of the inter-
actions between membrane surfaces and the C-terminal segment
of αS that was previously assumed to be simply water exposed (11,
12). The ODNP data of unbound and bound αS, together with
representative plots of 1H NMR signal enhancements vs. micro-
wave power, are summarized in Tables S3 and S4 and Fig. S3.
By examining the periodicity of the hydration dynamics along

the protein sequence in quantitative detail, we found the re-
tardation factor between residues 76 and 90 to exhibit periodic
oscillation every 3.48 ± 0.08 residues, as extracted from the least-
squares fits to a cosine function, constituting close to an ideal
α-helix structure (with 3.67 residues per helical turn or 11 resi-
dues per three turns) (11, 12). We then carefully evaluated the
periodicity by using the α-helix periodicity index, αPI, based on
a harmonic analysis with discrete Fourier transformation (Fig.
S4) (54, 55). This method has been previously used to facilitate
the secondary structure assignment of MPs by power saturation
EPR (15, 16). The protein segment with αPI ≥ 2 is considered to
be an α-helical structure with statistical significance (54, 55). We
found an αPI value of 3.38 for the retardation factors of mem-
brane-bound αS between residues 76 and 90, confirming a sig-
nificant α-helical structure. Interestingly, the retardation factors
of membrane-bound αS between residues 90 and 96, represent-
ing the transition region between the α-helix and the disordered
C terminus, yield an αPI value of 0.13, indicating these residues
are not part of an α-helix. It is likely that the hydrophobic resi-
dues (Phe-94 and Val-95) of this domain facilitate the penetra-
tion below the phosphate level to form a more extended loop
than an α-helix.
The positions of membrane-bound αS residues with respect to

the lipid phosphate can be determined by referencing their re-
tardation factors against the calibration curve obtained from
lipid spin probes, as shown in Fig. 2. We observe that the im-
mersion depth of the helical bottom lies in the range of 8–10 Å,
with the center of the helix located 1–3 Å below the phosphate
level (Fig. 4). This result is in excellent agreement with the first
observation of this shallow insertion into bilayers made by power
saturation EPR (11, 12), where the immersion depth of the
bottom portion of the α-helix was estimated at 11 Å and the
center of the helix was at 1–4 Å below the lipid phosphate (11,
12). Our findings are also consistent with recent fluorescence and

TEMPO-PC

5DSA

12

10

8

6

4

2

1051009590858075
 protein residues

-10

0

10

124 136

unbound αS
 bound αS

 (Å)t xi

Fig. 3. Retardation factor (ρt) at various residues of membrane-bound and
free α-synuclein measured by ODNP. The distance (xi) of nitroxide radicals
with respect to the phosphate group of the POPC/POPS bilayers is presented.
Error bars represent SDs. The red curves are least-squares fits of data to
a cosine function. The representative phospholipids and lipid spin probes are
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neutron reflectometry results, reporting an immersion depth of
the α-helical bottom of around 9–14 Å (56).
Interestingly, we found that the hydration dynamics between

residues 98 and 108, which are thought to be part of an entirely
bulk water-exposed C terminus, exhibit still significantly retarded
hydration dynamics. Their retardation factors are distinctly dif-
ferent from those of the same αS residues free in solution. This
observation implies that this segment still resides closely within
the surface hydration layers spanning 5–15 Å above the lipid
phosphate group and experiences a more stable network of hy-
dration water through which water diffusion is significantly re-
tarded compared with in bulk water. Interestingly, 9 of the 11
amino acids between residues 98 and 108 are either polar or
negatively charged, making this segment highly favorable for
binding to positively charged trimethyl ammonium groups of the
choline moieties that protrude to the solvent-exposed headgroup
region of the bilayer. Noteworthily, the ρt values at residues 124
and 136 of membrane-bound αS, which are much closer to the
end of the C terminus, display unaltered hydration dynamics
within errors to those of the unbound state. This finding solidifies
the idea that the C-terminal region, following the extended
α-helical segment, gradually winds out and dangles outward to
the solvent, where only the very end of the C terminus is fully
solvated in bulk water (Fig. 4). This finding implies that the
transition region still resides within the surface hydration layers
of the outer leaflet of the lipid membrane. Moreover, ODNP
reveals that the C terminus of membrane-bound αS displays
a distinct landscape of hydration dynamics that may have func-
tional implications. Its disordered and flexible structural config-
uration could regulate the interaction with constituents in solution,
such as ligands, proteins, or metals, implicated in modulating the
biological functions of αS (57, 58). Furthermore, a recent study
showed that the highly charged C terminus of free αS can effi-
ciently inhibit its fibril formation driven by electrostatic repul-
sions (44). Our result demonstrates that the beginning portion of
the C terminus is in close proximity to the membrane surface—this
possibly tucks away the αS and slows its aggregation by preventing
free inter-αS interactions. ODNP could be used in future studies to
track the conformational changes of αS or other amyloid proteins
on membrane surfaces during their aggregation process.

Conclusion
In this work, we introduce a unique tool to determine and refine
the topology and the immersion depth of membrane-associating
proteins using the intrinsic diffusion gradient of hydration water
across a lipid bilayer as a sensitive ruler. We characterize the
dependence of the local water diffusivity on the distance across
the bilayer normal in bare lipid membranes and on the surface of
membrane-bound annexin B12. We find the intrinsic hydration
dynamics gradient to extend around 20–30Å above the phosphate
level and to dominate over that of the protein surface, both of

which are prerequisites for the general applicability of this in-
trinsic ruler. However, the absolute diffusivities of hydration
water is expected to vary with membrane surface properties (e.g.,
membrane curvature, roughness, or charge density), buffer
conditions, and to some extent, the structural nature of protein
embedded, requiring a proper experimental calibration. We
demonstrate the application of this intrinsic ruler method on the
example of membrane-bound αS that we found to form an ex-
tended α-helix between residues 76 and 90, with its long axis of the
helical center slightly embedded 1–3 Å below the lipid phos-
phates, in good agreement with earlier findings (11, 12). We
further observed that the beginning portion of the C terminus is
located within the distinctly characteristic hydration layers off the
membrane surface, whereas the very end of the C terminus is
entirely exposed to bulk water. In general, by exploiting the pre-
determined relationship between the retardation of hydration
dynamics and its corresponding distance with respect to the lipid
phosphate, ODNP provides a critical supplement to structural
biology tools to characterize the topology, immersion depth, and
orientation of membrane-active biological constituents, including
transmembrane proteins, amyloid fibrils, and membrane-active
peptides. A key strength of this approach is that the measurements
are carried out in solution under physiological conditions, while the
constituents can be associated with lipid membranes with virtually
any size or complexity. Overall, ODNP provides a unique capability
with enhanced resolution, site specificity, and sensitivity for iden-
tifying the structure and location of MPs, especially with finer res-
olution in the interfacial volume at distances up to 20–30 Å above
the phosphate level.We believeODNPwill offer new opportunities
for deepening the understanding of MP structure, organization,
and function.

Materials and Methods
Preparation of Spin-Labeled α-Synuclein. Single cysteinemutantsof α-synuclein
were expressed in BL21(DE3)pLysS Escherichia coli cells, and the cell pellet was
resuspended in lysis buffer (100 mM Tris·HCl, 300 mMNaCl, 1 mM EDTA, pH 8)
(11, 12). After boiling the cell lysate and precipitating with HCl, the superna-
tant was dialyzed against a buffer (20 mM Tris·HCl, 1 mM EDTA, and 1 mM
DTT, pH 8). Two rounds of anion exchange chromatography were performed,
and proteins were elutedwith a salt gradient of 0–1MNaCl. DTTwas added to
the samples to a final concentration of 1 mM for 30 min. DTT was then re-
moved by size exclusion PD-10 columns (GE Healthcare) in buffer A (10 mM
Hepes and 100 mM NaCl, pH 7.4). A fivefold molar excess of the 2,2,5,5-tetra-
methylpyrroline-3-yl-methanethiosulfonate (MTSL) spin label (Toronto Re-
search Chemicals) was incubated with the protein samples for 1 h at 25 °C.
Excess spin label was removed by buffer exchange using PD-10 columns. Spin-
labeled proteins were concentrated using Amicon Ultra centrifugal filters
(Millipore). Protein concentrationwas quantifiedusingMicro BCA protein assay
kit (Thermo Scientific). The SUVs composed of POPC and POPS (7:3, wt:wt) were
prepared in buffer A using a sonication method. The average diameter of SUV
was about 25 nm, as measured by dynamic light scattering (Zetasizer Nano ZS;
Malvern Instruments). The following lipid spin probes were used for ODNP
measurements: TEMPO-PC and n-doxyl stearic acid (n = 5, 7, 10, 12); 62.5 mM
lipid and 500 μM spin probe were used. The chemical structure of the lipids and
lipid spin probes used in this work are summarized in Fig. S5. Proteins were
incubated with SUVs at a 1:250 protein to lipid molar ratio in buffer A at 25 °C
for 1 h, followed by several rounds ofwashes using a 100-kDa cutoff centrifugal
filter unit (Millipore) to remove the unbound proteins.

Preparation of Spin-Labeled Annexin B12. The expression and purification of
the annexin B12 used in this study were previously described (17, 18). The
preparation of MTSL spin-labeled annexin B12 cysteine mutants is similar to
that of spin-labeled αS, except equilibrated in buffer B (20 mM Hepes, pH 7.4,
and 100 mM NaCl). LUVs composed of POPS and POPC in a 2:1 molar ratio
were prepared in buffer B through an extrusion method using 1,000-nm fil-
ters. Spin-labeled annexin B12 (150 μg) was incubated with 1.5 mg of LUVs
and 1 mM CaCl2 and allowed to react for at least 15 min at 25 °C. Lipids were
pelleted at 16,000 × g for 20 min, the supernatant was removed, and the
pellet was resolubilized in 6 μL of buffer B and subjected to ODNP measure-
ments. The distances between the lipid phosphates and the selected residues
of membrane-bound annexin B12 were approximated based on a molecular

1-3 Å
8-10 Å

Fig. 4. Structural representation of topology and immersion depth of
membrane-bound α-synuclein. The red ribbon was the topology obtained
from ODNP measurements, whereas the gray ribbon was observed from the
literature (11, 12). Black solid line: phosphate level; black dashed line: center
of the helix; black dotted line: bottom of the helix.
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model of annexin B12’s crystal structure on a membrane surface (45) using
Discovery Studio Client 3.0 (Accelrys) and known depths of its membrane-
binding surface (17, 18).

ODNP Experiments. 1H ODNP experiments were performed at a 0.35-T elec-
tromagnet, operating at a 14.8-MHz 1H Larmor frequency and at 9.8-GHz
electron Larmor frequency. A 3.5-μL sample was loaded in a 0.6-mm-inner-
diameter quartz capillary tube (Fiber Optic Center), and both ends were
sealed with bee wax. The capillary was mounted on a homebuilt NMR probe
with a U-shaped RF coil. The EPR signal was then acquired by Bruker X-band
EMX CW EPR spectrometer with a dielectric microwave resonator (Bruker ER-
4123D) at 25 °C. During the ODNP experiments, the center field of nitroxide
hyperfine transition lines was irradiated continuously at various microwave
powers while the 1H NMR signal was recorded. Dry air continuously flowed

through the EPR cavity at a flow rate of 8 L/min to prevent the sample
heating. 1H T1 relaxation measurements were performed by an inversion-
recovery pulse sequence operated by a Bruker Avance spectrometer at a 0.35-
T electromagnet. The theory and instrumentation of ODNP are summarized
in the SI Text.
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