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Clostridium difficile is the leading cause of antibiotic-associated diarrheal disease in health care settings across the world. De-
spite its pathogenic capacity, it can be carried asymptomatically and has been found in terrestrial and marine ecosystems outside
hospital environments. Little is known about these environmental strains, and few studies have been conducted on estuarine
systems. Although prophage abundance and diversity are known to occur within clinical strains, prophage carriage within envi-
ronmental strains of C. difficile has not previously been explored. In this study, we isolated C. difficile from sites sampled in two
consecutive years in an English estuarine system. Isolates were characterized by PCR ribotype, antibiotic resistance, and motil-
ity. The prevalence and diversity of prophages were detected by transmission electron microscopy (TEM) and a phage-specific
PCR assay. We show that a dynamic and diverse population of C. difficile exists within these sediments and that it includes iso-
lates of ribotypes which are associated with severe clinical infections and those which are more frequently isolated from outside
the hospital environment. Prophage carriage was found to be high (75%), demonstrating that phages play a role in the biology of
these strains.

Clostridium difficile is an endospore-forming, anaerobic, low-
G�C-content, Gram-positive bacterium belonging to the

phylum Firmicutes. It is of major health care importance, as it
causes C. difficile infection (CDI), typically a nosocomial disease
that has a high incidence of relapse and treatment failure (1). It has
been estimated that CDI costs Europe €3 billion and the United
States $800 million annually, making it a significant health and
economic problem (2).

The disease is mediated by the production of up to three toxins,
TcdA, TcdB, and the Clostridium difficile binary toxin (CDT) (3).
Usually, CDI is associated with previous antibiotic treatment, in-
cluding with clindamycin and fluoroquinolones, such as cipro-
floxacin (4). Three drugs, vancomycin, metronidazole, and fidax-
omicin, are used to treat infection, but they are not always effective
(5, 6). Genes conferring antibiotic resistance to other drugs, such
as erythromycin and tetracycline, have been identified on poten-
tially mobile elements and on the chromosome (7, 8). C. difficile
also encodes additional virulence factors, including adhesins, fla-
gella, and sporulation factors, which may aid the bacterium dur-
ing host colonization, infection, and persistence in the environ-
ment to facilitate transmission (9).

The species is genetically diverse, and PCR ribotyping is the
most commonly used method to type strains via band profiles
produced by amplifying the variable intergenic region between the
16S rRNA and 23S rRNA genes (10–12). Monitoring of ribotypes
has revealed C. difficile strain epidemiology changes between
countries and over time (2). The emergence of new ribotypes in
outbreaks, such as R027 and R078, highlights the importance of
the ongoing strain evolution of this pathogen (13, 14). Whole-
genome sequence analysis has also examined the global spread of
R027 strains and documented the continued evolution of this ri-
botype in clinics and its transmission between humans and ani-
mals (15).

C. difficile can also be isolated from environmental samples,
such as soils, river water, and sand (16–23). Despite a crossover
between ribotypes of clinical, livestock, and environmental

strains, some ribotypes appear to be more associated with partic-
ular sources (24, 25). R078, which is associated with both livestock
and clinical isolates, has been suggested to have evolved from an
atoxigenic strain that may have occurred within reservoirs outside
clinical settings (26, 27). One factor in the evolution of the C.
difficile genome is acquisition of mobile genetic elements (27).
Carriage of prophages is high, as detected by induction of pro-
phages (see, e.g., reference 28), determination of molecular mark-
ers to probe their diversity (29), and identification of prophages in
sequenced strains (30) and temperate phages that can infect in a
lytic manner other C. difficile isolates (31). Whether environmen-
tal reservoirs are sources of novel strains is not known, as only a
few studies have examined the genetic diversity or physiological
traits of these strains in detail (see, e.g., references 20 and 22), and
none have examined prophage carriage.

In order to investigate environmental C. difficile strains, the
prevalence and distribution of strains within an estuarine system
in the south of England were determined. The phenotypic and
genetic diversity of the isolates was assessed using ribotyping anal-
ysis, detection of toxin genes, motility assays, and antibiotic sus-
ceptibility testing. Prophage carriage was examined using trans-
mission electron microscopy (TEM) and screening for specific C.
difficile phages by PCR.

Received 10 June 2013 Accepted 29 July 2013

Published ahead of print 2 August 2013

Address correspondence to M. R. J. Clokie, mrjc1@le.ac.uk.

Supplemental material for this article may be found at http://dx.doi.org/10.1128
/AEM.01849-13.

Copyright © 2013, American Society for Microbiology. All Rights Reserved.

doi:10.1128/AEM.01849-13

The authors have paid a fee to allow immediate free access to this article.

6236 aem.asm.org Applied and Environmental Microbiology p. 6236–6243 October 2013 Volume 79 Number 20

http://dx.doi.org/10.1128/AEM.01849-13
http://dx.doi.org/10.1128/AEM.01849-13
http://dx.doi.org/10.1128/AEM.01849-13
http://aem.asm.org


MATERIALS AND METHODS
Sampling and site selection. In October 2009, 22 samples were obtained
from 19 sites in the estuarine system of Langstone and Chichester Har-
bors, Hampshire, United Kingdom. These included 17 sediment samples
from a depth of �2 cm, 2 sediment samples from a depth of �5 cm, and
3 water samples. During 2010, 2 extra sediment samples from one location
and a sample of foam were obtained. All samples were stored in the dark at
4°C until processed (within 72 h). Locations were chosen for the sampling
of C. difficile around the south coast estuarine system in a nationally des-
ignated site of special scientific interest (SSSI) by Natural England (unit
13, unit identifier 1016965). Sampling sites included those thought likely
to be polluted with sewage or other anthropomorphic input and those less
likely to be contaminated from these sources. The overall pollution levels
were informally assessed for our purposes by reviewing the relative devel-
opment of intertidal communities. Intertidal phanergogamic communi-
ties, such as Spartina spp., reduce polluted areas, as do the grasses of the
salt marsh communities. Development and expression of the algal species
Blidingia, Ulva, and Fucus are well known effective indicators of trophic
status (32). The relative expression of populations of the macrofaunas
Hydrobia, Corophium, and species of Arenicola were used as indicators of
oxic status. Finally, physical features of sedimentation rate and nature
were used to determine the level of the anoxic boundary layer. To deter-
mine whether sediment depth and oxygen status impacted C. difficile re-
covery, surface and anoxic layer sediments were tested at two sites (Thor-
ney Island [site 9] and Kench Beach [site 14]). Status was assigned based
on multiple features, including the presence and absence of trophic indi-
cator species, and ranged from 1 (worst) to 5 (least polluted).

Method for isolation of C. difficile from environmental sources and
their routine laboratory culture. Approximately 2 cm3 of sample was
transferred into either 10 ml fastidious anaerobic broth (FA; Oxoid,
United Kingdom) or brain heart infusion (BHI; Oxoid, United Kingdom)
broth. This was supplemented with 250 �g ml�1 cycloserine and 8 �g
ml�1 cefoxitin as selective agents and 0.1% sodium taurocholate to en-
hance spore germination (as Wilson et al. [33] used in solid media). Cul-
tures were incubated under anaerobic conditions (10% hydrogen, 10%
carbon dioxide, and 80% nitrogen gases) at 37°C for 10 days in a Mini-
MACS anaerobic chamber (Don Whitley Scientific, United Kingdom).
Following enrichment, cultures were centrifuged for 10 min at 3,398 � g.
The pellet was resuspended by vortexing it in an equal volume of indus-
trialized methylated spirit (IMS) and incubated for 30 min at room tem-
perature. Five to 15 �l of sample was subcultured on Brazier’s cycloserine,
cefoxitin, and egg yolk (CCEY) agar plates (BioConnections, United
Kingdom) and incubated for 24 to 48 h. C. difficile colonies were purified
through two further rounds of subculturing on BHI–7% defibrinated
horse blood (DHB; Oxoid, United Kingdom)–1% bacteriological agar
(BA; Oxoid, United Kingdom) plates. Glycerol cryogenic stocks were pro-
duced by growing single colonies from the third round of purification in 5
ml FA broth. Cultures were centrifuged at 10,000 � g for 10 min, and the
pellet was resuspended in glycerol. Strain stocks were stored at �80°C.
Routine culturing was performed in the MiniMACS anaerobic chamber
on BHI–7% DHB–1% BA plates using single colonies for liquid broth
cultures.

Molecular confirmation of C. difficile isolates, PCR ribotyping, and
toxin gene carriage. C. difficile was identified according to its colony mor-
phology, distinctive C. difficile odor of horse dung/urine, and character-
istic chartreuse fluorescence under long-wave UV light (365 nm). C. dif-
ficile genomic DNA was extracted using 5% Chelex resin (Bio-Rad, United
Kingdom). Samples were heated to 100°C for 12 min, cooled for 5 min,
and then centrifuged at 16,000 � g for 10 min. The supernatant was then
stored at 4°C until use. PCR confirmation for C. difficile was performed by
amplification of the 16S rRNA gene using C. difficile-specific primers de-
scribed by Rinttila et al. (34). PCRs were performed in a total volume of 50
�l, containing template DNA, 4 �M forward and reverse primers, 0.25
mM deoxynucleoside triphosphates (dNTPs), 4 mM MgCl2, 1� PCR buf-
fer, and 0.5 U of BioTaq polymerase (Bioline, United Kingdom). Ampli-

fication conditions were 95°C for 5 min and 40 cycles of 95°C for 30 s,
44°C for 30 s, and 72°C for 45 s, with a final extension of 5 min at 72°C.
Products were separated (alongside a 1-kbp ladder [GeneRuler, Fermen-
tas, United Kingdom]) on a 1% Helena agarose gel, which was prepared in
1� Tris-acetate-EDTA (TAE) buffer, stained with GelRed, and run at 90
V for 1 h in TAE buffer, and DNA was visualized. PCR ribotyping was
performed on Chelex-extracted DNA as previously reported (35). The
PCR products were analyzed using capillary gel electrophoresis per-
formed by the Protein Nucleic Acid Chemistry Laboratory (PNACL) at
the University of Leicester in an ABI 3730 genetic analyzer (Applied Bio-
systems, United Kingdom) and, where possible, assigned to known ri-
botype profiles consistent with C. difficile Ribotyping Network (CDRN)
profiles.

Toxin gene carriage was determined using primers NK2, NK3, NK9,
NK11, NK104, and NK105, which amplify the partial tcdA tcdA repeat
region and partial tcdB gene (36, 37). Primers NK2, NK3, NK9, and NK11
were used in a multiplex reaction mixture in a 50-�l volume containing
template DNA, 1 �M forward and reverse primers, 0.25 mM dNTPs, 1.5
mM MgCl2, 1� PCR buffer, and 0.5 U of BioTaq DNA polymerase. Prim-
ers NK104 and NK105 were used in PCRs in 50-�l volumes with template
DNA, 2 �M forward and reverse primers, 0.25 mM dNTPs, 1.5 mM
MgCl2, 1� PCR buffer, and 0.5 U of BioTaq DNA polymerase. Amplifi-
cation conditions for all NK primers were 95°C for 5 min and 32 cycles of
95°C for 20 s, 62°C for 120 s, and 72°C for 2 min, with a final extension step
at 72°C for 5 min. Also, carriage of the binary toxin genes cdtA and cdtB
was determined by using primers cdtApos, cdtArev, cdtBpos, and cdtBrev
(38). These primers were used in a 50-�l multiplex reaction mixture con-
taining template DNA, 1 �M forward and reverse primers, 0.25 mM
dNTPs, mM MgCl2, 1� PCR buffer, and 0.5 U of BioTaq DNA polymer-
ase. PCR conditions were 95°C for 5 min and 30 cycles of 94°C for 45 s,
52°C for 60 s, and 72°C for 2 min, with a final extension step at 72°C for 5
min. Products were visualized alongside 10 �l of the 1-kbp GeneRuler
DNA ladder. Samples were loaded on a 1% Helena agarose gel prepared in
1� TAE buffer and stained with GelRed. It was run at 90 V for 1 h in TAE
buffer. Gels were imaged using Syngene software.

Phenotypic characterization of environmental C. difficile isolates
by their motility and antibiotic susceptibility. In order to characterize
key physiological traits of the environmental strains, the motility of
and antibiotic MICs for the 27 isolates were assessed. Motility was assessed
following overnight growth in a low-percent-agar plate assay adapted
from a method of Be’er et al. (39). Overnight liquid cultures were stabbed
into 7 ml BHI– 0.3% BA in 60-mm-diameter petri dishes and incubated
overnight. Cultures were scored for the absence of or their levels of motile
growth. Hazy growth was indicative of motility in soft-agar plate assays,
and the absence of this hazy growth indicated that the organism was non-
motile. Assays were performed in triplicate from the same culture and
repeated with fresh culture. Antibiotic MICs of vancomycin, metronida-
zole, clindamycin, and ciprofloxacin were measured using Etest strips
(bioMérieux, United Kingdom) by following the manufacturer’s guide-
lines for interpretation of results. A MIC breakpoint of 8 �g ml�1 was
used to indicate resistance, and 4 �g ml�1 was used to indicate borderline
resistance.

Prophage carriage as determined through TEM in induced and non-
induced culture lysates of environmental isolates. Liquid cultures were
induced with either mitomycin (MC) at a concentration of 3 �g ml�1 or
norfloxacin (NFX) at a concentration of 6 �g ml�1 or were exposed to no
antibiotic treatment. Following overnight incubation, lysates were centri-
fuged at 3,400 � g for 10 min and the supernatant was filtered through
0.22-�m-pore-size Millipore filters. The lysates were further purified and
concentrated using polyethylene glycol 6000 (PEG 6000). NaCl was added
to the lysates to a final concentration of 0.5 M, and the lysates were mixed
thoroughly and left on ice for 1 h. They were then centrifuged at 3,400 �
g for 40 min at 4°C, and the supernatant was transferred to a sterile tube.
Ten percent (wt/vol) added PEG 6000 was dissolved by rocking the tubes
at room temperature for 1 h, followed by overnight incubation at 4°C.
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Phages were then precipitated at 3,400 � g for 40 min at 4°C and resus-
pended in SM buffer (0.1 M NaCl, 1 mM MgSO4, 0.2 M Tris-HCl, pH
7.5). Samples were treated with 1.4-�g �l�1 DNase and 3-�g �l�1 RNase
and incubated for 1 h at 37°C. An equal volume of chloroform was added
to each sample, and the tubes were centrifuged for 3,398 � g for 10 min at
4°C. The supernatant was stored at 4°C in the dark. Samples were viewed
by transmission electron microscopy (TEM) on 0.25% Pioloform-coated
copper electron microscopic grids (Athene type, 3 mm; Agar Scientific,
United Kingdom) that had, before use, been carbon coated and subjected
to high voltage to produce a glow discharge. Samples were negatively
stained with 0.1% uranyl acetate and examined with a JEOL 1220 TEM
(JEOL, United Kingdom).

Detection of myovirus diversity in environmental C. difficile lyso-
gens. Four sets of primers were designed to detect genes specific for dif-
ferent myoviruses in C. difficile isolates; they were based on (i) the capsid
gene sequences from phiC2 (GenBank accession no. NC_009231) and
phiCD119 (accession no. NC_007917) to differentiate two types of me-
dium myoviruses (MMs), (ii) a candidate capsid gene in the genomes of
phiCD27 (accession no. NC_011398) and phiMMP02 (accession no.
NC_019421) to differentiate long-tailed myoviruses (LTMs), and (iii) the
capsid gene of phiMMP04 (accession no. NC_019422) to differentiate
small myoviruses (SMVs). The primers were designed using Primer3 on
the basis of alignments of capsid nucleotide sequences determined with
CLUSTALW (67). DNA was extracted using Chelex. We used two sets of
target MM capsid sequences, MM1F (5=-AACTTCGGGGATTTGTATG
C-3=) and MM1R (5=-CAACAAATTGTATTGCATCAGC-3=), which
produce an expected product of 814 bp, and MM2F (5=-TGGTTGGATG
GATTCTAATGCT-3=) and MM2R (5=-GACCAAGCATTTGCTGTTT

G-3=), which produce an expected product of 771 bp. The CD27 group
oligonucleotides LTMF (5=-GAGGGCAGGAATAAGAAAAGC-3=) and
LTMR (5=-GATTCCCTATCCTCAACTACGC-3=) produce an expected
product of 711 bp, and the SMV group oligonucleotides SMVF (5=-GAG
CGGAAGTTCAAACAAGC-3=) and SMVR (5=-AGCAAGAATCTCGCC
ATCTG-3=) produce an expected product of 707 bp.

PCRs were performed for each primer set, individually, in a total vol-
ume of 25 �l containing template DNA, 4 �M forward and reverse prim-
ers, 0.25 mM dNTPs, 3 mM MgCl2, 1� PCR buffer, and 0.5 U of BioTaq
DNA polymerase. Amplification conditions were 94°C for 5 min and 30
cycles of 94°C for 45 s, 48°C for 45 s, and 72°C for 60 s, with a final
extension of 10 min at 72°C. Products were visualized on a 1% Helena
agarose gel prepared in 1� TAE buffer and stained with ethidium bro-
mide. Samples were loaded with 10 �l of the 1-kbp GeneRuler DNA
ladder, and the gel was run at 90 V for 1 h in TAE buffer. Gels were imaged
using Syngene software.

RESULTS
Isolation and ribotyping of C. difficile isolates from Hampshire
samples from 2009 and 2010. C. difficile was isolated from 54%
(12/22) of the samples tested from 2009 and 60% (15/25) of the
samples from 2010 (Table 1). All isolates were confirmed to be C.
difficile using 16S rRNA gene-targeted PCR when each produced
the expected �157-bp amplicon. Of the 19 sites sampled in both
years, C. difficile was isolated from 11 in 2009 and 12 in 2010.
There were three sites where C. difficile was not isolated from
samples of either year, eight where C. difficile was isolated in sam-

TABLE 1 Sampling site locations and C. difficile isolate ribotypes, motility, and toxin gene carriagea

Site Source Sample type Statusb

2009 2010

Ribotype Motilityc

Toxin gene
carriage Ribotype Motility

Toxin gene
carriage

1 Langstone Bridge Sediment 3 -ve 031 �/� A�B�CDT�

Foam ND 010 �/� A�B�CDT�

2 Langstone Bridge Sediment 3 -ve -ve
3 Langstone Bridge Bay Sediment 3 220 �/� A�B�CDT� 010 �/� A�B�CDT�

4 Ship Inn beach Sediment 3 -ve 001 �/� A�B�CDT�

5 Sewage pipe Sediment 1 220 ��/� A�B�CDT� 005 �/� A�B�CDT�

Sediment ND 078 �/� A�B�CDT�
Sediment ND 010 �/� A�B�CDT�

Water -ve -ve
6 Bedhampton Creek Sediment 1 002 ��/� A�B�CDT� -ve
7 Bosham Channel (west) Sediment 3 -ve 001 ��/� A�B�CDT�

8 Bosham Channel (east) Sediment 2 -ve N/A �/� A�B�CDT�

9 Thorney Island (coastal) Sediment 3 046 �/� A�B�CDT� -ve
Anoxic layer

of sediment
014 ��/� A�B�CDT� 031 ��/�� A�B�CDT�

10 Thorney Island (inland) Sediment 4 005 ��/� A�B�CDT� 220 �/� A�B�CDT�

11 Emsworth Beach Sediment 3 012 �/� A�B�CDT� -ve
12 Stoke boatyard Sediment 1 021 �/� A�B�CDT� 002 ��/�� A�B�CDT�

13 Stoke oyster beds Sediment 3 NA �/� A�B�CDT� -ve
14 Kench Beach (west) Sediment 3 027 �/�� A�B�CDT� 078 ��/�� A�B�CDT�

Anoxic layer
of sediment

-ve 001 ��/� A�B�CDT�

15 Kench Beach (east) Sediment 3 001 �/� A�B�CDT� 106 ��/� A�B�CDT�

16 Kench boat homes Sediment 4 010 �/� A�B�CDT� -ve
17 Kench boat homes (site 2) Sediment 3 -ve -ve
18 Ferry point Water -ve -ve
19 Eastern Road bridge Water -ve -ve
a Abbreviations: ND, not done; NA, not assignable; -ve, negative for C. difficile; A, tcdA; B, tcdB; CDT, cdtA and cdtB.
b Status was assigned based on multiple features, including the presence and absence of trophic indicator species, and ranged from 1 (worst) to 5 (least polluted).
c ��, highly motile growth; �, motile growth; �, no motile growth. The slash separates results of different assays.
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ples from both years, and four where C. difficile was isolated only
once. C. difficile was not isolated from any of the six water samples
tested, which may be due either to sample type or to the absence of
C. difficile at these sites. The bacterium was isolated from sites
throughout the estuarine system regardless of assessed trophic
status. The isolation of C. difficile from this environment indicates
that its distribution is heterogeneous within sediments, as rates of
recovery varied between proximal sites, as well as between years at
the same site.

To examine the genetic diversity of the isolates, their PCR ri-
botype profiles were generated. The distribution of C. difficile ri-
botypes varied both with location and year. In total, 15 different
ribotypes were detected; 2 of these were not able to be assigned to
a known profile. The ribotypes that we detected include those
generally associated with environmental sources, such as R010,
and those of clinical importance, including R027 and R078. The
most frequently isolated ribotypes were R010 and R001, both of
which were present at four sites. In terms of their temporal distri-
bution, five ribotypes were isolated in samples from both years
(R010, R220, R002, R001, and R005), five distinct ribotypes were
isolated in samples from 2009 (R046, R014, R012, R021, and
R027), and a further three were isolated in samples from 2010
(R078, R106, and R031). Different ribotypes were observed at
each site between years, with one exception (at the sewage pipe
[site 5]). In summary, these findings show that C. difficile in ma-
rine sediments is genetically diverse and that its presence varies
with time and by location.

Isolates include atoxigenic strains that were negative for the
targeted regions tcdA, tcdB, cdtA, and cdtB (A�B�CDT�), e.g.,
R010 isolates, tcdA- and tcdB-positive (A�B�CDT�) strains, e.g.,
R106 and R012 isolates, tcdB-only-positive (A�B�CDT�) strains,
e.g., R005 isolates, and strains positive for all four genes
(A�B�CDT�), e.g., R027 and R078 isolates. Two of the three iso-
lates belonging to R220 had the same A�B�CDT� gene carriage,
but the third was negative for tcdA and the repeat region.

Phenotypic characterization of individual C. difficile isolates
reveals variation in motility and antibiotic susceptibility. The
environmental isolates showed considerable diversity in motility
and exhibited no, low-motility, or high-motility growth (Table 1).
Levels of motile growth differed for 9/27 isolates between repeats
of the assay, but in total, 22 isolates showed motile growth in at
least one assay.

To assess the levels of antibiotic resistance in our environmen-
tal isolates, the MICs of vancomycin, metronidazole, clindamycin,
and ciprofloxacin were measured (Fig. 1) (also see Table S2 in the
supplemental material). All 27 isolates were sensitive to metroni-
dazole and vancomycin; 1 isolate, CD105HS26 (R078), had bor-
derline resistance to vancomycin at a MIC of 4 �g ml�1, 5 isolates
were resistant to clindamycin, with 1 being borderline resistant,
and 12 isolates were ciprofloxacin resistant, with 7 being border-
line resistant. The greatest ranges in MICs were observed for cip-
rofloxacin. Where multiple isolates representing a single ribotype
were tested, for some ribotypes, both susceptible and resistant
isolates were detected. For example, four isolates belonging to
R001 include those which are resistant and sensitive to ciprofloxa-
cin, whereas all the tested R010 isolates have borderline resistance to
this antibiotic. The results show that there are both antibiotic-resis-
tant and -susceptible strains present together in the environment.

High prevalence of lysogeny in environmental strains of C.
difficile. To determine if active prophages (those which can be

released) are encoded in environmental strains of C. difficile, ly-
sates from induced and noninduced cultures were examined for
phage particles by TEM. The frequency of strains with phage par-
ticles observed in their lysates was 74% (20/27) (Table 2). Four
main morphologies of C. difficile phage particles were observed
across strains: medium myoviruses (MMs) (n � 9), long-tailed
myoviruses (LTMs) (n � 3), small myoviruses (SMVs) (n � 3),
and siphoviruses (SVs) (n � 7) (Fig. 2). Six isolates showed evi-
dence of multiple-prophage carriage by the observation of phage
particles belonging to different morphological groups. Addition-
ally, 56% (15/27) of isolates produced particles resembling bacte-
riocins, termed phage-tail-like particles (PTLPs), often in lysates
containing whole-phage particles (n � 7). There is considerable
variation in prophage carriage within isolates of the same ri-
botype. For example, we observed R010 isolates (n � 4) with dif-
ferent phage particles of all four phage morphologies, LTMs and
SMVs, SMVs and SVs, and MMs and LTMs. However, for isolates
belonging to R001 (n � 4), only two morphologies were observed:
SVs in one isolates and MMs in another. This suggests that pro-
phage carriage may correlate only to specific ribotypes despite
their genetic relatedness otherwise.

Prophages could be released by different inducing agents, namely,
MC and NFX, and also when no inducing agent was used (see Table
S2 in the supplemental material). For five isolates, all methods were
successful for phage particle production (CD105HS9, CD105HS22,
CD105HS10, CD105HS8, and CD105HS1). For three isolates, phage
particles (MMs) or PTLPs were observed only following antibi-
otic induction (CD105HS3, CD105HS6, and CD105HS5), and
for two isolates, phage particles (SVs) were observed following
treatment with MC and/or in uninduced cultures (CD105HS4
and CD105HS7).

The diversity of myovirus carriage was confirmed by using
primers to amplify genes specific to the three different groups: the
MMs, LTMs, and SMVs (Table 3). The PCR assay was largely
consistent with results from the TEM analysis, with phage genes
being detected at a high frequency (81%) and with MMs being the
most commonly detected (24/27). However, the use of two differ-
ent primers targeting this group revealed genetic diversity that
TEM could not show. A comparison of the PCR assays versus

FIG 1 Individual value plot of MICs. MICs (on the y axis) for each antibiotic
(on x axis) of the 27 isolates plotted in an individual value plot and analyzed in
MiniTab. Abbreviations: VA, vancomycin; MZ, metronidazole; CM, clinda-
mycin; CI, ciprofloxacin. MICS for isolates resistant to clindamycin and cip-
rofloxacin are �32 �g ml�1; in addition, there is greater variation in the MICs
of these two antibiotics than in those of vancomycin and metronidazole.
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TEM found that in 7 cases, both sets of results were consistent.
However, in 8 cases, the PCR assays amplified markers where no
phages of a corresponding morphology were observed in the TEM
analysis. In contrast, in 2 cases, the TEM showed phage particles
which did not have a corresponding marker detected in the PCR
assay, and in 2 cases, conflicting results were obtained for each
assay.

DISCUSSION

In this study, C. difficile was isolated from sites located throughout
the Langstone and Chichester Harbor estuarine system. Previ-
ously, C. difficile was found both free in marine water columns (16,
21) and in marine organisms, including plankton, shellfish, fish,

otters, and a seal (21, 40–42). Detection of C. difficile in these
organisms may arise following exposure to spores in contami-
nated water or by transmission through the food chain in marine
ecosystems. Isolation of the bacterium from estuarine sediments
has implications for fishery industries as well as tourism and for
recreational use of these environments. The isolation of C. difficile
from sediments highlights a new reservoir of this bacterium that
may be involved in the bacterium’s abundance, origin, transmis-
sion, and persistence in the marine ecosystem.

The presence of C. difficile in the environment may be due to
contamination from infected hosts or sewage effluent (18, 23, 41).
Although the sewage pipes in Langstone Harbor are currently
nonoperational, they still serve as storm overflows and may be one
source of C. difficile into the estuary system (43). Another source
may be agricultural runoff, as the harbor areas sampled in this
study have a known problem with agricultural runoff; fertilizer
input has partly caused the area’s ongoing problems with toxic
algal overgrowth within the estuary (44). C. difficile has been pre-
viously detected in two different types of treated biosolids which
are routinely used as agricultural fertilizers (45). Further evidence
of input from agricultural runoff and the anthropomorphic ef-
fects of urbanization that affect bacterial presence comes from a
Californian study of sea otters infected with C. difficile. It was
observed that greater general bacterial loading, including that of
C. difficile, was found in otter fecal samples at sewage inputs and
interface areas of fresh and marine water (41). Similarly, some of
the sites in Langstone Harbor where we isolated C. difficile also

TABLE 2 Lysogeny of strains according to the morphology of phage particles as observed by TEMa

Ribotype Isolate

Presence of:

MMs LTMs SMVs SVs PTLPs

010 CD105HS14 � � � � �
010 CD105HS15 NAv
010 CD105HS16 � � � � �
010 CD105HS9 � � � � �
001 CD105HS23 � � � � �
001 CD105HS24 NAv
001 CD105HS25 � � � � �
001 CD105HS12 � � � � �
220 CD105HS22 � � � � �
220 CD105HS2 � � � � �
220 CD105HS6 � � � �
002 CD105HS17 � � � � �
002 CD105HS7 � � � � �
031 CD105HS18 � � � � �
031 CD105HS19 � � � � �
005 CD105HS20 � � � � �
005 CD105HS10 � � � � �
078 CD105HS26 NAv
078 CD105HS27 � � � � �
046 CD105HS3 � � � � �
014 CD105HS4 � � � � �
021 CD105HS5 � � � � �
027 CD105HS8 � � � � �
012 CD105HS1 � � � � �
106 CD105HS21 NAv
NA CD105HS28 NAv
NA CD105HS11 � � � � �
a All isolates were taken from sediment samples. Abbreviations: NA, not assignable, NAv, not available, MMs, medium myoviruses, LTMs, long-tailed myoviruses, SMVs, small
myoviruses, SVs, siphoviruses, PTLPs, phage-tail-like particles.

FIG 2 Morphological groups of temperate phages and phage-tail-like parti-
cles (PTLPs). Micrographs show representatives of the five main types of par-
ticle morphology observed: medium myoviruses (MMs), long-tailed myovi-
ruses (LTMs), small myoviruses (SMVs), siphoviruses (SVs), and PTLPs.
Assignation of the myovirus particles was made according to the capsid diam-
eter and tail length; MMs had capsid diameters of 60 to 70 nm and contractile
tail lengths of approximately �130 nm, LTMs had capsid diameters of 60 to 70
nm with tail lengths of 150 to 220 nm, and SMVs had capsid diameters of 40 to
50 nm and tail lengths of �105 nm. Bars represent 100 nm.
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have excessive loading of coliform bacteria, particularly around
the sewage pipe and Langstone Bridge sites sampled in this study
(46). This strongly suggests that at least some of the C. difficile in
this system may have originated from sewage or agricultural run-
off and that it remains viable within the sediments.

From our ribotype analysis, we see a diverse set of strains pres-
ent in the sediments that include strains of ribotypes that are as-
sociated with environmental or clinical sources, for example,
R010 or R027, respectively (20, 47, 48). R010 and R001 were the
most frequently isolated ribotypes in our study, and while R010 is
not commonly isolated from United Kingdom clinical samples
(48), it has been found in community samples, human wastewa-
ter, and other environmental sources (16, 25, 49).

The ribotype analysis does not indicate where C. difficile enters
this estuarine system. While some clinical ribotypes, such as R078
and R027, were isolated from sites linked to anthropomorphic
inputs, such as the sewage pipe (site 5) samples and the Kench boat
homes (site 16) samples, R010 was isolated from the sewage pipe
site in addition to sites not associated with potential sewage con-
tamination. Furthermore, these sites also yielded ribotypes that
are clinically prevalent, including R005, R046, R014, and R031.
Additionally, we show that these isolates carry different toxin
genes and that they include atoxigenic strains as well as those in
which all four toxin genes were detected.

The prevalence of specific ribotypes may be due to different
factors, such as their viability in the environment, or may reflect

their relative abundances in inflow from contaminating inputs
(e.g., sewage or agriculture runoff). We found that ribotypes can
differ by site and year, which suggests that the C. difficile popula-
tion in the estuarine sediments may be transient, similar to that of
other environments, such as soil (22) and river water (20). It is
unclear whether C. difficile environmental isolates exist as spores
(perhaps under superdormancy) or are active in the sediments.
The distribution of C. difficile isolates found in this study could
also result from the movement of spores or cells throughout the
estuarine system during the tidal cycles. Additionally, the turn-
over of strains may result from active growth in heterogeneous
populations. The isolation of novel types from the environment
could be new ecotypes or environmentally adapted strains. Studies
to investigate this further are ongoing in our laboratory.

Motility may be involved in the bacterium’s pathogenicity (50)
and may aid the bacterium’s adaptation to its environment (51).
Our assays showed that some isolates produced nonmotile growth
and others motile growth, which is consistent with previous ob-
servations (8, 52). Few strains of C. difficile have been designated
nonmotile; for example, one study found that while 17 strains
appeared to be nonflagellated, all expressed the flagellar gene fliC
(53), but some strains, such as M120, lack the entire flagellin-
encoding region F3 (8). Variability in the presence of the flagellin
genes (fliC and fliD) indicates that they undergo recombination
events and/or are subject to environmental selective pressures to
evolve (54). We also showed that some isolates had a variable
motility. This observed switch between motile and nonmotile
growth between assays is consistent with work by Twine et al. (52),
who suggest that motility may be phase variable. The variability in
motile growth does demonstrate the diversity and plasticity of this
trait in environmental isolates.

Populations of environmental bacteria are widely thought to
serve as genetic reservoirs or “resistomes” for antibiotic resistance
genes, which are then transferrable to pathogenic bacteria (see,
e.g., reference 55). Previous work has shown that resistance to
antibiotics used to treat C. difficile, i.e., vancomycin and metroni-
dazole, is rare, but resistance to fluoroquinolones, such as cipro-
floxacin, and to clindamycin, which was previously associated
with CDI, is prevalent both in clinical isolates (56) and in non-
clinical isolates (57). Our results show similar ranges of MICs,
from sensitive to fully resistant, of clindamycin and ciprofloxacin
and only one isolate for which the MIC is suggestive of moderate
susceptibility to vancomycin. No definite correlation between
MIC and ribotype was observed, but a greater sample size could
determine if this is indeed the case. Although we did not observe
resistance to metronidazole or vancomycin, it has been suggested
that subinhibitory concentrations of antibiotics affect the ability
of strains to colonize (15), and therefore, the presence of multiple
fluoroquinolone-resistant isolates in this study may be of clinical
relevance if there is a transmission route from the sediments back
to human hosts.

An abundant and diverse prophage carriage is found within
these environmental isolates, attesting to the facts that phage in-
fection is a constituent part of their biology and that released
phages have access to different strains in this environment. The
frequency of detected prophage carriage in the examined C. diffi-
cile strains is comparable to previous rates determined in clinical
and human isolates (29, 58, 59). We found that the most common
morphology observed was that of myoviruses, which are fre-
quently detected in other studies of this species (28, 29). Also

TABLE 3 Myovirus capsid gene detection as a marker of prophage
diversitya

Ribotype Isolate

Presence of capsid gene from:

MM1 MM2 LTM SMV

010 CD105HS14 � � �
010 CD105HS15 � �
010 CD105HS16 �
010 CD105HS9 � � �
001 CD105HS23 �
001 CD105HS24 � �
001 CD105HS25 �
001 CD105HS12
220 CD105HS22 �
220 CD105HS2 �
220 CD105HS6 �
002 CD105HS17 NAv
002 CD105HS7 � �
031 CD105HS18
031 CD105HS19
005 CD105HS20 �
005 CD105HS10 � �
078 CD105HS26 �
078 CD105HS27
046 CD105HS3 �
014 CD105HS4 �
021 CD105HS5 �
027 CD105HS8 �
012 CD105HS1 � �
106 CD105HS21
NA CD105HS28 �
NA CD105HS11 �
a All isolates were from sediment samples. NA, not assignable; NAv, not available;
MM1, medium myovirus group 1; MM2, medium myovirus group 2; LTM, long-tailed
myovirus; SMV, small myovirus; �, positive.
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consistent with previous work was the observation of bacteriocin-
like particles (PTLPs) in several lysates.

The use of TEM to assess prophage carriage depends on the
titers of phages present in a sample, and there is the chance that
both prevalence and diversity may be underestimated for some
strains. However, our results correspond to published accounts
for a large screening of clinical strains (29), as does our finding
that specific ribotypes encode different prophages (60, 61). The
spontaneous release of C. difficile phages and their differential re-
lease by use of different antibiotics against clinical strains have
been described previously (60, 62).

The PCR screen for known C. difficile myoviruses reveals that
the isolates have genetically recognizable prophages. The dispa-
rate results from the TEM and PCR assays may be due to differ-
ences in the targeted gene sequences, which may explain our ob-
servation of a phage particle in the TEM analysis but no PCR
product, or to the amplification of nonactive, cryptic, prophage
elements, which may explain the cases observed in the TEM anal-
ysis where isolates produced an amplicon but no corresponding
phage particle. Importantly, the known phages used as a basis for
the PCR screen are all able to infect multiple strains of C. difficile
(62–66). Detection of genes in the environmental isolates which
are homologous to genes of infective phages suggests that these
isolates may encode similar infective phages. Strains from the en-
vironment with the ability to spontaneously release phages may
therefore have an impact on horizontal gene transfer within this
system, depending on the activities of the strains in this environ-
ment and the infectivities of released phages.

To conclude, C. difficile strains are present in marine sedi-
ments, and they are genetically distinct and physiologically diverse
in terms of antibiotic susceptibility, motility, and toxin gene car-
riage, with an abundant and morphologically diverse phage car-
riage.
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