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A prerequisite for DNA-based microbial community analysis is even and effective cell disruption for DNA extraction. With a
commonly used DNA extraction kit, roughly two-thirds of subseafloor sediment microbial cells remain intact on average (i.e.,
the cells are not disrupted), indicating that microbial community analyses may be biased at the DNA extraction step, prior to
subsequent molecular analyses. To address this issue, we standardized a new DNA extraction method using alkaline treatment
and heating. Upon treatment with 1 M NaOH at 98°C for 20 min, over 98% of microbial cells in subseafloor sediment samples
collected at different depths were disrupted. However, DNA integrity tests showed that such strong alkaline and heat treatment
also cleaved DNA molecules into short fragments that could not be amplified by PCR. Subsequently, we optimized the alkaline
and temperature conditions to minimize DNA fragmentation and retain high cell disruption efficiency. The best conditions pro-
duced a cell disruption rate of 50 to 80% in subseafloor sediment samples from various depths and retained sufficient DNA in-
tegrity for amplification of the complete 16S rRNA gene (i.e., �1,500 bp). The optimized method also yielded higher DNA con-
centrations in all samples tested compared with extractions using a conventional kit-based approach. Comparative molecular
analysis using real-time PCR and pyrosequencing of bacterial and archaeal 16S rRNA genes showed that the new method pro-
duced an increase in archaeal DNA and its diversity, suggesting that it provides better analytical coverage of subseafloor micro-
bial communities than conventional methods.

Numerous molecular ecological studies have demonstrated
that microorganisms are widely distributed in natural envi-

ronments, where they play significant ecological roles in global
elemental cycles, including in the deep, low-energy sedimentary
habitat beneath the seafloor (1–6). In general, the activity of such
subseafloor microbial communities is extremely low because of
limited availability of energy sources (7–11), whereas phylogeneti-
cally diverse microbial life is present in living or necromass form
(12–19).

To understand the biomass, diversity, and metabolic functions
of naturally occurring microbial communities in deep-sub-
seafloor sedimentary habitats, molecular ecological approaches
(i.e., analyses of DNA, RNA, lipids, etc.) are the most powerful
tools for analyses at community to single-cell levels. In fact, pre-
vious molecular ecological surveys of such habitats have revealed
that the deeply buried ocean microbial ecosystem is distinct from
those of all terrestrial ecosystems (20–27). However, those molec-
ular analyses relied heavily upon available techniques and data-
bases, most of which were not customized for analysis of deep-
sedimentary life forms that may have survived for hundreds to
thousands of years.

In this regard, an important issue that we should carefully con-
sider is the potential of extraction bias; i.e., if significant biases
occur during the experimental and analytical processes, we merely
see the biased community. Does the result obtained under a cer-
tain condition represent the overall picture of the indigenous
community? Numerous previous molecular ecological studies
have used various DNA extraction procedures (24, 28–31), and
hence, cautions have been raised that the use of different DNA
extraction protocols may result in different microbial community
structures (31). Others have pointed out that PCR-based molec-
ular approaches might overlook some evolutionarily distinct deep

subseafloor microbial populations because of bias introduced by
PCR. For example, Teske and Sørensen clearly illustrated the pos-
sible bias in the amplification of archaeal sequences introduced by
the use of conventional PCR primer sequences, which often pro-
duce mismatches to sequences of predominantly sedimentary ar-
chaea in deep sediments (21, 24, 32, 33). The potential for such
bias may also have a critical impact on quantitative molecular
analyses (e.g., measurement of gene quantity or copy number
largely relies on stable amplification of the gene, as well as the
DNA coverage of the primers or probe used). In fact, the presence
of PCR inhibitors, such as humic acids in organic-rich marine
sediments, may significantly diminish the amplification efficiency
and cycle threshold (CT) values in quantitative real-time PCR
analyses, and hence, inhibition-tolerant gene quantification using
digital PCR is a useful alternative (33).

To address these methodological issues, the amount of target
biomolecule extracted from the sample must first be determined.
Extraction of DNA is the first step in many molecular analytical
techniques and, thus, has a significant impact on the results ob-
tained. We have often observed significant inconsistencies be-
tween cell abundance and molecular quantification using tech-
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niques such as conventional quantitative PCR (qPCR), indicating
that the results must be understood to represent only the DNA-
extractable and PCR-amplifiable fraction. Even with commonly
used kits and protocols employing newly developed cell separa-
tion and enumeration techniques (34–36), we found that �75%
of sedimentary microbial cells remained intact in the residue of
DNA extraction, indicating that large fractions of many deep-
subseafloor microbial communities have been missed in previous
molecular ecological surveys.

In this study, we focused on improving the DNA extraction
methodology for microbial communities in deep-subseafloor sed-
iments. We demonstrate that by standardizing the chemical (al-
kaline) and physical (temperature) conditions, our newly estab-
lished protocol increases (i) the cell disruption efficiency (up to
�80%), (ii) the DNA extraction yield (2.7- to 52-times-higher
yield than conventional kit-based methods), and (iii) the molec-
ular quantity and diversity richness of archaeal genes.

MATERIALS AND METHODS
Sample description and subsampling procedure. Marine subsurface
sediment core samples were collected off the Shimokita Peninsula of Ja-
pan in 2006 (site C9001 hole C) during the D/V Chikyu shakedown cruise
CK06-06 (37–40) and from the Nankai Trough plate subduction zone
(site C0006 hole A) during Integrated Ocean Drilling Program (IODP)
expedition 316 in 2008 (41) (Table 1). After core recovery, whole round
cores (10 cm in length) were immediately placed in a freezer and main-
tained at �80°C until laboratory use. For microbiological analyses, the
innermost part of the frozen whole round core was aseptically sampled
using an electric band saw system in a clean booth and without sample
thawing (42). Escherichia coli strain JM109 grown overnight in Luria-
Bertani medium served as the positive control in experiments examining
genome fragmentation in the alkaline treatment solution.

DNA extraction using a commercial kit. A total of 10 g of subsampled
sediment was placed in a 15-ml conical tube. Extracellular DNA and other
soluble molecules were removed by washing the sediment in 2 ml of 3%
NaCl with rotation for 60 min at room temperature, followed by centrif-
ugation at 3,000 � g for 10 min at 20°C and removal of the supernatant.
Potential cell disruption during washing to remove extracellular DNA was
evaluated by enumerating microbial cells in washed and unwashed (in-
stantly fixed) sediment samples, which revealed that washing had a negli-
gible effect (see Table S1 in the supplemental material).

An overnight culture of E. coli JM109 was centrifuged at 5,000 � g for
5 min at 4°C, and the supernatant was removed. Intracellular DNA was
extracted from washed sediment or E. coli cells using either a PowerMax
soil DNA isolation kit (MoBio Laboratories, Inc., Carlsbad, CA, USA) or
FastDNA spin kit for soil (MP Biomedicals, LLC) in accordance with the
manufacturer’s instructions, with the exception of a slight modification to
the shaking conditions. For the PowerMax soil DNA isolation kit, the
sediment was vigorously shaken with autoclaved metal beads (5 mm in
diameter) using a Shake Master auto (Bio Medical Science, Tokyo, Japan)
operated at 1,500 rpm for 10 min. Since we obtained similar cell disrup-
tion efficiency with the two commercial kits, we used the DNA extract
from the PowerMax soil DNA isolation kit for all of the following DNA-
based analyses.

DNA extraction with alkaline lysis solution. A prewarmed (50, 70, or
90°C) 2-ml volume of alkaline lysis solution consisting of 1 M NaOH, 5
mM EDTA (pH 8.0), and 1% SDS was added to either 2 g of washed
sediment sample or pelleted E. coli in a 15-ml conical tube and heated at
the respective temperature for 20 min. The heat-treated samples were
then centrifuged at 10,000 � g for 1 min at 25°C, after which the super-
natants were transferred to new tubes with 1.5 ml of neutralization solu-
tion consisting of 1 M HCl and 0.3 M Tris-HCl (pH 8.0). The remaining
sediment was washed with 2 ml of prewarmed distilled water and centri-
fuged at 10,000 � g for 1 min at 25°C, and the supernatant was recovered

into the same sample tube. The extract was treated with equal volumes
(�5.5 ml) of phenol-chloroform-isoamyl alcohol (25:24:1) and chloro-
form-isoamyl alcohol (24:1) and then precipitated by adding a 1/10 vol-
ume (�0.5 ml) of 3 M sodium acetate, 3 �l of ethachinmate (Nippon
Gene, Tokyo), and a 2.5-times-greater volume (�10 ml) of ice-cold eth-
anol. The sample was then centrifuged at 15,000 � g for 30 min at 4°C,
after which the pellet was washed with 70% ethanol, dried, and dissolved
in 100 �l of 10 mM Tris-HCl (pH 8.0). The solution of DNA extracted
from sediment was further purified using a spin column filled with poly-
vinylpolypyrrolidone (PVPP) to remove PCR inhibitors (e.g., humic ac-
ids). Acid-washed PVPP was prepared according to Holben et al. (1988)
and resuspended in Tris-EDTA (TE) buffer at 6% (wt/vol). A 1-ml vol-
ume of the PVPP suspension was placed onto a microspin column
(Suprec-EZ; TaKaRa Bio, Inc., Shiga, Japan) for DNA purification. The
liquid was removed by centrifugation at 3,000 � g for 15 min at 25°C,
followed by washing with 500 �l of distilled water. Then, 75 �l of the
extracted DNA was placed into the column and the column was centri-
fuged at 3,000 � g for 15 min at 25°C. To gain higher recovery of the
applied DNA, another 75 �l of 10 mM Tris-HCl (pH 8.0) was added to the
same column, which was centrifuged again at 3,000 � g for 15 min at
25°C. The whole hot-alkaline DNA extraction scheme is summarized in
Fig. S1 in the supplemental material.

Enumeration of microbial cells in sediment samples. Prior to DNA
extraction, frozen sediment samples (1 cm3 of each) were fixed with 9 ml
of 2% paraformaldehyde for about 2 h at room temperature. The fixed
slurry samples were washed twice with phosphate-buffered saline (PBS),
resuspended in 10 ml of PBS-ethanol (1:1) solution, and stored at �20°C.
The residue of the sediment after DNA extraction was resuspended in 3%
NaCl (10% [vol/vol]). Enumeration of microbial cells in the slurry sam-
ples was performed according to a previously described protocol (34),
with slight modifications as follows. Briefly, 50 �l of sediment slurry was
mixed with 850 �l of 3% NaCl (filtered through a 0.22-�m membrane)
and sonicated on ice for 1 min using an ultrasonic homogenizer (model
UH-50; SMT Co. Ltd., Tokyo, Japan) set at 20 W, after which 100 �l of
10% hydrofluoric acid was added and the sample was incubated for 20
min at room temperature. After the acid treatment, 500 �l of the mixture
was filtered using a 0.22-�m-pore-size black polycarbonate membrane
(Millipore, Billerica, MA, USA). About 5 ml of 2.5% NaCl solution was
placed into the filter tower prior to the addition of the supernatant to
ensure even distribution of the cells on the filter. The membrane was then
washed with 2.5 ml of TE buffer, and roughly 2 � 108 fluorescent micro-
sphere beads (Fluoresbrite bright blue carboxylate microspheres [BB
beads], 0.5 �m; Polysciences, Inc., Warrington, PA, USA) were added for
use in focus adjustment (34). After air drying, one-fourth of the mem-
brane was placed on the filtration device again and stained with SYBR
green I (1/40 [vol/vol] SYBR green I in TE buffer). The stained filter was
finally mounted on a glass microscope slide with 3 to 5 �l of mounting
solution (2:1 mixture of Vectashield mounting medium H-1000 and TE
buffer). Acquisition of microscopic fluorescence images (at 525/36 nm
[center wavelength/bandwidth] and 605/52 nm by 490-nm excitation)
was performed automatically using a fluorescence microscope system
equipped with an automatic slide handler (35). The resulting images were
analyzed using a macro in Metamorph software (Molecular Devices,
Sunnyvale, CA, USA) to eliminate background signals and discrimina-
tively enumerate cells on the membrane.

DNA quantification with HPLC. Because alkaline treatment dena-
tures DNA into single strands and the DNA extracts had high optical
absorbance by humic substances at around the UV range, we digested
extracted DNA molecules for quantification. To avoid enzyme inhibition
by humic substances that still remained after DNA purification, 30 �l of
each DNA extract was diluted 50-fold (i.e., to 1.5 ml) and then digested
with 170 units of S1 nuclease in reaction buffer (TaKaRa Bio, Inc., Shiga,
Japan) at 65°C for 12 h. The enzyme was inactivated after the reaction by
treatment with 1.5 ml of chloroform-isoamyl alcohol (24:1). After reduc-
tion of the volume to less than 100 �l under vacuum centrifugation (DNA
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SpeedVac; Thermo Fisher Scientific, Inc., Waltham, MA, USA), the nu-
cleotide solution was injected onto an LC-10A high-performance liquid
chromatography (HPLC) system (Shimadzu, Kyoto, Japan) equipped
with a TSKgel ODS-100V column (5 �m, 4.6-mm inner diameter by 150
mm; Tosoh, Tokyo, Japan) and guard column cartridge (TSKgel Guardgel
ODS-100V, 5 �m, 3.2-mm inner diameter by 15 mm; Tosoh). Standards
for each nucleotide were obtained from a DNA GC kit (number 7160;
Yamasa Co., Chiba, Japan). Each nucleotide was quantified relative to the
standard peak area. The total amount of DNA was calculated by summa-
tion of the nucleotides measured.

PCR amplification and pyrosequencing. To estimate the copy num-
bers of archaeal and bacterial 16S rRNA genes, qPCR was conducted with
SYBR premix DimerEraser PCR master mix (TaKaRa Bio, Inc.) using a
StepOnePlus real-time PCR system (Life Technologies, Carlsbad, CA,
USA) according to the manufacturer’s instructions. The 16S rRNA gene
primers EUB27F (43), EUB338R mix (I, 5=-GCTGCCTCCCGTAGGAG
T-3=; II, 5=-GCAGCCACCCGTAGGTGT-3=; and III, 5=-GCTGCCACCC
GTAGGTGT-3=) (44), EUB338F mix (I, 5=-ACTCCTACGGGAGGCAG
C-3=; II, 5=-ACACCTACGGGTGGCTGC-3=; and III, 5=-ACACCTACGG
GTGGCAGC-3=), and UNIV515R (5=-TTACCGCGGCKGCTGRCA-3=)
(45) were used for bacteria, while the ARC806F (5=-GGACTACVSGGGT
ATCTAAT-3=) (46) and ARC958R (5=-YCCGGCGTTGAMTCCAATT-
3=) (47) primers were used for archaea, as previously described (24). Due
to the presence of PCR-inhibiting substances in the DNA extracts, we
diluted the extracted DNA 100-fold, and 1 �l was used for qPCR. The
lower detection limit of the qPCR analysis was determined from the am-
plification of at least three negative-control reactions. To examine the
integrity of the E. coli genome, we used the primer pairs EUB27F and
1490R (45), EUB338F and 1490R, and EUB27F and EUB338R.

For pyrosequencing, amplification of 16S RNA gene fragments was
conducted using the primers EUB27F and EUB338R mix for bacteria and
ARC21F (5=-TTCCGGTTGATCCYGCCGGA-5=) (61) and ARC912R (I,
5=-CCCCCGCCAATTCCTTTAA-3=; II, 5=-CCCCCGTCAATTCCTTCA
A-3=; and III, 5=-CCCCCGCCAATTTCTTTAA-3=) (62) for archaea, with
some modifications relative to the sequences in the original publication.
For sequencing using a GS FLX pyrosequencer (454 Life Sciences, Bran-
ford, CT, USA), another amplification (i.e., six additional cycles) was
performed using the primers EUB27F and EUB338R mix for bacteria and
UNIV530F (I, 5=-GTGCCAGCMGCCGCGG-3=, and II, 5=-GTGTCAGC
CGCCGCGG-3=) and ARC912R for archaea, with 454 FLX Titanium
adapters A and B and a 6-base sample identifier tag. Purification of the
amplified products, quality checks, and sequencing using the GS FLX
pyrosequencer were conducted by TaKaRa Bio, Inc.

Sequence data processing and statistical analyses of microbial com-
munity structures. All of the sequence reads, including sample identifier
tags and primer sequences, were first processed using the Pipeline Initial
Process (http://pyro.cme.msu.edu/init/form.spr), which is part of the
Ribosomal Database Project (48). The parameters for the Pipeline Initial
Process were as follows: forward primer maximum edit distance, 2; max-
imum number of N=s, 0; minimum average exponential quality score, 20;
reverse primer maximum edit distance, 0; and minimum sequence length,
150. Reads that did not match the tags and primer sequences were also
eliminated during the process. A BLAST� analysis with a customized
computer script using the ARB SILVA sequence package (49) as the data-
base (23) was then conducted to clean up the processed sequences such
that nontarget sequences (e.g., bacterial sequences in the archaeal analysis
and vice versa) were excluded in each pyrolibrary. The resulting sequences
were screened for chimeras and then analyzed using the mothur utility
package (50). Chao1 estimates (51) and Shannon diversity index (52)
values were calculated using 97 and 99% sequence similarity cutoffs, re-
spectively.

Sequence accession number. The sequence data obtained in this
study have been submitted to the DDBJ database under accession no.
DRA001030.

RESULTS AND DISCUSSION
Cell disruption efficiency. We first evaluated the cell disruption
efficiency of the DNA extraction methods for subseafloor sedi-
ment samples (Fig. 1). Using two different commercial DNA ex-
traction kits (i.e., the PowerMax soil DNA isolation kit [MoBio
Laboratories, Inc.] and the FastDNA spin kit for soil [MP Bio-
medicals, LLC]), the average proportion of disrupted cells was
30.7% (range, 21.3 to 44.2%). These two DNA extraction kits,
which employed mechanical cell disruption processes, yielded
similar cell disruption efficiencies. The results indicated that ap-
proximately two-thirds of the total microbial cell numbers re-
mained intact in residues after the DNA extraction (see Fig. S2 in
the supplemental material). We then disrupted cells in subseafloor
sediment by treatment with alkaline solution and heat. Lysis un-
der alkaline conditions is widely used as a molecular approach to
extract plasmids from E. coli cells (53). We tested the effects of
harsher conditions involving heating. The cell disruption efficien-
cies after hot-alkaline treatment at 50 to 98°C ranged from 29.1 to
95.8%, which was 0.9 to 3.8 times greater than the efficiency of
commercial kit-based mechanical disruption. The disruption ef-
ficiency for the shallowest sample (i.e., site C0008 core 2H-2, 9.5 m
below the seafloor [mbsf]) (Fig. 1A) was consistently higher than
88% across all treatment temperatures tested. We also observed a
tendency toward lower disruption efficiencies with increasing
sample depth (Fig. 1A to E). However, the cell disruption effi-
ciency was still greater than 47% even in the deepest sample we
examined (i.e., core 40H-10, 364.0 mbsf) (Fig. 1E). The increase in
disruption efficiency with increasing temperature indicates that
loosening of the cell membrane at high temperature enhances the
exposure of the hydrophilic part of membrane lipid molecules to
the alkaline solution. In addition, the higher temperature also pro-
motes saponification of the membrane lipids during the alkaline
treatment, and those effects were found to be key for obtaining
highly efficient cell disruption.

Degree of DNA fragmentation by hot-alkaline treatment. Al-
though we could obtain a higher percentage of disrupted cells
when using the hot-alkaline treatment, the DNA extracted into
the alkaline solution was denatured into the more labile single-
stranded form. Therefore, we examined the degree of fragmenta-
tion of the extracted DNA using E. coli genomic DNA. The same
hot-alkaline treatment was applied to a pellet of E. coli cells, and
the extracted DNA was then analyzed using electrophoresis (Fig.
2A). Analysis of the gel image showed that the E. coli genome was
broken into fragments shorter than 5 kb with the hot-alkaline
treatment at 90°C and into fragments shorter than 1 kb at 98°C.
Another examination with the nearly full-length PCR-amplified
E. coli 16S rRNA gene showed that the fragmentation was critical
for subsequent molecular analysis (e.g., 16S rRNA gene survey)
when E. coli cells were disrupted at temperatures ranging from 90
to 98°C, as no amplifications were observed by PCR using the
27F-1490R primer pair (Fig. 2B). This result suggested that at least
one strand break occurred in almost all of the 16S rRNA genes and
resulted in null amplification with treatment at 90 and 98°C. In
contrast, there was no significant difference in amplification of the
16S rRNA gene with treatment at 50 and 70°C (Fig. 2B). Given
these gel-based observations, we concluded that heating at 70°C
would provide for optimal preservation of DNA quality for sub-
sequent molecular analyses.

Quantification of extracted DNA. The DNA extracted using
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the hot-alkaline treatment was single stranded, and the DNA so-
lution still contained humic substances. Although we could re-
move a large fraction of the humic substances by PVPP purifica-
tion and obtain clear DNA extracts without significant loss of the

applied DNA (i.e., more than 95% recovery of applied DNA [data
not shown]), there was a substantial background in optical absor-
bance in the UV region around 260 nm. This was likely caused by
remnant humic substances, which impeded subsequent spectro-
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metric quantification of the extracted single-stranded DNA (data
not shown). Therefore, to determine and compare the total quan-
tity of DNA extracted using the hot-alkaline treatment with that
obtained using a kit-based approach, we digested the DNA ex-
tracted using both approaches into nucleotides and quantified
them using HPLC (Fig. 3A). Although the DNA concentration in
samples from deeper sediments was below the detection limit (no
nucleotide peak observed in HPLC traces) in the kit-extracted
samples, DNAs prepared from all sampling depths using the hot-
alkaline extraction method were measurable by HPLC. A compar-
ison of the total amounts of DNA extracted using the hot-alkaline
and kit-based methods showed that the DNA yield using hot-
alkaline extraction was 2.7 to 52 times higher than that obtained
using kit extraction (Fig. 3A).

Figure 3B shows the copy numbers of bacterial and archaeal
16S rRNA genes, as estimated by qPCR analysis. Interestingly, the
estimated copy numbers of archaeal 16S rRNA genes recovered
using hot-alkaline DNA extraction were generally higher than
those of genes recovered using a commercial kit. The most prob-
able explanation is that the strong chemical and physical lysis con-
ditions of the hot-alkaline method enhanced disruption of the
subseafloor archaeal cells. Since archaeal cells in deep-subseafloor
sediments might have a more rigid cell wall than bacteria (54), we
infer that previous molecular ecological surveys might have
caused biases for the archaeal community (24). These results are
also consistent with the deep sequencing analysis, which showed
an increase in archaeal diversity richness (described below).

The total copy numbers of 16S rRNA genes were generally
inconsistent despite the increased amounts of total DNA extracted
using the hot-alkaline method. The numbers of bacterial 16S
rRNA gene copies as determined by qPCR analysis were lower in
some samples extracted using the hot-alkaline method than in
samples extracted using a commercial kit (Fig. 3B), probably due
to the excess fragmentation of DNA released from the cells (espe-
cially for easily lysed bacteria) in the hot-alkaline solution. In our
standardization of the optimum hot-alkaline treatment condi-
tions using the E. coli genome, extracted genomic DNA retained
sufficient integrity for amplification of nearly full-length 16S
rRNA gene fragments (i.e., �1,500 bp). However, the stability of

deep-subseafloor microbial DNA remains largely unknown. That
is, the degree to which DNA of the extremely inactive subseafloor
cells is damaged by the severe conditions of deep and ancient
marine sediments has not been determined. If a large fraction of
subseafloor microbial DNA has been damaged prior to extraction
and is then further fragmented upon extraction, the amount of
single-stranded DNA determined by HPLC as nucleotides may
disagree with the qPCR results. Alternatively, the addition of DNA
sequences that do not match to the primer sequences used (32, 33)
potentially increased undetectable fraction of sequences over the
kit extraction.

We performed a quantitative comparison between the quan-
tity of DNA extracted and the microbial cell abundance. The total
copy numbers of 16S rRNA genes were generally lower than the
microbial cell abundances in organic-rich sediment samples down
to 177.4 mbsf (Table 1). However, we could see an interesting
trend in which the copy number of 16S rRNA genes got close to
the microbial abundance in deep (364 mbsf) and organic-poor
sediments (C9001C 40H-10 and C0008A 3H-6, respectively). In
the DNA recovered using hot-alkaline DNA extraction, the total
copy number of 16S rRNA genes was found to be higher than the
microbial cell abundance. Considering the multiplicity of 16S
rRNA genes in a microbial genome (55), the copy numbers de-
tected are still not enough to cover all the microbial biomass.
However, the increased qPCR copy numbers of archaeal 16S
rRNA genes should contribute to higher coverage of the microbial
community. We also estimated calculated cell numbers (CCN)
based on the quantity of DNA extracted by assuming average ge-
nome sizes of microbes (2,000 kb and 3,800 kb). The CCN of DNA
extracted from a shallow-subseafloor sample (C9001C 2H-2, 9.5
mbsf) appeared to fit well with the lysis efficiency (Fig. 1) for both
of the extraction procedures. However, in deeper sediment
(10H-1, 84.0 mbsf), the CCN for kit-extracted DNA was 10 times
smaller than the fraction of cells lysed, whereas that for hot-alka-
line-extracted DNA was 1.77 times greater than the total microbial
cell abundance. We could not calculate the CCN for kit-extracted
DNA in deeper sediment because of low DNA recovery. Although
the CCN for DNA recovered using the hot-alkaline extraction
method decreased with increasing depth, the depth-wise tendency
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was for the cell abundance to be greater than the CCN. The CCN
was 8.9 times greater in the deepest sample (C9001C 40H-10, 364
mbsf) and 100 times greater in organic-poor sediments (C0008A
3H-6, 22.0 mbsf) than the cell abundance. The decreasing extract-
ability by kit-based extraction and inversely increasing extract-
ability using the hot-alkaline method is difficult to explain;
however, it may possibly be due to the existence of DNA extrac-
tion-resistant cells in the subseafloor sediment, which might be
derived from (endo)spore-related biomass. Recently Lomstein et
al. found necromass to be greater than living biomass in marine
subsurface sediments (16). Because of the impermeability of spore
walls, it has been discussed that spores are generally missed in
microbial cell detection by nucleic acid staining.

Comparison of the microbial community structures of sam-
ples prepared using hot-alkaline and kit-based DNA extraction
methods. Using pyrosequencing of the bacterial and archaeal 16S
rRNA genes, we compared the microbial community structures

(i.e., composition and diversity) based on DNA extracted with our
new hot-alkaline method and a commercial kit (Fig. 4). The aver-
age number of sequence reads per sample was 15,517 (see Table S2
in the supplemental material). Phylogenetic analysis of the com-
munity composition in samples prepared using the two DNA ex-
traction protocols showed significant differences in archaeal 16S
rRNA genes (Fig. 4A). For example, the relative fraction of marine
benthic group B (MBG-B, also referred to as the deep-sea archaeal
group [DSAG]) generally increased (8.1 to 2,800 times) in samples
prepared using the hot-alkaline extraction method, except for
sample C9001C 40H-10 (364 mbsf), in which only one MBG-B
sequence was detected with both extraction methods. In addition,
the increased percentage of MBG-B archaea was generally consis-
tent with the results of qPCR analysis, which showed increased
recovery of archaeal 16S rRNA genes. This result was also consis-
tent with the increase in total DNA yield with the hot-alkaline
extraction method. The MBG-B are the predominant archaeal
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components detected in shallow- to deep-subseafloor sediments
on the continental margins (15, 46, 56, 57), which harbor a phy-
logenetically diverse array of subseafloor archaea (58). We hy-
pothesize that following burial in deep-sedimentary horizons, the
MBG-B cell wall might become rigid upon starvation, and there-
fore, some of the DNA of these populations could be recovered by
hot-alkaline treatment of the cells. On the other hand, the fraction
of anaerobic methane-oxidizing Archaea (ANME-1) generally de-
creased in samples prepared using the hot-alkaline extraction
method, except for sample C9001C 40H-10 (364 mbsf). The ap-
parent disappearance of ANME-1 sequences for the hot-alkaline-
extracted DNAs shown in Fig. 4 is most likely due to the other
sequences that outnumbered ANME-1 sequences in the commu-
nity reads.

We observed a clear difference in the archaeal composition in
samples from site C9001 hole 40H-10 prepared with each extrac-
tion method; members of the Halobacteriales and other groups
(miscellaneous crenarcheaotic group [MCG], ANME-1, Metha-
nosarcinales, and Thermoplasmatales) were the predominant ar-
chaeal components in samples extracted using the hot-alkaline
method, whereas MCG archaea predominated in kit-extracted
samples (�85%) (Fig. 4A). The relatively diverse archaea identi-
fied by analysis of the hot-alkaline-extracted DNA from site
40H-10 sediment were most likely detected as a result of the in-
creased cell disruption efficiency provided by the hot-alkaline
treatment, which is consistent with the largest increase (3.94
times) in the qPCR-detected archaeal population among the sam-
ples tested. These organisms therefore could remain undetected in
samples analyzed using conventional standard molecular tech-
niques.

In contrast to the archaeal communities, the composition of
bacterial communities in samples prepared using each DNA ex-
traction method was similar throughout the depths examined (see
Fig. S3A in the supplemental material). These results were consis-
tent with the qPCR results, which showed similar abundances of
bacterial 16S rRNA genes between the two DNA extraction meth-
ods (Fig. 3B). This consistency provides another indication that
archaeal cells are the major fraction of microbes that remain un-
disrupted by a conventional kit-based DNA extraction.

We then compared the � diversity of the two DNA extraction
methods. Figure 4B and C show the Chao1 estimates (i.e., species
richness) and Shannon-Wiener (H=) diversity indices calculated
based on pyrosequencing of the archaeal a 16S rRNA gene frag-
ments. For the archaeal communities, both the species richness
(i.e., Chao1) and diversity (H=) of samples prepared by hot-alka-
line DNA extraction were generally higher than those of samples
prepared using a commercial kit (Fig. 4B). This is consistent with
the amounts of DNA extracted, qPCR results, and community
composition determined based upon analysis of the archaeal 16S
rRNA genes, which were all impacted by the high cell disruption
efficiency of the hot-alkaline method. One exception to the trend
toward higher Chao1 and Shannon scores was site C9001 10H-1.
In this sample horizon, the proportion of MBG-B sequences was
increased by the hot-alkaline treatment and constituted 96.5% of
the total sequence read (Fig. 4). Because of the increased MBG-B
sequence recovery, we can infer that the relative abundance of
other phylogenetic groups decreased. In addition, when we ex-
tended the similarity cutoff to 99%, the diversity indices of hot-
alkaline-extracted DNA from site C9001 10H-1 were higher than
those of kit-extracted DNA (Fig. 4C). Hot-alkaline extraction thus

brought to light the microdiversity present within the MBG-B
archaeal community.

For the bacterial communities, we observed increased diversity
scores (both Chao1 and H=) for samples of hot-alkaline-extracted
DNA from the deep subseafloor at site C9001 40H-10 and the old
accretionary prism of site C0008 3H-6 (see Fig. S3B in the supple-
mental material). These two samples represented the lowest re-
covery of DNA using both extraction methods due to the low cell
abundance (�104 cells/cm3) (Table 1). Under the conditions
characteristic of these deep-subseafloor sedimentary biospheres,
the physiological state of the bacteria might be slightly different
than that of bacteria in relatively shallow and more recently
formed sedimentary habitats (2, 16, 59). Similar to the case with
archaea, bacteria in these habitats may be more difficult to disrupt
using standard kit-based DNA extraction methods. In fact, the
diversity scores of bacterial communities from other horizons
were similar or slightly lower for samples prepared using hot-
alkaline extraction, which agreed well with other observations
(i.e., qPCR and community composition). When we extended the
similarity cutoff to 99%, both the species richness and diversity
scores of all samples prepared by the hot-alkaline DNA extraction
method increased (see Fig. S3C). As was the case with archaeal
communities, this result indicated that there are some lysis-resis-
tant bacterial components present that can only be explored using
the hot-alkaline DNA extraction method.

Conclusion. The improved DNA extraction efficiency pro-
vided by the hot-alkaline treatment method described here en-
abled us to demonstrate that the deep-subseafloor sedimentary
biosphere harbors a large fraction of lysis-resistant cells that might
have been missed in previous molecular ecological surveys based
on standard DNA extraction protocols. In this study, we observed
that microbial communities in the deep-subseafloor biosphere are
more phylogenetically and physiologically diverse than previously
expected. Our results do not mean that the DNA extraction
method we standardized here could solve all the issues of bias,
however. For example, there are still gaps between the amount of
extracted DNA and the abundance of 16S rRNA genes, suggesting
the presence of another factor(s) that may bias molecular detec-
tion and quantification of deep-subseafloor microbes. Neverthe-
less, the results of this study not only expand the molecular view of
deep-subseafloor microbial communities, they also illustrate that
there is much more that remains to be explored. More effective
cell lysis and DNA retrieval must be key components of future
molecular ecological studies at the community and single-cell lev-
els if we are to obtain a better understanding of deep-subseafloor
microbial ecosystems.
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