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Intestinal enteroids are ex vivo primary cultured single-layer epithelial cell spheroids of

average diameter �150 lm with luminal surface facing inward. Measurement of

enteroid swelling in response to secretagogues has been applied to genetic testing in

cystic fibrosis and evaluation of drug candidates for cystic fibrosis and secretory

diarrheas. The current measurement method involves manual addition of drugs and

solutions to enteroids embedded in a Matrigel matrix and estimation of volume

changes from confocal images of fluorescently stained enteroids. We developed a

microfluidics platform for efficient trapping and immobilization of enteroids for

quantitative measurement of volume changes. Multiple enteroids are trapped in a

“pinball machine-like” array of polydimethylsiloxane posts for measurement of

volume changes in unlabeled enteroids by imaging of an extracellular, high-molecular

weight fluorescent dye. Measurement accuracy was validated using slowly expanding

air bubbles. The method was applied to measure swelling of mouse jejunal enteroids

in response to an osmotic challenge and cholera toxin-induced chloride secretion. The

microfluidics platform allows for parallel measurement of volume changes on multiple

enteroids during continuous superfusion, without an immobilizing matrix, and

for quantitative volume determination without chemical labeling or assumptions

about enteroid shape changes during swelling. VC 2014 AIP Publishing LLC.

[http://dx.doi.org/10.1063/1.4870400]

INTRODUCTION

Tissue spheroids and organoids comprised of normal or diseased cells have been used

extensively to study cellular physiology and disease mechanisms, and to test therapeutics.1,2

Recently, it has become possible to generate enteroids consisting of a single layer of intestinal

epithelial cells (enterocytes) with the luminal (apical) surface facing inward.3–6 Intestinal enter-

oids represent a significant advance in gastrointestinal physiology and medicine because it has

not been possible to generate primary enterocyte cultures. An important application of intestinal

enteroids is analysis of membrane transport phenomena, such as transepithelial fluid secretion

driven by active sodium or chloride transport. Enteroids generated from human rectal biopsies

from cystic fibrosis patients have been used to study the phenotype of mutant CFTR (cystic

fibrosis transmembrane conductance regulator) chloride channels causing cystic fibrosis and the

potential efficacy of CFTR-targeted drugs and gene therapy.7,8 Another major transport applica-

tion of enteroids is in studies of the pathophysiology of secretory diarrheas and testing of poten-

tial antisecretory therapeutics.7–9
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The principal readout in membrane transport studies is enteroid volume, which changes

with osmotic water movement driven by active transepithelial ion or solute transport. The cur-

rent approach to follow enteroid volume changes involves confocal imaging of enteroids in

response to addition of membrane transport agonists or inhibitors, or changes in solution com-

position.7 Enteroids are immobilized in an extracellular matrix such as Matrigel and images are

acquired following manual solution changes. Limitations of the current methodology include:

(i) restrictions of the embedding extracellular matrix on access of extracellular components and

enteroid swelling; (ii) inefficient solution mixing; (iii) the need to label enteroids with a fluores-

cent dye for confocal imaging; (iv) challenges in making parallel measurements on many enter-

oids; and (v) inaccuracies in deducing enteroid volume changes from confocal images. The lat-

ter limitation is quite significant because of the anisotropic shape and swelling of enteroids,

particularly when immobilized in an extracellular gel matrix.

In order to overcome these limitations, we developed a microfluidics platform to immobilize

enteroids for efficient superfusion and continuous, parallel image acquisition without the need for

an immobilizing matrix. Enteroid volume is deduced quantitatively from area-integrated fluores-

cence of an excluded extracellular dye, without the need for enteroid staining or assumptions

about enteroid shape and swelling geometry. Applications are demonstrated for measurements of

transepithelial osmotic water permeability and cholera toxin-induced fluid secretion.

EXPERIMENTAL

Microchannel fabrication

The microchannel was fabricated using conventional photolithography with mask, master,

and PDMS (polydimethylsiloxane) stamp processes. The microchannel design (drawn using

AUTOCAD 2010, Autodesk) was printed onto a film mask at 25 400 dpi resolution (CAD/Art

Services, Inc.). To prepare the master with uniform height >200 lm, SU-8 2075 negative photore-

sist (Microchem Corp.) was spin-coated onto a silicon wafer (Addison Ddison Engineering, Inc.)

in two steps. In the first step, �4 ml SU-8 2075 was dropped on a 4-in. diameter silicon wafer and

spin-coated at 500 rpm for 10 s and then at 2000 rpm for 30 s to give 110–120 lm thickness, and

then prebaked at 65 �C for 5 min and at 95 �C for 30 min. The same procedure was repeated to

give 220–240 lm final thickness. The photoresist was then exposed to UV light (350 nm, 280

mJ/cm2 for 56 s) through the previously prepared film mask and post-baked at 65 �C for 5 min and

then at 95 �C for 14 min. The final features on the silicon wafer were developed using SU-8 devel-

oper (MicroChem Corp.) for 30 min in a sonicator. The channel height of the master was measured

as �240 lm using a profilometer (XP-2 stylus profilometer, Ambios Technology, Inc.).

The PDMS microchannel was fabricated by standard replica molding, using DA-184A and

DA-184B (Dow Corning) in a 5:1 ratio. Liquid PDMS was poured on the master and air bub-

bles in the deep structure were eliminated under vacuum for 1 h, and cured at 80 �C for 1 h.

The wafer was refrigerated at �20 �C for 2 h to shrink the microstructure before peeling the

PDMS stamp from the silicon wafer in order to prevent disruption during peeling. The inlet and

outlet of the PDMS stamp were punched with a 2-mm biopsy punch (Harris Uni-Core) and

bonded onto a glass slide (Thermo Scientific Erie Scientific) using air plasma treatment

(Harrick Plasma) at 700 mTorr for 50 s.

Trapping efficiency was determined as the number of the trapped enteroids divided by the

total number of the injected enteroids.

Enteroid volume change measurement

Enteroid volume change was measured by imaging of an enteroid-excluded, extracellular

fluorescent dye in which changes in enteroid volume alter the total amount of dye in the

enteroid-containing area. To minimize scattering and shadow effects, a long-wavelength fluores-

cent dye (10000 dextran Alexa Fluor 647, Molecular Probes) was imaged using a 2� magnifi-

cation lens (Nikon Plan UW, numerical aperture 0.06, working distance 7.5 mm) with >250 lm

depth-of-field. Enteroid volume was computed from area-integrated fluorescence as described in
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results. To validate the accuracy of volume determination, slowly expanded bubbles are gener-

ated in the microfluidic chamber (see supplementary Fig. S110 and movie S110) by injecting

low-temperature (4 �C) cell culture media. Bubble volumes deduced by fluorescent dye exclu-

sion were compared to volumes deduced by light microscopy assuming spherical geometry.

Experimental and computational visualization of flow pattern around microstructures

Experimental determination of flow pattern was accomplished by visualizing the streak-

lines of small fluorescent particles (diameter 7 lm, Bangs Laboratories, Inc.). Flow patterns

were determined around unoccupied posts and posts occupied by large polystyrene beads

(150 lm, Bangs Laboratories, Inc.).

Computational determination of the flow-field around microstructures, with and without

trapped enteroids, was done by finite-element simulations using COMSOL Multiphysics (ver-

sion 3.4; COMSOL). The Navier-Stokes solver for an incompressible fluid was used with

�200 000 mesh elements. Boundary conditions included constant-velocity at the inlet, and no

viscous stress and pressure boundary at the outlet.

Enteroid culture

Mice (age 6–12 weeks, CD1 genetic background) were maintained in air-filtered cages and

fed normal mouse chow in the UCSF. Animal Care facility. Procedures were approved by the

UCSF Committee on Animal Research. Mice were sacrificed using high-dose avertin and the

intestine was collected and placed in ice-cold PBS (Phosphate buffered saline). Crypts were iso-

lated as described.3,11 Briefly, the mid-jejunum (�7 cm) was opened lengthwise, and 3–5 mm cut

fragments were washed and incubated for 1 h in chelation buffer (in mM: 5.6 Na2HPO4, 8.0

KH2PO4, 96.2 NaCl, 1.6 KCl, 43.4 sucrose, 54.9 D-sorbitol, and 0.5 dithiothreitol) containing

2 mM EDTA. Crypts were pelleted at 400 g for 10 min and plated by resuspending 200–300 crypts

in 50 ll Matrigel (growth factor-reduced, phenol-free; BD Biosciences). Enteroids were cultured

in DMEM (Dulbecco’s modified Eagle’s medium)/F12 containing 100 U/ml penicillin/streptomy-

cin, 10 mM HEPES (4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid), 2 mM Glutamax, 1:50

dilution B27 supplement, 1:100 dilution of N2 supplement (all from Invitrogen), 500 lM

N-acetylcysteine (Sigma), 100 ng/ml Noggin (Peprotech), 50 ng/ml EGF (Epidermal growth fac-

tor, Sigma), 10 nM L-gastrin (Anaspec), 10 mM nicotinamide (Sigma), 500 nM A83 (Tocris), and

10 lM SB202 (Sigma). Wnt3A (50% final volume) and R-Spondin1 (20% final volume) were sup-

plemented as conditioned media generated from transfected cells, as described.11 The medium

was changed every 2–3 days and the enteroids were passaged weekly. For passage, the Matrigel

was disrupted using a P200 pipette in 1 ml of cell recovery solution (BD Biosciences) and by

20 min incubation at 4 �C on an orbital shaker. The enteroids were transferred to 15 ml Falcon

tube, centrifuged at 400 g for 10 min at 4 �C, and the pellet was resuspended in Matrigel for

plating.

Enteroid recovery for microfluidics studies

Enteroids at passage 4 or above were used to minimize villous fragments and tissue debris.

Most of the enteroids became rounded within 1–2 days after splitting, as described.3,11 The enter-

oids were recovered from Matrigel with cell recovery solution by 20-min incubation at 4 �C on an

orbital shaker. Centrifugation was not done in the recovery procedure in order to prevent trauma

to the enteroids. The enteroids were then added to advanced DMEM/F12 media containing 2 mM

Glutamax and 10 mM HEPES and used for microfluidics studies within 3 h of harvesting.

RESULTS

Microfluidic chamber design

The design criteria for the microfluidic channel included efficient entrapment and immobili-

zation of enteroids for continuous, parallel measurements on ten or more enteroids during
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perfusion. Additional criteria included rapid solution exchange, exclusion of very large or small

enteroids in a heterogeneous population, prevention of clogging, and chamber reusability. As a

major intended application is measurement of enteroid swelling, the design criteria also

included a microscopy approach for continuous measurement of enteroid volume without

assumptions about enteroid 3-dimensional geometry or shape changes during swelling or the

need for fluorescent labeling of enteroids.

Fig. 1(a) diagrams the microfluidic channel design. A suspension of enteroids containing a

heterogeneous size population is injected into the chamber. A filter region, consisting of a rec-

tangular array of posts (100-lm diameter, 180-lm gap) traps large debris and very large enter-

oids to prevent clogging of the trap region. The trap region consists of rows of progressively

more tightly spaced post-pairs to trap enteroids, with the final row closely spaced to trap all

remaining enteroids for determination of trapping efficiency. The detailed geometry of the post-

pairs shown in the figure inset was established empirically, after testing various shapes, to best

immobilize individual enteroids during continuous perfusion and, for chamber reuse, to release

them by reversal of perfusion direction. The gap in the post-pairs determines the minimum size

of enteroids that are trapped, which can be tailored for enteroids of different sizes. The micro-

fluidic channel design included two injection side-ports for solution exchange. The height of

the trap area was �240 lm to minimize fluid space between enteroids and the chamber top/bot-

tom for volume measurement by fluorescent dye exclusion.

The dye exclusion method for measurement of enteroid volume is diagrammed in Fig.

1(b). A membrane-impermeant fluorescent dye, Alexa Fluor 647-dextran (10 kDa) was added in

FIG. 1. Microfluidic channel design and volume measurement principle. (a) Channel design, showing passage of an enter-

oid suspension through a filter region to remove large particles and debris, and then into a trap region to immobilize for mi-

croscopy. Side injection ports allow continuous perfusion with different solutions. Inset at right shows post-pair geometry.

(b) Principle of enteroid volume determination by fluorescent dye exclusion in which the perfusion solution contains a

membrane-impermeant fluorescent dextran. Enteroid-excluded volume reduces area-integrated fluorescence signal.
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the perfusate as an extracellular volume marker that did not adhere to enteroids. Enteroid swel-

ling results in extracellular dye volume exclusion and reduced fluorescence signal in the area

containing the enteroid. Using a low-magnification objective lens with wide depth-of-field, the

fluorescence signal change is linear with changes in enteroid volume, allowing computation of

absolute enteroid volume. This approach obviates the need for assumptions about enteroid

shape changes during swelling, as needed with 2-dimensional enteroid projection or confocal

images.

Microfluidic chamber characterization

As described under methods, fabrication involved two steps. A challenge in fabrication was

the uniform 220–240 lm height, which required spin coating again after pre-baking. A top-view

light micrograph of the trap area of the microfluidic channel in Fig. 2(a) (left) shows the

arrayed post-pairs. Fig. 2(a) (right) shows top and size-view fluorescence confocal reconstruc-

tions taken of aqueous FITC (fluorescein isothiocyanate)-dextran filling the channel. The posts

extended through the 240-lm high chamber.

Fig. 2(b) (left) shows a light micrograph of trapped enteroids, which, following reversal of

perfusion direction, resulted in release of trapped enteroids for chamber reuse (Fig. 2(b) center

and right). The solution exchange time, as judged from the integrated fluorescence intensity

around enteroids, was �3 s at a perfusion rate of 200 ll/min (Fig. 2(c)). During solution

exchange the trapped enteroids remained immobilized.

Computational fluid dynamics and experimental particle tracking are useful to determine

the fluid-flow pattern and shear stress in microfluidic channels.12 The fluid-flow pattern in the

microfluidic channel used here was investigated. Fig. 2(d) shows streak-lines around unoccupied

post-pairs and post-pairs occupied by trapped beads. The flow pattern showed the expected

FIG. 2. Characterization of microfluidic channel. (a) Images of trap region of the channel showing top view by light mi-

croscopy (left) and top and side views by fluorescence confocal microscopy in which the channel was filled with an aque-

ous solution of FITC (fluorescein isothiocyanate)-dextran. (b) Release of trapped enteroids by reversal of flow direction,

showing reuse with reinjection of enteroids. (c) Solution exchange time measurement around a trapped enteroid (left, top)

showing fluorescence micrographs at indicated times after exchange between a non-fluorescent and fluorescent solution at

a perfusion rate of 200 ll/min. Graph at right shows integrated fluorescence around the enteroid. (d) Experimental determi-

nation of streak-flow obtained by visualization of 7 lm fluorescence particles around post-pairs. (e) Three-dimensional nu-

merical simulation using Comsol Multiphysics of flow pattern around post-pairs showing streamlines and pseudo-color

velocity field in the mid-plane (left) and vertical plane (right).
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deviation around trapped beads, with reduced but non-zero streak-line density through post-

pairs gap (red arrows) compared with that of vacant post-pairs (green arrows). Fig. 2(e) shows

computed flow streamlines without (upper) and with trapped beads (lower). The deviation in

flow pattern around the bead-occupied posts was similar to that determined experimentally. The

total shear stress around beads was 8.5� 10�8 N, as determined from the computed velocity

gradient and pressure.

Fig. 3(a) (and supplementary movie S210) shows efficient trapping of enteroids. Injection

of a heterogeneous suspension of 20–30 murine jejunal enteroids with a range of diameters

from �50 to 300 lm resulted in trapping of enteroids with diameters �80–200 lm. The trapped

enteroids remained immobilized indefinitely during perfusion. Trapping efficiency, as judged by

counting the number of trapped vs. total enteroids in the trap region, was �75% with �15%

standard deviation (Fig. 3(a), right).

Volume determination by fluorescent dye exclusion

The fluorescent dye exclusion method allows for continuous determination of absolute

enteroid volume from the reduction in integrated fluorescence signal in the region extending to

or beyond the boundary of each enteroid. A suitable membrane-impermeant fluorescent dye

(Alexa Fluor 647-dextran, 10-kDa) and a wide depth-of-focus 2� objective lens (Nikon Plan

UW) were chosen for these measurements.

Fig. 3(b) shows a light micrograph of a trapped enteroid (top) and the darkened region, or

“shadow,” cast by the enteroid due to fluorescent dye exclusion (bottom). The reduction in

area-integrated fluorescence is a linear measure of excluded extracellular volume and hence of

FIG. 3. Trap efficiency and volume measurement by fluorescent dye exclusion. (a) Light micrographs showing trapped

enteroids (left) and deduced trap efficiency (right). For each test 20–30 enteroids with diameters of 50–300 lm were

injected, and trapping efficiency was determined by counting the number of trapped vs. total enteroids in the trap region.

(b) Light (top) and wide-field fluorescence (middle) micrographs obtained with 10� objective lens showing the shadow

cast by dye exclusion. The fluorescence signals are integrated over indicated areas in the enteroid-occupied region and an

enteroid-free region (bottom). (c) Comparison of bubble volumes determined by dye exclusion (ordinate) with actual vol-

umes determined by light microscopy (abscissa).
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enteroid volume. Enteroid volume, Venteroid, is calculated by subtracting the enteroid-excluded

volume

Venteroid ¼ Vfree 1�
ð

enteroid

F

�ð
free

F

 !
; Vfree ¼ S� H; (1)

where Vfree is the enteroid-free volume, and S is the same-size integration area for the

enteroid-containing and the enteroid-free region as shown in Fig. 3(b), in which the posts are

excluded by intensity threshold analysis. Vfree is determined from S and channel height H.Ð
enteroidF is the area-integrated fluorescence over the enteroid region, and

Ð
freeF is the

area-integrated fluorescence over the enteroid-free region. With no enteroid,
Ð

enteroidF¼
Ð

freeF,

so absolute enteroid volume is zero; if an enteroid fully occupies the region,
Ð

enteroidF is zero,

so absolute enteroid volume is S�H.

The accuracy of volume determination by dye exclusion was tested using slowly expanding

air bubbles generated by injection of low-temperature (4 �C) culture media in the microchannel

(see supplementary Fig. S110 and movie S110). Bubbles were generated by sub-cooled convec-

tive boiling from the temperature differences between the injected culture media and surround-

ing environment.13 Bubble volumes determined by fluorescent dye exclusion were in good

agreement with those determined by light microscopic measurement of bubble diameter assum-

ing spherical shape (Fig. 3(c)).

Enteroid swelling measurements

Two applications of the microfluidic chamber are demonstrated—osmotically and

secretagogue-induced swelling. Fig. 4(a) and supplementary movie S310 show light microscopy

FIG. 4. Enteroid water permeability determined from measurement of osmotically induced swelling. (a) Light micrographs

showing enteroid swelling at indicated times after replacement of the isosmolar bathing solution with distilled water. (b)

Fluorescence micrographs of entrapped enteroids perfused with extracellular fluorescent dye before and at 4.5 min after

reduced perfusate osmolality. (c) Computed kinetics of enteroid swelling following osmotic challenge.
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of enteroid swelling in response to an osmotic challenge in which perfusate osmolality was

reduced from 300 to 0 mOsm. As enteroids consist of tight epithelial monolayers their swelling

kinetics in response to an osmotic gradient provides a quantitative measure of transcellular

water transport across enterocyte cell apical and basolateral plasma membranes. Fig. 4(b) shows

wide-field fluorescence micrographs of extracellular Alexa Fluor 647-dextran in response to an

osmotic challenge. Alexa Fluor 647-dextran (10 lM) in the culture media was injected with the

enteroids, which was followed by perfusion with distilled water containing the same concentra-

tion of fluorescent dye. Enteroid swelling reduced extracellular dye amount in the area overly-

ing enteroids and hence the fluorescence signal.

Fig. 4(c) summarizes the deduced time course of enteroid volume following the osmotic

challenge. All of the trapped enteroids of different sizes showed osmotic responses indicating

an intact cell layer. From the initial swelling rates, and assuming a smooth spherical enteroid

surface, the computed transepithelial osmotic water permeability coefficient (Pf) was

0.0024 6 0.0008 cm/s (S.D.).

An important biomedical application of enteroid swelling measurements is investigation of

mechanisms of secretory diarrheas and identification and testing of candidate antisecretory ther-

apeutics. We used the microfluidic chamber to study enteroid swelling in response to cholera

toxin, the major secretagogue in cholera that acts by elevation of cytoplasmic cAMP (cyclic

adenosine monophosphate) and protein kinase A-mediated phosphorylation of CFTR Cl� chan-

nels. Channel activation results in Cl� secretion with secondary Naþ and water transport. After

trapping enteroids, cholera toxin (2 lg/100 ll in the culture media) was perfused together

10 lM Alexa Fluor 647-dextran. Fig. 5(a) (and supplementary movie S410) shows light micro-

graphs of enteroid swelling following application of cholera toxin. Figs. 5(b) and 5(c) show flu-

orescence micrographs of extracellular Alexa Fluor 647-dextran and deduced swelling rates. A

fraction of the enteroids responded to the cholera toxin, showing a swelling response after �1

h, with average maximum swelling rate of �8� 104 lm3/min. The presence of enteroids that

did not respond to cholera toxin may be related to different stages of differentiation and hence

CFTR expression.

DISCUSSION

The microfluidics approach developed here to follow enteroid swelling addresses an unmet

need in a nascent field that has received considerable recent attention, in part because of appli-

cations of enteroid swelling assays to analyze CFTR mutations in cystic fibrosis and

FIG. 5. Enteroid swelling in response to cholera toxin, a diarrheal secretagogue. (a) Light micrographs showing enteroid

swelling at indicate times after addition of cholera toxin (2 lg/100 ll). (b) Fluorescence micrographs of extracellular Alexa

Fluor 647-dextran (10 lM) following cholera toxin addition. (c) Fluorescence micrographs of multiple enteroids (left) and

deduced swelling kinetics (center) in response to cholera toxin (2 lg/100 ll). (right) Number distribution of responding

enteroids.
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mechanisms of secretory diarrheas, as well as for drug evaluation in these diseases. Compared

to the measurement method in current use, the microfluidics approach does not require a matrix

to immobilize enteroids, and hence allows for rapid solution exchange with efficient solution

access to the enteroid surface, and without physical restrictions on enteroid swelling. The

extracellular dye exclusion method for volume measurement is simple and quantitative and

does not require enteroid labeling or assumptions about enteroid shape at baseline or during

swelling. The microfluidic channel design can be modified as needed to accommodate enteroids

of different sizes and for parallel volume measurements on enteroid cohorts exposed to different

conditions.

The heterogeneity in enteroid size and shape presented a challenge in microfluidic channel

design, as large enteroids or tissue fragments could obstruct the channel, and relatively small

enteroids, which are generally not suitable for swelling studies, could occupy post-pair traps or

adhere to the trapped, optimal-size enteroids and preclude quantitative volume determination. In

addition, efficient trapping of optimal-size enteroids was an important design criteria as the

number of enteroids can be limited, for example, in preparations obtained from human intestinal

biopsies.7,11 The post-pair design and layout were optimized for efficient trapping and exclusion

of small enteroids, and the pre-filter region effectively excluded large enteroids and debris.

Another challenge was the measurement of absolute volume without assumptions about enteroid

shape and swelling geometry, which was overcome by an extracellular dye exclusion method.

A potential alternative approach, multi-slice confocal imaging of fluorescently stained enteroids,

would be difficult to implement because of the large enteroid size and the need for rapid vol-

ume measurements on multiple enteroids over a greater than �1 mm2 area. A technical chal-

lenge here was in the channel fabrication, which required a two-step spin coating process and

special care during the replica molding step to prevent breakup of the deep posts.

Although this paper is the first to use a microfluidic platform to study enteroid physiology,

there are prior microfluidics applications to single cell trapping,14,15 and multi-cell trapping for

culture of multicellular spheroids.16–20 However, to date it has not been possible to form intesti-

nal enteroids, which consist of a single layer of cells surrounding a central lumen, by trapping

cells in microchannels. Culture of intestinal enteroids involves propagation of single stem cells

supported in a matrix or hanging from a drop.3–6,21 Because of this limitation, it was necessary

here to use enteroids cultured in a matrix and subsequently released for trapping in the micro-

fluidic channel. A prior study reported an electrical impedance method to measure single-cell

volume changes using an on-chip electrical-impedance volume sensor with pressure-activated

cell trapping capabilities.22 Such an approach may be adaptable to enteroid volume measure-

ments as an alternative to the optical approach used here.

The microfluidic channel was applied to measurements of osmotic and secretagogue-

induced swelling of enteroids cultured from mouse jejunum. Osmotic water permeability was

determined from the kinetics of enteroid swelling in response to an osmotic challenge created

by reducing perfusate osmolality from 300 to 0 mOsm using the equation, DV¼ vwPfAsDOsm,

where DV is volume change, vw is partial molar volume of water (18 cm3/mol), Pf is osmotic

water permeability coefficient, As is surface area, and DOsm is osmotic gradient. The Pf of

0.0024 cm/s represents the first measurement of transcellular water permeability across entero-

cytes, as prior measurements in intact intestine23 are confounded by unstirred layer effects, and

it has not been possible to generate primary cultures of enterocytes. The Pf of 0.0024 cm/s

measured here is relatively low compared to Pf of >0.01 cm/s in various water-permeable epi-

thelia where aquaporins are involved in facilitated water transport.24 Our results support studies

in the older literature where low water permeability was found in intestinal epithelial cell mem-

brane vesicles,25–27 where it was concluded that the intestine lacks facilitated water transport.

Though there is evidence for expressions of some aquaporins on various intestinal epithelia,

including aquaporins 3, 4, and 8, phenotype studies of mice lacking aquaporins have not shown

significant phenotypes related to abnormal fluid transport.28,29 The low intrinsic water perme-

ability of the intestinal epithelium is probably sufficient to support intestinal fluid absorption

and secretion, in part because of the convolved surface geometry that increases effective water

permeability, and because the rates of intestinal fluid transport per unit surface area in the
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intestine are low compared with those in tissues where aquaporins are needed such as in kidney

tubules and salivary gland acini.

Enteroid swelling was also measured in response to cholera toxin, the major secretagogue

causing secretory diarrhea in cholera. Cholera toxin causes elevation in enterocyte cAMP con-

centration, which, through protein kinase A, results in CFTR phosphorylation and channel acti-

vation. In intact intestine the active secretion of chloride into the lumen drives sodium and

water secretion, resulting in secretory diarrhea.30–32 The cholera toxin model is useful for test-

ing of antisecretory compounds that affect any of these processes involved in fluid secretion.

Enteroid swelling in response to other secretagogues, such as rotaviral calcium agonists, should

provide useful information on enterocyte secretory mechanisms. Inhibition of enteroid swelling

should be informative as an ex vivo surrogate to assess the antisecretory and proabsorptive

action of drug candidates, and potentially applicable for phenotype-based screening to identify

novel antidiarrheal targets and drug candidates.

Limitations of the microfluidics approach established here are noted. Enteroid loading into

the microfluidic channel requires a matrix-free enteroid suspension and hence a non-traumatic

procedure to harvest enteroids if cultured using a Matrigel matrix. Alternative culture proce-

dures, such as growth on a collagen matrix,33 and culture in suspension, are under development.

Minimal enteroid aggregation and damage in the suspension are important, which were accom-

plished by using enteroids at two days after splitting and eliminating the centrifugation step

during recovery from Matrigel. Though the enteroids used here from mouse jejunum were

effectively trapped without trauma, channel design modifications may be necessary for use with

enteroids from other tissues or species. For volume determination by extracellular dye exclu-

sion, the dye should not bind to or permeate enteroids, or bind to the PDMS structure, and the

objective lens should have sufficiently wide depth-of-focus to detect the fluorescence over the

entire channel height and to minimize out-of-focus fluorescence. Last, though determination of

changes in enteroid volume is not limited by the channel height, accurate determination of

absolute enteroid volume is best done with uniform channel height not much greater than the

maximum diameter of swollen enteroids.

CONCLUSION

The microfluidic channel designed here efficiently trapped enteroids for label-free, parallel

measurement of enteroid volume during continuous perfusion. The excluded dye measurement

method resolved the problem of deducing enteroid volume from projection or single-plane con-

focal images. Finally, the microfluidic channel implemented here is inexpensive, adaptable to

different organoid/spheroid sizes and measurement protocols, and scalable for high-throughput

drug discovery.
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