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ABSTRACT Lipopolysaccharide (LPS) is a unique lipoglycan, with two major physiological roles: 1), as a major structural
component of the outer membrane of Gram-negative bacteria and 2), as a highly potent mammalian toxin when released
from cells into solution (endotoxin). LPS is an amphiphile that spontaneously inserts into the outer leaflet of lipid bilayers to
bury its hydrophobic lipidic domain, leaving the hydrophilic polysaccharide chain exposed to the exterior polar solvent. Divalent
cations have long been known to neutralize and stabilize LPS in the outer membrane, whereas LPS in the presence of mono-
valent cations forms highly mobile negatively-charged aggregates. Yet, much of our understanding of LPS and its interactions
with the cell membrane does not take into account its amphiphilic biochemistry and charge polarization. Herein, we report fluo-
rescence microscopy and atomic force microscopy analysis of the interaction between LPS and fluid-phase supported lipid
bilayer assemblies (sLBAs), as model membranes. Depending on cation availability, LPS induces three remarkably different ef-
fects on simple sLBAs. Net-negative LPS-Naþ leads to the formation of 100-mm-long flexible lipid tubules from surface-associ-
ated lipid vesicles and the destabilization of the sLBA resulting in micron-size hole formation. Neutral LPS-Ca2þ gives rise to
100-mm-wide single- or multilamellar planar sheets of lipid and LPS formed from surface-associated lipid vesicles. Our findings
have important implications about the physical interactions between LPS and lipids and demonstrate that sLBAs can be useful
platforms to study the interactions of amphiphilic virulence factors with cell membranes. Additionally, our study supports the gen-
eral phenomenon that lipids with highly charged or bulky headgroups can promote highly curved membrane architectures due to
electrostatic and/or steric repulsions.
INTRODUCTION
Lipopolysaccharide (LPS) is of major medical importance,
firstly, because it forms the outer surface of many patho-
genic bacteria and, secondly, because LPS is a highly potent
toxin when released from cells. The outer membrane of
Gram-negative bacteria is a highly asymmetric complex
lipid bilayer, comprised of an inner leaflet of various com-
mon phospholipids and the outer leaflet of the unique glyco-
lipid, LPS (1–3). An Escherichia coli cell contains several
million LPS molecules, covering 75% of the outer mem-
brane surface, with the remaining area being occupied by
proteins (1). LPS has several important functions for the
bacteria including acting as a permeability barrier between
the cell and the exterior, maintaining structural stability
of the membrane, and functioning as a protective barrier
against foreign particles (antimicrobial peptides, drugs,
toxic heavy metals, salts, and enzymes) (4,5). LPS is critical
to many pathogens’ ability to cause disease and is released
from the outer membrane of the bacterium during infection.
LPS, historically known as ‘‘endotoxin’’, can cause overac-
tivation of the immune system in toxic shock syndrome at
mg/kg LPS/body mass ratios (6,7). Thus, LPS is an excellent
target for diagnostics, vaccines, and treatment strategies
against these pathogens (3,7).
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The structure of LPS has been studied for many years (8).
LPS is an amphiphilic molecule comprised of a hydrophobic
domain named lipid A, covalently linked to a hydrophilic
polysaccharide chain that extends away from the cell. The
lipid A component contains six saturated fatty acid chains
linked to a phosphate-substituted disaccharide (2,9). This
is linked to the relatively conserved core-oligosaccharide
and the variable O-polysaccharide of 0–50 oligosaccharide
repeat units, dependent upon the particular bacterial species
and strain. LPS preparations are heterogeneous, and a
mixture of LPS structures are found in each preparation
with partial modifications depending on growth conditions
(3). Each LPS molecule has multiple negative charges
from phosphate and acid groups in the lipid A and core-
polysaccharide. In this study, we use LPS from E. coli sero-
type O111:B4 (structure shown in Fig. 1, see details in Raetz
and Whitfield (3), Amor et al. (10), Kenne et al. (11), and
Peterson et al. (12)). There are at least six negatively
charged groups per LPS and a range of 1–18 O-polysaccha-
ride repeat units. In the bacterial outer membrane, divalent
cations such as Mg2þ and Ca2þ are essential to neutralize
this negative charge, allowing cross-linking between LPS
molecules, which maintains an effective barrier to drugs
and other damaging molecules (2,13–16). Chelation of diva-
lent cations leads to increased permeability to drugs, LPS
release, and rapid disintegration of the outer membrane
(14,17). In comparison to the common phospholipid
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DOPC (1,2-dioleoyl-sn-glycero-3-phosphocholine), LPS
contains a much larger hydrophobic domain containing
saturated fatty acids. In addition, LPS has a large hydrophil-
ic, negatively-charged headgroup, whereas DOPC has a
small zwitterionic headgroup (Fig. 1).

LPS has previously been shown to form very different
structures depending on its local ionic environment,
observed in cell-free LPS extracts and reconstituted LPS-
lipid membranes. LPS aggregates exposed to Naþ are not
fully neutralized and have a net negative charge (16), result-
ing in formation of long tubular structures that were
converted into bilayers by exposure to Ca2þ (18). Multiple
studies have shown that divalent cations reduced the
mobility of LPS aggregates and increased the rigidity of
LPS bilayers, decreasing their permeability (18–24). Addi-
tionally, divalent cations have led to formation of highly
ordered, stacked multilamellar LPS structures (20,21). The
physiological activity of LPS also depends on its ion asso-
ciations, and LPS-isolates rich in Naþ and Kþ cations are
significantly more active as endotoxins than those with
Mg2þ or Ca2þ (25). The more rigid, multilamellar LPS
formations induced by divalent cations were determined to
be inactive as opposed to more freely mobile aggregates
in monovalent cation-rich environments (26). These studies
together indicate that the effect of cations on LPS structure
and aggregate formation is an important factor that should
be considered when studying the manifestation of endotoxic
shock.

In studies where hybrid membranes were prepared by
combining LPS with different lipids, LPS distribution and
incorporation (27) and the membrane fluidity (28) were
found to depend on lipid composition. The structure of
Biophysical Journal 106(11) 2395–2407
LPS from different strains or species can be dramatically
different. Studies have observed that LPS structural
changes, self-association, and toxicity all depend on LPS
subtype (8,22,29,30). In the human body, LPS interacts
with intermediary factors of the human immune system
including LPS binding protein, which has been shown to
affect LPS interaction with membranes (31–33). This study
focuses on the direct interaction of E. coli O111 LPS aggre-
gates with fluid-phase DOPC membranes as a model for
LPS-membrane interactions.

Although many studies have investigated the structures
resulting from reconstitution of LPS-lipid membranes, the
dynamic interaction of LPS with membrane architectures
remains poorly characterized. In giant unilamellar vesicles
(GUVs) formed from LPS and lipids, LPS was found to
segregate into gel-like domains, showing that LPS lateral
rearrangement and self-association of LPS molecules can
occur within the lipid bilayer (29). Soluble LPS has been
shown to insert into preformed lipid GUVs and cause shape
changes and vesicle fission (34). Supported lipid bilayer as-
semblies (sLBAs) have been used for many years as models
for biological phospholipid bilayers, as planar membrane
systems with lateral lipid mobility (35–37). To our knowl-
edge, there has not been direct visualization of the dynamic
effects of free LPS aggregates on an sLBA, as a simple plat-
form for evaluation of the interaction of amphiphilic toxins
with membrane architectures. Herein, we evaluate the direct
interaction of LPS with sLBAs using a combination of fluo-
rescence microscopy and atomic force microscopy (AFM),
powerful tools for investigating membrane organization
(38–41). Our experiments were performed with concen-
trations of LPS ranging from 5 to 500 mg/mL, highly
FIGURE 1 Comparisonof the chemical structure

of lipopolysaccharide from E. coli serotype O111

and the phospholipid DOPC (1,2-dioleoyl-sn-glyc-

ero-3-phosphocholine). Partial covalent modifica-

tions, which may result in additional phosphate

groups, are shown (dotted lines) and are dependent

on growth conditions and other factors. Number

of repeat units in the O-chain, n, ranges from 1 to

18. COL, colitose (3,6-dideoxy-L-xylo-hexose);

GAL, galactopyranose; GLC, glucopyranose;

GLCN, 2-amino-2-deoxyglucopyranose; HEP, L-

glycero-D-manno-heptopyranose; KDO, 3-deoxy-

D-manno-oct-2-ulopyranosonic acid; P, phosphate.
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comparable to the lethal doses for various species ranging
from 1 to 200 mg/kg body weight (6). Our findings could
have significant ramifications on our understanding of the
action of the important toxin LPS, and have general impli-
cations that should be considered for all amphiphilic patho-
genic molecules.
MATERIALS AND METHODS

Materials

All materials were used as received without further purification. Organic

solvents were HPLC grade (Thermo Fisher Scientific, Waltham, MA).

PBS (phosphate-buffered saline), HEPES, EDTA, NaCl, and CaCl2 were

also purchased from Thermo Fisher Scientific. All aqueous buffers were

prepared using 18 MU�cm H2O (Barnstead Nanopure filter; Thermo Fisher

Scientific) and then passed through 0.22-mm filter membranes (Millipore,

Billerica, MA). All lipids and fluorescence dyes were purchased in dry

powdered form. DOPC (1,2-dioleoyl-sn-glycero-3-phosphocholine) was

purchased from Avanti Polar Lipids (Alabaster, AL). Lipid-based dyes

used for doping the lipid membranes were as follows: C5-BODIPY FL

HPC (2-(4,4-difluoro-5,7-dimethyl-4-bora-3a,4a-diaza-s-indacene-3-penta-

noyl)-1-hexadecanoyl-sn-glycero-3-phosphocholine) or Texas Red DHPE

(Texas Red 1,2-dihexadecanoyl-sn-glycero-3-phosphoethanolamine, trie-

thylammonium salt) (Molecular Probes, Eugene, OR). The standard LPS

used in this study unless otherwise mentioned was from E. coli serotype

O111:B4 (phenol extract); a FITC-conjugate of LPS from E. coli serotype

O111:B4 was used for direct tracking (Sigma-Aldrich, St. Louis, MO).
Liposome and supported lipid bilayer formation

The standard DOPC liposome preparation contained 99.5% (mol/mol)

DOPC and 0.5% C5-BODIPY-HPC or 0.5% Texas Red DHPE. Lipids

and lipid dyes in chloroform were mixed in the desired molar ratios, dried

overnight under vacuum, and rehydrated in buffer solution. The lipid sus-

pension was subjected to three freeze-thaw cycles followed by probe soni-

cation for 10 min in an ice bath to form small liposomes (41). Hydrophilic

glass coverslips were used as substrates (cleaned with Piranha solution of

3:1 H2SO4/30% H2O2). Hydrophobic ultrathin adhesive imaging spacers

(0.12-mm depth, 9-mm diameter) were attached to substrates to create

small wells to confine a droplet of buffer (Electron Microscopy Sciences,

Hatfield, PA), for an open sample setup to allow multiple buffer exchanges

and top-down access for AFM. sLBAs were formed by deposition of lipo-

somes onto the substrate. After 20-min incubation at room temperature, the

sLBA was washed by exchanging the buffer solution 10 times to remove

excess liposomes, although significant numbers of associated lipid vesicles

evidently remain.
Treatment of surfaces with LPS

LPS was handled as per manufacturer’s guidelines, dissolved into buffer at

5 mg/mL, stored in silanized glass vials at 4�C and, before each usage,

stocks were vortexed and bath-sonicated (15 min) at room temperature to

homogenize immediately before sLBA treatment. sLBAs of DOPC were

prepared and washed with buffer. The DOPC sLBA was then treated with

LPS and analyzed with microscopy as described in the Results. For exper-

iments testing LPS in the presence of monovalent cations, the buffer used

was PBS (137 mM NaCl, 2.7 mM KCl, 10 mM Na2HPO4, 10 mM

KH2PO4, pH 7.4), whereas for testing LPS in the presence of divalent cat-

ions, Ca2þ buffer was used (150 mM CaCl2 and 20 mM HEPES, pH 7.5).

For experiments testing the effects of cation concentration, buffers contain-

ing 20 mMTRIS-HCl (pH 7.5) and 10–900 mMNaCl or 10–900 mMCaCl2
were used. Control experiments confirmed that buffering with phosphates,
HEPES and TRIS, were equivalent for our studies (data not shown). Control

experiments found that common small molecule contaminants had no

observable effect on our sLBAs (RNA from baker’s yeast, bovine serum

albumin, fetal bovine serum; data not shown) compared to the effects of

LPS under the same conditions.
Microscopy of LPS-treated sLBAs

Lipid bilayers were imaged with laser scanning confocal fluorescence

microscopy (LSCM), epifluorescence microscopy, total internal reflection

fluorescence microscopy (TIRFM), and AFM. Samples were kept hydrated

and never allowed to dry either during preparation or analysis.

LSCM used an FV-1000 inverted optical microscope (Olympus, Tokyo,

Japan) equipped with multichannel photomultiplier detectors, operated in

photon-counting mode (very low background noise, 0–2 counts), acquiring

512� 512 pixel images unless otherwise stated. A 40� air objective (NA¼
0.95) was used for the majority of experiments and a 60� water-immersion

objective (NA ¼ 1.20) was used for higher resolution confirmation. Excita-

tion was provided by a multi-line Ar laser (488 nm, for BODIPY), a HeNe

laser (543 nm, for Texas Red), or a diode laser (635 nm, for AlexaFluor

647). Appropriate high-performance band-pass emission filters were used

(505–525 nm for BODIPY and FITC; 655–755 nm for Texas Red and

AlexaFluor 647). Fluorescence recovery after photobleaching (FRAP)

was performed using the manufacturer’s provided software.

Epifluorescence was performed using an IX-81 inverted optical micro-

scope (Olympus) with a model No. C11440-22C charge-coupled device

camera (Hamamatsu, Hamamatsu City, Japan). A 100� oil-immersion

objective (NA ¼ 1.40) was used. Excitation was provided by a 200W

metal-halide lamp and a FITC filter set and appropriate neutral density

(ND) filters were used. Images and movies were acquired at 1024 �
1024 pixels using the software.

TIRFM was performed using an IX-71 inverted optical microscope

(Olympus) equipped with a model No. C7780-20C charge-coupled device

camera (1344 � 1032 pixels; Hamamatsu). A 100� oil-immersion TIRFM

objective (NA ¼ 1.45) was used. Excitation was provided by a 488-nm Ar

ion laser and a green filter set and appropriate ND filters were used.

AFM was performed using an MFP-3D-SA system (Asylum Research,

Santa Barbara, CA), equipped with a closed loop XY scanner and an all-dig-

ital ARC2 Controller (Asylum Research). All imaging was performed

under fluid using SNL probes (Bruker AFM Probes, Camarillo, CA) with

a sharpened Si tip on a triangular SiN cantilever (k ~ 0.12 N/m). High

quality topographs were generally acquired at 512 � 512 pixels and 1 Hz

scan speed. Images were processed using IGOR PRO-based software

(WaveMetrics, Tigard, OR).
RESULTS

sLBAs were formed on glass substrates by deposition of
small unilamellar vesicles comprised of 99.5% DOPC and
0.5% C5-BODIPY FL HPC (41). AFM confirmed that the
bilayers were continuous and defect-free over many microns
with a few small protrusions (Fig. 2 A). LSCM showed a
relatively homogenous fluorescence with small numbers of
higher-intensity dots (Fig. 2 B, before LPS). The fluidity of
DOPC sLBAs at room temperature was confirmed by
FRAP (data not shown). The higher intensity fluorescence
dots and protrusions in AFM data represent lipid vesicles
that remain loosely associated with the surface even after
rinsing with buffers. Lipid vesicles have an average size of
~50 nm in solution (see Fig. S1 in the Supporting Material);
the largest may be resolved as surface-associated vesicles in
Biophysical Journal 106(11) 2395–2407



FIGURE 2 Lipid tubule formation induced by

LPS in PBS. (A) AFM topographs showing a

DOPC sLBA in PBS at low and high magnifica-

tion. A height profile across the lower image

(dashed white line) shows a relatively flat surface.

(B) LSCM of the DOPC sLBA (doped with 0.5%

green fluorescent lipids) in PBS before and after

addition of 100 mg/mL LPS. Sequential images

are shown at selected time periods after addition

of the LPS. (C) Representative epifluorescence mi-

croscopy image of lipid tubules. (D) Representa-

tive TIRFM image showing long tubules. The

background of green fluorescence suggested a

homogenous lipid bilayer (note: 45� periodic noise
is an optical artifact that should be ignored). To see

this figure in color, go online.
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LSCM. Sequential images show that surface-associated ves-
icles are highly mobile and independent of the underlying
sLBA (see Movie S1 in the Supporting Material).
Lipid tubule formation is induced by LPS in PBS

To test the effect of soluble LPS on our model lipid bilayer
system, experiments were first performed in PBS, contain-
ing monovalent cations (Naþ). LSCM fluorescence images
(time-lapse series) obtained after addition of 100 mg/mL
LPS in PBS to an sLBA are shown in Fig. 2 B (and see
Movie S2). The surface-associated vesicles that originally
exist were observed to split into multiple vesicles, leading
to an increase in mobility and the formation of fluorescent
strandlike structures. Initially disordered webs of strands
stretch out over a few minutes into elongated strands that
we term lipid tubules, analogous to the tubules characterized
by other studies of membrane-perturbing molecules (42,43).
The lipid tubules retain a point of association to the mem-
brane surface and often extend up to 100 mm in length
and span many microns above the surface, as shown by epi-
fluorescence microscopy (Fig. 2 C). Movies of sequential
epifluorescence images confirmed the high degree of
mobility of lipid tubules (see Movie S3). The lipid tubules
Biophysical Journal 106(11) 2395–2407
stretch away from the boundary of the substrate, to orient
in a radial organization during the course of the experiment,
suggesting that fluid flow plays a role in tubule extension
(see Fig. S2).

AFM imaging of LPS-treated sLBAs revealed a flat sur-
face (data not shown) and no lipid tubules were observed,
as may be expected because of the relatively poor stability
and high mobility of these formations. Membrane-inserted
LPS was not detected by AFM, which could be due to the
instability of the protruding polysaccharide chain that can
be pushed aside by the AFM probe (44) or due to the tran-
sient nature of LPS insertion into lipid bilayers, previously
observed in GUVs (34). TIRFM, which has higher signal/
noise and restricted penetration depth of excitation, was
used in an attempt to observe any subtle height variations
in the sLBA, such as bubbles, ripples, or other perturbations
that may not have been observed with other optical tech-
niques. TIRFM images (Fig. 2D) did not show any evidence
of disruptions to the underlying lipid bilayer, but both lipid
tubules and surface-associated vesicles were prominent. The
lack of any observable changes to the underlying lipid
bilayer by both AFM and TIRFM indicate that it is either
intact or that any perturbations cannot be observed by these
strategies.
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Hole formation in the sLBA after LPS treatment in
PBS and washing

After treatment of the sLBA with LPS in PBS, the DOPC
bilayer was washed to remove any residual unassociated
LPS. This resulted in the unexpected formation of voids
lacking fluorescence of ~1–5 mm in width (Fig. 3 A). Inten-
sity profiles from single photon counting (SPC) LSCM data
show that there is essentially zero fluorescence at the center
of these voids (Fig. 3 B). The fluorescence intensity of mem-
brane areas other than voids was roughly similar before and
after LPS treatment, suggesting a continuous membrane sur-
face. It should be noted that these voids were stable, with no
detectable change in shape or size over the course of 80 min
at the ~250-nm resolution of our microscope (see Fig. S3).
To test whether the voids of fluorescence were actually
physical holes in the lipid bilayer, AFM was performed on
an LPS-treated sample in PBS. The DOPC bilayer appeared
as a relatively smooth film with many holes of ~5-nm depth
via AFM, consistent with expected height of an sLBA
(Fig. 3 E). The lateral size of holes varied from <1 mm up
to 5 mm in width. High-resolution topographs (Fig. 3 F)
demonstrated that holes are essentially empty with only
small amounts of debris visible, which correlated with the
SPC fluorescence data. TIRFM (Fig. 3 C) images were like-
wise consistent with LSCM and AFM. FRAP showed that
lipids had lateral mobility within the remaining membrane,
with holes unperturbed (Fig. 3 D). These observations sup-
port the notion of static holes within an otherwise contin-
uous fluid lipid bilayer.

Hole formation was found to depend on both LPS concen-
tration and incubation time. To test concentration effects,
sLBAs were treated with different concentrations of LPS
for a standard 20 min and then rinsed. Above 20 mg/mL,
which is higher than the critical micelle concentration
(CMC) of LPS (10–14 mg/mL) (45,46), hole formation
increased with LPS concentration (Fig. 4, A–C). Holes were
not initially detected using LPS at concentrations %20
mg/mL. To test incubation time effects, sLBAs were treated
with a standard LPS concentration and then rinsedwith buffer
after different time periods (Fig. 4, D–F). At sub-CMC con-
centration (5 mg/mL), the number and size of holes increased
with LPS incubation time from 20 to 180 min as the numbers
of surface-associated vesicles decreased (related to their
increased conversion to tubules and removal after rinsing).
Thus, hole formation can occur above or below the CMC of
LPS; however, more time is necessary for hole formation at
sub-CMC concentrations.

Although AFM showed that holes in the DOPC bilayer
were mostly empty, we could not rule out whether small
amounts of LPS were present but undetected by AFM. To
FIGURE 3 Holes in sLBAs after LPS treatment

and washing. (A) LSCM fluorescence images

showing DOPC sLBAs after treatment with

100 mg/mL LPS in PBS followed by washing the

surface (PBS, 10 changes). (B) Higher-magnifica-

tion LSCM image. A profile of the fluorescence in-

tensity (below) shows the SPC counts along a line

drawn across the image (white dashed line). (C) A

representative TIRFM image of a similar sample.

(D) FRAP experiment from the sample in panel

A. A circular region was photobleached and then

sequential images acquired to show the lateral

diffusion of fluorescent lipids. (E) AFM topograph

showing accurate width and depth of holes induced

by LPS, similar sample to panel A. Height profiles

(below, red lines) show the height data (across

white dashed lines) in the image, chosen to show

the depth of holes in the lipid bilayer. (F) Higher

magnification topograph from the field of holes

in panel E. To see this figure in color, go online.
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FIGURE 4 LPS concentration and time depen-

dence on hole formation. LSCM fluorescence im-

ages of a DOPC sLBA treated for 20 min with

LPS at varying concentrations of LPS in PBS: (A)

500 mg/mL, (B) 100 mg/mL, or (C) 20 mg/mL, and

then washed with PBS, showing decreasing

numbers of holes with LPS concentration. Parallel

samples were treated with 5 mg/mL LPS in PBS

for (D) 20 min, (E) 60 min, or (F) 180 min, and

then washed and imaged immediately. More holes

are observed with increased incubation time. These

images were acquired at higher pixel density

(4096 � 4096) to resolve small holes. (D–F, inset)

Digitally magnified areas of these images showing

small holes more clearly. To see this figure in color,

go online.
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directly detect the presence of LPS, an FITC-labeled LPS
was used with a DOPC sLBA doped with Texas Red
DHPE lipid dye (see Fig. S4). A fluid lipid bilayer was
observed with low background in the FITC channel. Addi-
tion of FITC-LPS (100–500 mg/mL) resulted in a significant
FITC signal increase. Unfortunately, we were unable to
discriminate FITC-LPS in solution (or in lipid tubules)
from that interacting with the surface, due to the over-
whelming signal. After surface rinsing holes were observed,
but there was no enhanced FITC fluorescence in holes rela-
tive to background counts. This suggests that little or no LPS
remained associated with the lipid bilayer or in solution
after rinsing.
LPS in Ca2D buffer induces lamellar sheet
formation instead of lipid tubules

The action of LPS on lipid membranes under different
cation conditions was tested using LPS in Ca2þ buffer
(divalent cations, see Materials and Methods). Time-lapse
LSCM fluorescence images were acquired during treatment
of DOPC sLBAs with 100 mg/mL LPS in Ca2þ buffer
(Fig. 5 A, and see Movie S4). Within seconds, small patches
of fluorescence were observed that slowly grew in size over
the course of minutes. SPC fluorescence intensity profiles
from LSCM data show that these LPS-induced membranes
had fluorescence intensity of roughly double that of the
normal lipid bilayers (Fig. 5 B), suggesting a second lipid-
containing bilayer stacked on top of the original sLBA.
Overlapping sheets with fluorescence intensity at multiples
of the original lipid bilayer were observed (Fig. 5 C),
indicating that LPS can induce formation of multiple
lipid-LPS membranes stacked on top of each other, in the
presence of Ca2þ. FRAP experiments revealed slightly
reduced lateral lipid mobility in the newly-formed lamellar
sheets and underlying sLBA compared to a DOPC sLBA
before LPS-Ca2þ treatment (see Fig. S5, A–C). Recovery
of fluorescence indicative of multilayers after almost com-
plete photobleaching of stacked membranes suggests that
lipids can exchange from the underlying sLBA into the
Biophysical Journal 106(11) 2395–2407
lipid-LPS stacks (see Fig. S5, D–E). Multilamellar mem-
branes were not observed by AFM; instead, a smooth sur-
face expected to represent the original lipid bilayer was
found (data not shown), implying that these membranes
were too unstable for AFM imaging. LSCM fluorescence
images after washing the surface with fresh Ca2þ buffer
showed the apparent removal of LPS-induced lamellar
membranes (Fig. 5 D), confirming their lack of stability.

Formation of lipid-LPS-Ca2þ membranes was dependent
on the concentration of LPS. Patches formed using 5 mg/mL
LPS in Ca2þ buffer were smaller, fewer in number and less
stable, appearing to disintegrate over time (see Fig. S6),
relative to the larger, more stable patches formed at higher
concentrations. This LPS concentration dependence con-
firms the direct relationship between LPS (Ca2þ) and sheet
formation.

Concentration of cations also modified the effect of LPS,
as observed when sLBAs were treated with 100 mg/mL LPS
in buffers at a range of NaCl or CaCl2 concentrations (see
Fig. S7). Concentrations from 10 to 300 mM NaCl all pro-
duced lipid tubules, whereas at and above 450 mM NaCl
both lipid tubules and potential lamellar sheets were
observed (see Fig. S7 A). Holes were always observed
with NaCl buffers after rinsing the surface. In contrast, all
concentrations of CaCl2 from 10 to 900 mM produced lipid
sheets, which were removed without hole formation by
rinsing the surface (see Fig. S7 B). Lipid sheet size increased
with CaCl2 concentration, and the largest sheets were
>100 mm in width (see Fig. S7 C).
DISCUSSION

Considerations of the model membrane system

sLBAs are model membranes that are relatively stable,
robust, and relevant to biological systems. Previous studies
have demonstrated the ability of a single component sLBA
to form highly curved structures, including curved lipid
caps and vesicle budding (41). In this study, we report
that LPS, a biological toxin of significant concern, can
cause three remarkably different deformations by insertion



FIGURE 5 LPS in Ca2þ buffer causes formation

and growth of multilamellar stacks. (A) LSCM of

the DOPC sLBA in Ca2þ buffer before and after

addition of 100 mg/mL LPS in Ca2þ buffer.

Sequential images are shown from selected time

points after addition of the LPS. Fluorescent

patches are observed in images immediately after

LPS addition (10 s) and continue to grow in size

over the following minutes (1–23 min). (B) Image

at high magnification showing a patch of contig-

uous fluorescence of approximately double the in-

tensity of the DOPC bilayer. (C) Image at a high

magnification showing a fluorescent patch with

multiple distinct step-changes in the intensity.

Numbers (2), (4), and (6) indicate expected stacked

bilayers with multiples of intensity of a single

bilayer (1). (D) Fluorescence image after washing

the LPS-Ca2þ-treated surface with 10 changes of

Ca2þ buffer. (Note: images in panel C acquired

with lower exposure settings than in panels B and

D, hence, lower fluorescence intensity.) To see

this figure in color, go online.
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into the controlled environment of a model lipid membrane.
LPS insertion into membranes, as observed in previous
studies (34), may be driven by LPS in aggregates in a polar
solvent that transfer into a more thermodynamically favor-
able environment as the large hydrophobic lipid A tail of
LPS becomes buried in the hydrophobic core of lipid
bilayer. LPS insertion occurs into both surface-associated
vesicles and the solid-supported LBA. Once inserted, the
effect of LPS varies due to differences in membrane
curvature, interactions with the support, and the local ionic
environment.

The first two effects (lipid tubules and holes in the sLBA)
were generated by exposure of DOPC sLBAs to LPS in the
presence of (<450 mM) monovalent cations (LPS-Naþ).
The third effect (lamellar membranes) was observed by
exposing the same DOPC system to LPS in the presence
of divalent cations (LPS-Ca2þ) or very high (R450 mM)
monovalent cation concentration. It is clear that ionic
strength and valency influence both the structure of LPS,
and its interaction with lipidic architectures. Hundreds of
publications have investigated the nature of different mem-
brane deformations induced by biological or synthetic nano-
particles, including theoretical simulations (47,48). We
focus on how LPS could induce such changes, discussing
examples of similar membrane rearrangements.
Membrane effects induced by LPS-NaD

Treatment of sLBAs with LPS-Naþ induced the formation
of highly mobile, fluorescent lipid-based tubules (Fig. 2;
and see Movie S2 and Movie S3). Tubules are known to
form when there is a high degree of local membrane curva-
ture and an abundant supply of lipids (42,43). sLBAs can
have multiple surface-associated liposomes, observed as
brighter spots in fluorescence images and protrusions in
AFM topography, even after washing the surface. We estab-
lished the presence of surface-associated lipid vesicles on
our sLBAs in Fig. 2 A (and see Fig. S1 and Movie S1).
We conclude that the surface-associated lipid vesicles and
any remaining solution-based vesicles are the source of
Biophysical Journal 106(11) 2395–2407
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lipids in formation of tubules, along with LPS, based on the
following evidence:

1. In some images, we can observe apparent tubule nucle-
ation from surface-associated liposomes (Fig. 2 B; and
see Movie S2).

2. If multiple cycles of LPS treatment are performed, fewer
tubules are formed each time, as surface-associated ves-
icles are used up (see Fig. S8 A).

We can estimate the amount of lipids required for an average
tubule by calculating the outer surface area of a tubule
(modeling as a cylinder) and equating this to the surface
area of multiple liposomes (modeling as spheres). A tubule
of 10 mm in length and 25 nm in diameter (as previously re-
ported for LPS tubes (18)) would require ~100 vesicles of
50 nm diameter. This could represent, for example, 50
DOPC lipid vesicles, and 50 LPS aggregates, a reasonable
quantity considering that LSCM may resolve only the larger
surface-associated vesicles. LPS appears to promote fusion
of multiple lipid-LPS vesicles, leading to the observed
growth of tubular structures. We postulate that the destabi-
lizing inserting/excising effect of LPS (34) and its natural
propensity to form tubules on its own (18) could cause nano-
scale membrane defects that increase the exposure of lipids
to the external environment, promoting further lipid-lipid
associations and vesicle fusion, however, further studies
are needed to confirm this. Fluid flow due to convection cur-
rents within an open droplet, as described by studies of the
‘‘coffee-ring effect’’ (49–51), may then direct the stretching
out of these tubules observed in LSCM (see Fig. S2). In
contrast, tubules observed by TIRFM in which a closed-
box sample enclosure was employed, appeared to rest
onto the sLBA surface (Fig. 2 D), possibly due to a reduc-
tion in fluid flow.

Upon rinsing the surface of LPS-Naþ-treated sLBA with
fresh buffer, holes devoid of lipids were observed in a con-
centration- and time-dependent manner (Figs. 3 and 4). In
addition to the removal of lipid tubules, these observations
indicate that LPS accumulates in the sLBA over time. Apart
from holes, the remaining lipid appeared to be in the form of
a normal sLBAwith high lateral mobility of lipids and a flat,
continuous membrane. This evidence, along with the fact
that LPS is not found to be associated with the sLBA after
hole formation (see Fig. S4), suggests that LPS clusters
into large domains that are then dislodged from the surface
during the rinsing process. If LPS induces membrane curva-
ture in surface-associated liposomes resulting in tubules, it
is logical that LPS could insert and disrupt the sLBA,
although the LPS-treated sLBA appears flat by microscopy.
The likely explanation is that LPS causes minor curvature in
sLBAs below the detection limit of our instruments, and that
we only observe the result of this destabilization when holes
are formed after rinsing the surface. Subtle, LPS-induced
membrane curvature could lead to separation of the lipid
bilayer and the solid support by only a few nanometers,
Biophysical Journal 106(11) 2395–2407
which would not be resolved by optical measurements.
LPS insertion into lipid bilayers may be highly transient,
as previously reported in Alam and Yamazaki (34) and Sto-
ica et al. (44), which would hinder detection of membrane
deformations by AFM. The interaction of the sLBA and
the solid support could also limit curvature and cause a
strained system as compared to the relatively unrestricted
surface-associated liposomes. Based on these arguments,
we conclude that LPS induces subtle membrane curvature
in sLBAs, which leads to localized delamination sufficient
to form holes upon washing the surface.

We expect that tubules and holes are different manifesta-
tions of similar effects of LPS-Naþ acting on different start-
ing materials, either surface-associated liposomes or an
sLBA. Both require:

1. LPS insertion into the outer leaflet of lipid membranes,
2. LPS self-association or clustering, and
3. LPS induction of membrane curvature.

We will briefly describe other studies in which one or more
of these effects are observed, supporting our conclusions.
Spontaneous insertion of LPS from solution into the lipid
membranes has been previously observed in GUVs, where-
upon it appeared to induce subtle, localized curvature result-
ing in shape changes from spherical to pear-shaped or
pearls-on-a-string vesicles (34). Other studies have shown
that short-length LPS can self-associate to form gel-like do-
mains (29). Although we are using full-length LPS, for
which these authors did not observe phase segregation,
self-association of LPS in our sLBA system may be tran-
sient or on smaller scales. LPS has been observed to form
highly curved structures depending on its ionic environ-
ment. Exposure of native LPS to Naþ resulted in formation
of long, tubular LPS-based structures of 9–18 nm diameter,
as observed by electron microscopy (18). These could be
related to the membrane curvature and lipid tubules formed
in our experiments with LPS in the Naþ-containing buffer
PBS. Each LPS molecule contains at least six negatively-
charged groups, phosphates and carboxylates (12) (Fig. 1),
which typically cannot be fully neutralized by monovalent
cations due to electrostatic repulsion of individual ions, re-
sulting in LPS with a net-negative charge (16). The authors
concluded that incomplete charge neutralization leads to
electrostatic repulsion between LPS chains, causing a high
degree of curvature and formation of LPS tubes. We extend
these previous findings to show that not only does LPS-Naþ

form tubules in isolation but it can also induce curvature in
preformed sLBAs. In our sLBA system, attractive hydro-
phobic self-associations of saturated fatty acids in the
lipid A domains of LPS, in contrast to unsaturated DOPC
lipids, and size/shape mismatch may drive phase segrega-
tion of LPS away from DOPC lipids, outweighing the
electrostatic repulsion that would otherwise drive nega-
tively-charged LPS apart into a maximally separated config-
uration. Then, the negative charge-charge repulsion of the
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membrane extrinsic hydrophilic domains of nearby LPS
would induce membrane curvature.

We may compare our findings of membrane curvature
induced by proteins in both natural and artificial systems.
In nature, lipid tubules and vesicle budding is found in
multiple specific situations, e.g., endocytosis, exocytosis,
phagocytosis, and endoplasmic reticulum- and cytoskel-
eton- associated protein trafficking (52–54). In each case,
specific proteins are targeted to a local area of the mem-
brane leading to either the budding of vesicles or the pro-
trusion of long tubules from the membrane. Common
mechanisms involve insertion of amphiphilic protein heli-
ces and wedge-shaped proteins into the cellular lipid mem-
branes (55–59), which could be related to LPS insertion.
Lipid tubules have been induced in vitro from lipid
GUVs by promoting protein crowding at a localized point
on the vesicle surface; tubule growth was observed to
occur in real time from the point of protein binding
(42,43). Relevant to our study is the finding that any
generic protein was sufficient to induce tubule formation
so long as it leads to the buildup of a sufficient high
density of protein packing. This lead to the conclusion
that steric repulsion between any bulky particles packed
at the surface has the potential to cause severe membrane
bending. Crowding of LPS could have an analogous effect
due to the bulky polysaccharide chain; however, it seems
that electrostatic, rather than steric repulsive effects, domi-
nate in the case of LPS.

Perforation of lipid membranes by LPS was suggested
by previous indirect evidence of electrical resistance
of lipid membranes stretched across an aperture where
treatment with LPS (110–720 mg/mL) led to a decreased
resistance and eventual collapse (60). Holes and other
lesions can be formed in lipid bilayers by various small
molecules, including pore-forming protein toxins (61),
highly charged synthetic nanoparticles (62–66), and poly-
cationic polymers (67–71). Hole formation in each case
is dependent upon the specific interactions between the
membrane and the disruptive molecule of interest. It ap-
pears that LPS belongs to this list of membrane-disruptive
molecules.
Membrane effects induced by LPS-Ca2D

LPS is known to change its structure, aggregation state, and
mobility depending on the availability and concentration of
monovalent and divalent cations (18–24). In our experi-
ments, we conclude that LPS-Ca2þ inserts into surface-ad-
sorbed liposomes and causes these LPS-lipid assemblies
to fuse, resulting in very different structures in comparison
to LPS-Naþ of similar concentrations. Whereas LPS-Naþ

induces membrane curvature, LPS-Ca2þ induces planar
membrane formation (Fig. 5). We find that surface-associ-
ated and solution-based vesicles are the source of lipids
along with LPS for planar sheet formation, analogous to
lipid tubule formation, with evidence provided by multiple
cycles of LPS (Ca2þ) treatment (see Fig. S8 B). Further-
more, increasing Ca2þ concentration (10–900 mM) results
in increasing the extent of multilamellar formation (see
Fig. S7 B). In contrast, concentrations of R450 mM Naþ

are required for LPS to induce even small lamellar
sheets, which occur in addition to tubules and holes (see
Fig. S7 A), suggesting that LPS induces planar membranes
only at very high Naþ, and even then, not to the extent as
those observed with Ca2þ. Although we were unable to
verify the topography of these structures by AFM due to
their seemingly unstable nature, we are able to infer their
multilamellar membrane-like nature from fluorescence
data. The slight decreased lateral lipid mobility in planar
lamellar membranes compared to a normal DOPC sLBA
(see Fig. S5) suggests that LPS-Ca2þ within the lipid bila-
yers impedes lipid diffusion or increases the rigidity of the
membrane. Although the precise structure of stacked mem-
branes is uncertain, we did find they associated closely
enough to the underlying sLBA for lipid exchange to
occur. Previous spectroscopy and electron microscopy
studies found that divalent cations reduce the molecular
mobility of LPS within aggregates and cause LPS to reorga-
nize into stacked multibilayers (18,20,21). Our findings are
congruent with these studies, and suggest that not only does
LPS change its own organization due to Ca2þ, it also in-
duces lipids to rearrange with it.

It is instructive to look at the natural environment of
LPS in the outer membrane of bacteria. LPS is found in
the outer leaflet of a lipid bilayer forming a selectively
permeable barrier between the cell and the exterior (4,5).
The outer membrane is relatively flat, when compared
with small lipid vesicles, with a gentle curvature over
many hundreds of nanometers to micrometers. Studies
have shown that the outer membrane is enriched in divalent
cations relative to the cytoplasmic membrane (16,18) and
that divalent cations are essential for outer membrane
stability (2,17). The prevailing view from these studies
is that Mg2þ or Ca2þ neutralizes the negative charge of
LPS where Naþ cannot at physiological concentrations.
This neutralization allows the self-association of LPS
where otherwise it would be electrostatically unfavorable,
and LPS-LPS bridging and linkages to transmembrane pro-
teins stabilize the membrane (72). Our findings agree with
this consensus and further demonstrate that LPS can spon-
taneously insert into lipid membranes and induce self-
assembly into an outer-membrane-like structure in the
presence of Ca2þ at low concentration (10 mM), whereas
much higher Naþ (450 mM) is required for similar effects.
Divalent ions are known to be significantly more effective
at screening electrostatic interactions at lower concentra-
tions when compared to similar solutions of simple mono-
valent ions (73), and our results confirm that this applies to
the neutralization of LPS, visualizing the biological impor-
tance of divalent cations.
Biophysical Journal 106(11) 2395–2407
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Understanding LPS-sLBA interaction

We have demonstrated three very different rearrangements
of a simple, single component lipid system, all caused by
one membrane-inserting amphiphile in different local envi-
ronments. A schematic of LPS-induced rearrangements of
lipid membranes dependent on monovalent or divalent cat-
ions is shown in Fig. 6. The thermodynamically favorable
insertion of LPS into the lipid membranes and clustering
leads to a high density of LPS, at which point the net charge
of the extrinsic polysaccharide portion of LPS appears to
determine whether this causes curved or planar structures.
The net-negative LPS-Naþ leads to electrostatic charge
repulsion between adjacent LPS and induces membrane cur-
vature (Fig. 6 A). Surface-associated lipid vesicles merge
and the high membrane curvature drives formation and elon-
gation of lipid tubules (Fig. 6, (1)). In supported lipid bila-
yers, LPS-induced curvature disrupts the lipid bilayer’s
interaction with the solid support, causing unstable delami-
nated regions that can be excised from the remainder of the
Biophysical Journal 106(11) 2395–2407
lipid bilayer by washing the surface, leading to hole forma-
tion (Fig. 6 (2)). In contrast, even low concentrations of
Ca2þ promote planar self-associations of LPS (Fig. 6 B).
Fusion of surface-associated lipid vesicles in this case leads
to growth of planar lamellar sheets of lipid and LPS on top
of the sLBA surface (Fig. 6, (3)). To form multilayers, we
postulate that mobile lipid-LPS particles deposit on top of
the first lipid-LPS planar sheet, leading to growth of a sec-
ond layer and potentially further layers, held together by
interlayer interactions between LPS. The ability of LPS to
switch from curvature-inducing to planar-sheet formation
simply from changing its net charge by adjusting the buff-
ering cations indicates that LPS-induced membrane curva-
ture is due to electrostatic repulsion rather than steric
repulsive effects (42,43).

Previous studies with another amphiphilic pathogenic
molecule, lipoarabinomannan, detected insertion into
lipid membranes without any disruption (74). Lipoarabino-
mannan and LPS are both amphiphilic virulence factors
that each interact with similar factors during infection of a
FIGURE 6 Schematic of the mechanism of LPS-

induced lipid bilayer deformation. See text for

description. LPS is represented by a simplified mo-

lecular structure showing the hydrophobic domain

with six fatty acid tails linked to core sugar units

and the extended O-chain. Sugar units are repre-

sented by their cyclic rings. Note that, for clarity,

side groups are not displayed and the polysaccha-

ride chain is greatly shortened, represented by

(.). Normal phospholipids are represented by

their two fatty acid tails linked to a headgroup

(green boxes represent BODIPY dye). Nega-

tively-charged groups of LPS are represented by

their charge symbols (blue). Cations that associate

with LPS are represented by their elemental sym-

bol and single or double charge (in red). Electro-

static repulsion is shown (Cyan lines). To see this

figure in color, go online.
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mammalian host (TLR2, TLR4, HDL) (3). Structurally, they
share similarities, both with hydrophobic fatty acid tails and
a membrane extrinsic domain, but they evidently interact
very differently with sLBAs. Whereas lipoarabinomannan
inserts passively without destabilizing the membrane (74),
LPS causes major disruptions, as shown by this study.
Thus, each membrane-inserting amphiphile may cause a
very different effect, depending on its unique physical
properties.

Finally, we consider three examples of other complex
lipids that have been reported to induce membrane
curvature:

1. Studies on poly(ethylene glycol)-derivatized-lipids
(PEG-lipids) at low concentration within fluid lipid
bilayers in hydrogels (75,76) are informative because
of similarities between LPS and PEG-lipids (nega-
tively-charged headgroup, bulky hydrophilic domain).
PEG-lipids were found to phase-segregate into domains
that stabilize regions of high curvature based on steric
and electrostatic repulsions (76).

2. Gangliosides, lipids with a single negative charge and
a bulky aromatic headgroup, have also been reported
to induce formation of tubules and pearls in DOPC
GUVs (77).

3. Multivalent cationic lipids (MVLs) have been shown to
cause formation of narrow tubules and pearling instabil-
ities in DOPC lipid vesicles (78–80). In these studies, the
authors hypothesized that increased membrane tension
due to electrostatic repulsion between the highly-posi-
tively charged lipid headgroups leads to phase segrega-
tion whereby curved regions become enriched in and
stabilized by MVLs. In common with our findings on
LPS, screening of MVL charges by increased salt con-
centrations lead to a transition from tubular to multila-
mellar stacked membranes (79).

It is remarkable that both cationic (MVLs) and anionic
lipids (gangliosides, PEG-lipids, LPS) can induce similar ef-
fects, bolstering suggestions of a general phenomenon (78)
that lipids with highly-charged (or very bulky) headgroups
have the potential to cause dramatic membrane curvature
and reorganizations, dependent on repulsive effects: electro-
static, steric, or a combination of both.
CONCLUSIONS

We have demonstrated that LPS, a biologically important
molecule, causes dynamic rearrangements of DOPC lipid
bilayers dependent upon cation availability, indicating po-
tential driving forces behind physiological effects. It was
not the purpose of this study to investigate physiological ef-
fects of LPS, which are influenced by a myriad of immuno-
logical and other factors in the human body; however, it is
our hope that the work presented will facilitate the future
design of experimental systems to investigate the role of
this complex toxin on the host cells. The continuum of
effects observed suggests an ability to tune the membrane
deformation by adjusting conditions and components.
Further variations may exist if one used different lipid mix-
tures (e.g., charged or gel-phase), LPS from different bacte-
ria, or alternative cations. Our study supports the general
notion that highly curved membrane architectures can be
generated by clustering of membrane amphiphiles that
have an effectively conical shape, due to charged or bulky
headgroups, causing electrostatic and/or steric repulsions.
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