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Analyzing the dynamics of biofilm formation helps to deepen our understanding of surface colonization in natural environ-
ments. While methods for screening biofilm formation in the laboratory are well established, studies in marine environments
have so far been based upon destructive analysis of individual samples and provide only discontinuous snapshots of biofilm es-
tablishment. In order to explore the development of biofilm over time and under various biotic and abiotic conditions, we ap-
plied a recently developed optical biofilm sensor to quasicontinuously analyze marine biofilm dynamics in situ. Using this tech-
nique in combination with microscope-assisted imaging, we investigated biofilm formation from its beginning to mature
multispecies biofilms. In contrast to laboratory studies on biofilm formation, a smooth transition from initial attachment to
colony formation and exponential growth could not be observed in the marine environment. Instead, initial attachment was fol-
lowed by an adaptation phase of low growth and homogeneously distributed solitary bacterial cells. Moreover, we observed a
diurnal variation of biofilm signal intensity, suggesting a transient state of biofilm formation of bacteria. Overall, the biofilm
formation dynamics could be modeled by three consecutive development stages attributed to initial bacterial attachment, bacte-
rial growth, and attachment and growth of unicellular eukaryotic microorganisms. Additional experiments showed that the
presence of seaweed considerably shortened the adaptation phase in comparison with that on control surfaces but yielded simi-
lar growth rates. The outlined examples highlight the advantages of a quasicontinuous in situ detection that enabled, for the first
time, the exploration of the initial attachment phase and the diurnal variation during biofilm formation in natural ecosystems.

Colonization of surfaces by microorganisms and formation of
biofilms can occur on both living and nonliving surfaces in

natural and man-made aquatic environments (1). Depending on
composition and location, the effects of biofilm formation are
considered positive or negative. For example, biofilm formation
on plant roots (2) or human intestine (3) and marine macroalgae
(4) are mostly beneficial for their host, while biofilm formation on
implants—such as catheters or artificial heart valves—adversely
affect human health (5). In aquatic environments, biofilms in-
crease corrosion of metal structures (6); in food processing sys-
tems, they may act as a source of contamination (7). Already this
short list of beneficial and adverse implications for biological sys-
tems as well as human well-being explains the general interest in
biofilm formation. As it is known that biofilms are often domi-
nated by bacterial communities, bacterial colonization dynamics
of single or mixed bacterial strains have been intensively studied in
laboratory experiments. In contrast, little is known about biofilm
formation dynamics in natural environments (8–11). In labora-
tory assays, it has been demonstrated that bacterial biofilm forma-
tion is a dynamic process with different phases of development.
After biochemical conditioning of the substrate, pioneer bacterial
cells from the surrounding water adhere to the surface. This initial
attachment phase is followed by a reproduction and accumulation
phase, resulting in a monolayer film of bacterial cells. Finally, the
bacterial community reaches a pseudostationary phase in which
detachment, dispersal, and sloughing are in equilibrium with ac-
cumulation and growth (12–14).

In the marine environment, biofilm formation is more com-
plex, and biofilms consist of bacteria, fungi, diatoms, protozoans,
larvae, and algal spores (15, 16). However, first colonization of a
submersed surface is still initiated by the attachment of bacteria

from the surrounding seawater (17), until eukaryotic organisms
follow. Depending on the species, eukaryotic settlement may con-
tribute to an enormous growth of marine biofilms (e.g., diatoms
[18]) or limit biofilm growth by eukaryotic grazing (19). Of
course, biofilm formation is highly variable in marine environ-
ments and is affected by physicochemical properties of the surface
(20, 21) as well as environmental factors, such as nutrient level,
pH, dissolved oxygen concentration, and temperature (22, 23).

Moreover, it has been shown that bacterial community com-
position and density of the surrounding water (24) play an impor-
tant role for biofilm establishment. In this context, Dang and
Lovell (25, 26) demonstrated that the marine Rhodobacter group
not only dominates early stages of biofilm formation on artificial
surfaces but also is highly abundant as a potential surface colo-
nizer in coastal seawater all year round (27). So far, to the best of
our knowledge, these studies in the marine environment were
based solely on destructive methods and the analysis of individual
samples after a defined settlement time. These studies provided
only snapshots of biofilm formation. Therefore, it was often diffi-
cult to attribute the overall effect of selected environmental pa-
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rameters to a specific growth phase. In particular, short-term ef-
fects and/or effects on the initial stages of biofilm formation are
often obscured by a limited number of samples or too-long sam-
pling intervals. To overcome this problem and in order to explore
in situ the formation of these highly dynamic biofilms under biotic
and abiotic parameters in the marine environment, we applied a
recently developed optical biofilm sensor in this study (28, 29).
The sensor is capable of quasicontinuous monitoring of biofilm
development from initial attachment of first bacteria to mature,
three-dimensional (3D) multispecies cell clusters. We conducted
first experiments to highlight different aspects of biofilm forma-
tion in different seasons and habitats and to demonstrate the ca-
pability of the biofilm sensor to detect diurnal fluctuations with
the finest temporal resolution ever reported for marine biofilms.
This technique was used in combination with microscope-assisted
imaging to identify known phases of biofilm development that
were found to be significantly different from those observed under
laboratory conditions.

MATERIALS AND METHODS
Optical biofilm sensor. For online in situ and nondestructive monitoring
of marine biofilms, a novel optical biofilm sensor was employed (28, 29).
Basically, the intrinsic fluorescence of the amino acid tryptophan is ex-
cited by a UV-LED light source at a wavelength of 280 nm. The emitted
fluorescence at 350 nm was collected and guided by 18 fused silica optical
fiber bundles that were arranged hemispherically and in two rings around
the LED. The optical design of the sensor head was optimized (e.g., the
arrangement and inclination angle of the fibers [28]) to detect a fluores-
cence signal of an extended planar surface without significantly deterio-
rating the signal by potential background fluorescence from the bulk wa-
ter. To compensate for the spatially heterogeneous arrangement of
bacteria in a typical biofilm with patchy cell clusters several hundred mi-
crometers in diameter (8, 30), the sensor design probed a large substrate
surface of approximately 0.5 cm2. The effective penetration depth of the
sensor signal was several millimeters (about 50% of the fluorescence sig-
nal arose from the first 3.5 mm and about 90% from the first 10 mm), deep
enough to measure even thick, mature biofilms.

At the end of the combined fiber bundles, the collected fluorescence
light was spectrally separated and discriminated from the incident and
reflected or scattered excitation light by a combination of two interference
filters. A photomultiplier tube operating in single-photon-counting mode
was employed as detector. A linear sensor signal response between fluo-
rescence intensity and bacterial cell density and coverage area has been
demonstrated with two different bacterial strains and in situ with natural
bacterial biofilm communities (28). Therefore, the quasicontinuous flu-
orescence signal of the biofilm sensor can be reliably converted to bacterial
cell numbers and microbial coverage area for a monolayer of a biofilm.
For the analysis of the field measurements, the respective conversion fac-
tors were obtained for a limited number of reference samples analyzed by
epifluorescence microscopy. Cell number and surface coverage were de-
termined, and chlorophyll-containing cells were identified. Overall, it
turned out that the assumption of a linear response of the sensor was
approximately valid even for the complex natural biofilms observed in
this work. Typically, the biofilm was exposed to an optical output power
of about 600 �W, and a readout cycle consists of five consecutive fluores-
cence measurements with integration times of 10 ms per reading. Possible
DNA damage of the microbial community (31) was excluded by switching
off the UV-LED between the measurement cycles. The first measurement,
which was taken 10 min after immersion of the sensor (still without any
substantial biofilm), served as the background fluorescence intensity of
the seawater and was subtracted from all following data.

Experimental setups. Between August 2010 and November 2011, sev-
eral biofilm dynamics experiments were conducted by exposing the sen-
sor at a depth of 0.5 m in the Baltic Sea (Kiel Fjord, GEOMAR institute

pier; 54°33=N, 10°14=E). UV transparent foil (Lumox film 25; Greiner
Bio-One, Germany) was mounted as the settling substrate onto the sensor
head. Biofilm formation was quantified by measuring the fluorescence
intensity of the substrate using the optical biofilm sensor. Reference set-
tlement substrates (Lumox film 25; Greiner Bio-One, Germany) of 1 cm2

were exposed in close proximity to the biofilm sensor and were sampled at
different phases of biofilm formation with 4 replicates per sampling date.
These biofilm samples were fixed in 2% formaldehyde to analyze the cell
density, cell size, and quantity of chlorophyll-containing cells by epifluo-
rescence microscopy. Samples were stained with a 2 �g/ml DAPI (4=,6-
diamidino-2-phenylindole dihydrochloride; Sigma-Aldrich, Germany)
solution for 10 min, dip-rinsed in distilled water, and mounted on a glass
slide using a coverslip. For quantification of the cell number, surface cov-
erage, cell size, and chlorophyll content of the biofilm, 20 randomly cho-
sen images were captured with an epifluorescence microscope (Axio
Scope.A1; Carl Zeiss, Germany) equipped with a color charge-coupled
device (CCD) camera (ProgRes CF; Jenoptik, Germany). The epifluores-
cence microscopy images were analyzed with the free software ImageJ
1.46e (National Institutes of Health, USA) (32). A stack of fluorescence
micrographs of different heights of the reference samples were taken when
the mature biofilm showed a complex 3D structure using the “Object
counter3D” plugin.

During the experiments at Kiel Fjord, the physical seawater parame-
ters temperature (T), pH, dissolved oxygen concentration (O2), and sa-
linity (S) were measured continuously every 10 min (ProfiLux III; GHL,
Germany). Water samples were taken weekly for analysis of chlorophyll a
concentrations and nutrient levels of silicate [Si(OH4

�)], nitrate (NO3
�),

and phosphate (PO4
3�) at a 2-m water depth at the institute pier at Kiel

Fjord (data courtesy of A. Stuhr [GEOMAR, Kiel, Germany]). A summary
of all data is given in in Table S1.1 in the supplemental material.

Initial attachment experiments. During the first hours of marine bac-
terial adhesion, the fluorescence intensity of the biofilm sensor was auto-
matically recorded every 15 min in August 2010. In three independent
experiments, the bacterial cell density on the settling substrate of the bio-
film sensor head was analyzed by epifluorescence microscopy after 6, 12,
and 24 h.

Long-term detection of biofilm formation dynamics. Biofilm forma-
tion was continuously analyzed for 18 to 21 days in October 2010, May
2011, and November 2011; here, an hourly recording time was chosen for
the sensor, and replicate reference samples (n � 4) were taken daily. To
investigate in more detail whether biofilm formation follows a diurnal
rhythmic, water samples of 50 ml were taken and stored at �20°C for
further analyses of background fluorescence intensity on 6 days at night (1
a.m.) and during the day (12 noon) in October 2010. At the same time,
20-ml seawater samples were fixed in 2% formaldehyde (final concentra-
tion) and stored at 4°C. Three aliquots of each sample were used to count
the total number of planktonic cells by flow cytometry (FACSCalibur;
Becton, Dickinson, USA).

Effect of seaweed on biofilm formation. In June 2011, the biotic and
abiotic effects of the marine macroalgae Fucus vesiculosus on biofilm for-
mation were studied in independent outdoor mesocosms with a volume
of 150 liters and a steady exchange with seawater. The biofilm accumula-
tion on the sensor substrate was quantified hourly in close proximity (5
cm) to 10 plants of the macroalgae F. vesiculosus. In parallel, biofilm for-
mation was quantified daily in mesocosms with or without Fucus vesicu-
losus by epifluorescence microscopy (n � 5). Additionally, biofilm sam-
ples for fluorescence in situ hybridization (FISH) analyses were fixed in
2% formaldehyde at 4°C overnight, rinsed twice in 1� phosphate-buff-
ered saline (PBS; pH 7.8), and stored in 1� PBS and 96% ethanol (1:1) at
�20°C until further processing. The basic community composition of the
bacterial biofilm was determined by FISH using 5=-end fluorochrome
Cy3-labeled oligonucleotide probes synthesized by biomers.net (Ulm,
Germany). After dehydration, bacteria were hybridized with the oligonu-
cleotide probes EUB338 I to EUB338 III (33), ALF968 (34), CF319a (35),
and G Rb (36) and a negative-control probe, NON338 (37), for nonspe-
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cific binding. The probes EUB338 I to III stain all Eubacteria, whereas
ALF968 stains Alphaproteobacteria and G Rb hybridize with Roseobacter
and Rhodobacter. Cytophaga-Flavobacteria was detected with probe
CF319a. Probes were hybridized in the dark for 3 h at 46°C in an equili-
brated hybridization chamber, incubated in washing buffer at 48°C for 25
min, rinsed with distilled water, and air dried. For details, see reference 38.
Samples were mounted in Citifluor (Citifluor, United Kingdom) and an-
alyzed by epifluorescence microscopy. For the quantification of hybrid-
ized cells, between 800 and 1,300 DAPI-stained cells per microscope im-
age were counted. All FISH data obtained were corrected by subtracting
counts obtained from the negative-control NON338 probe. Bacterial
counts of ALF968, CF319a, and G Rb hybridization were normalized to
probes EUB338 I to III (39), and a program implemented in the software
ImageJ 1.46e (National Institutes of Health, USA) (32) was built to con-
catenate the different steps automatically.

Data analysis. Specific settling and growth rates for biofilm formation
(including bacterial adhesion and growth) were calculated according to
reference 40. From the fluorescence signals converted to cell numbers (N),
the maximum specific growth rate (�), defined as the slope at the inflection
point (tip) of the exponential growth phase of biofilm formation, was calcu-
lated as � � �dA⁄dt�tip

. Here, A is ln[N(t)/N0], with N0 being the initial cell
number and N(t) the cell number after time t.

The seawater samples for quantification of surrounding plankton
community and background fluorescence were analyzed by Student’s t
test (SigmaPlot 11.2, Systat Software Inc., San Jose, CA). All data were
normally distributed with homogeneous variances (Shapiro-Wilks test
P � 0.65; equal variance test P � 0.194). One-factor analysis of variance
(ANOVA) followed by Tukey’s honestly significant difference (HSD) test
was used to analyze differences in cell size. If some data did not fulfill
criteria of normality or homoscedasticity, data were analyzed parametri-
cally at a lower � level of 0.01 (41). For nonlinear curve-fitting using the
Levenberg-Marquardt algorithm, Origin 8.0 Pro software (OriginLab,
Northampton, MA, USA) was applied.

RESULTS
Initial attachment and biofilm growth. Figure 1 displays the
computed bacterial cell numbers during the first hours of bacterial
attachment. For the three experiments conducted over a longer
period of time, the long-term behavior is illustrated in Fig. 2. Im-
mediately after immersion bacterial colonization started and
reached colonization rates (� [h�1]) that were �0.25 and �0.49
(� � 0.27 � 0.09 h�1; mean � standard deviation [SD]) in the
first hours. In all experiments and independent of the time of year,

this rapid initial attachment of bacterial cells to the surface
stopped after approximately 18 h when bacterial densities reached
2 � 105 bacterial cells/cm2 on average. The fast initial attachment
phase is followed by an adaptation phase, which is characterized
by relatively low growth rates of bacterial biofilms (Fig. 2a). In
May and October, biofilm growth started to significantly increase
again after about 6 days. This exponential accumulation phase of
biofilm formation was considerably reduced in November. In
May and October, the final surface coverage reached values of 35
to 40%, whereas in November, even after 18 days, the surface
coverage stayed at a level of about 5%. Within the first 12 days,
biofilms were dominated by bacteria with average cell sizes of 0.6
to 1.2 �m (Fig. 2b). In May, after 12 days (one-way ANOVA;
Tukey’s HSD P � 0.0001; F � 60), and in October, after 15 days

FIG 1 Accumulation of bacterial cells over the first 24 h of six independent
settlement experiments in the Baltic Sea. The times in parentheses are the
maximum experimental observation times of the biofilm.

FIG 2 Long-term experiments on biofilm formation in the Baltic Sea in dif-
ferent seasons. (a) Compiled quasicontinuous data for surface coverage. A
24-h running mean was applied to smooth out short-term fluctuations. The
single data points refer to the surface coverages observed for the DAPI-stained
reference samples. These were used to determine the conversion factor be-
tween original biofilm sensor signal and surface coverage. (b and c) Average
particle size (b) and number of red fluorescent cells (photosynthetic biofilm
components, such as diatoms and bacteria) (c) of DAPI-stained biofilm com-
munities. Error bars indicate standard errors of the means (n � 4).
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(P � 0.0046; F � 28), a significant increase in cell size to values up
to 5 �m was observed. In November 2011, the average cell size
remained small (	2 �m). Along with the increase in cell size, an
increase in red fluorescence from chlorophyll-containing cells was
observed (Fig. 2c) in the microscope images. These eukaryotic
phototrophic organisms were predominantly diatoms, as deter-
mined by microscopy. Toward the end of the experimental period,
diatoms and bacteriochlorophyll a-containing bacteria increased
to a maximum of 104 to 105 cells/cm2. This is 1 to 2 orders of
magnitude lower than the total cell counts (see Table S1.1 in the
supplemental material).

Diurnal variations in biofilm formation. As a representative
example of the capability of the biofilm sensor to detect fine-scale
temporal fluctuations, Fig. 3 illustrates pronounced diurnal fluc-
tuations of biofilm formation recorded in the Baltic Sea in Octo-
ber 2010. The fluorescence intensity was four times higher during

the night than in the morning (Fig. 3, inset), corresponding to
approximately 5 � 104 cells/cm2 during the night between days 3
and 4. Quantification of the surrounding plankton community by
flow cytometry revealed no significant difference in cell densities
between night and day (t test; n � 6; t � �0.634; P � 0.54), with
cell densities (average � standard error) of (1.5 � 0.1) � 106

cells/ml during the day and (1.7 � 0.2) � 106 cells/ml during the
night. Moreover, there were no significant differences in back-
ground fluorescence intensity of the surrounding seawater be-
tween day and night (t test; n � 8; t � �0.701; P � 0.49).

Impact of the marine seaweed Fucus vesiculosus on biofilm
formation. Figure 4 shows the comparison of cell density of a
biofilm developed in association with the macroalga Fucus vesicu-
losus and without. The presence of the marine macroalga Fucus
vesiculosus affected bacterial biofilm formation on artificial sur-
faces at two different stages. First, biofilm establishment under the
influence of Fucus vesiculosus was characterized by a reduced in-
duction phase of approximately 2 days compared to approxi-
mately 4 days of biofilms grown in the absence of alga. Second, in
the presence of alga, biofilms reached their maximum specific
growth rate of 0.28 day�1 after 6 days, while the maximum growth
rate without alga was 0.32 day�1 and was reached later, after 9
days. In both experimental setups, the total cell density reached
similar values, about 8 � 106 to 9 � 106 cells/cm2 after 16 days.

Dominating bacterial groups as determined by FISH are illus-
trated by the insets in Fig. 4. The relative abundance of Cytophaga-
like bacteria and Alphaproteobacteria with its genera Rhodobacter
and Roseobacter were determined by FISH after 4 and 12 days.
Bacterial biofilm communities grown in the presence of Fucus
vesiculosus were dominated by Alphaproteobacteria (68% � 7%)
after 4 days. Approximately 50% of these Alphaproteobacteria be-
longed to the genera Rhodobacter and/or Roseobacter. The relative
abundance of Alphaproteobacteria was lower for biofilms grown in
the absence of Fucus vesiculosus (39% � 6%), but the proportion
of Rhodobacter and/or Roseobacter cells was relative high and ac-

FIG 3 Normalized fluorescence signal of long-term observation of biofilm
establishment in the Baltic Sea (open circles) and moving average over 6 h
(solid curve). The inset shows a typical day cycle of the fluorescence signal. The
gray background marks the hours of darkness. arb.u., arbitrary units.

FIG 4 Numbers of colonizing cells of biofilm growth associated with (open circles, quasicontinuous measurements) and not associated with (triangles, single
measurements) the macroalga Fucus vesiculosus in Baltic Sea water. Analyses of cell density were carried out using DAPI-stained reference samples without algae
(triangles) and with algae (gray squares). The insets illustrate dominant bacterial groups determined by FISH probes relative to the bacterial counts obtained by
using the probe EUB338 after 4 (upper left) and 12 (lower right) days. Gray bars represent a biofilm community established near the macroalgae, and white bars
represent one without algae. Error bars indicate standard errors of the mean (n � 4).
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counted for 70% of all Alphaproteobacteria. Moreover, there were
no differences in the relative abundance of Rhodobacter and/or
Roseobacter between the two treatments after a colonization time
of 4 days. After 12 days, the relative abundance of Alphaproteobac-
teria decreased from 68% � 7% to 43% � 6% in biofilms grown in
the presence of Fucus vesiculosus. In contrast, the relative abun-
dance of Alphaproteobacteria increased to 65% � 8% in biofilms
grown without algae. This increase of Alphaproteobacteria was
driven mainly by an increase of Rhodobacter and/or Roseobacter,
accounting for more than 80% of all Alphaproteobacteria. How-
ever, the relative abundance of Rhodobacter and/or Roseobacter
did not change between days 4 and 12 in the presence of macroal-
gae. The abundance of Cytophaga-like bacteria was higher in bio-
films that were grown in the absence of algae irrespective of the
sampling time. After 12 days, the relative abundance of Cy-
tophaga-like bacteria increased in both treatments.

DISCUSSION

In the present study, an optical biofilm sensor was utilized to qua-
sicontinuously analyze biofilm formation in situ. The sensor en-
abled the detection of short-term fluctuations, the initial attach-
ment phase, and long-term trends of biofilm behavior. It was
shown in a preceding publication (28) that these quantities scale
linearly with respect to fluorescence intensity; however, for field
measurements, calibration of the overall sensor response by a few
reference samples is advised to extract the respective conversion
factors and to ensure the linear response. Using the sensor in
combination with microscope-assisted imaging, we investigated
biofilm formation from its beginning to mature multispecies bio-
films. The experiments revealed new insights into biofilm forma-
tion.

In all experiments we observed a rapid initial attachment,
which was affected by neither season (Fig. 1) nor environment
(Fig. 4). Most interesting was that the initial attachment phase was
terminated after 18 h, when bacterial densities of approximately
2 � 105 cells/cm2 were reached. In contrast to laboratory studies
on biofilm formation of selected strains (42), a smooth transition
from initial attachment to colony formation and exponential
growth was not observed in the marine environment. Instead,
initial attachment was followed by a phase of low accumulation
with homogeneously distributed solitary bacterial cells. It can be
speculated that further colonization from the surrounding water
was inhibited by already-adherent bacteria or that there was a
steady state of attachment and detachment of bacteria, similar to
the transient state of biofilm formation that has been described for
Pseudoalteromonas (43). The first evidence for a transient state of
biofilm formation within the first days of settlement is the obser-
vation of diurnal variations in biofilm densities. The fluores-
cence intensity detected by the biofilm sensor shows a clear
short-term fluctuation between night and day times in two out
of three experiments. One example is shown in Fig. 3. Varia-
tions in the fluorescence signal could not be explained by
changes in the surrounding seawater or abiotic factors, such as
seawater temperature. Bacterial counts in the surrounding wa-
ter were not different, nor was a clear dependence of the sensor
signal on water temperature changes observed (merely a 0.7°C
difference between day and night in our experiments). We
therefore attribute the observed fluctuation to a change of the
established biofilm itself. However, we can only speculate that
either differential settlement and detachment of bacterial cells

to the surface increased grazing during the day (44) or changes
in the metabolic state of bacteria (and hence potential changes
of fluorescence quenching) caused or contributed to the ob-
served pattern (45).

After the initial attachment phase, however, the adaptation
phase could last for up to 4 days till the accumulation phase
started, with an increased settlement of bacteria leading to rapid
biofilm growth. In the presence of macroalgae, the adaptation
phase was reduced compared to that on control surfaces from 4 to
only 2 days. It can be suggested that a combination of factors (46)
contribute to this shortening. Bacterial communities established
on the artificial surface in the presence of Fucus vesiculosus were
dominated by Alphaproteobacteria at the beginning of the accu-
mulation phase. As the bacterial epibiotic community on the sur-
face of Fucus vesiculosus, with 7.7 � 106 to 1.9 � 108 bacteria/cm2

(47), is dominated by Alphaproteobacteria (48, 49) as well, it can be
hypothesized that the initial bacterial community is influenced by
the presence of Fucus vesiculosus. Biofilm formation in the absence
of seaweed on control surfaces was comparable to the colonization
pattern on artificial surfaces in coastal marine environments de-
scribed by Dang and Lovell (26). In both studies, Alphaproteobac-
teria contributed approximately 50% of the overall abundance of
bacteria and were dominated by Rhodobacter and/or Roseobacter
spp. Thus, the abundance of Rhodobacter and/or Roseobacter
strains did not change under the influence of F. vesiculosus com-
pared to control surfaces; the increase of Alphaproteobacteria in
the presence of seaweed can be explained only by bacteria that are
negative for the G Rb FISH probe. It can only be speculated that
Sphingomonadales, another bacterial group frequently associated
with the surface of F. vesiculosus, may have contributed to the
increase of Alphaproteobacteria. In addition, seaweeds provide en-
vironments rich in bioavailable nutrients (50) and hence may sup-
port the primary colonization of Alphaproteobacteria. However,
the impact of seaweed on biofilm formation regarding growth and
support of Alphaproteobacteria got lost over a longer period of
settlement. In fact, shortening the adaptation time in the presence
of seaweed resulted in an earlier decrease of growth rate, leading to
similar bacterial densities on treatment and control surfaces after
14 days. This reduction of biofilm growth was accompanied by a
reduction of Alphaproteobacterial abundance.

After 6 to 12 days, marine biofilms were still dominated by
bacteria and attained high growth rates, depending on environ-
mental conditions and season (Fig. 2). Within the first 12 days of
biofilm formation, the abundance of diatoms was relatively low,
even though first attachment of diatoms was observed by micros-
copy after approximately 7 days. After 12 days, a dramatic increase
of diatoms was detected and contributed together with bacteria to
the development of a 3D biofilm.

Several mathematical models were proposed to describe bio-
film formation dynamics that can range from common empirical
correlations to complex two- and three-dimensional morphology
algorithms (51). Generally, biofilm establishment can be de-
scribed as a sigmoidal function consisting of three main phases, as
defined by Bryers and Characklis (12). Based on empirical data
from lab cultures, the Gompertz function turned out to be a suit-
able fit for bacterial growth (40). However, the observations in this
study clearly demonstrate that in natural mixed-species ecosys-
tems, the colonization of a surface does not follow a dynamics that
can be described by a single Gompertz function but is better de-
scribed as a sequence of several accumulation stages. Therefore,
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we modified Zwietering’s description of the Gompertz function
(40) to allow for multiple stages of biofilm formation:

gi(t) � (Ai � Ai�1)exp ��exp � �i · e

Ai � Ai�1
(�i � t) � 1��

Here, gi(t) is ln[N(t)/Ni� 1
	 ], representing the sigmoidal growth

during the ith stage, with N(t) being the biofilm signal (cell count,
coverage area, etc.) at time t and Ni� 1

	 being the asymptotic signal
level of the proceeding stage, and Ai is ln(Ni

	/N0), the asymptote
reached after stage i. The growth model contains biologically sig-
nificant parameters, such as the maximum specific growth rate �i

and the conditioning or induction time 
i. As we observed three
main stages of biofilm formation (initial attachment of pioneer
bacteria, bacterial biofilm establishment, and attachment of uni-
cellular microorganisms), the corresponding overall growth func-
tion, G(t), becomes

G(t) � 

i�1

3

gi(t)

with A0 being equal to 0, since Ni� 1
	 � N0. This empirical marine

biofilm model should be considered a basic mathematical descrip-
tion of marine biofilm formation with simplifications and limita-
tions. For example, it does not take into account specific environ-
mental conditions. Three sets of experimental biofilm sensor data
were applied to validate the model; one example is shown in Fig. 5.
The real-time observation data of the colonization sequence show
a strong correlation (R2 � 0.998) to the model of marine biofilm
establishment and agrees with previously published articles (11,
52). In our case, seven main phases of biofilm establishment were
defined as visualized in Fig. 5. After following a biochemical pre-
conditioning (Fig. 5, phase I), an initial attachment phase (phase
II) takes place and commences the adaptation phase (phase III). In
the exponential accumulation stage (phase IV), the bacterial bio-
film grows continuously, and it reaches maximum bacterial cell
density in phase V. Moreover, this phase is characterized by in-
tense settlement of unicellular eukaryotic microorganisms like di-

atoms. The appearance of both phase VI, which represents the
exponential accumulation stage of eukaryotic microorganisms,
and the pseudostationary state of the final community structure in
phase VII depends on the planktonic community as well as sea-
sonal, local, and biological activity of the seawater. Images of char-
acteristic stages of the aforementioned growth phases are shown in
Fig. 5 as insets. Note that in natural marine ecosystems, all speci-
fied phases may not necessarily occur and that the emergence of
each subsequent phase can overlap the asymptotic state of previ-
ous phases. For example, the biofilm formation in November
showed only four phases, as the settlement of larger microorgan-
isms and red fluorescence cells such as diatoms was insignificant
(Fig. 2). Our biological observations and sensor responses con-
clude that a model with three distinct growth phases is capable of
accurate description of biofilm formation dynamics in marine en-
vironments.
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