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Abstract

Ribonucleotide reductases (RRs) catalyze a crucial step of de novo DNA synthesis by converting

ribonucleoside diphosphates to deoxyribonucleoside diphosphates. Tight control of the dNTP pool

is essential for cellular homeostasis. The activity of the enzyme is tightly regulated at the S-phase

by allosteric regulation. Recent structural studies by our group and others provided the molecular

basis for understanding how RR recognizes substrates, how it interacts with chemotherapeutic

agents, and how it is regulated by its allosteric regulators ATP and dATP. This review discusses

the molecular basis of allosteric regulation and substrate recognition of RR, and particularly the

discovery that subunit oligomerization is an important prerequisite step in enzyme inhibition.

1. INTRODUCTION

The process by which biological macromolecules such as proteins transmit regulatory

signals upon ligand binding to a distinct site distant from the functional site is known as

allostery.1 Allostery is important in governing vital functions of cell metabolism and gene

regulation.2,3 Considering that allostery is such an important process, a general

understanding of its structural basis has been elusive. In the past four decades, allostery has

usually been understood via two classical models: the concerted or symmetrical model also

known as the MWC model and the sequential model also known as the KNF model.4,5 The

concerted model proposes that regulatory proteins have a quaternary structure consisting of

subunits organized into finite assemblies, or oligomers, and that all subunits in an oligomer

switch states at the same time.3 This model proposes that the conformational coupling

occurs between different parts of the molecule as a complete entity.1 The second model

postulates that subunits in the same oligomer can be in different states, but the conversion of

one subunit makes the conversion of other subunits in the oligomer more likely. In this

model, ligand binding to the allosteric site(s) causes structural changes intrinsic to the

protein molecule that affect substrate binding.

Allosteric regulation can occur upon binding of a small molecule at a site distant from the

active site. So it is pertinent to ask how the signal is transmitted over such a distance.

Ligands that activate and inhibit an enzyme through allostery are called allosteric

modulators. A significant amount of information on allosteric mechanisms has come from

high-resolution structures determined by X-ray crystallography or NMR spectroscopy.
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High-resolution structure analysis by these methods has shown how ligand binding triggers

the allosteric mechanism in those proteins. Comparison of various structures of apoproteins

and the same proteins with bound ligand showed bonds formed or lost on ligand binding that

correlated with the functional (T) or relaxed (R) states of the molecule.6,7 However, in this

review, we discuss ribonucleotide reductase (RR); an allosteric enzyme follows neither the

concerted nor the sequential model.

2. RIBONUCLEOTIDE REDUCTASE

RR is an allosteric enzyme that provides the balanced pool of deoxyribonucleoside

triphosphate (dNTPs) to maintain genomic integrity in all cells.8,9 RR catalyzes the rate-

determining step of dNTP synthesis and hence provides the essential precursors for DNA

replication and repair.10–12

Historically, RR was first characterized by Peter Reichard and group at the Karolinska

Institute in Sweden in the 1960s.12–16 Four decades after conducting the first enzymatic

studies of RR, we still discover novel mechanisms pertaining to its mode of action.

In 1969, Brown and Reichard showed that RR has the amazing ability to catalyze

transformation of all four nucleoside diphosphate substrates to their deoxy forms. They also

showed that there were two distinct allosteric sites. The first site bound effectors and

determined substrate preferences while the second site bound ATP to activate the enzyme or

dATP to inhibit it. Mechanistically, reduction of ribonucleoside to deoxyribonucleoside by

RR requires the generation of thiyl radical by cysteine residues near the active site of the

enzyme. Metal cofactors are involved in the generation of free radicals that ultimately lead

to the formation of the important thiyl radical in the active site.17–19 So far, three classes of

RR have been reported based on the metal cofactors that generate their thiyl

radicals.9,17,18,20 In this review, we discuss the Class I enzymes that use a tyrosyl free

radical for catalysis.

Class I enzymes are expressed in nearly all eukaryotes, in some prokaryotes, and in certain

viruses.9,20–23 However, in this review, we focus mostly on human, yeast (eukaryotic), and

E. coli (prokaryotic) RR. The active form of the eukaryotic enzyme consists of two proteins,

the larger being RR1 (α) and the smaller RR2 (β). These proteins associate in dimeric or

multimeric forms such as α2β2 and (α)n(β2)m (where n = 4 or 6 and m = 1, 2, or 3). 24–30

Substrate catalysis occurs in RR1 (α) which contains two allosteric sites, the specificity site

(S-site), and the activity site (A-site) in addition to the catalytic site (C-site)29,31–34 (Fig.

14.1). The smaller RR2 (β) subunit is associated with the diferric-oxygen center which

generates the stable tyrosyl free radical.35 Class I enzymes are further divided into three

subclasses, Class Ia, Ib, and Ic, based on the organization of RR genes, protein topology, and

metalo-cluster assembly of the RR2 (β) protein.9,36,37 Class Ia and Class Ib require a

diferric-tyrosyl radical cofactor (FeIII FeIII–Y•) associated with their RR2 (β) protein. The

Class Ic enzymes do not use Y•, but the synthesis of an active metal cluster in the β subunit

requires oxygen. Catalysis by Class Ia enzymes involves reduction of cysteine residues near

the C-site brought about by transfer of the radical originating at the diferric-tyrosyl 30–35 Å
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from the C-site.30,31,38 After catalysis, the cysteines are re-oxidized to regenerate the

enzyme.

The early biochemical studies raised a remarkable question concerning RR: by what

molecular mechanism did this enzyme catalyze specific reduction of all four nucleoside

diphosphate substrates? In other words, what causes this enzyme to switch its specificity

when it binds different effectors? Among the two allosteric sites, one, the A-site, regulates

the overall activity and the other, the S-site, regulates the substrate specificity. Binding of

ATP or dATP at the A-site increases or reduces, respectively, the overall activity of the

enzyme.10,12,33 The S-site has the ability to bind dGTP and TTP in addition to ATP and

dATP. RR1 uses allosteric communication to determine C-site substrate preference based on

the nucleotide effector bound at the S-site.9,10,21,32,34 Either ATP or dATP binding at the S-

site facilitates both CDP and UDP binding at the C-site; TTP binding at the S-site selects for

GDP binding at the C-site, and dGTP binding at the S-site promotes ADP binding at the C-

site. The determination of the first three-dimensional structure of RR1 from E. coli provided

the molecular structure of the two allosteric sites and the C-site.31 Another important study

from Hans Eklund’s group in 1997 showed the structure of E. coli RR1 in complex with

TTP/GDP for the first time.39 This study illustrated the importance of a polypeptide chain

called Loop 2 which was involved in substrate recognition and another called Loop 1 which

was important in effector binding. It also laid the groundwork for the definition of the S-site

and the C-site. In the same study, they showed how substrate binding at the C-site is

structurally regulated by the binding of allosteric effectors.

RR is highly regulated transcriptionally, by subcellular compartmentalization, by small

protein inhibitors such as the yeast proteins Sml1 and Spd1 and, during the S-phase of the

cell cycle, by allosteric regulation.9 In this review, we discuss the allosteric regulation of RR

by which a single protein provides a balanced supply of all four dNTPs. Understanding RR

regulation is important in cancer therapy since many of the clinically approved anticancer

drugs such as gemcitabine, clofarabine, cladribine, and fludarabine mimic the substrates and

allosteric effectors of this enzyme.40,41 RR has a highly sophisticated mechanism for

synthesis and regulation of dNTPs, and even after more than four decades of RR discovery,

research on this enzyme continues to reveal fascinating new aspects of its action. Recent

studies from our group and others advance our understanding of the intriguing mechanisms

of allosteric regulation in this enzyme.29,42–46

2.1. Allosteric regulation

Interestingly, the allosteric regulation occurring between the S- and C-sites is shared by both

Class I and Class II enzymes. In contrast, Class III enzymes use a slightly different set of

substrate selection rules. The A-site is known as the pyrimidine site and can bind either ATP

or dATP. Binding of ATP to the pyrimidine site stimulates reduction of pyrimidine

ribonucleotides. The purine site resembles the S-site in Class I and Class II enzymes. dGTP

and TTP bind at the purine site and select for ATP or GTP at the C-site, respectively.

However, the binding of dATP to either the purine or pyrimidine site is always inhibitory.

The molecular basis for substrate selections is described in two studies based on the Class II

and Class I structures.32,47
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2.2. The C- and S-sites of Saccharomyces cerevisiae RR and Homo sapiens RR (hRRM1)

Our lab has produced hRRM1•TTP•GDP and ScRR1•TTP•GDP ternary complexes by

soaking cocrystals of hRRM1•TTP and ScRR1•TTP with the substrate GDP. The structures

of these ternary complexes showed that the ribose ring of the substrate adopts a puckered 3′-

endo conformation similar to that previously observed in the TmNrd1 substrate–effector

complex structures.29,32,48 Although in these complexes the C-site interactions with the

ribose of the GDP are fairly well conserved, there are differences with those of the Class II

TmNrd1 complex. For instance, the sulfur of the catalytic cysteine in the hRRM1 and

ScRR1 complexes is within hydrogen bonding distance of the 2′ and 3′ OH groups of the

ribose, while the corresponding groups are more than 4 Å apart in the TmNrd1 complexes.

Comparison of the S-site of the hRRM1•TTP•GDP complex with those of the TTP

complexes formed by eukaryotic ScRR1 and prokaryotic EcRR1 and TmNrd1 shows that

TTP binds very similarly in all the structures, with the exception of the EcRR1•TTP•GDP

complex in which the base is substantially shifted by about 5 Å.

2.3. The role of Loop 1 and Loop 2 in allosteric regulation of RR1

Two very important loops called Loop 1 (residues 245–260) and Loop 2 (residues 286–295)

(Fig. 14.1) were identified in the E. coli X-ray structure.39 Nucleoside or dNTP effector

binding at the S-site is a prerequisite for the dimerization of the large subunit, which is

essential for substrate selection. This is because allosteric communication occurs between

subunits by means of Loop 2 (Fig. 14.1) (which connects the S-site on one subunit with the

C-site of the adjacent subunit). The mechanism of substrate selection mediated by Loop 2

has been the subject of two crystallographic studies conducted on T. maritima Class II RR

and S. cerevisiae Class I RR. These enzymes share a common allosteric mechanism

involving key residues in Loop 247 (Fig. 14.2). In the apo form of S. cerevisiae RR, this loop

sits in a partially closed conformation, leaving little or no room for substrate binding. Upon

nucleoside triphosphate binding to the S-site, Loop 2 shifts toward the effector site,

concomitantly creating room for substrate entry and creating a face of the binding site that

helps select a particular substrate (Figs. 14.1 and 14.2). Once the substrate is bound, Loop 2

yet again changes conformation and moves back toward the substrate.32 We called this

elegant communication between the S-site and C-site “specificity cross talk.” Two residues

in the Loop 2, R293 and Q288, have been proposed to be critical for substrate

recognition.42,49 A recent study has shown that a number of single point mutations in the

ScRR1 Loop 2 have a significant impact on the cellular dNTP pool and the cell growth

phenotype.49,50 Structural studies have shown that Q288 and R293 in ScRR1 form hydrogen

bonds with the adenine ring, and the R293 makes an additional stacking interaction with the

adenine.32 Mutation of R293 in ScRR1 to alanine severely compromised ADP binding at the

C-site as evident in the crystal structure of the R293A ScRR1-dGTP complex. Furthermore,

isothermal titration calorimetry analysis indicated significant loss of affinity for ADP

substrate in the case of R293A ScRR1.42 This is not surprising, as ADP makes a greater

number of interactions with residue 293 when bound to wild-type ScRR1 than to the mutant.

The Q288A mutation destroys two hydrogen bonds that the glutamine side chain forms with

ADP and R293. The latter interaction is important for positioning the guanidinium side

chain of R293, to form its hydrogen bond and stacking interaction with ADP.
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Mutation at R293 in ScRR1 leads to altered CDP substrate binding, such that CDP binds

farther from the C-site when compared to wild-type ScRR1. Moreover, this mutation results

in a conformational change in Loop 2 accompanied by a shift toward the C-site. The newly

acquired loop conformation would cause a steric clash between P294 and the CDP substrate

if the CDP bound in the original position as observed in the wild-type ScRR1. This study

shows that residues R293 and Q288 are important not only for facilitating substrate selection

but also for stabilizing the conformation of Loop 2. It is evident in these structural studies

that Loop 2 conformation is crucial for the communication between the S-site and the C-site

(Fig. 14.3A–C). The Chabes group has previously shown that expressing R293A and Q288A

ScRR1 mutants in yeast skewed the dNTP pool toward higher dATP/dCTP and dGTP/dCTP

ratios. Substitution at multiple positions in Loop 2 also gave rise to mutants with imbalanced

dNTP pools; however, only R293A and Q288A mutations exhibited synthetic lethality based

on meiotic progeny analysis when the alternative RR1 subunit ScRR3 was deleted,49

indicating the significant role played by Q288 and R293 in ScRR1 (Fig. 14.3D).

2.4. ATP and dATP binding at the A-site (ATP cone)

The A-site in hRRM1 consists of a four-helix bundle. These helices are numbered H1–H4,

with H1 comprising residues 15–26, H2 comprising residues 36–46, H3 comprising residues

53–70, and H4 comprising residues 74–90 (Fig. 14.4A and B). This ATP-binding cone is

covered at one end by the previously termed “β-cap,” a β-hairpin formed by the first 14 N-

terminal residues and residues 48–51.31 Binding of either ATP or dATP requires helix H1

and the β-cap to shift from their positions in the native (TTP-only) form (Fig. 14.4C),

involved in some induced fit. However, the two binding modes are markedly different.

dATP binds more deeply inside the four-helix bundle and its ribose adopts a half-chair

conformation with the C2′ out of plane. In contrast, ATP binds less deeply inside the four-

helix bundle and its ribose adopts a 2′-endo conformation (Fig. 14.4). Interestingly, we have

observed in our ITC binding experiment that hRRM1 has severalfolds higher affinity for

dATP compared to ATP (Ahmad MF, unpublished data). The binding energy of protein–

ligand interactions can be expressed as the change in solvent-accessible surface area

between the bound and unbound states51; the deeper binding of dATP and its larger buried

surface area compared to ATP must contribute to its higher affinity. The chemical difference

at the 2′ position on the ribose moiety between ATP and dATP causes the difference in their

binding at the A-site. The 2′-OH of ATP sterically precludes the ribose from binding more

deeply inside the four-helix bundle, whereas dATP, lacking the 2′-OH, can penetrate the

pocket more deeply. In addition, our structural studies on dATP-bound hRRM1 illustrated

that residue I18 acts as a steric gate, as it would clash with the 2′-OH of ATP binding at the

dATP position. In the similar study, we proposed the molecular basis for how dATP is able

to overcome a severalfold deficit to outcompete ATP at the A-site during the S-phase of the

cell cycle.

2.5. Subunit oligomerization and allosteric regulation of RR

Binding of different ligands enables the formation of a biologically functional oligomer in

some cases and a nonfunctional oligomer in others. In the case of RR, both the allosteric

activator ATP and allosteric inhibitor dATP induce oligomerization upon binding to RR.

ATP and dATP bind in a concentration-dependent manner to alter the enzyme’s oligomeric
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state and thereby regulate enzyme activity. Initial studies on mouse RR have shown that

dATP binding to the A-site induces formation of a tetramer, which further isomerizes to an

inactive form of the enzyme. ATP, in contrast, induces formation of an active hexamer upon

binding to a proposed H-site.25,26 This study also examined mouse D57N RR, which differs

from wild-type mouse RR in that it has lost the ability to differentiate between ATP and

dATP and hence is activated by both. They argue that the D57N mutation in mouse RR

produces this effect by blocking the transformation of active to inactive tetramer.25,27

Later studies on mouse RR suggest that despite the fact that ATP and dATP have opposing

effects on enzyme activity, both nucleotides facilitate the formation of higher-order

oligomers. Anders Hofer’s group has shown, using a technique known as gas-phase

electrophoretic-mobility macromolecule analysis, that ATP/dATP-bound murine RR1 forms

hexamers which can interact with dimers of the small subunit to form the enzymatically

active complex α6β2. This α6β2 holoenzyme complex can exist in either an inactivated state

or an activated state depending upon whether the bound nucleotide is dATP or ATP.24

Another study with the drug gemcitabine (F2CDP) which is used clinically in the treatment

of various types of cancer showed that F2CDP is a substoichiometric mechanism-based

inhibitor of the large subunit of both E. coli and human RR in the presence of reductant.28 In

this study, F2CDP-bound RR forms a tight α2β2 complex in E. coli. Whereas human RR

forms an α6β6 complex upon F2CDP binding that leads to enzyme inactivation.28 Recently,

we demonstrated that dATP-induced olig-omerization is concentration dependent.29 Our

studies have shown that in the absence of any effector molecules, human RR is a monomer.

At 5 μm dATP, the dimer and hexamer are seen with a reduction of monomer concentration

as analyzed by size-exclusion chromatography (SEC) and multiangle light scattering

(MALS). Interestingly, at a physiological concentration of 20 μm dATP (the physiological

concentration of dATP reported for the S-phase), most of the human RR forms a hexameric

complex, with a few dimeric species as revealed by both SEC and MALS. Furthermore, it

has been shown that the N-terminus is involved in hexamer formation. Upon deleting the

first 74 amino acid residues, commonly known as the ATP cone, from human RR, dATP is

no longer able to induce the formation of the hexamer. In addition, in the presence of human

RR2, the N-terminally truncated version of hRRM1 forms an α2β2 holocomplex. This result

further emphasizes the role of the A-site in oligomerization. In this study, it has been shown

that the rate of dCDP and dADP formation by hRRM1 and ScRR1 is severely diminished in

the dATP-induced hexamer. However, the dimeric form of eukaryotic RR is not inhibited by

dATP. The above results indicate that the dATP-induced hexamerization of eukaryotic RR is

a prerequisite for enzyme inhibition. It is important to mention here that these findings

deviate from previous studies which reported that the dATP-induced tetramer is the least

active RR form and that the hexamer is observed only at very high dATP concentration.25

The discrepancy regarding dATP-induced oligomerization in the above study is partly due to

the difficulty of interpretation of dynamic light scattering data. Since dynamic light

scattering cannot resolve differences in the radius of various oligomer species that are less

than a factor of 4–5, the reported mammalian RR tetramer may be mixture of dimers and

hexamers, which would be consistent with our results.
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2.6. The X-ray structure of the dATP-induced hexamer of Class 1 RNR

To understand the structural basis of RR1 oligomerization and enzyme inactivation by

dATP, we crystallized the ScRR1 hexamer complex. The complex crystallized in a

hexagonal space group and diffracted to 6 Å. Although the low-resolution structure does not

provide atomic detail, it is useful for indicating oligomer organization. To analyze the data,

two models of ScRR1 hexamer packing were considered. In both models, ScRR1 α6 is a

trimer of dimers, in which the three dimers are related to each other by a threefold axis.

However, the models differ in the diameter of the central pore of the hexamer and in how

dATP would mediate hexamerization. In one model, only three of the six dATP-bound ATP-

binding cones participate in forming the hexamer interface, the other three free to interact

with the small subunit. Hence, only three dATP molecules are present at the hexamer

interface. In the other model, the interfaces that stabilize the hexamer are entirely formed by

six dATP-bound ATP-binding cones. Furthermore, each of the three interfaces is formed by

two dATP-bound ATP-binding cones from adjacent RR1 dimers that contact each other in

an antiparallel conformation and are related by twofold symmetry29 (Fig. 14.5A).

Since the hexamer model was built on the low-resolution ScRR1 hexamer structure, it was

pertinent to test the hexamer interfaces of both models biochemically. Hence, site-directed

mutagenesis was used to disrupt the hexamer interface predicted by each model.

Interestingly, only the D16R mutation, at the N-terminus, disrupts hexamer formation in

both hRRM1 and ScRR1. The results of this biochemical study validated only one model—

the one in which all six ATP-binding cones participate in the hexamer interface (Fig.

14.5A).

It was hypothesized that since the D16R mutation abolishes the ability of hRRM1 to form a

dATP-induced hexamer, D16R like the earlier reported mutation D57N which abolishes the

ability to discriminate between ATP and dATP would prevent the allosteric inhibition of

hRRM1 by dATP at physiological concentration. Interestingly, D16R hRRM1 retains the

ability to reduce ADP and CDP substrates and, as expected, its activity is not inhibited by

dATP. Unlike D57N, it is not activated by dATP either, however. Furthermore, D16R

hRRM1 retains the ability to bind dATP, so this change is not caused by abolishing dATP

binding at the A-site. Since D16R hRRM1 will still bind dATP but does not form hexamers

as a result and is not inhibited by it, this supports the idea that allosteric inhibition of RR by

dATP under physiological conditions requires hRRM1 to be in hexameric form.29

Our dATP-induced hexamer structure let us examine subunit packing for the first time. The

cryo-EM structure showed that the dATP holoenzyme has a subunit composition of α6β2

(Fig. 14.5B and C). In a similar study, site-directed mutagenesis studies showed that the

ATP-induced hexamer adopts an interface different from that of the dATP-induced hexamer.

It is quite easy to envisage that there must be structural differences between the ATP-

induced hexamer and the dATP-induced hexamer for one to act as a functional entity and the

other to be inactive.

Recently, it has been shown by carefully examining the ATP cone of ATP- and dATP-bound

Class I RNR that the largest differences between the two complexes are in the loop region

that spans residues 45–52.52 This particular loop is believed to be an important part of the
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dimer–dimer interface in the eukaryotic hexamer. This observation led to speculation that

subtle differences in the conformation of this region upon ATP and dATP binding are

responsible for the different oligomeric structures of ATP-versus dATP-bound eukaryotic

RR and for the different oligomerization behaviors of eukaryotic and E. coli Class 1RR.52

Rather than form hexamers as in human RR, E. coli RR appears to undergo oligomeric

interconversion from α2β2 (the active oligomer for E. coli RR) to the ring-shaped α4β4 (the

inactive oligomer for E. coli RR) under the influence of the allosteric effector. Moreover,

this interconversion is linked with distinct subunit rearrangements upon ATP and dATP

binding, which gives further insight into the molecular mechanism of the activated and

inactivated states.45 Further extending the research on E. coli RR ring structure, a later study

showed that the clinically approved anticancer drug gemcitabine when added to a solution of

both E. coli RNR subunits induces an unusual structure known as a concatamer, in which

two α4β4 rings interlock to form a unique (α4β4)2 complex.46 This study exploited a hybrid

approach to structural studies by using small-angle X-ray scattering (SAXS) and electron

microscopy (EM) along with X-ray crystallography to verify the formation of this unique

complex. The proposed mechanism for the formation of the concatamer is that α4β4 ring

formation occurs as described above and the ring subsequently opens to accommodate a

second ring and then recloses. The mechanism by which the concatamer forms was further

confirmed by SAXS analysis, additionally demonstrating that the structure was not a

crystallography artifact. It is important to mention here that despite the structural similarity

between ScRR1 and the E. coli enzyme, E. coli RR does not form a hexamer. The only

complexes reported for the E. coli enzyme to this point are α2β2, α4β4, and (α4β4). It is

noteworthy that the ability to form different ring structures among Class 1 RR provides to

develop new strategies to inhibit the RRs.46

2.7. The oligomeric state of hRR in the presence of nonnatural ligand

As described above and in our recent study, we showed that a key to hRRM1 inhibition by

the negative regulator dATP is the ability of the natural nucleotide to induce the protein to

form an inactive hexamer.29 In an independent study, the dATP analog, clofarabine, was

shown to inhibit hRRM1 by inducing hexamer formation.44,53 The above study indicates the

importance of developing nonnatural ligands that can perturb the quaternary status of protein

by inducing the inactive hexamer of RR.44,53 Recent studies by Ahmad et al. have shown

that 5-NITP inhibits the activity of hRRM1. This particular nonnatural ligand was identified

by in silico analysis of possible inhibitors of human RR. This analog’s structural similarities

to dATP suggested that it would inhibit hRRM1 activity by binding to its allosteric sites.

However, 5-NITP binds to the S-site with micromolar affinity and only weakly to the A-site

as revealed by ITC studies. Furthermore, 5-NITP binding at the S-site was confirmed by the

X-ray crystal structure. Thus, binding of 5-NITP does not induce formation of the inactive

hexamer of hRRM1 as does dATP and may account for the moderate inhibitor potency.

Regardless of its mechanism, 5-NITP produces cytostatic and cytotoxic effects against

human leukemia cells by altering cell-cycle progression, probably through its action against

RR.43 However, it is still important to develop nonnatural ligands that bind the A-site to

force formation of an inactive hRRM1 hexamer as another way to exploit RR allosteric

control in the service of anticancer and antiviral therapy.
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3. TARGETING LARGE SUBUNIT OF RR

Considering the fact that RR plays an essential role in DNA synthesis and repair makes it an

attractive target for cancer chemotherapy. In past few years, considerable amount of effort

has been made to develop specific inhibitor against this enzyme.54 In this review, we briefly

discuss about the inhibitors for cancer chemotherapy that involves the large subunit of RR.

To date, four druggable sites have been identified for the large subunit of RR. As shown in

Fig. 14.1, these druggable sites are the A-site, S-site, C-site, and the peptide-binding site (P-

site). Among the four sites, three sites are occupied with the nucleoside and

deoxynucleoside, whereas the fourth side is the P-site. Mostly nucleotide-based drugs that

target RR inhibit its activity by binding at either the A-site or the C-site. Interestingly, most

of the analogs that bind the A-site quite often bind the S-site. Now we briefly describe the

drugs and their modes of mechanism when binding to the A-site, C-site, and P-site of RR.

Fludarabine, cladribine, and clofarabine55–58 are nucleoside analogs that target the A-site of

the enzyme. These are U.S. FDA-approved clinical drugs that target the A-site of RR1.

Clofarabine is the best-characterized drug among the above-mentioned nucleoside analogs

and is clinically used in treating childhood leukemia.58–60 Clofarabine triphosphate is the

potent inhibitor of RR (IC50=65 nM), apparently binding to allosteric site of large subunit

of RR.40,61 In a recent report by Stubbe and co-workers, it was shown that clofarabine

triphosphate inhibits hRRM1 with a Ki equal to 40 nM at the A-site.53 In addition, they have

also shown that the clofarabine is not an irreversible inhibitor. Clofarabine triphosphate

induces hexamers by binding at the A-site similar to the allosteric inhibitor dATP. Hence, it

is important to mention here that nucleoside analogs that retain the ability to hexamerize the

RR1 subunit similar to that of dATP are likely to be categorized as good inhibitors of RR.

Gemcitabine which is a billion dollar drug used in many chemotherapeutic regimes is a

mechanism-based inhibitor that targets the C-site of RR1 has been characterized by Stubbe

and co-workers.28,62 It is important to mention here that Gemcitabine is one of the few

chemotherapeutic agents that are known to have any efficacy against pancreatic cancer.63,64

Gemcitabine binds at the C-site of the large subunit of RR and induces the hexamerization,

α6β6 holocomplex. We were able to determine the initial interactions of F2dCDP, the

diphosphate metabolite of gemcitabine, at the C-site of ScRR141 (yeast RR1). It is

interesting to note that while F2dCDP differs from CDP only by substitution of two fluorines

for the hydroxyl group and a hydrogen atom on the 2′ carbon of the ribose, F2CDP adopts a

different conformation when binding to RR1.41 In the similar study, we have shown that

differences observed between CDP and F2dCDP binding were due to unique chemical

properties of the germinal fluorine atoms which are more hydrophobic and yet retain the

ability to form hydrogen bonds. Our study illustrated the unique interactions that fluorine

atoms can make in an instance where chemical space truly invades biological space.

Studies conducted in our lab and Cooperman’s group have suggested that P-site is an

excellent drug target for anticancer therapy.32,41,65–72 Drug/molecule that targets the P-site

will interfere with the quaternary structure of RR via a specific protein–protein interaction.

Exploiting this particular characteristic will enable us to develop the highly specific

inhibitors that do not lack the specificity associated with nucleoside analogs that target the
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A-, S-, and C-site of RR. The P-site comprises two well-formed subsites providing a

platform for fragment-based drug design. Currently, there is no clinically used drug

available that targets the P-site. However, future drugs are likely to emerge that target the P-

site.

4. CONCLUSIONS

RR is a fascinating enzyme that converts ribonucleosides to deoxyribonucleosides and

provides raw material for DNA synthesis and repair. Considering its important function, RR

is an attractive target for cancer and antiviral therapy. Interestingly, in a recent review, it

was noted that hRRM1 is a useful biomarker in cancer therapy similar to BRCA1.73 A

number of clinical trials have shown that patients with tumors expressing low levels of

hRRM1 have increased progression-free and overall survival rates when treated with

regimens that included gemcitabine.73,74 Hence, hRR can be used in bench to bedside

treatments.30 The current interest in RR research is increasing our understanding of higher-

order oligomerization, enzyme turnover, and the mechanism of allosteric regulation that

governs specificity. The molecular basis of activation and deactivation by ATP and dATP

was partially clarified by our recent study, which provided an explanation of how dATP

achieves a 100-fold higher affinity than ATP for the A-site.29 dATP achieves its high

affinity by binding deeper in the pocket because it does not have an O2′ atom as does ATP.

Interestingly, I18 acts as a steric gate for the O2′ atom.29 In the same study, we showed that

dATP regulates RR by forming inactive hexamers, whereas the α2β2 dimer remains active.

Moreover, the inactive holoenzyme complex in ScRR1 was shown to be an α6β2 oligomer,

which is in agreement with a previously reported higher-order oligomer in mouse RR.24,75

Recently, using various structural and biophysical techniques, the Drenan group

demonstrated that dATP inhibits E. coli RR by driving formation of the α4β4 ring-like

structure.45 Furthermore, they have shown formation of the (α4β4)2 megacomplex of E. Coli

RR in the presence of gemcitabine and dATP.46 It is important to mention that the difference

in the high-order oligomeric ring structure between E. coli and eukaryotic RR is probably

due to the difference in the N-terminal ATP-binding cones. Due to the complexity of its

functions, understanding the structure, function, and regulation of RR is intellectually very

satisfying. As we begin to understand more about how this complicated molecule functions,

we will discover novel ways to develop chemotherapies that target hRRM1.
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ABBREVIATIONS

5-NITP 5-nitro-indolyl-2′-deoxyribose triphosphate

ADP adenosine diphosphate

AMPPNP adenosine 5-(β,γ-imido) triphosphate tetralithium salt
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CDP cytidine diphosphate

dGTP deoxyguanosine triphosphate

dNTP deoxynucleoside triphosphate

hRRM1 human ribonucleotide reductase

ScRR1 Saccharomyces cerevisiae RR1
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Figure 14.1.
Structure of large subunit of ScRR1 in dimeric form. ScRR1 monomers are yellow and

green; effector dGTP (violet) and substrate ADP (blue) from the effector substrate pair are

shown in the specificity (S-site) and catalytic site (C-site). Reproduced with permission from

Ref. 32. Copyright (2006) National Academy of Sciences, USA.
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Figure 14.2.
Substrate selection mediated via Loop 2: effector AMPPNP and substrate ADP binding at

the S and C-site, respectively. The key residues on Loop 2 required for substrate selection

are Q288 and R293 as shown. Reproduced with permission from Ref. 32. Copyright (2006)

National Academy of Sciences, USA.
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Figure 14.3.
Effect of R293A and Q288A mutations on wild-type ScRR1. (A) Structural comparison of

AMPPNP- and CDP-bound wild type and R293A ScRR1; stereo view of the substrate CDP

binding and its proximity to Loop 2. (B) Comparison of catalytic site of wild type and

R293A ScRR1 with CDP bound. The catalytic important residues C218, C428, N426, C428,

and E430 are also shown binding to the ribose moiety of wild-type ScRR1 (shown as dashed

lines). (C) Effect of R293A and Q288A mutations in the Loop 2 conformation. In these

figures, wild-type ScRR1 is colored in magenta and R293A ScRR1 is colored in green. (D)

Growth defects in wild-type ScRR1 because of R293A and Q288A mutations; R293A

ScRR1 causes lethality whereas Q288A ScRR1 showed slower growth compared to wild-

type ScRR1. Reproduced with permission from Ref. 42. Copyright (2012).
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Figure 14.4.
Structure of ATP- and dATP-bound hRRM1. (A and B) ATP and dATP binding at the A-

site in hRRM1 consist of a four-helix bundle. 2Fo–Fc electron density for ATP and dATP is

shown which is contoured at 1σ (blue density). (C) Ribbon diagram depicting ATP-binding

cones of hRRM1–TTP–ATP ternary complex (blue) and hRRM1–TTP–dATP ternary

complex (magenta) were aligned to that of hRRM1–TTP complex (orange). Allosteric

modulator ATP and dATP are shown in yellow and green, respectively. Reproduced with

permission from Ref. 29.
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Figure 14.5.
Subunit oligomerization packing of RR1 based on the low-resolution X-ray crystal structure

of the ScRR1 hexamer. (A) ScRR1 monomers are colored in cyan and blue. ATP-binding

cones are colored in red. (B) Electron micrograph of the α6–ββ′–dATP holocomplex; image

showing the negative stain of holocomplex. Scale bar, 50 nm. Model of the α6•ββ′•dATP

holocomplex based on cryo-EM data. Reproduced with permission from Ref. 29.
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