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Abstract

Sessile drop formation, also called drop deposition, has been studied as a potential medical 

diagnostic, but the effects of complex biofluid rheology on the final deposition pattern are not well 

understood. We studied two model biofluids, blood plasma and synovial fluid, when deposited 

onto slightly hydrophilic substrates forming a contact angle of 50–90°. Drops were imaged during 

the evaporation process and geometric properties of the drop, such as contact angle and drop 

height, were calculated from the images. The resulting dried biofluid drops were then examined 

using light microscopy and Raman spectroscopy to assess morphological and chemical 

composition of the dried drop. The effect of substrate contact angle (surface wetting) and fluid 

concentration was examined. We found that when biofluids are deposited onto slightly hydrophilic 

surfaces, with a contact angle of 50–90°, a ring-shaped deposit was formed. Analysis of the drying 

drop’s geometric properties indicates that biofluid dynamics follow the piling model of drop 

formation, as proposed by Deegan et al. The final deposition pattern varied with substrate surface 

and concentration, as shown by light microscopy photos of dried drops. The chemical composition 

of the outer ring was minimally affected by substrate surface, but the spatial heterogeneity of 

protein distribution within the ring varied with concentration. These results indicate that biofluid 

drop deposition produces ring-shaped deposits which can be examined by multiple analytical 

techniques.

Introduction

Sessile drop formation, also called drop deposition, occurs when a small-volume drop (2–10 

μl) of fluid is placed onto a flat substrate and allowed to dry. Drop deposition is used to 

characterize solid surfaces, model fluid dynamics, monitor polymer film drying, and 

examine macromolecule conformation.1–3 In the simplest model of drop deposition, a 

pinned contact line forms at the edge of the drop immediately after deposition. As solvent 

evaporates, capillary flow transports solute toward the contact line and the drop typically 

dries as a ring-shaped deposition, with components coarsely separated.4, 5 Equally important 
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to formation of a ring-shaped deposit is suppression of Marangoni flow, which recirculates 

flow toward the drop center.2 Fluid rheology, solute-substrate interaction, and drying 

conditions also influence the final shape of the dried drop. 6–8 Depending on the fluid 

properties and drying conditions, the resulting dried drop can be either ring-shaped, with 

components coarsely separated, or a uniform deposition. Both theory and experiments have 

shown that complex fluid flows and interactions guide the evaporation process even in the 

simplest of systems.9

Drop deposition is well suited for examining low abundance biofluids, such as tears, 

synovial fluid or spinal fluid, because there is often not enough fluid to analyze using 

standard chromatography or electrophoresis techniques.10 Biofluids can be prepared using 

drop deposition and the same dried drop can be examined using multiple analytical 

techniques, such as light microscopy, atomic force microscopy (AFM), matrix-assisted laser 

desorption/ionization (MALDI) mass spectrometry, acoustic-mechanical impedance or 

optical spectroscopy. Multiple data obtained from single microliter-sized drop are related to 

the physical and chemical properties of the biofluid. In particular, Raman spectroscopy of 

dried protein drops provides chemical composition and molecular structure 

information.11–15 A combined Raman spectroscopy/drop deposition analysis provides 

molecular markers associated with eye infection in tear fluid and osteoarthritis in synovial 

fluid.16, 17 Despite the diagnostic potential of biofluid drop deposition, the fluid dynamics 

that govern biofluid drop deposition are poorly understood because they exhibit non-

Newtonian rheology and are chemically heterogeneous. The first goal of this study was to 

build an experimental framework to understand the fluid dynamics in biofluid drop 

deposition because they directly affect the final deposition pattern and may affect the 

thickness and chemical heterogeneity of the outer ring. Plasma was studied as a model 

viscous biofluid because it is studied for biomarkers of obesity and cardiovascular 

disease.18, 19 Synovial fluid was used as a model viscoelastic biofluid because its rheology 

and chemical composition are studied as markers of osteoarthritis.20–22

Two models of drop evaporation, the piling model proposed by Deegan et al and the piling-

to-buckling model proposed by Kajiya et al., were considered in describing the evaporation 

behavior of biofluids. 1, 5, 23 In both models, capillary flow drives outward flow toward the 

drop edges and Marangoni flow recirculates flow from the drop edges toward the drop 

center. Most drops are formed by the piling model in which a contact line is fixed 

immediately after deposition. As solvent evaporates, capillary flow transports solute toward 

the contact line and the drop typically dries as a ring-shaped deposition. For highly-

concentrated polymeric drops deposited onto hydrophobic surfaces (θc > 85°) the 

evaporation can be modeled using the piling-to-buckling phenomenon, where the contact 

line is initially pinned but becomes unpinned. After the contact line becomes unpinned, the 

drop shrinks uniformly and a second contact line pins to the substrate. The final deposition 

pattern is typically in the shape of a uniform dot with a dimple in the drop center. We 

collected geometric profiles of drying biofluid drops and compared our data with profiles 

expected from the piling and piling-to-buckling model. The piling and piling-to-buckling 

models have different effects on the geometric properties, such as drop height, radius and 

contact angle. In the piling model of drop formation, the drop height and contact angle are 

expected to decrease uniformly as solvent is evaporated because capillary flow is the 
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dominant flow.4 And the drop radius should be constant because the contact line is fixed. By 

contrast, a step-like decrease in contact angle and drop radius is expected in a piling-to-

buckling model because the drop would contract after the initial contact line becomes 

unpinned.1

The second goal of this study was to examine the effects of substrate surface and fluid 

concentration on visual appearance and chemical heterogeneity of the dried outer ring. Light 

microscopy and Raman spectroscopy were used to examine the morphology and chemical 

composition of the same drop. Light microscopy enabled visualization of morphological 

features on the macroscale (such as the surface smoothness and width of the outer ring) and 

the microscale (cracks, fern-shaped crystals, thin film accumulations, liquid crystals). 

Raman spectra were collected across the surface of the outer ring to assess chemical 

heterogeneity. Microscopy images and Raman spectra provided information on the 

geometric and chemical properties of the outer ring of dried biofluid drops. Microscopy 

images revealed that the final deposition pattern was affected by the substrate 

hydrophobicity. Raman data showed minor changes in bands corresponding to hydrogen 

bonding of aromatic amino acids when fluids were diluted. Raman maps of the outer ring 

showed spatial heterogeneity of protein distribution related to the starting concentration of 

the biofluid, with the most spatial heterogeneity observed in undiluted biofluids.

Experimental

Materials

SpectRIM (Tienta Sciences, Indianapolis, IN, USA), gold or aluminium-coated glass (EMF 

Corporation, Ithaca, NY, USA), CaF2 (International Crystal Laboratories, Garfield, NJ, 

USA), and fused silica slides were used as received. Freeze-dried human plasma was 

purchased through Sigma (St. Louis, MO, USA) reconstituted using purified water, and used 

without additional preparation. Plasma was diluted with purified water to 0.5 v/v, 0.25 v/v 

and 0.1 v/v. Plasma of all concentrations was deposited onto four substrates that 

encompassed a range of surface hydrophobicity: fused silica, gold-coated glass, calcium 

fluoride (CaF2) and Teflon-coated stainless steel (SpectRIM). After Institutional Review 

Board approval, human synovial fluid was obtained and pooled from two patient groups, 

degenerative joint condition (DJC, N=3) and normal (N=2). Synovial fluid from each group 

was diluted with water to 0.5 v/v and 0.25 v/v. Synovial fluid of all concentrations was 

deposited onto gold-coated glass slides, fused silica or calcium fluoride slides. In another 

study, synovial fluid was obtained from patients negative for radiological osteoarthritis (−/

ROA, N=17) or positive for radiological osteoarthritis (+/ROA, N=23). Synovial fluid from 

the individual donors were examined by was and examined by DDRS and compared to x-ray 

evidence of osteoarthritis. The results from the earlier study are reported elsewhere.17 In this 

study, we pooled any remaining individual synovial fluid specimens into +/ROA and -/ROA 

groups. The pooled synovial fluid was deposited onto gold-coated glass slides and examined 

by Raman microspectroscopy. The resulting transects were used to generate Raman maps of 

protein distribution in the outer ring.
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Drop Geometry Measurements

Drops of plasma and synovial fluid at different dilutions and on different substrates were 

monitored during the evaporation process with digital cameras. Geometric properties, such 

as drop height, contact angle (θc) and drop radius were then calculated. Fluids (v=2 μl) were 

deposited onto substrates using an Eagle micropipette (World Precision Instruments, 

Sarasota, FL, USA). All experiments were performed in ambient laboratory conditions. 

Overhead and side profile images were collected throughout the evaporation process. 

Overhead images were collected at a rate of 1 Hz using a 1280×1024 camera (High 

resolution USB 2.0 CMOS camera, ThorLabs, Newton NJ, USA) equipped with a 60 mm 

f/2.8 macro lens (Nikon AF Micro Nikkor, Nikon Inc., Melville, NY, USA), side profile 

images were collected at a rate of 1 Hz using a 1280×1024 camera equipped with a 1/3″ 

4mm f/1.2 macro lens (Computar Commack, NY USA). 2000–2400 images were collected 

from each camera. Side profile images were used to calculate drop geometric properties, left 

and right contact angle, drop diameter (radius) and drop height. Raw images were imported 

into Matlab (The Math Works, Natick, MA, USA) and properties were calculated using 

routines written in-house. The GUI-based routine loaded a dataset of images. The user 

adjusted thresholds to select the drop’s bottom edge, sides and background, and these 

parameters defined the drop region of interest. The drop height, left and right contact angles 

were refined by fitting a polynomial to the data and the drop diameter was calculated from 

the contact points. The drop was fitted with a high order polynomial approximating the x 

value as a function of the angle. Next, the point where the polynomial hits the reference line 

was found. Finally, a partial derivative was taken at the point where the polynomial hits the 

reference line. The y value was calculated using the same technique. Geometric properties 

were measured during three separate experiments and the results shown in Figures 1–2 show 

representative time courses. An example of the GUI-based software steps is shown in Figure 

3. Geometric properties could not be calculated from fluids deposited onto fused silica 

because the low contact angle (θc~30°) resulted in many artifacts in the calculations. Images 

were compiled into videos to provide a visual time-course of the biofluid evaporation. 

Representative time-course videos for plasma and synovial fluid deposited onto gold-coated 

glass are shown in the Supplementary Data.

Light Microscopy and Raman Spectroscopy

Microscopy images and Raman spectra were collected from dried drops. A Nikon E600 epi-

fluorescence microscope (Nikon Inc., Melville, NY, USA) was modified for NIR Raman 

spectroscopy in-house. Microscope images were collected in epi-illumination mode with 2x/

0.06NA Plan UW, 4x/0.20NA, 10x/0.50NA, and 20x/0.75NA S Fluor objectives (Nikon 

Inc., Melville, NY, USA). A line-shaped 785 nm Kaiser Invictus laser approximately 100 

μm long (Kaiser Optical Systems Inc., Ann Arbor, MI, USA) was focused onto dried drops 

using a 20x/0.75NA S Fluor objective. Laser intensity at the objective was ~ 100 mW. 

Raman-scattered light was collected through the same 20x/0.75 NA S Fluor objective and 

dispersed through a spectrograph (HoloSpec f/1.8, Kaiser Optical Systems Inc., Ann Arbor, 

MI, USA). Raman scatter was collected for 3 minutes on a deep-depletion, back-thinned 

1024x 128 charge-coupled device (CCD) detectors (DU401-BR-DD, Andor Technologies, 

Belfast, Northern Ireland). Raman transects consisted of 126 Raman spectra arranged at 
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equidistant points along a line. Five transects were collected starting at 25 μm from the drop 

edge, spaced 20 μm apart, toward the drop center. Raman transects were collected at the 

drop edge at least 25 μm from the drop edge because the very edge of the drop was 

desiccated in preliminary tests. Raman maps of the area interrogated were generated from 

the five transects. Raman spectra from drops dried onto CaF2 showed that the CaF2 surface 

produced a large background signal that prohibited detection of Raman spectra from biofluid 

proteins, as shown in Supplmental Figure 1..

Raman Data Analysis

Raman data were imported into MATLAB software and corrected for curvature, dark 

current, and variations in the CCD quantum efficiency using in-house routines.24, 25 Raman 

spectra collected from drops deposited on fused silica were not corrected for the fused silica 

background signal. Raman spectra were not corrected for water background signal. A mean 

spectrum was calculated for each transect and baseline corrected using a baseline fitting 

routine modified from the technique described by Lieber.26 Baseline corrected spectra were 

intensity-normalized to the phenylalanine ring breathing band intensity at ~1002 cm−1. Band 

intensity ratios corresponding to protein secondary structure were calculated in Matlab.27, 28 

Total protein content was calculated by summing the intensity of the 1003,1033,1206,1445, 

and 1655 cm−1 bands.15 Table 1 shows the Raman band assignments. Raman maps of total 

protein content were generated from a ~150 μm × 100μm section of the outer ring to 

visualize protein distribution within the outer ring of the dried drop.

Results and Discussion

Biofluid drop formation dynamics

Biofluids have complex rheology and are highly concentrated in macromolecules including 

proteins and polysaccharides. Models of drop deposition have been developed based on 

experimental and theoretical examination of suspended particles or weakly-concentrated and 

chemically homogeneous solutions. Established models may not adequately capture the 

effects of macromolecule entanglement, shear-dependent flow, and heterogeneous 

interactions that are commonly observed in biofluids. Our initial unpublished studies 

showed that synovial fluid and plasma typically formed ring-shaped deposits during drop 

deposition, but we also occasionally observed formation of a uniform deposition on the 

SpectRIM substrate. These initial studies indicated biofluids dry following a piling model. 

To supplement this observational information, a thorough examination of biofluid geometric 

properties as they dried was necessary. We initially hypothesized was piling behavior would 

be observed when biofluids were placed onto slightly hydrophobic surfaces (θc=40–80°), 

such as fused silica, CaF2, and metal-coated glass and piling-to-buckling behavior would be 

observed if the drop was placed onto a more hydrophobic surface (θc~90°), such as the 

SpectRIM substrate.

Calculation of geometric properties provided a time-course of drop height, contact angle and 

drop radius during the evaporation process. Drop height and radius of plasma and synovial 

fluid are shown in Figures 1 and 2, respectively. The scatter observed toward the end of the 

measurements resulted from spurious reflections from the rapidly-drying drop. Plasma and 
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synovial fluid exhibited a uniform decrease in drop height and contact angle and constant 

drop radius during the evaporation process, independent of the substrate. Normalized drop 

height (Figure 1a) and drop radius (Figure 1b) are shown for plasma at deposited onto 

different substrates. When deposited on CaF2 (θc=71°) or gold-coated glass (θc=53°), 

plasma dried with a consistent decrease in drop height and no change in normalized drop 

radius. More diluted plasma dried more rapidly (Figure 1c) than undiluted plasma because 

of a higher concentration of water in the initial drop but dilution had no effect on drop radius 

(Figure 1d). The initial contact angle of plasma deposited onto the SpectRIM substrate was 

higher (θc=89°) than the other substrates in this study. Based on the contact angle 

information, we expected to observe that plasma deposited on SpectRIM substrates would 

exhibit piling-to-bucking dynamics and result in a uniform deposit. However, the 

measurements of drop height and radius (Figure 1) data indicated that plasma deposition on 

SpectRIM substrates resembled a piling model.

Healthy synovial fluid drops were deposited on CaF2 or gold-coated glass. The geometric 

properties of drying synovial fluid drops from degenerative joint condition (DJC) patients 

are shown in Supplemental Figure 2.. The drop radius remained constant throughout the 

evaporation, As shown in Figure 2, synovial fluid behavior may be sensitive to the substrate 

surface and concentration. We hypothesize that synovial fluid rheology and macromolecule 

interactions may be responsible for the observed differences in drying rates. In particular, 

entanglement and molecular structure properties of hyaluronic acid chains are the primary 

contributors to the shear-dependent rheology of synovial fluid.20 Future work to characterize 

synovial fluid rheology with its drop deposition behavior will study this hypothesis.

Light Microscopy of Dried Plasma Drops

We observed that substrate surface and fluid concentration had an effect on the visual 

features of plasma and synovial fluid dried drops. The effects of plasma concentration 

(columns) and contact angle/substrate hydrophobicity (rows) on the deposition pattern of 

plasma are shown in Figure 4. The size and symmetry of the dried drop varied on the 

macroscale because of the different substrate wetting properties. Plasma dried in a 

symmetric circular drop when deposited onto SpectRIM, CaF2 and gold-coated glass, but 

dried as an asymmetric circle when deposited onto fused silica. The extent of cracks 

radiating from the drop center is proportional to fluid concentration and was more 

pronounced on substrates with poor wetting. In most cases we observed a smooth film-like 

ring at the drop edge with crystalline fern-shaped deposits in the drop center. However, the 

substrate surface affected the width of the outer ring relative to the size of the drop. Because 

of the moderate wetting properties of CaF2, gold-coated glass and fused silica, capillary flow 

was sufficiently high to enable ring formation and we observed a coarse separation of 

plasma components. The ring width appeared similar for plasma deposited onto CaF2 and 

gold-coated glass, a narrow ring was observed on fused silica and a wider ring was observed 

on SpectRIM. Also observable in Figure 4 are visual features such as spiral cracks. At 

higher magnification, other visual features on the microscale could be observed including 

thin-film accumulations, cells and kerns in the outer ring and fern-shaped deposits in the 

drop center. (The formation of these visual features can be observed in the Supplemental 

Videos. Synovial fluid drop morphology also varied with substrate wetting and fluid 
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concentration (Supplemental Figures 4 and 5). Our previous drop deposition/Raman 

spectroscopy study of synovial fluid showed that macroscale drop features, such as fern-

shaped crystals or radial cracks, were correlated (R2=0.3) with radiological evidence of 

osteoarthritis.17

Raman Spectroscopy and Mapping

Raman spectra of synovial fluid drops were composed primarily of protein bands, similar to 

those reported in our previous study.17 Raman spectra collected from dried plasma drops 

showed that the chemistry of the protein-rich outer ring of the dried drop did not change 

when the same biofluid was dried on different substrates. Dilution of plasma affected both 

the optical properties and the amount of free water in the dried drop. Substrates were chosen 

for their compatibility with Raman spectroscopy. While the substrate affected the gross 

morphological features of the final deposition pattern, the hydration and conformation of 

biofluid proteins were preserved. The effects of substrate surface on Raman spectra are 

presented in Figure 5 that shows representative spectra of diluted plasma (0.5v/v) after 

drying on a) fused silica, b) SpectRIM and c) gold-coated glass. The choice of substrate did 

not interfere with collection of signal from the drop, except for minimal background signal 

from fluorescing impurities in fused silica, shown in the top spectrum of Figure 5. This 

minimal background signal from a fused silica substrate was also reported in another DDRS 

study.29 We did not observe any background signal from gold-coated glass and SpectRIM 

substrates. A strong background signal from CaF2 prohibited collection of adequate spectra 

from drops deposited onto calcium fluoride.

The Raman spectrum is representative of proteins, and we interpret the Raman spectrum as a 

fingerprint of the biofluid’s proteomic profile. Protein secondary structure can be estimated 

by deconvolving bands in the amide III (1200–1300 cm−1) and amide I (1600–1700 cm−1) 

regions. Fluid concentration, simulated here by diluting pure biofluid, has an effect on 

Raman bands near the amide I region at ~1500–1700 cm−1, which was independent of the 

substrate. Figure 6a illustrates this effect for plasma samples deposited onto gold-coated 

glass, and this effect was also observed in synovial fluid dilutions. Shown in Figure 6a, 

Raman bands at ~1603 cm−1 and 1617 cm−1 corresponding to aromatic amino acids are less 

resolved in spectra collected from drops of diluted plasma. However, dilution did not affect 

the relative abundance of α-helix and random coil secondary structure, measured by the 

intensity ratio of amide I bands at 1655 cm−1 and 1670 cm−1. Figure 6a also shows the 

amide I envelope width at 1640–1720 cm−1 increased and the intensity of the envelope 

maximum at ~ 1655 cm−1 increased in dilute samples. A similar trend in the 1665 cm−1 

band intensity was observed in spectra collected from fused silica and SpectRIM, shown in 

Figure 6b, where the normalized 1655 cm−1 intensity increased in DDRS of diluted plasma. 

We hypothesized that dilution of plasma affected the Raman measurements in two ways. 

The first effect is concentration of optical scattering and refractive index. Optical scattering 

increases with concentration, resulting in a wider surface area of Raman scattered photons 

and decreased collection efficiency. A higher plasma concentration may also result in a 

higher index of refraction. We believe optical scattering and refraction are minor effects that 

are offset by the increased number of Raman scattering molecules. The second factor is the 

presence of additional free and bound water. An earlier DDRS study of aqueous protein 
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solutions showed that water had a minor contribution to the DDRS spectrum.13 But, our 

results suggest that water may have larger contributions in biofluid spectra especially 

because water is bound to macromolecules such as proteins or glycosaminoglycans. In 

addition to the reduced spectral resolution, we found that the width of the 1633 cm−1 band, 

arising from water O-H bound to plasma proteins with minor contributions from free water, 

also increased in dilute drops.30

Raman maps of the outer ring of dried synovial fluid drops showed spatial heterogeneity in 

the protein distribution which was dependent on fluid concentration. Figure 7 shows low 

resolution (4x) microscopy images and Raman maps of normal and arthritic synovial fluid at 

low concentration (0.1 v/v) and undiluted deposited onto gold-coated glass. Low 

concentration synovial fluid dried as ring-shaped deposits (panels a and c), with a coarse 

separation of a thin outer ring and fern-shaped crystals in the drop center. There was no 

noticeable cracking on the low concentration synovial fluid drops. Undiluted synovial fluid 

(panels b and d) also dried as a ring-shaped deposit with a coarse separation. However, the 

ring is both wider and thicker than the ring formed by low concentration synovial fluids and 

there were extensive cracks observed on the drop surface. Raman maps, also shown in 

Figure 7, were generated from the sum of intensities of the 1003,1033,1206,1445,1655 cm−1 

bands as a spectroscopic marker of the amount of protein present.15 The spatial distribution 

of proteins varied with concentration. In diluted synovial fluid, proteins in the outer ring 

were either uniformly distributed (a) or localized in a stripe (c). Undiluted synovial fluid 

contained higher relative signal and non-uniformly distributed (panels b and d) within the 

ring. We hypothesize that the higher viscosity in undiluted synovial fluid resulted in 

localized stick-slip motion and non-uniform protein deposition.

Conclusions

Drop deposition is a simple, yet powerful, technique to prepare biofluids for a variety of 

analytical tools. In this study, two model biofluids were examined. In the first set of studies, 

geometric profiles of drying biofluids were calculated using home-built instrumentation and 

custom software to determine if the evaporation process could be explained using existing 

models. We found that the model biofluids followed the piling model of drop deposition 

under most circumstances. In the second set of studies, we examined the effects of substrate 

hydrophobicity and fluid concentration on the deposition pattern and chemical heterogeneity 

of the ring deposit. Our results show that the piling model is a good approximation of the 

fluid dynamics in biofluid drop deposition. However, more theoretical and experimental 

work can improve the model to include time-dependent rheology and intermolecular 

interactions during the evaporation process. Data provided by microscopy and Raman 

spectroscopy gives a robust description of the dried biofluid drop. While the substrate and 

fluid concentration had an effect on the morphology of the dried drop, the chemical 

composition and molecular structure of dried proteins within the outer ring were unaffected.

The ultimate goal of these studies is to improve the efficiency and diagnostic potential of 

biofluid drop deposition. Because the evaporation process is akin to a micro-scale 

crystallization process, experimental parameters such as substrate and drying conditions can 

be controlled to ensure that the desired type of deposit is routinely obtained. Once the proper 
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conditions are identified, it is possible to consistently produce a deposition pattern. 

Depending on the application, it is desirable to obtain a homogeneous deposit or a ring-

shaped deposit. In our previous study of synovial fluid, the coarse separation produced in a 

ring-shaped deposit enabled DDRS classification of fluids that were contaminated by vial 

additives (Supplemental Figure 6).17 By contrast, FT-IR analysis of dried biofluids is more 

sensitive to film thickness and a uniform deposition is desirable. There are elegant solutions 

reported by the FT-IR community including robotic liquid handling, homogeneous drop 

formation and multivariate data analysis.31–33 Potential basic science studies include 

functionalizing the substrate surface to mimic biological surface lubricity. In another 

approach, tryptic digestion or mass-specific filtration can be used to prepare biofluids prior 

to drop deposition to determine how high or low molecular weight components affect 

biofluid evaporation behavior. High-speed video microscopy, combined with quantum dot 

or fluorescence molecular tagging, may enable visualization of three dimensional flows.

Supplementary Material

Refer to Web version on PubMed Central for supplementary material.
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Figure 1. 
The contact angle, drop height, and drop radius were calculated from side-profile images 

collected from evaporating plasma drops. We examined the effect of substrate surface 

(panels a and b) and biofluid concentration (panels c and d) on these geometric properties to 

determine if the fluid dynamics of drying plasma drops could be explained by known 

models of drop deposition. The radius of a plasma drop remained consistent throughout the 

evaporation, indicating a fixed contact point. A fixed contact point was observed to be 

independent of substrate surface (panel b) and plasma concentration (panel d). The drop 

height decreased uniformly and the slope of the line, seen in panels a and c, was 

proportional to the rate of drop evaporation. Plasma deposited onto a SpectRIM substrate 

evaporated faster than on CaF2 or gold-coated glass (panel a). Drops of diluted plasma 

evaporated more quickly than undiluted plasma (panel c). From these data, we concluded 

that plasma drops dried with a constant radius, with a uniform decrease in height and contact 

angle, and the piling model of drop deposition could be applied.
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Figure 2. 
The contact angle, drop height, and drop radius were calculated from side-profile images 

collected from evaporating human synovial fluid drops. We examined the effect of substrate 

surface (panels a and b) and biofluid concentration (panels c and d) on these geometric 

properties. Geometric properties were studied in normal synovial and degenerative joint 

condition (DJC) synovial fluid (shown in Supplementary Figure 2) deposited onto gold-

coated glass and calcium fluoride. The radius of a synovial fluid drop remained consistent 

throughout the evaporation, indicating a fixed contact point, independent of substrate 

surface, shown in Supplemental Figure 2.. The drop height decreased uniformly in all 

experiments. From these data, the piling model of drop deposition could be applied toward 

synovial fluid.
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Figure 3. 
A GUI-based drop profile program was custom written for these experiments. The user is 

first requested to use the first image of the image sequence (top panel) to define the 

background (black solid square), the left and right slide surface (white solid squares) and the 

droplet (black dashed square). Then, the user is requested to adjust the thresholds (bottom 

panel) using the three sliding panels. These steps define the thresholds used to define the 

substrate surface or baseline, separate the background from the slide and separate the droplet 

from the background. The drop is then fitted with a high order polynomial to measure the 
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left and right contact angles and drop height. The drop is then fitted in each image of the 

sequence using the same thresholds.
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Figure 4. 
Drops of plasma dried on various commercially-available substrates (columns) at various 

concentrations of undiluted, 0.5 v/v and 0.25 v/v (rows). Visual inspection of the drop 

morphology for size, shape and features such as cracks or fern-shaped crystals was 

performed. The visual appearance of dried plasma is dependent on initial concentration and 

substrate wetting. Poor substrate wetting (θc ~ 89°, top row) resulted in a smaller-sized ~ 

2mm drop, with extensive cracking throughout the drop. Moderate substrate wetting (θc ~ 

50–70°, middle rows) resulted in slightly larger ~ 3mm sized drops with less cracking. Good 

substrate wetting (θc ~ 30°, bottom row) resulted in deposits that were not a uniform ring 

shape.
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Figure 5. 
Representative Raman spectra of dried drops of 0.5 v/v plasma on fused silica (top), 

SpectRIM (middle) and gold-coated glass (bottom). The Raman spectra were composed of 

protein bands, assigned to functional groups and secondary structure in Table 1. The choice 

of substrates had minimal effect on observation of Raman protein bands. However, we did 

observe some residual background signal from the fused silica substrate.
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Figure 6. 
Plasma concentration had an effect on the relative intensity of the amide I envelope of the 

Raman spectrum, here measured by the 1665 cm−1: 1002 cm−1 intensity ratio. 

Unexpectedly, the ratio increased in more dilute samples (panel a). This pattern was 

observed independent of substrate (panel b).
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Figure 7. 
Low magnification (4x) and Raman maps of the outer ring for −/ROA and +/ROA synovial 

fluid, at low concentration (0.1 v/v) and undiluted. Similar to plasma, concentration has an 

effect on synovial fluid drop deposition. Undiluted synovial fluid dried with a thick outer 

ring, with cracks radiating toward the outer edge. Diluted synovial fluid drops dried as ring-

shaped deposits with a thin outer ring and no cracks. Raman maps were generated from the 

intensity sums of the 1003,1033,1206,1445,1655 cm−1 bands, attributed to represent protein 

content. Scale bars on the Raman maps reflect relative intensities, and should not be used to 

qualitatively compare protein levels between two different drops. Qualitative analysis of the 

Raman maps show that protein distribution within the outer ring is highly variable, even 

though the ring appeared smooth, and dependent on synovial fluid concentration. The 

greatest spatial heterogeneity was observed in drops of undiluted synovial fluid.

Esmonde-White et al. Page 18

Analyst. Author manuscript; available in PMC 2015 June 07.

A
uthor M

anuscript
A

uthor M
anuscript

A
uthor M

anuscript
A

uthor M
anuscript



A
uthor M

anuscript
A

uthor M
anuscript

A
uthor M

anuscript
A

uthor M
anuscript

Esmonde-White et al. Page 19

Table 1

Band assignments of Raman spectra collected from dried plasma and synovial fluid drops.

Raman Shift (cm−1) Band Assignment Component

895 C-C stretch Protein

938 C-C stretch, α-helix Protein

1002 Ring breathing Protein

1080 C-N, C-C stretch Protein

1125 C-C, C-OH, C-N stretch Protein

1235 Amide III, random coil Protein

1260 Amide III, α-helix Protein

1340 CH2/CH3 wag Protein

1446 CH2/CH3 deformation Organic content

1655 Amide I, α-helix Protein

1670 Amide I, random coil Protein

1687 Amide I, β-sheet Protein
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