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Abstract

Synergistic advances in optical physics, probe design, molecular biology, labeling techniques and 

computational analysis have propelled fluorescence imaging into new realms of spatiotemporal 

resolution and sensitivity. This review aims to discuss advances in fluorescent probes and live-cell 

labeling strategies, two areas that remain pivotal for future advances in imaging technology. 

Fluorescent protein– and bio-orthogonal–based methods for protein and RNA imaging are 

discussed as well as emerging bioengineering techniques that enable their expression at specific 

genomic loci (for example, CRISPR and TALENs). Important attributes that contribute to the 

success of each technique are emphasized, providing a guideline for future advances in dynamic 

live-cell imaging.

Cells are complex machines that integrate intracellular and extracellular signals through the 

coupled spatiotemporal dynamics of proteins, lipids, metabolites, nucleic acids and glycans. 

Multicomponent cellular signaling scaffolds are structured in three dimensions with 

organization on the nanoscale, and signaling pathways are encoded in frequency- and 

waveform-specific modes1–3. Furthermore, cells are heterogeneous and exhibit phenotypic 

plasticity, necessitating longitudinal single-cell analyses. Deciphering how this complex and 

often interdependent symphony of cellular constituents defines healthy and diseased states 

and how these dynamics propagate from the cellular to the organismal level is one of the 

great challenges in modern biology. Today, fewer methods provide greater insight into 

subcellular spatiotemporal dynamics than noninvasive, real-time, specific, sensitive and 

multiplexed molecular imaging4.

The most widely applied technique for molecular imaging of live cells is the use of 

fluorescent proteins (FPs) to light up cellular structures such as organelles or biomolecules 

such as proteins. To identify and track biomolecules in the complex environment of the cell, 

molecular specificity is essential. FPs generate a fluorescent moiety autocatalytically and, 

when genetically fused to a protein of interest, offer exquisite labeling specificity. FP 

fusions can be expressed ectopically, virally and, through recent advances in genome 
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engineering, endogenously under the protein’s native promoter (for example, TALENs and 

CRISPR)5,6, facilitating long-term imaging throughout organismal development with 

sensitivity that routinely reaches single molecules. Extensive protein engineering efforts 

coupled with a focus on the discovery of new FPs have resulted in a powerful palette of 

fluorescent probes. One of the intriguing things about this field is that engineering efforts 

not only have been highly successful at targeting some properties, such as brightness, but 

also have revealed complexity in photophysical properties (for example, photoswitching, 

kindling and dark-state conversion) that are often confounding. Though these properties may 

be exploited for specialized microscopy applications, for traditional imaging, they often 

limit photon output. Such efforts emphasize the need to better understand the photophysical 

properties of FPs and how such properties influence imaging applications.

Fueled by the obvious benefits that FPs provide for cellular imaging, there has also been a 

focus on developing methods for labeling biomolecules with small-molecule probes, 

enabling greater labeling sophistication, and for extending fluorescent tagging to more 

diverse biomolecules, such as RNA. One such effort includes bio-orthogonal labeling, which 

is the use of diverse methodology for labeling cellular constituents in vitro and in vivo with 

unique chemical probes (for example, fluorophores, cross-linking reagents, biotin and so 

on). Such chemistry must be compatible with the cellular milieu, and fluorophores must be 

bright and photostable as well as nontoxic and permeable across cellular and organellar 

membranes. To eliminate nonspecific background, fluorophores should preferably be 

nonfluorescent (for example, via photoinduced electron transfer, pKa modulation, static 

quenching and so on) until labeling has occurred and remain nonfluorescent in low-

dielectric environments (for example, biological membranes)7. Alternatively, unlabeled 

fluorophores, if sufficiently permeable, may be removed through iterative rinsing to achieve 

high imaging contrast. Importantly, the modular nature of many bio-orthogonal labeling 

systems enables substitution or alteration of the chemical probe, permitting biological 

questions to be addressed with the molecular diversity provided by modern organic 

synthesis.

In this review, we provide an overview of two major strategies for tagging biomolecules 

with fluorescent probes. We briefly describe the demands that microscopy techniques place 

upon fluorescent probes and emphasize recent developments in both FP engineering and 

bio-orthogonal labeling to meet these demands. There are a number of important 

characteristics that all probes must have. In addition to being compatible with the cellular 

milieu, nontoxic and minimally perturbing, probes need to provide sufficient contrast 

between the object of interest and background noise. Yet contrast in fluorescence imaging is 

often influenced by environmental (pH, quenchers, redox agents and O2 concentration) and 

experimental (excitation wavelength, intensity, duty-cycle and presence of unbound probe) 

conditions, necessitating careful attention to detail when selecting a probe for a given 

application8. Additional properties that influence how a probe might be used include 

photophysical processes such as intersystem crossing, reactive-oxygen sensitization, dark 

states, quenching and photochromism9. Given the advances in optical imaging (p. 524), 

improvements to chemical probes and labeling strategies should make possible many of the 

longstanding goals in fluorescence microscopy (Box 1). Each imaging technique not only 
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provides distinct information content but also places unique demands upon the fluorescent 

probe (Box 2). Nevertheless, integration of different imaging technologies provides a more 

complete analysis of biological phenomena.

Genetically encoded FPs

FPs are arguably the most widely used probes in cell biology. The ever-increasing number 

of FPs with a dizzying array of properties can make it difficult for the cell biologist to 

identify the best FP for a given application. As has been suggested in numerous other 

reviews, the key is to pair the FP to the particular application. Core properties to consider 

are (i) spectral characteristics (i.e., wavelength of excitation and emission); (ii) the 

brightness and contrast that can be obtained over background fluorescence; (iii) 

photostability, particularly for long-term time lapse imaging; (iv) thermodynamic stability 

and residual tendency to oligomerize; and (v) application-tailored FPs with specialized 

photophysical properties. As microscopy becomes more sophisticated, new FPs with tailored 

properties continue to be developed, such as reversibly photoswitchable FPs for stochastic 

optical reconstruction microscopy (STORM) and reversibly saturable optical fluorescence 

transitions (RESOLFT) imaging, photoactivatable FPs for photoactivation-location 

microscopy (PALM), rapidly blinking FPs for superresolution optical fluctuation imaging 

(SOFI) and near-infrared–emitting FPs for in vivo imaging. Furthermore, FPs from unrelated 

organisms have been developed that rely on sequestration of endogenous cofactors (for 

example, flavin mononucleotide, biliverdin and bilirubin), expanding the spectral and 

chemical properties available for FP engineering10,11. Although we still do not have a 

complete mechanistic understanding of how photophysical properties are tuned by 

molecular structure, some insights have emerged from recent studies, and these will be 

highlighted below. In this review, we summarize recent advances in FP engineering based 

on the categories highlighted above. Select citations are provided in the text, and a 

comprehensive treatment of the citations can be found in several excellent reviews12,13.

Spectral characteristics of FPs

The chemical composition of the chromophore has an important role in tuning the spectral 

attributes of the FP (Fig. 1). The chromophore-forming tripeptide can tolerate substitution 

within the first two positions but not the third because of its role in backbone cyclization. 

The principle determinant of the excitation and emission wavelengths is the second amino 

acid in the tripeptide, which in the GFP context contains phenylalanine in UV-excitable 

FPs14, histidine in blue FPs15, tryptophan in cyan FPs16 and tyrosine in green and yellow 

FPs17. Elongation of the chromophore conjugation through formation of an acylimine 

moiety results in red fluorescence (for example, mRuby2)18, and intramolecular cyclization 

and reduction of the acylimine carbonyl results in orange fluorescence (for example, 

mOrange2)19. Formation of an acylimine without oxidation of the tyrosine β-carbon results 

in a UV-excitable blue-fluorescent mutant (for example, TagBFP2)20.

FPs with specialized spectral properties include those with large Stokes shifts (>100 nm). 

Such FPs can be particularly useful for spectral multiplexing, where a single excitation 

wavelength can excite multiple FPs. For example, LSSmOrange, T-Sapphire and 
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mTagBFP2 can be imaged with a single excitation laser (for example, 405 nm). 

Additionally, four-color fluorescence cross-correlation spectroscopy using mTagBFP2, T-

Sapphire, LSSmKate1 and LSSmOrange could potentially be used for the detection of 

transient macromolecular complex formation within cells21. The most useful variants 

include T-Sapphire (ε = 44,000 M−1 cm−1, ϕQY = 0.6, AEx/Em = 399 nm/511 nm) and 

LSSmOrange (ε = 52,000 M−1 cm−1, ϕQY = 0.45, AEx/Em = 437 nm/572 nm)21. The 

molecular mechanism leading to the long Stokes shifts involves excitation of a protonated 

ground-state chromophore that subsequently undergoes excited-state proton transfer.

Brightness and contrast

The overall brightness of an FP is often one of the most important criteria for high-quality 

imaging. EGFP has long been the gold standard to which other proteins are compared, and 

for many years other color variants fell far short of the EGFP mark. Recent advances have 

altered the playing field as molecular evolution efforts have resulted in a new gold standard 

that supercedes EGFP, and improvements in the blue, cyan and red FP variants have made 

them more viable candidates. Table 1 summarizes the FP performance leaders for each field, 

and below we highlight notable recent additions to the FP palette.

The brightest BFP is TagBFP2. Relative to its precursor, TagBFP, it shows resistance to 

acylimine hydrolysis and improved brightness. TagBFP2 has been used as a near-UV 

excitable fusion protein, as a FRET donor for green-emitting FPs and for spectrally 

multiplexed fluorescence cross-correlation spectroscopy measurements. Cyan FPs are often 

used as a FRET partner with yellow FPs but have long suffered from low brightness. The 

recently developed mTurquoise2 is twice as bright as ECFP (ε = 30,000 M−1 cm−1, ϕQY = 

0.93)16, with nearly identical spectral properties, making it an attractive replacement for 

ECFP in FRET sensors. mTurquoise2 was developed using a fluorescence lifetime screen, 

which provides information on the radiative and non-radiative excited state decay rates, as 

well as through X-ray crystallography and molecular modeling to identify conformationally 

dynamic amino acid side chains. Notably, mTurquoise2 is photostable and exhibits 

monoexponential fluorescence decay, facilitating use in quantitative fluorescence lifetime 

imaging. The improvements in photophysical performance may be attributed to global 

rigidification of the chromophore, increased chromophore planarity and improved inter-β-

strand hydrogen bonding16. Recently engineered green variants now substantially surpass 

EGFP in brightness, making them the new FP gold standard. Clover (ε = 111,000 M−1 cm−1 

ϕQY = 0.76) and mNeonGreen (ε = 116,000 M−1 cm−1, ϕQY = 0.80), derived from Aequoria 

victoria and Branchiostoma lanceolatum, respectively, are ~2.5-fold brighter than 

EGFP17,18. Clover, evolved specifically for FRET analysis with mRuby2 (ε = 113,000 M−1 

cm−1, ϕQY = 0.38), an improved red FP, has been used to image kinase activity, membrane 

voltage and GTPase activity18. The mechanisms by which mNeonGreen and Clover achieve 

such large extinction coefficients relative to spectrally and chemically similar FPs remain 

unknown. The class of monomeric RFPs has consistently suffered from diminished 

brightness, but the recent development of mRuby2, which is 2.7 times brighter than 

mCherry, is a much-needed advance. Although the molecular origin of the improved 

extinction coefficient is unknown, deeper biophysical studies on this variant might provide 

insight to inform future protein engineering efforts.
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FP photostability

As imaging is performed more rapidly on low-abundance molecular targets and for extended 

periods of time, the photostability of an FP is an increasingly important parameter in FP 

performance. However, photostability is highly context dependent and depends upon the 

excitation intensity, excitation source (laser or lamp), excitation duty-cycle (laser-scanning 

or wide-field) and excitation duration (microseconds in confocal, tens to hundreds of 

milliseconds in wide-field). Additionally, FPs convert to dark states, including the triplet and 

isomerized states, which can be either photoprotective or photoreactive8. These 

experimental difficulties, as well as differences in analysis, render interlaboratory 

comparisons of photostability challenging. Nevertheless, some progress has been made. 

Using photobleaching as the sole selection criterion, mOrange2 and TagRFP-T were 

identified and found to be more photostable than the respective parent proteins (mOrange 

and TagRFP) under both wide-field and confocal illumination. Likewise, microfluidic 

platforms have been developed for rapidly measuring the rate of irreversible photobleaching 

and subsequently sorting single mammalian cells22,23. Mechanistically, photobleaching in 

FPs may result in part from the low dielectric environment of the protein interior (~4) and 

large electric fields (10–100 MV cm−1). Strong electric fields could promote photoinduced 

ionization of the chromophore24, and electron transfer is a principal pathway for 

photobleaching in small-molecule fluorophores25. Furthermore, electron transfer has been 

evoked to explain decarboxylation in PA-GFP and DsRed26 as well as conjugation 

disruption in IrisFP following X-ray illumination27. An improved understanding of how 

mutations modulate electron transfer in FPs and how to suppress them could provide a 

desirable increase in FP photon output.

The immediate vicinity surrounding the chromophore also alters FP photophysics. In the 

absence of protein matrix, the chromophore methylene bridge undergoes rapid cis-trans 

isomerization and is thus nonfluorescent. Dynamic hydrogen bonding between the protein 

matrix and the chromophore can stabilize the excited state, resulting in increased Stokes 

shifts28. With ideal chromophore packing and rigidification, through both Van der Waals 

and electrostatic interactions, FPs may achieve near-unity fluorescence quantum yields16. 

Furthermore, the local electric field within the protein interior seems to tune the excitation 

wavelength of RFPs by the quadratic Stark effect, and misalignment of the electric field with 

the transition dipole moment may explain their diminished two-photon excitation cross-

sections29.

Thermodynamic stability and tendency to oligomerize

In addition to spectral characteristics, overall brightness and photostability, other 

considerations may be important for guiding FP selection. For example, improved 

thermodynamic stability seems to permit labeling of a greater repertoire of proteins and 

improves tolerance in chemically challenging environments (for example, the secretory 

pathway). In addition, the tendency of FPs to form dimers, tetramers or other aggregates is 

problematic when the FP is to be fused to another protein. Although major engineering 

efforts enabled the development of monomeric variants, the experience of many researchers 

is that some FPs retain a residual tendency to oligomerize30. This has been particularly 

problematic for the RFPs. The recent development of FusionRed (ε = 94,500 M−1 cm−1, 
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ϕQY = 0.19), which was specifically engineered to be tolerant of a wide range of fusion 

proteins, is an important step in the right direction, but the brightness of FusionRed is 

substantially lower than that of mRuby2 (ref. 31).

Application-tailored FPs

In recent years, there has been extensive development of FPs with specialized photophysical 

properties that can be exploited in advanced imaging techniques (Box 2). Multiple classes of 

photomodulatable FPs exist. Irreversibly photoactivatable FPs are nonfluorescent until 

activated with high-energy light (for example, 405 nm) and, following photoactivation, are 

constitutively fluorescent until irreversible photobleaching of the chromophore. Today, 

PAGFP and PAmCherry are frequently used in super-resolution imaging, and both form 

their ‘bright’ state through photoinduced radical reactions and intramolecular 

decarboxylation32. Irreversibly photoswitchable FPs switch fluorescence from one 

wavelength to another upon excitation with high-energy light. The most commonly used 

photoswitchable FPs include PS-CFP2, mEos3, tdEos, Kaede and Dendra2 (ref. 13). A 

recent addition to the irreversibly photoswitchable FPs is PSmOrange, which was developed 

to photoconvert to a far-red FP with an excitation maximum that coincides nicely with HeNe 

lasers (λEx/Em = 636 nm/662 nm). A common mechanism for irreversible photoswitching 

involves a histidine-containing chromophore tripeptide, which, when excited with ultraviolet 

light, triggers β-elimination of the protein backbone and glutamate decarboxylation. Both 

photoactivatable and irreversibly photoswitchable FPs highlight the prevalence of electron 

transfer in FPs, generating a functional chromophore species as opposed to irreversibly 

photobleaching. Such probes have been instrumental in super-resolution imaging and pulse-

chase experiments and for selectively labeling subpopulations of proteins.

The final class of photomodulatable FPs are reversibly photoswitchable. These FPs rapidly 

convert to a nonfluorescent state upon excitation. Equilibration back to a bright state can 

occur spontaneously or can be accelerated via excitation with high-energy laser illumination. 

Examples include Dronpa, Dreiklang, rsFastLime, rsGFP and mIrisFP12,13. Important 

attributes include high contrast between the two molecular states, large extinction 

coefficients and fluorescence quantum yields in the bright state; high photon output before 

photobleaching; and the ability to withstand a large number of photoswitching cycles. As 

with most imaging experiments, no single photomodulatable FP is ideal for every 

application (single-particle tracking, super-resolution structure determination, stoichiometry 

determination and so on), and careful analysis will be necessary to determine which probe is 

best for the experiment at hand13.

The identification and subsequent engineering of noncanonical FPs that rely upon 

sequestration of endogenous cofactors was instrumental in extending the wavelength range 

of FPs into the infrared. For example, an engineered biliverdin IXα-based bacterial 

phytochrome named IFP1.4 has excitation and emission maxima of 684 nm and 708 nm, 

respectively11. Later variants had improved dissociation constants, eliminating the need for 

exogenous biliverdin addition, and could be engineered to undergo photoactivation for 

optical lock-in imaging as well as bimolecular fluorescence complementation33–35. Near-

infrared FPs (IRFPs) offer many opportunities for further development; in particular, efforts 
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should be focused on improving their fluorescence quantum yield (ϕQY ~ 0.07) and 

photostability, reducing oligomerization and increasing tolerance of genetic fusions. Another 

cofactor FP named UnaG was recently discovered in the vertebrate Anguilla japonica that 

sequesters bilirubin and becomes brightly green fluorescent (ε = 77,300 M−1 cm−1, ϕQY = 

0.51)36. Addition of bilirubin to apoUnaG results in immediate and titratable fluorescence 

and can be used for the determination of bilirubin concentrations in human serum and 

diagnosis of kernicterus and jaundice36. As UnaG and biliverdin-based IRFPs do not rely 

upon O2 for chromophore formation (unlike canonical FPs), they provide an opportunity to 

image obligate and facultative anaerobes. Another cofactor FP, miniSOG, binds flavin 

mononucleotide and upon photoexcitation rapidly generates singlet oxygen (1O2, ϕROS = 

0.47) and has been used for genetically encoded diaminobenzidine oxidation and EM 

contrast formation10.

Bio-orthogonal methods for protein labeling

Methods of bio-orthogonal labeling of proteins

A growing number of methods for labeling biomolecules with fluorescent probes and other 

chemical handles for imaging have been reported in the literature. In this review we focus on 

techniques that are currently capable of labeling intracellular proteins or RNA. Thus, we do 

not cover the many reported systems that remain poorly compatible with live-cell labeling of 

intracellular targets. One of the distinct advantages of bio-orthogonal labeling is the freedom 

and flexibility to use a wide repertoire of small-molecule probes with diverse properties as 

well as the ability to couple innovative probes such as indicators and sensors to proteins of 

interest. A requirement of these probes is that they must be cell permeable or be delivered by 

microinjection into a cell. Labeling in situ can be covalent (chemical and enzymatic) or 

noncovalent (binding equilibria). Covalent methods can provide improved imaging contrast, 

particularly when the unconjugated fluorophore is nonfluorescent or can be readily washed 

out of the cell. Covalent methods are also compatible with pulse-chase studies, permitting 

analysis of intracellular trafficking, degradation and biogenesis. However, noncovalent 

labeling methods also offer some unique advantages. If the dissociation rate (koff) is not 

negligible, recycling of the fluorophore decreases the apparent rate of photobleaching and 

thus may enable longer-term imaging. Additionally, through careful control of the ligand 

concentration relative to the KD and optimized (kon) and (koff) rates, binding-induced 

‘blinking’ of the fluorophore could be used for super-resolution imaging.

Broadly, there are two types of enzymatic methods for covalent labeling of proteins: those 

that undergo self-labeling via reaction with a suicide inhibitor and those that recognize and 

transfer a fluorescent label to a peptide motif that is appended to a protein of interest. For 

enzymatic labeling reactions, the kinetics should be fast (kcat/KM >106) under physiological 

conditions, with a KM sensitive enough to label low-abundance targets, and labeling should 

be stoichiometric and occur to near completion. The fluorescent probe should either be 

nonfluorescent when unligated, or the unreacted probe should be readily washed out of cells. 

Self-labeling technologies include SNAP-tag, CLIP-tag, HaloTag and TMP-Tag7,37–39. 

Labeling with SNAP-tag is performed by fusing the protein of interest to O6-alkylguanine 

transferase (AGT; Fig. 2a). Incubation of benzylguanine-tethered fluorophores to SNAP-
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tag–expressing cells results in site-specific AGT cysteine alkylation, covalently tethering the 

fluorophore to the AGT fusion protein. CLIP-tag is another AGT variant that self-labels via 

reactions with fluorescent derivatives of O2-benzylcytosine (Fig. 2b)38. Despite the 

similarities between SNAP-tag and CLIP-tag, both methods offer substrate specificity and 

can thus be used simultaneously to image multiple molecular species38. AGT has been 

engineered to eliminate native DNA binding and improve the kinetics and thermodynamics 

of its reactivity. HaloTag, derived from an engineered variant of haloalkane dehalogenase, 

reacts with fluorophore-conjugated chloroalkanes (Fig. 2c)37. Each system offers rapid 

protein labeling in vivo and in vitro (103–106 M−1 s−1). Fluorophores in these systems are 

typically fluorescent throughout the labeling procedure. Consequently, thorough removal of 

unlabeled probes is necessary to achieve high imaging contrast. Nevertheless, substrates 

with excellent photophysical properties and cell permeability are widely available, 

eliminating the need for expertise in organic chemistry. A hybrid system, referred to as 

TMP-tag, involves fusion of a protein of interest to Escherichia coli dihydrofolate reductase 

(molecular weight ~18 kDa). Binding of trimethroprim (TMP) is preferentially, but not 

exclusively, limited to prokaryotic dihydrofolate reductase and triggers a proximity-induced 

reaction between a cysteine and an acrylimide-TMP-fluorophore conjugate (Fig. 2d)39.

SNAP-tag (20 kDa), CLIP-tag (20 kDa), HaloTag (33 kDa) and TMP-Tag (18 kDa) are 

similar in size to FPs (30 kDa) and therefore do not alleviate concerns that the larger label 

size could, in principle, lead to perturbation of protein function. However, a wide range of 

diverse probes have been developed, particularly for the SNAP-tag system, enabling studies 

that would not be possible with an FP tag. For example, the SNAP-tag has been used to 

couple small-molecule fluorescent indicators for Ca2+, Zn2+ and H2O2 to proteins of interest 

and thus, in principle, enables measurement of these signaling species in the immediate 

vicinity of a protein of interest40–42; the solvatochromic dye Nile Red has been used with the 

SNAP-tag fusion system to couple this ‘turn-on’ dye to membrane proteins43; and, finally, 

chemical labeling can be used to measure protein turnover and half-life in cells and 

animals44.

To address size concerns and potentially allow for labeling at internal sites in a protein 

structure as opposed to just the N or C termini, enzymatic peptide labeling techniques have 

been developed in which a small-molecule probe is coupled to a small (~12–15 amino acids, 

~1.7 kDa) peptide tag. Such systems include lipoic acid ligase, fluorophore ligase and biotin 

ligase and comprise three components: an enzyme that must be expressed in the cell, a 

protein of interest with a genetically encoded engineered peptide sequence and a cell-

permeable small-molecule probe. Lipoic acid ligase from E. coli was engineered to ligate a 

variety of functionalized substrates to a 13-amino-acid peptide. Referred to as probe 

incorporation mediated by enzymes (PRIME), functionalized substrates were used for two-

step labeling via azide-driven ‘click’ chemistry with cyclooctyne-conjugated fluorophores. 

More recently, a fluorophore ligase was generated, enabling direct incorporation of 7-

hydroxycoumarin, 7-aminocoumarin and Pacific Blue (Fig. 2e)45,46. Steric collisions within 

the active site of lipoic acid ligase seem to necessitate small fluorophores, traditionally 

limiting imaging to the near-UV. Additionally, incorporation of different fluorophores 

requires reengineering of enzyme substrate specificity and tolerance. An analogous method 
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using biotin ligase, which recognizes a 15-amino-acid peptide, has been used to label 

proteins with biotin isomeres functionalized with alkyne and azide chemistry (Fig. 2f)47. 

Biotin ligase, however, suffers from incorporation of endogneous biotin when expressed 

intracellularly but is particularly well suited for extracellular labeling via biotin-streptavidin 

binding or secondary click chemistry–driven labeling. Compared to the aforementioned self-

labeling techniques (for example, SNAP-tag), biotin and lipoic acid also suffer from ~104-

fold slower enzyme kinetics. Nevertheless, the small size of the peptide tag (<1.7 kDa) and 

small distance between the label and its target should facilitate improved image 

interpretation as super-resolution imaging advances toward the molecular scale.

Noncovalent peptide-based methods based on reversible binding of a probe to a peptide 

target have also been developed for protein tagging. Here, the probe should have a high 

affinity, i.e., a low KD (for example, <10−8 M), which allows labeling of low-abundance 

targets. A limitation of this approach is that the probe must be present throughout the 

experiment and thus should be weakly fluorescent or nonfluorescent in the unbound state to 

minimize background fluorescence. Ideally, large binding-induced changes in fluorescence 

intensity (ΔF/F >100) permit visualization of bound probes over freely diffusing probes. 

Continued presence of the probe also necessitates careful measurements of toxicity and 

perturbation of cellular processes. FlAsH and ReAsH are respectively biarsenical fluorescein 

and resorufin derivatives that reversibly bind a tetracysteine peptide motif with high affinity 

(KD ~10−11 M) and a large increase in fluorescence intensity (ΔF/F ~ 50,000; Fig. 3a)48. 

These probes are limited to imaging in reducing environments and suffer from diminished 

contrast with low-abundance targets owing to nonspecific partitioning and fluorescence in 

biological membranes. Although these probes served as early examples of the power of 

conjugating chemical fluorophores and fluorescent indicators to proteins of interest, more 

recent engineering efforts seem to have focused on covalent labeling approaches.

Labeling of proteins with the aforementioned methods requires modification of the protein 

itself, either through genetic fusions with another protein (for example, FP and SNAP-tag) 

or a peptide tag (for example, biotin ligase and fluorophore ligase). To enable native protein 

tracking, several methods have been developed. Initially, ligands that could bind the active 

site of a specific protein were synthetically coupled to reactive functional groups such that 

protein-specific binding of the ligand accelerated SN2 reactivity between the functional 

group and nearby amino acids via proximity effects (similar to TMP-Tag)39. Unfortunately, 

irreversible conjugation of the ligand near the active site results in constitutive binding, 

rendering the protein nonfunctional, hence perturbing the cellular system. Although useful 

for pharmacological inhibition of oncogenic proteins49, this strategy remains nonideal for 

functional imaging of active protein targets. To overcome this limitation, next-generation 

affinity labeling techniques use a phenylsulfonate ester moiety that concomitantly releases 

the ligand upon nucleophilic attack (Fig. 3b)50. This has been shown to chemically label 

proteins with high specificity in living cells and intact animals50 and was recently used for 

FRET imaging of rapamycin-induced intermolecular complexation in living cells51. Another 

recently developed approach used an RNA aptamer to image bacterial protein expression52. 

In this system, binding of a protein to an RNA domain allosterically modulated binding and 

fluorescence of a GFP chromophore analog (3,5-difluoro-4-hydroxybenzylidene 
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imidazolinone (DFHBI)) in a secondary ‘Spinach’ aptamer domain (Fig. 3c)53. Given that 

aptamers have been developed for diverse cellular constituents using systematic evolution of 

ligands by exponential enrichment (SELEX), this method could be applied to any other 

cellular target. Nevertheless, Spinach suffers from diminished contrast and will most likely 

require further development for widespread use (further details below). A final alternative, 

recently used to detect the formation of transient signaling complexes of internalized G 

protein–coupled receptors, are camelid-derived single-domain ‘nanobodies’ (molecular 

weight ~15 kDa) fused to GFP54. Nanobodies have been developed for a variety of targets, 

can be expressed in eukaryotic cells and are also capable of directly modulating FP 

photophysics55.

Methods for labeling of RNA

RNA elements are now widely recognized for their ability to modulate specific cellular 

outcomes well beyond the role of mRNA in coding for proteins. For example, ablation of 

long noncoding RNA elements alters cellular differentiation and development and can result 

in embryonic lethality or growth defects56. Furthermore, functional mRNA transcripts are 

actively sequestered and released from subcellular structures, altering mRNA storage, 

microRNA-mediated gene silencing and neuronal degeneration57,58. Given these and many 

other observations, it has become evident that RNA imaging methods are necessary to 

decipher the spatiotemporal dynamics of coding and noncoding RNA in vivo.

Early efforts to label endogenous RNA in fixed cells, referred to as fluorescence in situ 

hybridization (FISH), relied upon long antisense RNA or DNA oligonucleotides that could 

be chemically modified and probed by immunofluorescence (Fig. 4a)59. As DNA synthesis 

technology improved, antisense oligonucleotides were truncated (~20–50 nucleotides), 

directly labeled with fluorophores and multiplexed throughout the RNA target (Fig. 4b) and 

most recently via branched DNA structures that result in thousands of fluorophores per RNA 

transcript (Fig. 4c). Impressively, branched DNA labeling, coupled with robotics and image 

analysis, provides single-transcript sensitivity and has been used to analyze transcriptome 

heterogeneity at the single-cell level60. Although rare, multivalent FISH techniques have 

also been applied to live-cell imaging with single-transcript sensitivity61. Dense fluorophore 

labeling is necessary to detect single RNA transcripts over a background of nonhybridized 

fluorescent oligonucleotides. Alternatively, decreased labeling densities can be achieved 

with a fluorophore-quencher pair that reduces fluorescence until hybridization (Fig. 4d)62. 

Although these approaches are powerful means to label endogenous RNA, they require 

introduction of labeled oligonucleotides into the cellular milieu. Thus, the cells must either 

be fixed and permeabilized or the probes must be directly microinjected into cells61.

Genetically encoded RNA imaging methods have also been developed, circumventing the 

challenges involved in transport of fluorescently labeled oligonucleotides across the cellular 

membrane. The most widely used approach makes use of RNA binding proteins from 

bacteriophage that recognize specific RNA sequences and structures. The RNA motif can be 

genetically incorporated onto the 3′ UTR of an RNA of interest and the RNA binding 

protein fused to an FP. Because of their sequence specificity, bacteriophage-adopted systems 

can be spectrally multiplexed, and examples of bacteriophage systems include MS2 (ref. 
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63), boxB64, PP7 (ref. 65) and pumilio homology domain (Pum-HD)66. Owing to a large 

fluorescence background, many of these systems require tandem repeats of the RNA hairpin 

motif. For example, to achieve single-transcript sensitivity with MS2, 24 tandem repeats of 

the 19 nucleotide stem-loop motif must be inserted into 3′ UTR of the transcript, ultimately 

recruiting 48 MS2-GFP proteins and resulting in a complex >1 MDa (Fig. 4e). To improve 

contrast and circumvent the dense labeling necessary to achieve single-transcript sensitivity, 

an alternative approach of using two independently optimized Pum-HD fragments for 

adjacent RNA sequences, coupled with bimolecular fluorescence complementation, was 

reported (Fig. 4f). When coupled with total internal reflection microscopy, this method 

provided sufficient contrast to observe singly labeled mRNA translocation on molecular 

motors66.

A third approach involves the use of RNA aptamers capable of modulating the fluorescent 

properties of a small-molecule probe. As early as 1998, an aptamer capable of oxidizing 

nonfluorescent dihydrotetramethylrosamine to the fluorescent tetramethylrosamine was 

reported67. More recently, borrowing from the observation that GFP’s chromophore is 

nonfluorescent until rigidification, an aptamer (referred to as Spinach) that is capable of 

activating fluorescence in the cell-permeable GFP-analog DFHBI was used to image 5S 

rRNA in living cells (Fig. 4g)53. Subsequent studies suggested that Spinach is 

thermodynamically sensitive to RNA context and unfolding at cellular temperatures68. 

Further mutagenesis identified Spinach2, an aptamer that remained folded in a greater 

diversity of RNA contexts at physiological temperatures, resulting in a ~3.2-fold increase in 

fluorescence brightness in vivo68. Other fluorescence-modulating aptamers have been 

developed, including aptamer-induced disruption of molecular beacon–like fluorescence 

quenching69,70 and rigidification of malachite green analogs71. Although these methods 

show promise, several challenges will need to be addressed for widespread usage. As 

binding is reversible, cells must be continuously bathed in the fluorogenic compound, and 

cytotoxicity should be closely monitored. Continuous bathing also requires little to no 

background fluorescence for standard wide-field imaging techniques. Rapid excitation of the 

fluorescent complexes can result in isomerization, photoinduced unbinding of the 

fluorogenic probe and diminished signals, although fluorophore recycling is a useful 

property for minimizing photobleaching72. Lastly, lower dissociation constants (KD) will 

need to be demonstrated for low-copy RNA detection, and fluorophores with improved 

photophysics should enable truly single-molecule imaging.

Approaches for incorporation of fluorescent tags in cells

Prior to 2008, fluorescence imaging experiments relied upon ectopic or virally transduced 

expression of FP-tagged proteins under constitutively active (for example, cytomegalovirus) 

or chemically inducible promoters (for example, Tet-On). Overexpression must be carefully 

monitored, and control experiments are necessary to demonstrate that the exogenous 

expression of a tagged signaling element (for example, a kinase, phosphatase, GTPase and 

so on) does not perturb network dynamics4. However, genomic labeling of proteins under 

endogenous promoters eliminates these concerns, providing native, cell type– and cell state–

specific expression profiles and dynamics. Fortunately, genome engineering technology has 
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advanced rapidly, and scientists from diverse backgrounds are using these emerging 

techniques to genetically manipulate cells with high fidelity.

One such genome engineering technology is the type II CRISPR-Cas system, an RNA-

guided, dsDNA blunt endonuclease73. Originally evolved in archaea and bacteria as a form 

of adaptive immunity to foreign DNA epitopes, CRISPR-Cas has been successfully used in 

the eukaryotic context for genomic knockouts and knock-ins as well as for transcription 

activation and repression74,75. Genome engineering can be performed through both 

homologous and nonhomologous end-joining mechanisms. Cas9, the RNA-guided dsDNA 

endonuclease, can be fluorescently tagged with an FP and, through mutagenesis, converted 

into a nickase or a nuclease-null variant (nnCas9). The RNA guide (crRNA) targets specific 

genomic sequences and, when coupled with fluorescently tagged nnCas9, can be used for 

dynamic DNA imaging in living specimens76. Furthermore, the crRNA can be genetically 

fused to MS2 tandem repeats, providing yet another interesting mechanism for imaging 

dsDNA–crRNA–Cas9 triplex formation.

Unlike the CRISPR-Cas system, where DNA specificity is provided by crRNA, 

Xanthomonas transcription-activator like (TAL) effectors encode specificity through direct 

interactions between the protein side chains and the dsDNA77. TAL effectors have a 

repetitive architecture, consisting of 13–28 tandem repeats of an ~34-amino-acid domain. 

Each domain contains two amino acids, commonly referred to as the repeat variable 

diresidue, that are mutated to preferentially bind one nucleotide (A, T, C or G)5. Although 

each domain and its repeat variable diresidue has nucleotide promiscuity, the overall TAL 

effector specificity remains high because 13–28 sequential nucleotides are recognized by the 

full-length protein. Like CRISPR-Cas, TAL effectors can be fused to FPs, transcription 

activators, repressors and potentially epigenetic modifiers. Genome engineering is 

accomplished by generating two TAL effectors fused to FokI that target DNA sequences 

~6–40 base pairs apart. Coincident binding of the TAL effectors enables FokI dimerization, 

activation and cleavage of the DNA followed by homologous or nonhomologous end-

joining DNA repair mechanisms. Other mechanisms for genome engineering have been 

reported, including zinc-finger nucleases78. Nevertheless, genome engineering requires 

absolute sequence specificity and cleavage precision, particularly for human applications79. 

Intriguing possibilities continue to emerge from advances in genetic engineering, and it will 

be interesting to see how these developments affect not only imaging but also our 

understanding of transcription regulation, genome dynamics and epigenetics75.

Conclusions and outlook

Fluorescence imaging has steadily progressed throughout the last decade, breaking through 

experimental and conceptual limitations and shedding light upon previously unobservable 

biological phenomena1,80. The tools highlighted in this review have been instrumental in 

these advances. Yet, as the characteristics of probes and our ability to label biomolecules 

have improved, so too have the complexity of questions the biological community seeks to 

address. This sets up an iterative cycle, where, as we push the boundaries of what we can 

measure by fluorescence imaging, we demand probes and technologies with increasingly 

stringent or specialized properties.
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FP discovery and engineering have resulted in a broad color palette of genetically encodable 

fluorescent probes. Looking forward, we must ask what performance metrics will be 

necessary for further imaging advances and what are fundamental avenues for improvement 

of these probes? Here, we highlight three potential directions that could substantially 

improve FP-based imaging experiments. First, brighter probes will become increasingly 

important as researchers adopt low-copy expression platforms, such as expression of a 

tagged protein from its endogenous locus using genome editing technology. The best blue, 

yellow and red FPs are roughly half as bright as the best green FP, suggesting substantial 

room for improvement. However, the development of improved systems alone is insufficient 

unless the scientific community understands mechanistically what governs the improved 

performance. For example, spectroscopic studies detailing how Clover and mNeonGreen 

achieve large extinction coefficients and how these properties can be further improved and 

translated to other FPs could help guide efforts for improving the blue, yellow and red 

variants. Second, we need a deeper mechanistic understanding of complex photophysical 

properties such as dark-state conversion and photobleaching. It is clear that when structural 

and spectroscopic studies are coupled with protein engineering efforts, it is possible to gain 

molecular insight into factors that influence essential characteristics such as brightness and 

photoswitching. Although our understanding of some properties (for example, quantum 

yield) is increasing and engineering efforts targeting these properties have been successful, 

our understanding of other properties such as dark-state conversion and photobleaching 

remains very limited24. As the biological community demands increasingly photostable 

proteins, such as those for single-particle tracking of low-copy proteins, or increasingly 

sophisticated properties, such as those for modulation of dark-state conversion rates for 

SOFI, a deeper understanding of the mechanism (or mechanisms) of these processes and 

how these mechanisms are influenced by the protein structure would substantially aid in 

engineering efforts. Third, FP engineers should continue to identify and mutate new 

autofluorescent proteins, particularly those with a noncanonical fold that may provide 

improved contrast in the blue and near-infrared spectral regions. A bright and photostable 

FP excitable at 640 nm, with sufficient contrast for subcellular imaging, would be 

particularly useful. All engineering efforts would be greatly aided by high-throughput 

selection platforms for the directed evolution of new FP mutants or identification of small-

molecule scaffolds with improved photophysics22,23.

Bioorthogonal labeling methods have made great strides in the last decade, enabling labeling 

of proteins with smaller tags, internal labeling (as opposed to just N- and C-terminal 

fusions), tagging of proteins with chemical probes for a greater diversity of applications and 

extension of imaging technology to nonproteinaceous cellular constituents (for example, 

nucleotides, glycans and metabolites). Some technologies, such as SNAP-tag, are relatively 

advanced and have seen widespread application, whereas others, such as PRIME, show great 

promise but have not yet been widely tested. How might these technologies evolve in the 

future? The protein-based systems (SNAP-tag, CLIP-tag, HaloTag and TMP-Tag) are 

comparable in size to FPs, so their main advantage over the simpler FP system is their 

ability to conjugate specialized small molecules, permitting experiments that cannot be done 

with FP technology. The SNAP-tag system has been increasingly exploited for sophisticated 

applications, and presents a huge opportunity for further development of these systems. 
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Possible ways to develop these systems include, for example, using them to couple 

fluorescent probes for cellular analytes, metabolites or signaling molecules so that such 

species can be tracked in defined locations, such as at the mouth of channels or pores; 

coupling of chemical probes that are brighter and more photostable than FPs for super-

resolution microscopy; and, finally, labeling biomolecules with probes that could be used in 

multimodal imaging, such as correlative fluorescence and electron microscopy. The peptide-

based labeling systems enable attachment of a much smaller tag and thus will be 

instrumental for labeling tricky proteins that are easily perturbed by the size of the fusion 

moiety. However, these systems typically only accept a limited number of substrates, and 

hence efforts to expand the substrates and particularly to develop fluorophore targeting 

schemes using bright, photostable, red-shifted fluorophores would be valuable.

Looking beyond the requirements of probes themselves, it is interesting to speculate just 

how far imaging can take us. Given the complexity of intracellular signal dynamics as well 

as tissue architecture, a commonly cited limitation of microscopy is that it is restricted to 

simultaneous analysis of only one to four fluorescently labeled targets. Consequently, 

methods for increasing the number of targets will be necessary to reveal the true complexity 

of biological systems. Several approaches have been developed to address this concern, 

including spectral unmixing, spectral deconvolution and spectral painting (for example, 

Brianbow)81,82. If applied to fixed specimens, iterative labeling and imaging of specific 

epitopes can increase the dimensionality of the data83–85. For example, in array tomography, 

thin (~30–100 nm) specimens are dehydrated, preserved and subjected to multiple rounds of 

immunofluorescence labeling, imaging and antibody removal. In one demonstration, 17 

neuronal markers were imaged with single-synapse resolution83, an approach that in theory 

could be applied to ~100 antigens84. This method is also compatible with EM, providing 

unique opportunities for three-dimensional correlative imaging with broad-spectrum or 

genetically encoded (for example, Mini-SOG) EM contrast mechanisms and may be 

subjected to deconvolution methods that provide sub-diffraction resolution10,86. Likewise, 

advancements in high-resolution image-based MS could circumvent the diffraction limit of 

light altogether while also providing images based on ~100 antigens87. Nevertheless, one of 

the defining features of light microscopy is its compatibility with living specimens, and the 

biological community would greatly benefit from innovations in live-cell multiplexing. 

Alternative biocompatible contrast agents with narrow resonances (for example, 

luminescence, Raman and so on88) and methods for labeling biomolecules with them would 

be useful and accelerate emerging forms of cellular bioimaging89.

Fueled by advances in camera technology and high-speed optics, microscopists today can 

collect data at a rate comparable to that of particle physicists90,91. Like other aspects of ‘big 

data’, this phenomenon is accelerating, and nascent imaging technologies will demand 

increasingly complex and multidimensional computational analysis to extract biologically 

meaningful and quantitative information4. Sophisticated image analysis could have a 

profound effect on our knowledge of the spatiotemporal organization of biology, elucidating 

molecular stoichiometry92 and subcellular RNA identity93. Furthermore, given that the local 

microenvironment is a principal determinant of disease94, democratization of biomimetic 

tissue substrates (for example, tissue on a chip) and improvements to in vivo imaging (for 
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example, adaptive optics and far-red FPs with large two-photon absorption cross-sections) 

are also necessary. The next decade will probably be as exciting as the last, especially as 

established imaging technologies become more widely applied to biological processes and 

new technologies (for example, negative refractive index imaging with metamaterials95 and 

increasingly sensitive micro- and nanoscale nitrogen-vacancy NMR) continue to emerge96. 

Improved probes and labeling strategies provide the bedrock for such advances.
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Box 1 | Longstanding goals of fluorescence microscopy

• Three-dimensional imaging with high spatial resolution

• High temporal resolution (<10−3 s)

• Low phototoxicity for prolonged imaging (>106 s) of single cells and biological 

tissues

• Single-molecule sensitivity

• Simultaneous observation of multiple molecular targets

• Nonperturbing labeling strategies

• Imaging of proteins under control of native genomic promoters.
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Box 2 | Emerging microscopy techniques and fluorescent probe demands

• Wide-field microscopy: Diffraction-limited lateral resolution (~250 nm) and 

diminished contrast due to illumination and detection of probes above and 

below the optical focus. Fluorescent probes should be bright and photostable.

• Laser-scanning and spinning-disk confocal microscopy: Improved axial 

resolution (~800 nm) due to rejection of out-of-focus fluorescence emission. 

Moderately intense and periodic illumination increases phototoxicity and 

requires particularly photostable bright probes.

• Total internal reflection fluorescence microscopy (TIRF): An exponentially 

decaying evanescent wave propagates ~200 nm into the sample, enabling single-

molecule imaging/tracking. Probes should be bright, photostable and resistant to 

‘dark-state’ photoconversion for prolonged particle tracking.

• Structured illumination: Wide-field technique that computationally recombines 

images with varying illumination patterns, eliminating out-of-focus blur and 

improving resolution approximately twofold. Given the increased image 

acquisition necessary, probes need to be especially bright to increase image 

acquisition frequency and be resistant to photobleaching.

• Super-resolution optical fluctuation imaging: Wide-field technique that uses 

higher-order spatiotemporal statistical analysis to improve resolution 

approximately threefold. Fluorescent probes should rapidly fluctuate between 

emitting and nonemitting states.

• PALM and STORM: Sparse single-molecule point-spread functions are 

analyzed to provide statistical determination of molecule location. PALM and 

STORM require photoactivatable and photoswitchable probes, respectively, and 

both methods require bright fluorophores with high contrast between their on 

and off states.

• Stimulated emission depletion (STED) and reversibly saturable optical 

fluorescence transitions (RESOLFT): Fluorophores are deterministically 

switched between emitting and nonemitting states, and illumination intensity 

necessary depends upon the kinetics of the molecular states. Fluorescent probes 

must be particularly bright for high-resolution imaging, photostable and have 

robust optical transitions with high contrast between on and off states.

• Selective plane illumination microscopy (SPIM): A multiobjective illumination/

detection geometry that provides beam-waist limited axial resolution yet 

diffraction-limited lateral resolution. Fluorescent probes should be bright and 

photostable.
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Figure 1. Spectral properties of chromophore classes found in FPs
(a) Top, fluorescence emission spectra represented in terms of brightness (ε × ϕFl), 

normalized to the brightest FP available (mNeonGreen). Bottom, absorption spectra of select 

FPs. Minor dots represent a cross section of solid-state laser sources that are commercially 

available and major dots are those typically equipped on microscopy equipment. Colors 

approximate the emission wavelength of the FP. (b) Chromophores and cofactors 

responsible for fluorescence in select constitutive FPs shown.
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Figure 2. Covalent bio-orthogonal labeling mechanisms
Each panel provides the approximate size of the fusion protein, shown as a crystal structure. 

Chemical reactions have been enlarged for clarity, and all of the rates are measured in M−1 

s−1. For all panels, scale bar (at bottom) represents 1.5 nm. (a) Genetic fusion of SNAP-tag 

to a protein of interest and subsequent suicide inhibition with fluorescent O6-benzylguanine 

derivatives results in a fluorescently labeled protein (Protein Data Bank (PDB) code 3KYZ). 

The fluorophore shown is SiR-SNAP, a silicon-based near-infrared fluorophore. (b) In the 

same way as SNAP-tag, CLIP-tag reacts with fluorescent O2-benzylcytosine derivatives 
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(PDB code 3KYZ). (c) HaloTag fusion proteins react with chlorinated haloalkanes to form 

an irreversible fluorophore-alkyl-enzyme tether (PDB code 4KAA). (d) TMP-tag binds 

trimethoprim with nanomolar affinity and accelerates thiol reactivity with an acrylamide 

appendage (right) through proximity effects, irreversibly labeling the protein of interest 

(PDB code 1RD7). (e) Lipoic acid ligase, expressed in trans to the protein of interest labeled 

with a 13-amino-acid peptide, catalyzes the site-specific incorporation of coumarin. (f) 
Biotin ligase, which is analogous to lipoic acid ligase, catalyzes the site-specific 

incorporation of biotin or biotin isomeres, which can be chemically modified or used as an 

antigen for subsequent detection.
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Figure 3. Bio-orthogonal labeling mechanisms based on reversible binding equilibria
(a) FlAsH (top) and ReAsH (bottom) recognize a specific peptide motif (Cys-Cys-Pro-Gly-

Cys-Cys) with high affinity (KD ~4 pM) and undergo a large increase in fluorescence 

intensity upon binding. (b) Ligand-specific binding by a protein, RNA or generic chelating 

agent triggers proximity-induced reactivity between a nucleophile located on the chelating 

group and the reactive tosyl-conjugated fluorophore. (c) A multidomain RNA construct with 

a target-specific aptamer domain and a target-dependent ′Spinach′ domain. An endogenous 

protein serves as the ligand for the aptamer domain, and binding of the protein triggers a 

conformational rearrangement in the Spinach domain, allowing productive binding of 

DFHBI to yield a fluorescent state. In the absence of the antigen, Spinach cannot bind 

DFHBI and remains nonfluorescent.
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Figure 4. Methods for labeling RNA biomolecules
(a,b) Initial efforts to label RNAs in vivo were performed on chemically fixed samples and 

included long antisense DNA and RNA oligonucleotides labeled with a single fluorophore 

(shown as a star) (a) or multiple shorter oligonucleotides, each labeled with a single 

fluorophore (b). (c) Branched DNA structures provide increased specificity through the use 

of two adaptor oligonucleotides that nucleate the formation of a branched and multiply 

labeled oligonucleotides analogous to DNA origami. (d) A ‘molecular beacon’ fluorophore-

quencher conjugate remains nonfluorescent until hybridization with the sequence of interest. 

(e) For live-cell imaging, 24 tandem repeats of a hairpin structure are inserted into the 3′ 

untranslated region of a transcript. Two GFP-MS2 (or equivalent orthogonal phage protein) 

fusion proteins identify each hairpin motif and bind with high affinity, generating a 

transcript with 48 GFP molecules and enabling routine single-molecule imaging of RNA in 

live cells. (f) To eliminate nonspecific background, a multicomponent system (for example, 

Pum-HD) oligomerizes on a unique RNA hairpin structure, triggering bimolecular 

complementation of GFP. (g) DFHBI, which is a GFP chromophore analog that is 

nonfluorescent when free in solution, is recognized by a specific RNA aptamer sequence, 

′Spinach′, that turns on fluorescence upon binding.
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