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Capillary-Like Network Formation by Human
Amniotic Fluid-Derived Stem Cells

Within Fibrin/Poly(Ethylene Glycol) Hydrogels

Omar M. Benavides, PhD,1 Joseph P. Quinn, BS,2 Seokwon Pok, PhD,1 Jennifer Petsche Connell, PhD,1

Rodrigo Ruano, MD, PhD,3 and Jeffrey G. Jacot, PhD1,4

A major limitation in tissue engineering strategies for congenital birth defects is the inability to provide a
significant source of oxygen, nutrient, and waste transport in an avascular scaffold. Successful vascularization
requires a reliable method to generate vascular cells and a scaffold capable of supporting vessel formation. The
broad potential for differentiation, high proliferation rates, and autologous availability for neonatal surgeries
make amniotic fluid-derived stem cells (AFSC) well suited for regenerative medicine strategies. AFSC-derived
endothelial cells (AFSC-EC) express key proteins and functional phenotypes associated with endothelial cells.
Fibrin-based hydrogels were shown to stimulate AFSC-derived network formation in vitro but were limited by
rapid degradation. Incorporation of poly(ethylene glycol) (PEG) provided mechanical stability (65% – 9%
weight retention vs. 0% for fibrin-only at day 14) while retaining key benefits of fibrin-based scaffolds—quick
formation (10 – 3 s), biocompatibility (88% – 5% viability), and vasculogenic stimulation. To determine the
feasibility of AFSC-derived microvasculature, we compared AFSC-EC as a vascular cell source and AFSC as a
perivascular cell source to established sources of these cell types—human umbilical vein endothelial cells
(HUVEC) and mesenchymal stem cells (MSC), respectively. Cocultures were seeded at a 4:1 endothelial-to-
perivascular cell ratio, and gels were incubated at 37�C for 2 weeks. Mechanical testing was performed using a
stress-controlled rheometer (G¢ = 95 – 10 Pa), and cell-seeded hydrogels were assessed based on morphology.
Network formation was analyzed based on key parameters such as vessel thickness, length, and area, as well as
the degree of branching. There was no statistical difference between individual cultures of AFSC-EC and
HUVEC in regard to these parameters, suggesting the vasculogenic potential of AFSC-EC; however, the
development of robust vessels required the presence of both an endothelial and a perivascular cell source and
was seen in AFSC cocultures (70% – 20% vessel length, 90% – 10% vessel area, and 105% – 10% vessel
thickness compared to HUVEC/MSC). At a fixed seeding density, the coculture of AFSC with AFSC-EC
resulted in a synergistic effect on network parameters similar to MSC (150% vessel length, 147% vessel area,
150% vessel thickness, and 155% branching). These results suggest that AFSC-EC and AFSC have significant
vasculogenic and perivasculogenic potential, respectively, and are suited for in vivo evaluation.

Introduction

The clinical applications of tissue engineering are
currently limited by the inability to provide a significant

source of oxygen, nutrient, and waste transport to implanted
constructs in the initial phase after implantation.1 Both
natural and engineered tissues more than 200mm thick re-
quire suitable vascular support to maintain cell viability and
function.2 As a result, clinical success has generally been
restricted to thin or avascular tissues, such as the bladder,
cartilage, and skin.3

To address this requirement, previous studies have inves-
tigated factors and scaffolds that stimulate angiogenesis,
driving invasion of host-derived blood vessels into implanted
constructs4 and prevascularized scaffolds, and generating
microvascular networks in vitro before implantation.5 Post-
implantation, vascular ingrowth can occur in response to
encapsulated cells experiencing hypoxia and secreting an-
giogenic cytokines or the addition of exogenous cytokines.

However, the development of new blood vessels is time
intensive and can only be accelerated to a limited extent.
The rate of spontaneous angiogenesis is on the order of
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tenths of a micron per day,6 while chemotaxis-driven in-
growth has been estimated at several microns per hour.7,8

The time to complete perfusion increases significantly with
volume, during which hypoxia in the core of the implant,
along with nutrient and oxygen gradients in the outer re-
gions, could result in nonuniform cell viability and thus
decreased tissue function.9 On the other hand, pre-
vascularization strategies generate microvascular networks
within tissue before implantation, resulting in reperfusion
driven by anastomosis rather than angiogenesis, and are
much less dependent on scaffold size.5

The engineering of robust vascular structures requires
both an endothelial cell source and a perivascular cell
source, such as mesenchymal stem cells (MSC), dermal fi-
broblasts, or marrow stromal cells, which increase cell
survival and proliferation.10 Broad potential for differenti-
ation, high proliferation rates, and ease of isolation make
human amniotic fluid-derived stem cells (AFSC) well suited
for regenerative medicine strategies.11 AFSC could also
prove to be a significant source for autologous therapies in
neonates such as in an engineered cardiovascular patch for
Tetralogy of Fallot repair12 or to aid in vascular recon-
struction of other congenital defects.13 AFSC isolated and
differentiated into endothelial cells in previous studies from
our group express key endothelial molecular markers (vWF,
eNOS, and CD31), display functional phenotypes associated
with endothelial cells (nitric oxide production and ac-LDL
uptake), and form networks when encapsulated in Ma-
trigel,14 all of which suggest vasculogenic potential. In ad-
dition, AFSC have a similar morphology, surface marker
expression, and differentiation capacity compared to MSC, a
proven source of perivascular cells, suggesting the potential
use of AFSC as a vascular support cell source.11,14–17

Fibrin-based hydrogels stimulate vascularization and are
used in clinical applications, such as growth factor delivery
and cell encapsulation, making them an appropriate plat-
form for assessing the vasculogenic potential of AFSC.18

The main limitation associated with fibrin in tissue engi-
neering is rapid degradation, which leads to loss of implant
volume within days.19 Incorporation of poly(ethylene glycol)
(PEG), which is known for biocompatibility and tunable
physical properties, allows for increased mechanical stability
while retaining the key benefits of fibrin-based scaffolds—
quick formation, biocompatibility, and angiogenic stimula-
tion.20 Based on these data, we hypothesized that a population
of stem cells derived from human amniotic fluid (AF) and
differentiated into endothelial cells could form cohesive
vascular networks within a fibrin/PEG matrix. In this study,
we compared the three-dimensional network formation by
AFSC-derived endothelial cells (AFSC-EC) to that of a ma-
ture endothelial cell source, human umbilical vein endothelial
cells (HUVEC), using quantitative assessment of morpho-
metric and spatial vessel parameters.

Materials and Methods

Isolation of human AFSC

Primary human AF was obtained from patients in their
second trimester undergoing planned amnioreduction as part
of a therapeutic treatment for the twin-to-twin transfusion
syndrome (TTTS) as previously described.14 Collection
from TTTS cases provides at least an eightfold increase in

AF per patient compared to routine amniocentesis while
maintaining a cell population with a normal karyotype. The
experimental protocol and informed consent forms were
approved by the Institutional Review Boards of Baylor
College of Medicine and Rice University. Briefly, AF was
centrifuged for 10 min at 150 rcf, and collected cells were
plated at 2500 cells/cm2 on standard plastic Petri dishes and
cultured in modified a-Minimum Essential Media: 63%
aMEM (Invitrogen, Carlsbad, CA), 18% Chang Basal
Medium (Irvine Scientific, Santa Ana, CA), 2% Chang C
supplement (Irvine Scientific), 15% fetal bovine serum
(PAA Laboratories, Dartmouth, MA), and GlutaMAX (In-
vitrogen) at 37�C and 5% CO2 in a humidified environment.
Cells were passaged at 60–70% confluency and AFSC were
isolated through fluorescence-activated cell sorting for
expression of the membrane receptor CD117/c-kit (1:100
antibody concentration, BD Biosciences, Bedford, MA;
Dako-Cytomation MoFlo sterile cell sorter).

Analysis of undifferentiated c-kit + AF cells

Standard G-banding karyotyping was performed on un-
differentiated AFSC at passage 5. In addition, flow cytometry
(BD LSR II Flow Cytometer) was performed to evaluate the
expression of the embryonic stem cell markers SSEA4, Oct-4,
Sox2, Tra-1-60/81, and c-myc and the MSC markers c-kit,
CD29, CD44, CD73, CD90, and CD105. All flow cytometry
antibodies and corresponding isotype controls were pur-
chased from BD Biosciences, specific to human proteins, and
used at manufacturer-recommended concentrations. Staining
for intracellular markers was performed after fixing and per-
meabilizing cells. FACSDiva software (BD Biosciences) was
used for all flow cytometry data collection. FlowJo software
(Tree Star, Inc., Ashland, OR) was used for data analysis.

Endothelial differentiation of AFSC

AFSC were differentiated into endothelial-like cells as pre-
viously described. Briefly, c-kit + AFSC at passage 4 were
plated at 3000 cells/cm2 on gelatin-coated plates, allowed to
attach for 24 h in modified aMEM, and then cultured in En-
dothelial Growth Media 2 (EGM-2; Lonza, Walkersville, MD)
with a final concentration of 50 ng/mL vascular endothelial
growth factor (VEGF165; Pierce Biotechnology, Rockford, IL).
EGM-2 contained epidermal growth factor, hydrocortisone,
GA-1000 (gentamicin, amphotericin-b), fetal bovine serum,
basic fibroblast growth factor, insulin-like growth factor,
ascorbic acid, and heparin at manufacturer concentrations.
Media were changed every 2 days, and the degree of differ-
entiation was assessed after 14 days. HUVEC (courtesy of Joel
Moake, Rice University) cultured in complete EGM-2 without
supplemental VEGF were used as a positive control, while c-
kit + AFSC in modifiedaMEM were used as a negative control.
Both controls were analyzed at passage 5.

Postdifferentiation flow cytometry

Using the flow cytometry protocol and equipment de-
scribed previously, differentiated AFSC were detached into
single cells and stained with fluorescently conjugated anti-
bodies. Targets and their respective isotype controls were as
follows: CD31 (FITC IgG1k), VE-cadherin (PE IgG1k),
VEGFR2 (AF647 IgG1), SSEA4 (PE IgG3k), c-kit (PE
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IgG1k), HLA-DR (FITC IgG2b), and HLA-ABC (PE IgG1).
All flow cytometry antibodies and corresponding isotype
controls were purchased from BD Biosciences, specific to
human proteins, and used at manufacturer-recommended
concentrations. In addition, a subset of the differentiated
population was sorted based on CD31 expression. This en-
dothelial-like population was referred as AFSC-EC.

Production of fibrin/PEG hydrogels

Fibrin/PEG-based hydrogels were prepared based on work
previously described.20–22 Human fibrinogen (F3879; Sigma-
Aldrich, St Louis, MO) was solubilized in phosphate-buffered
saline (PBS, 21-030-CV; Corning, Manassas, VA; adjusted to
pH 7.8) at a concentration of 80 mg/mL. After 2 h of incubation
at 37�C and brief vortexing, the solution was sterilized using a
0.20-mm SteriFlip filter (EMD Millipore, Billerica, MA).
Succinimidyl glutarate-modified bifunctional PEG (3.4 kDa
SG-PEG-SG; NOF America Corporation, White Plains, NY)
was dissolved in PBS at 8 mg/mL and syringe filtered. Fi-
brinogen and PEG solutions were combined in a 1:1 volume
ratio, mixed thoroughly, and incubated at 37�C for 10 min. For
low-concentration hydrogels, the solution was diluted 2:1 in
PBS before incubation, maintaining the 10:1 fibrinogen:PEG
ratio. PEGylated fibrinogen was then added into low-attach-
ment PTFE molds and mixed at a 1:1 volume ratio with either
PBS (for controls) or cell solution (200,000 cells/mL; cocul-
tures seeded at a 4:1 endothelial-to-perivascular cell ratio).
Human thrombin (T7009; Sigma-Aldrich) was diluted to 25 U/
mL in sterile 40 mM CaCl2 (208291; CalBiochem, La Jolla,
CA) and added 1:1 with the PEGylated fibrinogen/cell solution.
Gelation occurred on the order of seconds, and gels were in-
cubated at 37�C for 5–10 min before adding EGM-2. Media
were changed after 30 min, 2 h, and then daily.

Characterization of fibrin/PEG hydrogels

Gelation time. Gelation of fibrin/PEG hydrogels at 37�C
was measured by inverting gel solutions of the same stock
sequentially at a rate of 1 Hz. Start time was defined as the ad-
dition of thrombin, and gelation time was defined as the point at
which negligible liquid solution remained at inversion.

Stiffness. Mechanical testing of fibrin/PEG hydrogels
was performed using a stress-controlled rheometer (Rheolyst
AR1000; TA Instruments, New Castle, DE) in a cone–plate
configuration (1� cone, 0.1 mm gap size, 0.5 Hz oscillatory
shear strain frequency, 1% max strain amplitude). PEGylated
fibrinogen solutions were added to the rheometer base,
thrombin was added 1:1 as described in the Production of
Fibrin/PEG Hydrogels section, and the postgelation storage
modulus (G¢) of the samples was obtained using the TA
Instruments Rheology Advantage Software.

Morphology. The microstructure of fibrin/PEG hydrogels
was analyzed using scanning electron microscopy (Nova
NanoSEM 230; FEI, Hillsboro, OR). Hydrogels were fixed in
4% paraformaldehyde (Alfa Aesar, Ward Hill, MA), dehy-
drated using serial dilution in ethanol (EX0276-3; Millipore)
up to 100%, and dried using a critical point dryer (K850; EMI
Tech, Inc., Fall River, MA). Samples were then sputter coated
(208HR; Cressington Scientific, Watford, England, United
Kingdom) with a 5 nm thick layer of platinum. Scanning

electron microscope (SEM) images were taken between 5.0–
7.0 keV and 5–15k magnification using the xT Microscope
Control software (FEI).

Degradation rate. Fibrin/PEG hydrogels were desic-
cated, and the degradation rate was measured as the dry
weight retention normalized to initial weight (Weightfinal/
Weightinitial) versus time.

Cell viability. Viability of encapsulated cells was deter-
mined after 7 days using a LIVE/DEAD Cell Viability Assay
(L34951; Life Technologies, Grand Island, NY) in which
metabolically active cells are stained with a green-fluorescent
small molecule and cells with compromised plasma mem-
branes are stained with a red-fluorescent small molecule.
Images were obtained using a DMI 6000B (Leica Micro-
systems, Bannockburn, IL) fluorescence microscope and
Leica Application Suite software.

Assessment of network formation

Immunostaining. To observe the organization of encap-
sulated cells within the fibrin/PEG hydrogels, constructs were
fixed with 4% paraformaldehyde, permeabilized with Triton
X100 (CalBioChem), and stained with fluorescently conju-
gated phalloidin (A12379; Life Technologies). Using phal-
loidin to label f-actin throughout the cells provided a clear
outline of the three-dimension structures formed and allows
for semiautomated analysis of images. Images were taken
using an LSM 510 META confocal microscope and accom-
panying LSM 5 Series software (Zeiss, Jena, Germany).

Network analysis. Images were analyzed using Angio-
Tool, a free ImageJ package developed by the NIH National
Cancer Institute. AngioTool outlines continuous networks
within images, provides a skeletal representation of them,
and allows for quantitative assessment of various vessel
morphometric and spatial parameters, including vessel
length, density, thickness, and branching index.

Assessment of lumen formation

Fibrin/PEG hydrogels were sectioned at the Baylor Col-
lege of Medicine Breast Cancer Pathology core facility.
Briefly, cells were fixed in 4% paraformaldehyde, serially
dehydrated in ethanol, cleared with xylenes, and embedded
in paraffin using the Sakura Tissue-Tek VIP Processor and
Paraffin Embedding Center (Sakura FineTek USA, Inc.,
Torrance, CA). The scaffolds were then sectioned using an
HM 315 microtome (Richard-Allan Scientific/Thermo Sci-
entific, Waltham, MA) at a thickness of 3–4mm. Hema-
toxylin and eosin (H&E) staining was done using a Shandon
Varistain 24-4 Automatic Slide Stainer (Thermo Scientific).
Immunofluorescent staining of aSMA (ab7817; Abcam,
Cambridge, MA) and CD31 (ab28364; Abcam) was per-
formed using heat-mediated, citrate-buffered antigen re-
trieval (ab973; Abcam). Imaging was done using an Eclipse
E800 microscope and accompanying NIS-Elements soft-
ware (Nikon Instruments, Inc., Melville, NY).

Statistical analysis

Data are expressed as mean – standard deviation. The
sample numbers for each experiment are represented in
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their respective figures. Analysis of variance followed by a
post hoc Student’s t-test with a Dunn–Bonferroni correc-
tion for multiple comparisons was performed for all com-
parisons. A value of p < 0.05 was considered significant in
all tests.

Results

Isolation and characterization of AFSC

Adherent AFSC were isolated from AF samples and had a
fibroblast-like spindle-shaped morphology similar to that of

FIG. 1. Characterization of undifferentiated AFSC. AFSC were sorted for c-kit + at passage 2, cultured to passage 5, and
analyzed. (A) Light microscopy revealed a spindle-shaped morphology similar to MSC. Scale bar is 100 mm. (B) Flow
cytometry analysis showed that AFSC were strongly positive for the MSC markers CD29, CD44, CD73, CD90, and CD105;
moderately positive for the ESC markers SSEA4, Sox2, and cMyc; and negative for the ESC marker Tra-1-60/81. Additionally,
a subpopulation of these cells retained c-kit expression throughout passaging. (C) Standard G-banding karyotyping of AFSC
shows a normal diploid male karyotype. AFSC, amniotic fluid-derived stem cells; MSC, mesenchymal stem cells.

FIG. 2. Assessment of AFSC-derived endothelial cells (AFSC-EC). (A) Schematic of the vascular endothelial growth
factor (VEGF)-mediated differentiation of c-kit + AFSC into AFSC-EC. (B) Flow cytometry analysis of AFSC-EC showed
significant expression of constitutive endothelial proteins such as CD31, VE-cadherin, and VEGFR2, although did not show
a complete reduction in the stem cell markers SSEA4, c-kit, or CD44. Differentiated cells were negative for the immu-
nological marker HLA-DR and positive for HLA-ABC. Additionally, a population of CD31 + cells (16.4%) was also
positive for both VE-cadherin and VEGFR2 (bottom right panel). (C) Fluorescence imaging of two-dimensional network
formation of AFSC-EC when plated on a thin Matrigel film. Actin filaments were labeled with phalloidin (green) and nuclei
were counterstained with DAPI (blue). Scale bar is 100 mm. Color images available online at www.liebertpub.com/tea
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MSC (Fig. 1A). Flow cytometry on undifferentiated AFSC
sorted for c-kit at passage 2 and then cultured through
passage 5 showed that the cells were strongly positive for
the MSC markers CD29 (99.7%), CD44 (99.4%), CD73
(99.9%), CD90 (95.3%), and CD105 (95.8%); moderately
positive for the ESC markers SSEA4 (25.6%), Sox2
(32.6%), and cMyc (22.5%); and negative for the ESC
marker Tra-1-60/80 (0.18%, 0.60%). In addition, a sub-
population (19.8%) of these cells retained c-kit expression
through passaging (Fig. 1B). Standard G-banding kar-
yotyping revealed a normal diploid male karyotype in all
metaphase spreads (Fig. 1C).

Assessment of endothelial differentiation

Differentiation of AFSC into endothelial-like cells (AFSC-
EC) was chemically mediated by the addition of 50 ng/mL

VEGF to AFSC cultures (Fig. 2A). Flow cytometry was used
to quantify protein expression (Fig. 2B), while the ability to
form networks in two dimensions was confirmed by plating
the AFSC-EC on a thin film of Matrigel (Fig. 2C). Results
showed significant expression of constitutive endothelial
proteins, such as CD31 (67.2%), VE-cadherin (58.8%), and
VEGFR2 (37.8%), as well as a triple-positive population
(16.4%), although did not show a complete reduction in the
stem cell markers SSEA4, c-kit, and CD44 (19.2%, 28.5%,
and 60.5%, respectively). In addition, the differentiated cells
were negative for the immunological marker HLA-DR
(0.493%) and positive for HLA-ABC (96.4%).

Characterization of fibrin/PEG hydrogels

Fibrin hydrogels became opaque upon gelation, while
fibrin/PEG hydrogels remained translucent (Fig. 3A).

FIG. 3. Characterization of fibrin/PEG hydrogels. (A) Fibrin hydrogels became opaque upon gelation, while fibrin/PEG
hydrogels remained translucent. (B) Gelation time of low-concentration fibrinogen (5 mg/mL) solutions at 37�C was on the
order of seconds, while gelation of PEGylated fibrinogen (0.5 mg/mL PEG) was significantly slower. A similar effect was
seen in higher concentration fibrinogen (10 mg/mL) and PEGylated fibrinogen gels (1.0 mg/mL PEG). (C) After 14 days
in vitro, high-concentration fibrin-only scaffolds in media alone were completely degraded, while fibrin/PEG hydrogels
remained intact. (D) The shear storage modulus (G¢) of samples ranged from 50–150 Pa. Fibrin/PEG hydrogels were not
significantly softer compared to fibrin-only hydrogels at either given concentration, although the higher concentration fibrin
gels were significantly stiffer than the low-concentration fibrin/PEG gel. (E) Scanning electron microscope images revealed
that fibrin-only hydrogels contained very thin fibrils, while fibrin/PEG hydrogels contained much larger bundled structures.
Scale bars are 10mm. (F) Pores throughout fibrin hydrogels were not uniform, as seen by significant differences in the major
and minor pore axes. Overall pore sizes were significantly smaller in fibrin/PEG samples. (G, H) No significant difference
was seen in AFSC attachment or viability after 7 days when comparing fibrin-only, fibrin/PEG, or Matrigel. A value of p < 0.05
(*) was considered significant in all tests. PEG, poly(ethylene glycol). Color images available online at www.liebertpub.com/tea
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Gelation time of low-concentration fibrinogen solutions
(5 mg/mL) at 37�C was on the order of seconds
(10.1 – 1.88 s), while gelation of PEGylated fibrinogen was
significantly slower (16.9 – 2.95 s, p < 0.05). A similar effect
was seen in higher concentration fibrinogen (10 mg/mL) and
PEGylated fibrinogen gels (4.71 – 1.43 and 10.71 – 3.17 s,
respectively; p < 0.05) (Fig. 3B).

After 14 days in vitro, the weight retentions of high-con-
centration scaffolds in media alone were assessed. Fibrin-only
hydrogels were completely degraded (0.4% – 0.3% remain-
ing), while fibrin/PEG hydrogels remained intact (65% – 9%;
p < 0.05) (Fig. 3C).

The shear storage modulus (G¢) of samples ranged from
50–150 Pa. Fibrin/PEG hydrogels were not significantly
softer compared to fibrin-only hydrogels at either given
concentration (69.3 – 18.1 vs. 91.9 – 11.4 Pa at 5 mg/mL;
126.1 – 7.5 vs. 91.8 – 15.2 Pa at 10 mg/mL), although the
higher concentration fibrin gels were significantly stiffer
than the low-concentration fibrin/PEG gel (126.1 – 7.5 vs.
69.3 – 18.1 Pa; p < 0.05) (Fig. 3D).

SEM images revealed that fibrin-only hydrogels contained
very thin fibrils (90 – 3.9 nm thick), while fibrin/PEG hydro-
gels contained much thicker fibers (610 – 33mm thick) (Fig.
3E). Pores throughout fibrin hydrogels were not uniform, as
seen by significant differences in the major and minor pore
axes (1.64 – 0.45 vs. 1.41 – 0.52mm for fibrin only, p < 0.05;
0.90 – 0.30 vs. 0.85 – 0.30mm for fibrin/PEG). Overall pore
sizes were significantly smaller in fibrin/PEG samples
(0.88 – 0.30 vs. 1.52 – 0.48mm, p < 0.05) (Fig. 3F). No sig-
nificant difference was seen in AFSC attachment or viability
after 7 days when comparing fibrin-only, fibrin/PEG, or
Matrigel (89.9% – 5.4%, 92.3% – 6.5%, 96.4% – 3.0%, re-
spectively) (Fig. 3G, H).

Assessment of in vitro network formation

To determine the individual contribution of both AFSC-
EC, our proposed vascular cell source, and AFSC, our
proposed perivascular cell source, network formation by
AFSC, AFSC-EC, MSC, HUVEC, and combinations thereof
were analyzed when seeded in fibrin for 7 days (Fig. 4A),
fibrin/PEG for 7 days (Fig. 4B), and fibrin/PEG for 14 days
(Fig. 4C). All network parameters were normalized to
HUVEC/MSC cocultures, which were considered the posi-
tive control for this study. Fluorescent staining of actin fil-
aments was used to obtain a clear cellular outline and
facilitate quantitative analysis (Fig. 5A). Data collected in-
cluded assessment of average vessel length (Fig. 5E),
thickness (Fig. 5F), and area (Fig. 5G), as well as the degree
of branching (Fig. 5H).

When comparing the networks formed by AFSC-EC and
HUVEC individually after 2 weeks in fibrin/PEG hydrogels, no
statistically significant difference was seen (vessel length:
48.1% – 10.5% vs. 46.0% – 16.8%; vessel thickness 70.2% –
21.3% vs. 74.8% – 19.2%; vessel area: 55.3% – 12.1% vs.
59.1% – 15.2%; number of branch points: 47.0% – 18.2% vs.
34.2% – 9.34%; all normalized to HUVEC/MSC cocultures).

Coculturing AFSC-EC or HUVEC with either AFSC or
MSC, while maintaining a constant seeding density, resulted
in an increase in all measured network parameters. Com-
pared to the previously listed values, the synergistic effects
of AFSC and MSC on network formation by AFSC-EC

(vessel length: 72.9% – 26.7% and 59.1% – 10.6%; vessel
thickness: 109% – 16.8% and 116% – 38.0%; vessel area:
87.7% – 12.4% and 82.5% – 10.6%; number of branch
points: 67.6% – 17.0% and 57.9% – 10.4%) and on network
formation by HUVEC (vessel length: 105% – 30.1% and
100% – 19.7%, p < 0.05; vessel thickness: 111% – 27.7%
and 100% – 15.4%; vessel area: 127% – 23.8% and 100% –
21.8%; number of branch points: 72.7% – 23.8% and 100% –
34.0%, p < 0.05) can clearly be seen; however, the effect of
these potential perivascular cell sources was more pro-
nounced on HUVEC than AFSC-EC in the cases of vessel
length (102% – 25% vs. 66.0% – 18.7%, p < 0.05) and vessel
area (114% – 22.8% vs. 85.1% – 11.5%, p < 0.05).

Fibrin/PEG hydrogels seeded with cocultures of either
AFSC-EC/AFSC or HUVEC/MSC were sectioned and then
stained with H&E, to assess the potential for lumen for-
mation in vitro (Fig. 5B). H&E-stained slides showed fibrin
scaffolds stained light pink and embedded cells stained dark
pink/purple. The majority of AFSC-based slides (88%)

FIG. 4. Network formation within fibrin and fibrin/PEG
hydrogels. AFSC, MSC, AFSC-EC, HUVEC, and cocul-
tures were seeded and cultured in vitro within (A) fibrin for
7 days, (B) fibrin/PEG for 7 days, and (C) fibrin/PEG for 14
days. Actin filaments were labeled with phalloidin (green)
and nuclei were counterstained with DAPI (blue). No fibrin-
only day 14 samples were available due to degradation (see
Fig. 3C). Scale bars are 100 mm. Color images available
online at www.liebertpub.com/tea
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showed areas where branching cell networks were sur-
rounding regions in which the fibrin/PEG scaffold was not
present. The average diameter of the lumen-like regions in
AFSC-derived networks was similar to that of HUVEC/
MSC-derived networks (45.8 – 6.3 vs. 54.2 – 9.7 mm, re-
spectively). In select regions of the sectioned hydrogels,
localization of aSMA and CD31 within embedded cells re-
sembled that of immature capillary-like structures (Fig. 5C).
Populations of AFSC and AFSC-EC were labeled with
membrane-bound dyes pre-encapsulation and tracked as
they proliferated and migrated through the fibrin/PEG hy-
drogels (Fig. 5D). Qualitatively, a clear interaction between
AFSC and AFSC-EC was observed.

Discussion

The application of AFSC to the repair of congenital de-
fects in neonates is especially promising because AF is
routinely collected when a congenital defect is detected,
with minimal risk,23,24 and AFSC-derived cell constructs are
genetically matched to the patient, significantly reducing the
risk of immunorejection.11,25 Surgical treatment of con-
genital abnormalities is often complicated by insufficient
available tissue at the time of repair, resulting in the use of
synthetic materials and a corresponding high morbidity
rate.26–30 Alternatively, broad potential for differentiation
and high proliferation rates make AFSC well suited for use
in regenerative medicine therapies such as engineered
skeletal/cardiac muscles, tendons, heart valves, and blood
vessels.11,17,31–35

This study confirms our previous work on the capacity for
VEGF-mediated differentiation of c-kit + AFSC into endo-
thelial-like cells,14 as well as illustrates the vasculogenic
and perivasculogenic potential of AFSC within a three-
dimensional fibrin/PEG scaffold in vitro.

Several distinct subpopulations of AF-derived cells ex-
press multipotency markers, but c-kit + AFSC have been
consistently shown to have the potential to differentiate into

endothelial-like cells.11,14,36 The subpopulation of CD31 +

cells within these c-kit-sorted AFSC is minor ( < 0.25%), but
warrants further investigation to determine the degree of
endothelial enrichment compared to endothelial differenti-
ation. Recent studies suggest that 1 mL of human AF con-
tains *104 cells, 80% of which are viable, and 1% of which
are c-kit + .27,37 Our laboratory has previously shown that
c-kit + AFSC have a population doubling time of 36 h, which
is supported in the literature.26 In addition, routine second-
trimester amniocentesis involves the removal of 12–15 mL
of AF for analysis.38 At this rate and starting volume, the
generation of hundreds of millions of highly multipotent
AFSC would be clinically feasible. As with all current stem
cell therapies, patient variability is a critical hurdle. In an
86-patient trial, it was estimated that isolating c-kit + AFSC
from second-trimester patients had a success rate of 71%.39

FIG. 5. Analysis of in vitro network formation within fibrin/
PEG hydrogels. (A) Fluorescent staining of actin filaments was
used to obtain a clear cellular outline and facilitate quantitative
analysis. AFSC-derived network stained with phalloidin (green)
and DAPI (blue) and then processed using AngioTool. Scale bar
is 100mm. Sections of paraffin-embedded AFSC coculture in
fibrin/PEG hydrogel were stained with hematoxylin and eosin
(B, scale bar is 150mm) andaSMA/CD31 (C, scale bar is 50mm)
to assess the potential for lumen formation in vitro. Fibrin
scaffolds stained pink and embedded cells stained dark pink/
purple. In select regions, localization of aSMA and CD31 within
embedded cells resembled that of immature capillary-like
structures. (D) Populations of AFSC (green) and AFSC-EC (red)
were labeled with membrane-bound dyes pre-encapsulation and
tracked as they proliferated and migrated through the fibrin/PEG
hydrogels. Scale bar is 100mm. Data collected included assess-
ment of (E) average vessel length, (F) thickness, and (G) area, as
well as (H) the degree of branching. All network parameters
were normalized to HUVEC/MSC cocultures. Bars that share a
letter were not significantly different from each other. A value of
p < 0.05 was considered significant in all tests. HUVEC, human
umbilical vein endothelial cells. Color images available online at
www.liebertpub.com/tea
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As knowledge of the complex protein expression profile
associated with these stem cells increases, more efficient
sorting methods could provide a solution to this issue.

VEGF is often used as the primary stimulus for chemical-
mediated endothelial differentiation of mesenchymal and
embryonic stem cells,40–42 and we have previously reported
on the correlation between VEGF concentration and the
development of endothelial-like phenotype by AFSC. Sig-
nificant expression of constitutive endothelial proteins such
as CD31, VE-cadherin, and VEGFR2 was seen in AFSC-
EC, although it is again important to note batch-to-batch
variability. AFSC-EC were HLA-DR negative and HLA-
ABC positive, suggesting low immunogenicity. Additionally,
a subpopulation of AFSC was unresponsive to the chemical
stimulus in the endothelial media and did not show a com-
plete reduction in the stem cell markers SSEA4, c-kit, and
CD44. This can likely be attributed to the population of
AFSC that do not express VEGFR2 and thus cannot respond
to VEGF stimuli.

The fibrin/PEG scaffold provided a platform that was
easily tunable and shown in the literature to be proangio-
genic. The gelation rate could be modulated through cal-
cium concentration, which affects the thrombin enzymatic
activity. While this increases handleablity in vitro, it has
significant implications for translation to injectable in situ
technologies where stem cells have found utility. The sol-
ubilized hydrogel components are stable at 4�C for up to a
week, further improving clinical viability.

PEG was utilized to decrease the degradation rate of
fibrin-only scaffolds, which are not conducive to pre-
vascularization strategies longer than a couple of weeks. We
hypothesize that the reduction in degradation rate is driven
by changes to the microscopic structure of the hydrogels.
Specifically, the amorphous crosslinking of fibrin by the
linear bi-functional PEG results in thicker fibers and smaller
pores, which significantly reduce the surface area exposed to
degradation. The differences in morphologies can be seen in
SEM images, and the increased amorphous characteristic
may be responsible for the translucent nature of the fibrin/
PEG hydrogels. Throughout these changes, it was important
to retain the bioactivity of the fibrin hydrogel component.
Bulk stiffness, which is a critical cue for endothelial dif-
ferentiation, and cell viability were both maintained
throughout samples. Cell viability data are further supported
by examples in the literature using this encapsulation
method.43–45 In addition, while the PEG variant used in
these experiments is not biodegradable, the method of PE-
Gylation used only allows for the covalent linking of PEG
and fibrinogen, not multiple PEG chains. As the fibrin com-
ponent of these scaffolds is hydrolyzed and enzymatically
degraded, the attached PEG chains are expected to solubilize
and clear as well. A 10:1 fibrinogen:PEG weight ratio and a
uniform PEG distribution (as suggested by our SEM images)
would indicate that PEG-rich areas, which have the potential
to reduce cell attachment, were minimized.

The vasculogenic potential of cell-seeded scaffolds was
assessed through the following network parameters: vessel
length, area, and thickness and the number of branch points.
Data for vessel length and area were captured for each im-
age as a whole, then averaged, and are clear indicators of
overall vascular robustness. Alternatively, thickness was
analyzed on a per-vessel basis within each image and rep-

resents the average thickness of vessels between branches.
By making this distinction, areas where two or more vessels
temporarily merge are ignored to give a more accurate
representation of individual vessel thickness. While the
degree of branching is not necessarily an indicator of the
quality of networks formed, it does provide information on
network organization and allows for an additional level of
comparison between cell types.

When comparing single cell type cultures within the fi-
brin/PEG hydrogels, no statistical difference in vessel for-
mation was seen between AFSC-EC and HUVEC; however,
both these groups displayed an increase in network param-
eters compared to AFSC or MSC cultures alone, suggesting
AFSC-EC, like HUVEC, have significant vasculogenic po-
tential. Cocultures containing either AFSC or MSC consis-
tently displayed a more robust vessel formation compared to
single cell types at a fixed seeding density, suggesting that
AFSC, like MSC, play a synergistic role in network for-
mation and have significant perivascular potential. Due to
their similarities in morphology and gene expression, our
hypothesis is that the secretome profile for AFSC is similar
to what has been described in the literature for MSCs, which
includes the potential release of VEGF, IL-6, IL-8, and
MCP-1, all of which directly enhance endothelial cell sur-
vival and vascular formation.46 A complete panel of cyto-
kine expression will be critical for fully understanding the
role of AFSC in vascularization.

Almost 90% of AFSC-EC/AFSC-sectioned slides captured
branching cell networks with the lumen-like area present. The
average diameter of these regions was similar to those of
HUVEC/MSC cocultures and on the same scale as capillary
networks. H&E sections were appropriate for determining the
precise morphology and patency of these networks, while
immunofluorescent staining for endothelial- and perivascular-
specific markers was essential for understanding the cellular
organization. Further analysis is necessary to quantify the
concentration of functional lumen-forming vessels.

In this study, we demonstrated the following: fibrin/PEG
hydrogels provide a platform for cell encapsulation that pro-
motes biocompatibility, mechanical stability, and vasculo-
genesis; AFSC in cocultures act as a support cell source similar
to MSC, promoting increased vessel length, area, and thick-
ness; and AFSC-derived cell networks were clearly formed,
with vessel thickness and coverage area similar to HUVEC/
MSC-derived networks. Further analysis is needed to deter-
mine vessel maturity and the potential for in vivo viability.
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