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Plasmodium berghei was identified as a parasite of thicket rats (Grammomys dolichurus) and Anopheles
dureni mosquitoes in African highland forests. Successful adaptation to a range of rodent and mosquito
species established P. berghei as a malaria model parasite. The introduction of stable transfection
technology, permitted classical reverse genetics strategies and thus systematic functional profiling of
the gene repertoire. In the past 10 years following the publication of the P. berghei genome sequence,
many new tools for experimental genetics approaches have been developed and existing ones
have been improved. The infection of mice is the principal limitation towards a genome-wide repository
of mutant parasite lines. In the past few years, there have been some promising and most welcome
developments that allow rapid selection and isolation of recombinant parasites while simultaneously
minimising animal usage. Here, we provide an overview of all the currently available tools and methods.
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Introduction
Since the first description of the malaria parasite by

Laveran,1 researchers have been trying to gain insights

into the biology of Plasmodium parasites. While initial

studies solely focussed on observation of wild-type

parasites, the ability to genetically manipulate Plasmo-

dium spp., revolutionised the field of malaria research.

Successful transfection was first demonstrated in the

avian pathogen Plasmodium gallinaceum.2 Since then,

a diverse repertoire of Plasmodium parasites proved to

be accessible to genetic manipulation, including

human,3,4 primate,5,6 and rodent7–9 malaria parasites.

The availability of many complete or near-complete

genome sequences10–15 has been another huge advance

towards amoreprofoundunderstandingofPlasmodium

biology. Genome sequence data have been a key to the

scope and success of experimental genetics approaches

in malaria research.

Despite the ability to introduce foreign DNA mol-

ecules into a variety of malaria parasite species, there

are profound differences in the level of accessibility,

ease and efficiency of genetic manipulation.

For example, despite recent advances that enable the

use of zinc-finger nucleases to modify the P. vivax

genome more effectively,16 all genetic manipulation of

this human malaria parasite is severely hampered by

the inability to continuously culture these parasites

in vitro, thus necessitating in vivo infections in non-

human primates.17 Plasmodium falciparum is the dead-

liest and most devastating human malaria parasite

and has been adapted to long-term in vitro growth.

As such, it has become the most extensively studied

Plasmodium species. For long, inefficiency of transfec-

tion technology sloweddownprogress as the generation

of stable genetic mutants could easily last manymonths

(see Ref. 18 for a comprehensive overview). The recent

successful adaptation of the CRISPR/Cas9 system,19

however, has the potential to revolutionise again the

field by providing an unprecedented ease and speed of

generating recombinant P. falciparum lines. On the

other hand, experimentation with P. falciparum is pre-

dominantly performed in in vitro blood-stage cultures.

This is because of obvious issues with maintenance of

the complete in vivo life cycle as well as the inability to

complete the life cycle in vitro. Suitable in vivo

models that highlight the relevance of the findings

during an infection should complement the in vitro

model.

Correspondence to: Taco W. A. Kooij, Radboud University Medical
Centre, Medical Microbiology Route 268, P.O. Box 9101, 6500 HB
Nijmegen, The Netherlands. Email taco.kooij@radboudumc.nl

46
� W. S. Maney and Son Ltd 2015
DOI 10.1179/2047773215Y.0000000006 Pathogens and Global Health 2015 VOL. 109 NO. 2



Rodent malaria parasites, in particular P. berghei

and P. yoelii, provide such model systems. They com-

bine fast and efficient experimental genetics tech-

niques with access to the complete in vivo life cycle

(Fig. 1). In addition, the evolutionary distances of

the rodent malaria parasite clade to either

P. falciparum or P. vivax are in the same order of

magnitude as the evolutionary distance between

P. falciparum and P. vivax.13 All these factors

render P. berghei and P. yoelii practical and relevant

model species to study common principles of Plasmo-

dium biology. They allow the examination of para-

site–host interactions in vivo, including clinically

relevant phenomena like parasite sequestration,20

experimental cerebral malaria,21,22 host immune

responses23 and parasite immune evasion.24 This is

exemplified by the use of intravital imaging tech-

niques, which have proven useful for the investi-

gation of sequestered blood-stage parasites in the

brain,25 sporozoite migration26 and liver-stage

development.27 Another great advantage, especially

when working with infected anopheline mosquitoes,

is the inability of P. berghei and P. yoelii to cause

malaria in humans. Indeed, much of our knowledge

on the Plasmodium mosquito stages stems from find-

ings in P. berghei. For the purpose of this review, we

will focus on P. berghei, a versatile and highly

amendable malaria model parasite species and the

first malaria parasite for which stable genetic

manipulation was established.

Transfection
Successful geneticmanipulation relies on efficient trans-

fer of modifying DNA constructs into the nucleus and

on sufficient parasite survival during the transfection

procedure. Asexual blood-stage parasites are the most

straightforward to accumulate in large quantities and

are haploidnegating the need for crossing heterozygotes

to achieve homozygote mutants. However, to modify

the parasite genome, the targetting DNA construct

would have to pass four membranes: (i) the erythrocyte

plasma membrane, (ii) the parasitophorous vacuolar

membrane, (iii) the parasite plasma membrane and

(iv) the nuclear envelope. This is further complicated

by the blood-stage parasite’s dependence on the integ-

rity of the host erythrocyte for survival. During

P. berghei transfections, both matters are overcome by

electroporating mature merozoites, the invasive, briefly

extracellular forms that establish infection of new

erythrocytes. This may partly explain the differences

in transfection efficiencies between P. berghei and

P. falciparum. For the latter, either developing, intra-

cellular ring-stage parasites are used or uninfected

erythrocytes are preloaded with targetting DNA prior

to parasite invasion.28 The parasite purification for

transfection is based on the phenomenon, that

P. berghei parasites develop normally into merozoites

in in vitro culture but cannot egress from the erythrocyte

without additional mechanical shear stress.29,30 Conse-

quently, ex vivo cultivation of mixed blood stages for

16–18 hours is sufficient for the accumulation of large

Figure 1 Live imaging of the complete Plasmodium berghei life cycle using the Berred reference strain.64 Berred expresses

high levels of the red fluorescent protein mCherry in all stages under the control of the P. berghei heat shock protein 70 pro-

moter. Shown are asexual blood stages (a ring-stage parasite, a trophozoite, and mature blood-stage merozoites from a rup-

tured schizont); in vitro activated sexual stage parasite (a male Bergreen microgamete – which expresses high levels of GFP

– attaching to a female Berred macrogamete); a cultured ookinete; mosquito stages from in vivo infections (an oocyst at day

14 after the mosquito blood meal and a salivary gland-associated sporozoite); and in vitro cultured liver stages (a liver-stage

trophozoite at 48 hours after infection and mature liver-stage merozoites in a merosome released from the hepatocyte). Bars

for oocyst, liver stage and merosome, 10mm; all others, 5 mm.
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numbers of enclosed viable merozoites, which can be

purified by a subsequent one-step density gradient cen-

trifugation.31 Since the first successful transfections of

P. berghei, nearly 20 years ago,7 electroporation proto-

cols have steadily improved. The latest method uses the

NucleofectorH technology, which yields transfection

efficiencies in the range of 10{3 to 10{2.32

Integration
There are different strategies available to genetically

manipulate P. berghei: (i) episomal transfections,

(ii) single crossover/ends-in, and (iii) double cross-

over/ends-out homologous recombination (Fig. 2).

The choice of which strategy to employ is determined

by the required genetic stability of the recombinant

parasites and whether the loss of genetic information

is unwanted or rather desirable. Even the anticipated

difficulties in cloning the parasite’s extremely AT-rich

DNA, in particular larger fragments of non-coding

regions like promoter and terminator sequences,

influence the choice of strategy.

Circular transfection plasmids will not be

integrated in the parasite genome but instead will

be maintained episomally as long as drug pressure

is applied. Such transfections do not lead to the

loss of any genetic information; however, the epi-

somes will be lost rapidly in the absence of a selecting

drug. Furthermore, the introduction of episomally

coded sequences for protein expression and/or local-

isation harbours the risk of artefacts, e.g. variant

plasmid copy numbers between individual parasites.

An early study has demonstrated maintenance of as

many as 15 plasmid copies per parasite during drug

pressure.33 Recently, this concept was utilised to con-

trol expression levels of a green fluorescent protein

(GFP) and actin 2 through drug-regulated episomal

copy numbers.34 The use of a Plasmodium artificial

chromosome, harbouring functional centromere and

telomere sequences, allows the introduction of a mul-

titude of transgenes simultaneously in a more con-

trolled manner, i.e. with efficient replication and

transfer of single copies to daughter cells.35 Using

these artificial chromosomes, a high-coverage geno-

mic library has previously been cloned and trans-

fected in P. berghei, with fragment sizes ranging

from 10 to 50 kb.36

Figure 2 Generation of recombinant parasites using homologous recombination. (A) Schematic representation of a gene-

deletion approach by single crossover/ends-in homologous recombination. The transfection plasmid is linearised roughly in

the middle of the single targetting sequence. Successful integration into the wild-type locus leads to the disruption of the

gene of interest (GOI) and partial sequence duplication. Two gene fragments remain that are truncated at the carboxy-termi-

nus (CT) or the amino-terminus (NT). This strategy can also be used to introduce tag fusions or to duplicate complete coding

sequences. (B) Schematic representation of a gene-deletion approach by double crossover/ends-out homologous recombina-

tion. The linearised transfection construction harbours two targetting sequences, one upstream (59) and one downstream (39)

of the target gene. Successful integration into the wild-type locus leads to deletion of the GOI. This strategy can also be used

to introduce tag fusions. (C) Distribution of the approaches used (when known) to generate recombinant parasites harbouring

gene deletions, endogenously tagged genes, or transgenes. Data have been extracted from the Rodent Malaria genetically

modified Parasites database, RMgmDB, as on 28 November 2014 (A. van Wigcheren & C.J. Janse, personal communi-

cations).38 The vast majority of gene-deletion mutants (>90%) were generated using double crossover recombination (blue),

whereas at least half of the recombinant parasites expressing endogenously tagged genes were created through single

crossover recombination (red). Numbers indicate the total number of mutant parasite lines in each category.
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Stable integration can be achieved using linearised

DNA constructs with left and right homology arms

that target the construct to a specific locus in the para-

site genome. Potential issues with varying copy num-

bers and the need for continuous drug pressure may

be avoided with this technique. The most efficient

approach is through single crossover/ends-in homolo-

gous recombination (Fig. 2A), forwhich 250–300 bpof

homologous sequence can be sufficient for inte-

gration.37 Typically, however, homology arms of

0.5–1 kb are used to increase the efficiency of recombi-

nation. For the generation of the transfection con-

struct, a single fragment of target DNA is cloned into

a suitable vector and a unique restriction site in the

fragment is used for plasmid linearisation. To study

gene function, this strategy can be used to disrupt the

coding sequence of a gene of interest (GOI). The down-

side of such an approach is that both amino- and

carboxy-terminal truncated versions of the gene

remain present in the genome. Hence, this approach

also harbours the danger of recombination-mediated

reversion in the absence of a positive selection drug.

This is especially true in cases where insertion of the

transfection vector leads to a reduced fitness of the

parasites. Although less appropriate to generate

gene-deletion mutants, the single crossover approach

has been applied extensively to generate at least 50%

of the endogenously tagged parasite lines (Fig. 2C).38

Advantages of this strategy include the requirement

for only a single molecular cloning step and a *10-

fold increase in integration efficiency resulting in the

transgenic parasites to emerge at least 1 day earlier

(personal observations and CJ Janse, personal com-

munications). Another possible advantage is that one

can apply insertional mutagenesis to duplicate a gene

at its endogenous locus, e.g. when tagging of an

endogenous gene is detrimental for its function but

the presence of an additional tagged copy is toler-

ated.39 Naturally, one should always be cautious inter-

preting such results as the requirement for an untagged

copy of the protein may well suggest that functionality

and localisation of the tagged protein are affected.

Despite marginally lower integration efficiency and

the need for at least two cloning steps to generate the

transfection construct, double crossover/ends-out

homologous recombination is nonetheless the

method of choice (Fig. 2B and C). The efficiency of

integration is greatly dependent on the length of the

homologous sequence.40 Interestingly, homology

arms that differ *4% from the targetted nucleotide

sequence are still sufficient to drive integration.41

Double crossover/ends-out homologous recombina-

tion is the only way to permanently and stably

modify the P. berghei genome since it completely

removes the entire coding sequence of a GOI.

Hence, parasites cannot revert to wild-type

genotypes. This is particularly important in cases

where parasites are to be cycled through mosquito

stages where no drug pressure can be applied, when

generating reference parasite lines, or when studying

loss-of-function mutants. It is therefore not surpris-

ing that w90% of the reported gene-deletion mutants

have been generated using a double crossover strat-

egy (Fig. 2C). The generation of stable genetic

mutants is furthermore a prerequisite when aiming

to generate parasite lines with multiple genetic modi-

fications, e.g. through recycling of the drug-selectable

cassette (see below).

Another important consideration when manipulat-

ing the parasite genome is the site of integration. The

most directway to study the functionof a gene is by tar-

getted disruption or deletion of the endogenous locus.

Alternatively, genetic material may be introduced else-

where as a transgene. For the latter, genes have been

employed that were empirically identified to have dis-

pensable roles during normal life cycle progression;

e.g. the gene encoding the gamete surface antigen

P230P42 and the P. yoelii S1 locus.43 Furthermore,

the loci of the ribosomal RNA C- and D-units have

been used extensively in P. berghei. However, a small

defect in oocyst development was observed after gene

disruption, which should be considered when planning

experiments with transgenic mosquito-stage para-

sites.41 Although disruptions of several loci had no

detectable effects on life cycle progression, it is concei-

vable that new phenotypic methods may reveal as yet

undetected deficits. Furthermore, synergistic effects

of additional genetic modification cannot be excluded.

To avoid these issues, we have started to employ a

silent intergenic locus on P. berghei chromosome 6

(SIL6) that is devoid of genes and transcriptionally

silent for stable integration through double cross-

over.44

Selection
After electroporation, the parasites are injected intrave-

nously into naı̈ve recipient mice. Successfully trans-

fected parasites are usually selected by applying drug

pressure. Positive selection of transgenic P. berghei

parasites is based on the antifolates pyrimethamine or

WR99210.45,46 Both serve as inhibitory substrate ana-

logues of the parasite’s bifunctional dihydrofolate

reductase-thymidylate synthase (DHFR-TS)

enzyme.47 Pyrimethamine can be administered orally

with drinking water, whereas WR99210 needs to be

injected repeatedly intraperitoneally or subcutaneously.

The most commonly used selection cassettes encode

drug-insensitive variants of DHFR-TS from Toxo-

plasma gondii or P. berghei, which confer resistance to

pyrimethamine.7,48–50HumanDHFR confers resistance

topyrimethamine andWR99210,51 thus allowing its use

as a secondselectablemarker.Anadditional reasonwhy
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hDHFR has becomemore commonly used is its relative

small size. This facilitates the generation of more com-

plex44,52,53 or PCR-based54 transfection vectors.

To date, these two drugs are the only efficient com-

pounds for positive selection in P. berghei that can be

used sequentially without the need to recycle the

selection cassette (see below). Development of novel

selection markers is hampered by two closely related

problems: (i) positive selection of transfected parasites

cannot be performed in vitro because of the inefficient

reinvasion in culture and (ii) drugs must therefore be

suited for in vivo application and should be non-toxic

to the rodent host.

The P. falciparum chloroquine resistance transpor-

ter gene (CRT) has been tested as a potential new

resistance marker. It has been demonstrated that

mutations in PfCRT promote resistance towards

the antimalarial chloroquine in vitro55 and in vivo,56

resulting in elevated IC50 values of up to 17-fold.57

Unfortunately, cross-species complementation in

P. berghei did not increase resistance towards the

drug during infection, omitting the use of mutant

PfCRT as an additional positive selection marker.58

There are no reports on the application, successful

or unsuccessful, of any other selection markers func-

tional in P. falciparum.59,60

Isolation
Positive drug-selection is usually not completely effec-

tive, resulting in mixtures of transgenic, spontaneously

mutated, and wild-type parasites, thus necessitating

the purification of transgenic parasites. Traditionally,

transfectants have been isolated by limiting dilution,32

through the injection of single parasites from the par-

ental population into several naı̈ve mice (usually 10).

The success of this method relies strongly on the ratio

of wild-type to mutant parasites and is therefore very

inefficient when working with slow growing mutants.

To circumvent this problem, parasites may be passaged

through several animals under pyrimethamine pressure,

resulting in the favoured growth and enrichment of the

transfectants prior to cloning. However, this method is

labour intensive and requires a large number of exper-

imental animals.

The development of flow cytometry-based isolation

methods significantly reduced workload and animal

usage (Fig. 3A). The method depends on the introduc-

tionof afluorescent protein expression cassette and sub-

sequent isolation of the fluorescent transgenic parasites

by flow cytometry. Initial methods employed the eEF1-

alpha promoter to driveGFP expression.61,62 However,

owing to regular wild-type contaminations of sorted

populations, repeated cycles of flow-cytometric iso-

lation or a subsequent cloning step by limiting dilution

were recommended. A novel approach uses the signifi-

cantly stronger HSP70 promoter, resulting in cytosolic

fluorescence levels that are an order of magnitude

higher, thus resulting in an almost absolute separation

of wild-type and fluorescent mutant parasites.44,63

This method has been shown to be efficient even in the

presence of a 100-fold excess ofwild-type parasites, pro-

vided that the parasitaemia of the donor mice does not

exceed 1%. At higher parasitaemias, sorting efficiencies

decline because of the presence of double-infected

erythrocytes harbouring a transfected and a wild-type

parasite. Complications resulting from themaintenance

of episomal transfection vector copies were overcome

through more efficient linearisation protocols.63

In addition to GFP, other fluorophores may be

used to isolate parasites, including yellow (YFP),

red (mCherry)64 and cyan (CFP) fluorescent proteins

(unpublished data). The high levels of fluorescence

also facilitate imaging of live and fixed parasites in

all life cycle stages, even of the extremely thin and

highly motile male microgametes.44 Most impor-

tantly though, the flow-cytometric isolation of

mutant parasite lines leads to an 80–90% reduction

in the use of experimental animals.

Sequential Genetic Modification
The availability of just two selectable markers prevents

repeated rounds of genetic manipulation. The gener-

ation of double mutants is feasible, although the

requirement for repeated intraperitoneal or subcu-

taneous administration of WR99210 is undesirable.

Nonetheless, the sequential introductions of (i) Pb or

TgDHFR-TS with pyrimethamine-selection and

(ii) hDHFR with WR99210 can verify loss-of-function

phenotypes through recovery of wild-type behaviour

by complementation. Thus, the circumsporozoite gene

was reintroduced after deletion.51 Such a strategy is

desirable not only for the generation of revertant strains

but also for providing definitive proof for gene essenti-

ality. This could be achieved by introducing an

additional copy of the GOI either episomally or as a

transgene by means of positive selection with pyri-

methamine and insensitive Pb or TgDHFR-TS. If the

subsequent deletion of the endogenous locus using

WR99210 and hDHFR is successful in this strain but

not in wild-type parasites, this provides proof for the

accessibility of the genomic locus and essential

functions of the gene. However, when attempting to

delete an essential gene following introduction of a

compensatory second copy of the gene one has to con-

sider the requirement to use heterologous regulatory

sequences. Failure to replace at least one of the up- or

downstream flanking regions may lead to the preferred

deletion of the transgene instead of the original target

gene. It is also important to keep in mind that the

hDHFR cassette must always be used as the second

selectable marker when attempting the generation of

double mutant parasites, since it also confers resistance
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to pyrimethamine. An additional issue limiting the use

of WR99210 is its selective capacity. Introduction of

hDHFR in theP. berghei genome only resulted in a five-

fold increase in WR99210 resistance,51 demonstrating

the limitations of this positive selection marker when

targetted integration is attempted. In contrast,

WR99210 resistance was increased 1000-fold when the

hDHFR cassette was maintained episomally, because

of an elevated copy number per parasite. Perhaps, this

is one of the reasons why so far only two studies have

reported the use of sequential gene deletions using this

strategy.65,66

Alternatively, flow-cytometric isolation has been

used as selection method, i.e. without the use of a

drug-selectable cassette.32,62 Despite being relatively

inefficient compared to traditional methods using

drug selection, this method was employed to generate

the widely used reference strain GFPCON. Although

largely untested, one might speculate that the

improved isolation tools and methods44,63 might

facilitate a more reliable use of flow cytometry-

based isolation in the absence of drug pressure.

Such an approach could even be expanded to mul-

tiple manipulation rounds by using multiple fluor-

escent markers with different colours.64 Still, it

remains questionable whether slow growing mutants

can be isolated without additional drug pressure.

Recycling of the drug cassette would allow a vir-

tually unlimited number of subsequent transfections.

To achieve this, a positive/negative selection cassette

Figure 3 Flow cytometry-based methods reduce workload and animal usage. (A) Schematic representation of the P. berghei

transfection and mutant isolation protocol. Blood of a mouse infected with wild-type parasites is harvested by cardiac punc-

ture and cultured overnight. Following maturation, the parasites fail to egress and arrest at the schizont stage. These schi-

zonts are purified and transfected with the targetting constructs. Transfected merozoites are injected intravenously into a

naı̈ve mouse. Administration of pyrimethamine in the drinking water favours the growth of successfully modified parasites,

which now also express a fluorescent protein. When the parasitaemia is 0.1–1.0% (typically 7–9 days after transfection), 50

mutant parasites are isolated by flow cytometry and transferred to a naı̈ve mouse. 8–10 days after injection, the isogenic

parasite line can be harvested, stored or transferred and tested. (B) Schematic representation of the ‘gene-out, marker-out’

strategy exemplifying recycling of the hDHFR-yFcu drug-selectable cassette.68 Successfully transfected and isolated para-

sites harbour a fluorescent cassette (GFP; green), a drug-selectable cassette (hDHFR-yFcu; blue), and a second fluorescent

cassette (mCherry; red). After intravenous injection into a naı̈ve mouse, 5-fluorocytosine (5-FC) is administered in the drink-

ing water. This favours the growth of parasites that have successfully lost yFcu by homologous recombination of the dupli-

cated sequences flanking the drug-selectable cassette and the mCherry marker (magenta). Finally, recycled parasites can be

isolated using flow cytometry through the selection of GFP-positive, mCherry-negative parasites.
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was created containing a fusion of hDHFR and the

yeast cytosine deaminase/uracil phosphoribosyltrans-

ferase gene (yFcu). yFcu metabolises 5-fluorocytosine

(5-FC) into a toxic metabolite.53 Thus, this selection

cassette first allows the positive selection of success-

fully transfected parasites by pyrimethamine or

WR99120 selection and may next be completely

removed again following selection with 5-FC. This

loss occurs by means of homologous recombination,

using duplicated sequences flanking the selectable

marker (Fig. 3B). Although, 5-FC had previously

to be administered through intraperitoneal injection,

a protocol has been established enabling oral admin-

istration through the drinking water, thus facilitating

the procedure for both experimenter and mouse.67

A disadvantage is the need for a subsequent cloning

step by limiting dilution to isolate parasites that

have lost their resistance cassette to use them as a

recipient strain in a subsequent transfection. This

issue has been elegantly solved by introducing a

second, red fluorescent marker in the drug-selectable

cassette in an approach that was termed ‘gene-out,

marker-out’.68 Following successful integration of

the transfection construct, parasites are both GFP-

and mCherry-positive and can be isolated by flow

cytometry. Subsequent negative selection leads to a

loss of the drug-selectable cassette along with the

mCherry expression cassette. Hence, successfully

recycled parasites can now be isolated by sorting

green-only fluorescent parasite while excluding

double fluorescent parasites (Fig. 3B).

The ‘gene-insertion, marker-out’ (GIMO) strategy

allows the fast generation of drug-selectable

marker-free parasites expressing a transgene.69 This

method relies on the loss of a stably integrated

hDHFR/yFcu drug-selectable cassette from a refer-

ence strain or gene-deletion mutant through its

replacement by a new marker-free transfection con-

struct. Parasites that have successfully replaced the

drug-selectable cassette are selected by adminis-

tration of 5-FC. The method allows the fast gener-

ation of marker-free P. berghei or P. yoelii mutants

expressing transgenes. Unfortunately, the application

possibilities of GIMO are limited to recipient strains

with the adopted drug-selectable cassette integrated

without flanking repeat sequences.

Despite the advances and successes in generating

double mutant parasite lines, we observed that off-

target integrations are relatively common, when

using the same vector system repeatedly, favouring

integration into the sites of the initial recombination

(unpublished data). We would therefore recommend

the use of different vector systems for the subsequent

transfections. When using an episomal construct in

the second transfection, such problems should not

be observed.

Double mutants may also be obtained by a classical

in vivo cross-fertilisation of two transgenic parasite

lines. Mice infected with two different genetically

engineered parasite lines are fed to female anopheline

mosquitoes where homozygous and heterozygous fer-

tilisations occur. In heterozygous offspring, chromo-

somal reorganisation or recombination may yield

double mutant parasites, which can be isolated after

transmission to a naı̈ve recipient mouse. This method

was employed to enable conditional mutagenesis

using site-specific recombination by combining two

transgenic lines, one harbouring the Flp recombinase,

and the other containing the FRT recombination sites

(see below).52 At least three double gene-deletion

mutant parasite lines have been generated using

in vivo genetic crossing of two single gene-deletion

clones.70,71 The efficiency of this method is highly

dependent on the loci of integration. New combi-

nations of two loci on separate chromosomes should

occur at high frequencies because of chromosomal

redistribution.However, loci on the same chromosome

are recombined less frequently. Their uncoupling relies

solely on crossing-over and interchromosomal recom-

bination and depends largely on the distance between

the two loci. Recently, we demonstrated the generation

of a double mutant parasite line, expressing the

endogenously tagged translocon components heat

shock protein 101 (HSP101) and PTEX88, both of

which are located at chromosome 9 and separated by

*360 kb (unpublished data). Loci that are associated

more closelymay prove difficult to recombine bymeio-

tic crossing. Flow cytometrymayhelp to isolate recom-

bined parasites when crossing mutant lines that have

different fluorescent markers integrated in their

respective genetically engineered loci.

In vivo crossing also offers the possibility of

employing a larger number of subsequent recombina-

tion rounds, thus facilitating the generation of para-

sites with a multitude of mutations. However, with

increasing numbers of mutations, the number of

possible combinations increases even more rapidly.

Hence, repeated rounds of in vivo crossing require

diligent isolation and testing procedures of the off-

spring after transmission. The application of in vivo

crossing is further limited by potential synergistic

effects of the mutations that might lead to an impair-

ment of the parasites’ ability to complete the life

cycle. This restriction renders meiotic crossing useless

for the generation of a much desired, safe, late liver-

stage arrested vaccine candidate strain.72–74 Ideally, a

safe genetically attenuated parasite line would lack a

number of genes, e.g. LISP1,75 PALM,76,77 and

ZIPCO,78 that would allow a nearly complete matu-

ration of liver-stage parasites including the

expression of blood-stage antigens. Parasites lacking

any one of these genes can cause breakthrough
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infections; however, one can hope to eliminate these

by combining multiple gene deletions. Hence, when

behaving as desired, no blood-stage parasites can

be obtained upon sporozoite infection. To generate

such double mutant parasites, recycling of the drug-

selectable cassette is required. Following negative

selection, parasites deficient in the liver-stage gene

B9 69 were rendered drug-sensitive. Next, deletion

of a second liver-stage gene, SLARP,79 was achieved.

This proof of concept provided a safe, but early

arrested genetically attenuated whole parasite vaccine

strain.80

Conditional Approaches
The possibilities of analysing genes essential for

P. berghei blood-stage development have been lim-

ited. The establishment of a robust inducible knock-

down system has been hindered by the requirements

of an in vivo system, e.g. the administered inducers

should not be toxic, be taken up efficiently, and

have a prolonged systemic half-life. RNAi-mediated

knockdown strategies, one of the most powerful

inducible systems, cannot be exploited, because

of the lack of functioning RNAi machinery in

Plasmodium parasites.81 Systems that reduce protein

stability by fusion of a destabilisation domain

have been successfully applied to in vitro cultures of

P. falciparum,82 but thus far no functioning system

for P. berghei has been established.

Despite these limitations, there are a number of strat-

egies to further characterise genes with a crucial role

during blood-stage growth. Two approaches rely on

differential endogenous promoter activities without

the need for exogenous inducing or repressing com-

pounds. These approaches are well suited to study

gene function in an in vivomodel, notably during trans-

mission stages. First, conditional gene ablation can be

achieved by exploiting the Flp/FRT system of site-

specific recombination (Fig. 4A).52 This technology

has been applied to study the function of the essential

merozoite surface protein 1 during liver-stage develop-

ment.83 The recombinase gene was integrated into the

genome under the control of a promoter that is silent

during blood-stage development and is active when

DNA excision is required. By using the thermolabile

FlpL recombinase, undesired activity during blood-

stage development was further minimised. In a second

transfection, FRT sites are inserted at both sides of the

target sequence to be deleted from the genome. When

the promoter is active, the recombinase is expressed

and excises the FRT flanked locus. Therefore, the

choice of promoter sequence is critical for the success

of this approach.84

Second, gene function in specific stages can also be

studied by exchanging the promoter sequence using

homologous recombination. The strategy harnesses

promoters that display expression during blood-

stage development, but which are inactive during

other phases of the life cycle. This has been

demonstrated for the unconventional class XIV

myosin A,85 which is essential during asexual

blood-stage development. The endogenous promoter

was replaced with the apical membrane antigen

1 (AMA1) promoter, which is active in blood stages

but not in ookinetes. This results in functional

levels of myosin A permitting normal blood-stage

development. During the ookinete stage, however,

the promoter swap resulted in a complete loss of

myosin A and an impaired ookinete motility.85 Fol-

lowing a similar strategy, central roles in the for-

mation of fertile male gametes and during early

mosquito-stage development were demonstrated for

the putative histone chaperone FACT-L, which is

essential during blood-stage development.86

To study genes refractory to gene deletion during a

blood-stage infection, a tetracycline repressor

(TetRep)-based system has been established

(Fig. 4B).87 It is based on an inducible promoter con-

taining a tet operator. The endogenous promoter of

the target gene drives the expression of a fusion of

a TetRep protein and a parasite-specific activating

domain (TRAD4). This fusion protein can transacti-

vate the tet operator upstream of the GOI. Anhydro-

tetracycline (ATc) binds to the transactivator thus

preventing transcription of the target gene. Adminis-

tration of ATc in the drinking water led to a *90%

downregulation of transcription, as shown for the

knockdown of the essential actin-binding protein

profilin.87 The significance of this technical achieve-

ment notwithstanding, downregulation during mos-

quito-stage development was not observed.

Potentially, this was because of problems with ATc

administration or because of the inefficiency of the

described genetic components during this parasite

life cycle stage. During liver-stage development, how-

ever, the system proved to be fully functional again.

Very recently, this system has been used to confirm

the perceived essentiality of the putative PTEX trans-

locon component HSP101 in the translocation and

export of cargo proteins.88

Despite all recent advances, the described

technologies share a common problem: actual proof

of gene essentiality during blood-stage development is

difficult to obtain. The possibility to first introduce a

second copy of a gene and then remove the endogenous

gene is hampered by (i) the unavailability of multiple

selectionmarkers, (ii) the need touse heterologous regu-

latory elements, and (iii) potential dominant negative

effects of the genetic duplication. Apart from that,

conditional systems all have their own limitations, e.g.

incomplete levels of knock down and restrictions on

the stages that can be studied.
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Visualization
To date, the most efficient way to test essentiality is

the independent transfection with a disruptive and

a non-disruptive construct, providing proof for the

accessibility of the locus and thus indirectly of gene

essentiality.

Such a non-disruptive construct can be used for

protein localisation studies. One homology arm is

derived from the 39 sequence, equivalent to that

used for the disruptive construct. The second arm is

derived from the carboxy-terminal coding sequence

of the target gene, cloned directly adjacent to and

Figure 4 Conditional gene deletion and knockdown strategies. (A) Schematic representation of conditional gene deletion

using the Flp/FRT system. This approach requires the previous integration of a cassette driving the expression of Flp recom-

binase or its thermolabile variant FlpL under the control of a differentially active promoter (turquoise). By targetted inte-

gration, FRT sites are inserted upstream and downstream of the gene of interest (GOI). During asexual blood-stage

propagation, the promoter driving Flp(L) transcription is silent and the recombinase is not expressed. When the promoter

becomes active during other life cycle stages, Flp(L) is expressed and excises the GOI at the FRT sites. The resultant

mutants have now lost the gene and its function can be analysed in subsequent life cycle stages. (B) Schematic represen-

tation of conditional knockdown using a tetracycline-repressible system. An inducible promoter (red) is inserted upstream of

the GOI. In addition, the coding sequence of a tetracycline repressor (TetRep) protein containing a parasite-specific activating

domain (TRAD) is inserted adjacent to the endogenous promoter of the GOI. Expression of TRAD in the absence of anhydro-

tetracycline (ATc) leads to a transactivation of the inducible promoter by means of TRAD binding, and the GOI is transcribed.

However, when ATc is present it induces conformational changes in TRAD, thereby preventing transcription.

Matz and Kooij Experimental genetics in Plasmodium berghei

54 Pathogens and Global Health 2015 VOL. 109 NO. 2



in frame with a tag sequence. Thus, in addition to

providing a positive control for transfection effi-

ciency and accessibility of the target locus, protein

expression levels and subcellular localisation can be

studied. Recently, we have introduced the Berghei

Adaptable Transfection (pBAT) plasmid system

that allows the generation of deletion and tagging

constructs from the same intermediate construct.44

These plasmids have been optimised for size and

ease of cloning and combine (i) a recyclable, drug-

selectable cassette and (ii) a bright fluorescence cas-

sette flanked by multiple cloning sites and transgene

targetting sequences. A variety of plasmids are avail-

able that include amino- or carboxy-terminal tagging

sequences. One of these transfection plasmids was

used to provide support for the apicoplast localis-

ations and essential roles of four of the five sulphur

utilisation factors (SUFs).89 Using a comparable

strategy but an alternative transfection vector

system,90,91 the distinct spatio-temporal distribution

of two alveolins was visualised.92 Refractoriness to

gene-deletion in combination with accessibility of

the loci provided convincing evidence for essential

functions during asexual blood-stage development,

while conversely the efficient establishment of a

blood infection following the endogenous tagging

of the proteins leans support to the correct localis-

ation and functionality of these GFP-tagged pro-

teins. This may be further confirmed by assuring

that parasite growth rates and protein integrity also

remain unaltered.64

Needless to say that microscopy is central to the

studying of malaria parasites. Arguably some of the

most exciting recent developments are in the intravital

imaging of murine malaria parasites during an infec-

tion, e.g. using bioluminescence93 or fluorescence. The

latter has been used to visualise mosquito-to-mouse

transition,94–96 liver-stage development,26,97 the tran-

sition from liver to blood-stage infection,27 and para-

sites in the brain.25,98 Such studies can provide

profound insights into pathology and virulence of the

parasites, the host immune defences against the patho-

gen and host–parasite interactions. The continuous

developments in experimental genetics aid these studies

by providing a range of genetically engineered parasite

lines expressing luciferases or fluorescent proteins.

Furthermore, there are reference parasite lines that

have fluorescent markers targetting to specific orga-

nelles and other subcellular localisations such as the

parasitophorous vacuole (unpublished data).99,100

These lines facilitate cell biological studies of this

ancient eukaryotic single cell pathogen. For much

more extensive reviews of the many exciting develop-

ments in various aspects of visualising malaria para-

sites, we refer the readers to a special issue of

Parasitology International.101–106

Next Generation
Ten years after the publication of the nearly complete

genome sequence, and 20 years after the development

of techniques for stable genetic engineering, the time

has come to make the next big leap in our under-

standing of Plasmodium biology. One way of doing

so is by utilising random mutagenesis through site-

specific transposable elements. The first method in

Plasmodium was developed using a mini-Tn5 deriva-

tive to mutagenise an Escherichia coli library of

P. berghei DNA.107 More recently, a system relying

on the insertion of the lepidopteran transposable

element piggyBac developed in P. falciparum108 has

been adapted to P. berghei and employed to generate

127 insertions.109 The nature of the target sequence,

i.e. AATT, leads to the transposon integrating predo-

minantly in non-coding sequences, making this

method particularly useful for regulatory mutations.

There have been a number of studies employing

standard P. berghei transfection technology to

study multiple genes. The first and still the third lar-

gest study to date targetted 20 genes encoding puta-

tive secreted proteins of the ookinete.110 In 2010,

the landmark paper by Tewari et al.111 described

the largest functional characterisation of 66 putative

protein kinases encoded in the P. berghei genome.

The generation and characterisation of 23 loss-of-

function mutants enabled the identification of some

essential regulators of mosquito transmission. In a

complementary approach, published 4 years later,

the essentiality of 16 of 30 targetted phosphatases

during asexual blood-stage growth was shown, with

distinct roles of the other phosphatases during life

cycle progression and differentiation.112 No more

than nine additional studies attempting the deletion

of ifive genes have provided insights in the func-

tions of a variety of gene/protein families, pathways

and complexes. These include studies of genes encod-

ing exported proteins,113,114 components of the Plas-

modium translocon of exported proteins,64,115 6-Cys

proteins,42 rhomboid proteases,116 protein S-acyl

transferases,117 SUFs of the apicoplast89 and

P. yoelii early transcribed membrane proteins.118

Currently, 427 genes have been targetted of which

175 (39%) proved refractory to gene deletion and

the remaining 252 (59%) have been deleted success-

fully (Fig. 5).38 Recent years have also seen a

steady increase of parasite lines expressing endogen-

ously tagged genes bringing the total at 178 while

two genes were refractory to tagging (Fig. 5). Despite

all the progress made, it would take until the end of

the century to target all P. berghei genes if continued

at the current pace.

Before we can bring targetted, non-random exper-

imental genetics to a truly genome-wide scale, a

number of hurdles need to be overcome. The first is
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the construction of the thousands of transfection

constructs needed to target the *5000 genes.15

Some advances have been made to facilitate the

transfection vector construction. PCR-based con-

struction of replacement vectors can be scaled rela-

tively easily, but is limited to small constructs.54

Another PCR-based solution was used to generate

P. yoelii transfection vectors, however, still requires

a single enzymatic cloning step.119 A huge advance

has been the establishment of the PlasmoGEM

system, a pipeline for the genome-scale production

of linear replacement vectors with large homology

arms.40,120 Utilisation of these vectors in combi-

nation with signature-tagged mutagenesis enables

the reproducible generation of a pool of up to 90

gene-deletion mutants in a single mouse.121 Each

individual mutant can be identified by a unique bar-

code sequence flanked by a standard sequencing

primer annealing site. Thus dispensable gene func-

tions during asexual blood-stage replication and

growth rates of the gene-deletion mutants can be

assessed; however, the method is not compatible

with the isolation of the generated mutants. There-

fore a combination of the PlasmoGEM system with

flow cytometry-assisted sorting procedures that

have tackled the bottleneck of isolating successfully

modified parasites would be particularly useful.63,68

Transfection efficiency improved substantially since

the establishment of the AMAXA transfection tech-

nology.32 Genetic manipulation efficiency has

increased to the point where there is little room for

further improvement. Nonetheless, the recent report

that the CRISPR/Cas9 system is also functional in

P. yoelii122 is a useful step forward. CRISPR/Cas9

will be particularly useful to introduce a multitude of

small point mutations, which are much harder to gen-

erate with the more conventional methods. Perhaps

this technology can also be utilised when considering

a genome-wide gene-deletion effort.

However, in spite of all these improvements, the phe-

notypic characterisation of the generatedmutants argu-

ably remains the main limiting factor of Plasmodium

genome-wide functional genetics. Streamlining analysis

and standardising the various checkpoints of life cycle

progression would be a first step to expedite phenotypic

characterisation. The introduction of a number of bio-

luminescence-based methods enables faster and less

subjective quantification of the P. berghei burden

when compared with traditional microscopy-based

approaches.123–126 These methods, however, do not

permit the comparison of multiple mutants simul-

taneously. A flow cytometry-based in vivo competition

assay has been developed that enables the analysis of

blood-stage development of three differently coloured

fluorescent parasite lines within a single mouse.64 Intro-

duction of additional fluorescent markers should

further increase the number of mutants that might be

analysed simultaneously. Unfortunately, no methods

enabling the quantification of multiple mutant parasite

lines simultaneously in other life cycle stages are yet to

be available.

Concluding Remarks
The malaria research community has made some major

advances in experimental genetics approaches in the

in vivo murine malaria model systems. These improve-

ments had a profound impact on our understanding of

malaria parasite biology and infections. Continuous

Figure 5 Progress of experimental genetics efforts in rodent malaria parasites. Data have been extracted from the Rodent

Malaria genetically modified Parasites database, RMgmDB, as on 28 November 2014 (A. van Wigcheren & C.J. Janse, per-

sonal communications).38 Note that the date indicated for each entry is the date when the entry was last modified in the data-

base. Therefore, no entries precede the year 2009 in which the database was initiated. (A) Total number of successfully

generated mutants (dashed line) including loss-of-function (black) and endogenously tagged (grey) parasite lines. (B) Number

of targetted unique genes. Indicated are successful (solid) and unsuccessful (dotted) attempts to delete (black) or endogen-

ously tag (grey) the genes of interest.
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progress, e.g. through the development of methods to

generate and isolate multiple recombinant parasite lines

simultaneously, will hopefully bring a genome-wide

repository of mutant and transgenic parasite lines

within our grasp. The efficiency of generating multi-

mutant parasite strains including the analyses of gene

essentiality through complementation approaches

needs improvement. Perhaps the biggest challenge will

be thedesignof efficient and informativemethods toana-

lyse these recombinant parasite lines throughout the

complex Plasmodium life cycle.

Disclaimer Statements
Contributors JMM and TWAK contributed equally

to this work.

Funding None.

Conflicts of interest The authors have no conflicts of

interest.

Ethics approval Not applicable.

Acknowledgements
The authors would like to thank Auke van

Wigcheren and Chris J. Janse for providing details

from the RMgmDB database on the generation of

the different mutants and Markus Ganter for

critically reading the manuscript. JMM and TWAK

are supported by the Netherlands Organization for

Scientific Research (NWO-VIDI 864?13.009).

References
1 LaveranA.Unnouveau parasite trouvé dans le sang demalades

atteints de fièvre palustre. Origine parasitaire des accidents de
l’impaludisme. Bull Mem Soc Med Hop Paris. 1881;17:158–64.

2 Goonewardene R, Daily J, Kaslow D, Sullivan TJ, Duffy P,
Carter R, et al. Transfection of the malaria parasite and
expression of firefly luciferase. Proc Natl Acad Sci USA.
1993;90:5234–6.

3 Wu Y, Sifri CD, Lei HH, Su XZ, Wellems TE. Transfection
of Plasmodium falciparum within human red blood cells. Proc
Natl Acad Sci USA. 1995;92:973–7.

4 Pfahler JM, Galinski MR, Barnwell JW, Lanzer M. Transi-
ent transfection of Plasmodium vivax blood stage parasites.
Mol Biochem Parasitol. 2006;149:99–101.

5 van der Wel AM, Tomas AM, Kocken CH, Malhotra P,
Janse C, Waters AP, et al. Transfection of the primate
malaria parasite Plasmodium knowlesi using entirely heter-
ologous constructs. J Exp Med. 1997;185:1499–503.

6 Kocken CH, Van Der Wel A, Thomas AW. Plasmodium
cynomolgi: transfection of blood-stage parasites using heter-
ologous DNA constructs. Exp Parasitol. 1999;93:58–60.

7 van Dijk MR, Waters AP, Janse C. Stable transfection of
malaria parasite blood stages. Science. 1995;268:1358–62.

8 Mota MM, Thathy V, Nussenzweig RS, Nussenzweig V.
Gene targeting in the rodent malaria parasite Plasmodium
yoelii. Mol Biochem Parasitol. 2001;113:271–8.

9 Reece SE, Thompson J. Transformation of the rodent
malaria parasite Plasmodium chabaudi and generation of a
stable fluorescent line PcGFPCON. Malar J. 2008;7:183.

10 Gardner MJ, Hall N, Fung E, White OR, Berriman M,
Hyman RW, et al. Genome sequence of the human malaria
parasite Plasmodium falciparum. Nature. 2002;419:498–511.

11 Carlton JM,Angiuoli SV, Suh BB,Kooij TWA, PerteaM, Silva
JC, et al. Genome sequence and comparative analysis of the

model rodent malaria parasite Plasmodium yoelii yoelii.
Nature. 2002;419:512–9.

12 Hall N, Karras M, Raine JD, Carlton JM, Kooij TWA, Ber-
riman M. A comprehensive survey of the Plasmodium life
cycle by genomic, transcriptomic, and proteomic analyses.
Science. 2005;307:82–6.

13 Carlton JM, Adams JH, Silva JC, Bidwell SL, Lorenzi H,
Caler E, et al. Comparative genomics of the neglected
human malaria parasite Plasmodium vivax. Nature.
2008;455:757–63.
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