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Key points

� Most cardiovascular research focuses on arterial mechanisms of disease, largely ignoring venous
mechanisms.

� Here we examine ex vivo venous stiffness, spanning tissue to molecular levels, using
biomechanics and magnetic microneedle technology, and show for the first time that venous
stiffness is regulated by a molecular actin switch within the vascular smooth muscle cell in the
wall of the vein.

� This switch connects the contractile apparatus within the cell to adhesion structures and
facilitates stiffening of the vessel wall, regulating blood flow return to the heart.

� These studies also demonstrate that passive stiffness, the component of total stiffness not
attributable to vascular smooth muscle activation, is severalfold lower in venous tissue than in
arterial tissue.

� We show here that the activity of the smooth muscle cells plays a dominant role in determining
total venous stiffness and regulating venous return.

Abstract The literature on arterial mechanics is extensive, but far less is known about mechanisms
controlling mechanical properties of veins. We use here a multi-scale approach to identify sub-
cellular sources of venous stiffness. Portal vein tissue displays a severalfold decrease in passive
stiffness compared to aortic tissues. The α-adrenergic agonist phenylephrine (PE) increased
tissue stress and stiffness, both attenuated by cytochalasin D (CytoD) and PP2, inhibitors of actin
polymerization and Src activity, respectively. We quantify, for the first time, cortical cellular
stiffness in freshly isolated contractile vascular smooth muscle cells using magnetic micro-
needle technology. Cortical stiffness is significantly increased by PE and CytoD inhibits this
increase but, surprisingly, PP2 does not. No detectable change in focal adhesion size, measured by
immunofluorescence of FAK and zyxin, accompanies the PE-induced changes in cortical stiffness.
Probing with phospho-specific antibodies confirmed activation of FAK/Src and ERK pathways
and caldesmon phosphorylation. Thus, venous tissue stiffness is regulated both at the level of the
smooth muscle cell cortex, via cortical actin polymerization, and by downstream smooth muscle
effectors of Src/ERK signalling pathways. These findings identify novel potential molecular targets
for the modulation of venous capacitance and venous return in health and disease.
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Introduction

In studying the interplay between the heart and the
circulatory system, most investigators limit their focus to
the left side of the heart and the arterial tree. Accordingly,
the venous circulation is considerably under-studied, and
its influence on the cardiovascular circuit as a whole is
underappreciated. The venous system comprises the major
reservoir for blood, holding nearly 70% of the total blood
volume in the circulatory system (Guyton & Hall, 2006).
The vasoactivity of the veins regulates venous return and
the preload on the heart and thereby determines the
volume of blood that is pumped into the arterial tree
(Rothe, 1983; Tyberg, 2002). As capacitive vessels, the
compliance of the veins is essential to their function.
Reflecting their specialized function, the veins possess
microstructural composition and organization unlike that
of arteries (Bohr et al. 1980). Changes in stiffness with
age have been documented in veins and are thought
to contribute to various disorders, including diastolic
dysfunction by impairing venous capacitance, placing
excess load on the heart (Safar & London, 1987; Gascho
et al. 1989; Monahan et al. 2001; Edwards et al. 2003), and
orthostatic hypotension by impairing return of blood to
the heart. Overall, however, the mechanisms of regulation
of stiffness in veins have received little consideration, and
in particular little has been done to study the basic cellular
mechanobiology and molecular mechanisms of regulation
of venous stiffness (Brecher, 1969; Noordergraaf, 1978;
Edwards et al. 2003; Wang et al. 2006).

In the present study, we employed a multi-scale
approach to venous biomechanics and examined cyto-
skeletal regulation of venous cellular stiffness. For the
first time, we show that the cortical actin cytoskeleton
is an important regulator of venous stiffness and identify
differences between the mechanisms regulating cellular
stiffness in veins and those reported for arteries. Most
notably, we demonstrate that smooth muscle cells exert
substantial influence over total venous stiffness due
to the low baseline tissue stiffness of passive vessel
wall components. These properties have important
consequences for venous compliance and venous return.

Methods

Ethical approval

All procedures were performed in accordance with
protocols approved by the Boston University Institutional
Animal Care and Use Committee (Permit Number:
A3316-01). The animals were maintained according to the
NIH Guide for the Care and Use of Laboratory Animals, and
they were obtained and used in compliance with federal,
state, and local laws. Tissue harvest was performed quickly
after the animals were killed by isoflurane inhalation.

Portal vein tissue preparation

Ferret portal vein tissue was used because the ferret is
recognized as the best non-primate model of the human
(Fox & Marini, 2014). Male ferrets (Mustela putorius furo,
12–14 weeks old, n = 24) (Marshall Farms, North Rose,
NY, USA) were killed by isoflurane inhalation. The portal
vein was promptly excised and rinsed to remove blood
inside or around the vessel that can harm the smooth
muscle cells and induce contraction (Bulter et al. 1996).
Then, the tissue was placed in an oxygenated (95% O2–5%
CO2) physiological salt solution (PSS) (in mM: 120 NaCl,
5.9 KCl, 1.2 NaH2PO4, 25 NaHCO3, 11.5 dextrose, 1 CaCl2,
and 1.4 MgCl2; pH=7.4) and carefully dissected to remove
connective tissue. Next, the portal vein was cut open along
its major axis, and the endothelium removed by gentle
abrasion with a rubber policeman.

For tissue stiffness experiments, longitudinal strips were
cut (8 mm long × 2 mm wide) and then suspended in
vitro in tissue baths containing oxygenated PSS at 37°C.
For biochemical analyses, strips in the tissue baths were
quick-frozen in a slurry of dry ice and liquid acetone
containing 10 mM dithiothreitol and 10% trichloroacetic
acid (TCA) (Driska et al. 1981; Bára ́ny, 1996; Marganski
et al. 2005).

Venous tissue stiffness measurement with
high-frequency, low-amplitude stretches

For in vitro force and stiffness measurements, wire clasps
were used to secure portal vein tissue strips on opposite
ends to a fixed hook and to a computer-controlled
motorized lever arm (Dual-Mode Lever Arm System,
Model 300C, Aurora Scientific, Ontario, Canada) capable
of setting tissue length while simultaneously measuring
force. To minimize slippage and secure the attachment
points of the compliant portal vein (PV) tissue to the
setup, two small, T-shaped pieces of aluminum foil were
wrapped and crimped around either end of the tissue,
and mounting wires were threaded through holes that
were then punched through the aluminum foil and the
enclosed tissue (Brozovich & Morgan, 1989; Rhee &
Brozovich, 2000). The strips were stretched uniaxially
in the longitudinal direction, as vascular smooth muscle
cells in the portal vein wall are oriented primarily in this
direction.

Strips were stretched to optimal length LO (1.7 × slack
length, or equivalently a strain ε = 70%) for 30 min
to allow tensile force to stabilize at a steady state
level. The tissue was then tested for viability through
15 min of contraction induced by depolarization with
PSS in which 51 mM NaCl had been replaced by KCl,
followed by return to PSS for 30 min. Then tissue
strips were incubated with vehicle (DMSO, 1:1000),
4-amino-5-(4-chlorophenyl)-7-(dimethylethyl)pyrazolo
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[3,4-d]pyrimidine (PP2, 10 μM), or CytoD (500 nM), to
prevent actin polymerization (Kim et al. 2010) for an
additional 30 min. Stiffness measurements at optimal
length LO were collected continuously during 10 min
of stimulation with the α-agonist phenylephrine (PE,
10 μM) at a maximally effective concentration.

Tissue stiffness was measured by high-frequency,
low-amplitude (HFLA) sinusoidal length perturbations
as previously described (Brozovich & Morgan, 1989; Rhee
& Brozovich, 2000; Saphirstein et al. 2013) (1% length
oscillations at 40 Hz). This regime has previously been
shown to measure total tissue stiffness without breaking
actin–myosin crossbridges (Brozovich & Morgan, 1989).
With this protocol, the out-of-phase viscous component of
the stiffness is negligible, and the tissue’s elastic modulus,
or material stiffness, is calculated as E, the ratio of the stress
σ to the strain ε: E = (�F/A)/(�L/L0), where �F is the
amplitude of the force response to the cyclic stretches, A is
the cross-sectional area, �L is the amplitude of the cyclic
stretches, and L0 is the optimal length. The cross-sectional
area A of the strip is approximated as A = m/(ρ × Lslack),
where m is the measured wet weight of the vascular strip,
Lslack is the slack length, and ρ is the density of water, which
approximates the density of biological tissues.

Cell isolation

Single vascular smooth muscle cells were enzymatically
dissociated from ferret portal vein using a modified version
of previously published protocols (DeFeo & Morgan,
1985; Lee et al. 2000). Ferret portal vein tissue (wet
weight �60 mg) was dissected and cleaned, cut open
along its longitudinal axis, and then cut into 16 small
pieces (2 mm × 2 mm). These pieces were placed in a
siliconized flask (Sigmacote, Sigma-Aldrich, Natick, MA,
USA) containing oxygenated digestion solution. Digestion
solution A contained 18 mg of CLS 2 collagenase (type II,
220 units mg−1; Worthington Biochemical, Lakewood, NJ,
USA) and 14 mg of elastase (grade II, 5.41 units mg−1;
Roche, Indianapolis, IN, USA) in 7.5 ml of Ca2+,Mg2+-free
Hanks buffered salt solution (HBSS) (in mM: 137 NaCl,
5.4 KCl, 0.44 KH2PO4, 0.42 NaH2PO4, 4.17 NaHCO3,
5.55 glucose, and 10 Hepes) with 0.27 mg ml−1 trypsin
inhibitor (type II soybean, T-9128, Sigma, Natick, MA,
USA) and 0.075% bovine serum albumin (BSA). The
tissue pieces were incubated in a shaking water bath at
35°C with 100% O2 for 40 min. The contents of the
flask were then poured over a nylon mesh (Spectra/Mesh
polypropylene filter, 500 μm pore size, 39% open
area, thickness 610 μm; Spectrum Laboratories, Rancho
Dominguez, CA, USA) and into a second siliconized flask.
The tissue pieces caught on the filter were then rinsed
with 10 ml Ca2+,Mg2+-free HBSS, and the rinse was also
caught in the second flask. The contents of the second flask

were poured onto coverslips (for cell immunofluorescence
imaging studies) or 35 mm glass-bottom plates (for
magnetic microneedle experiments to measure cortical
stiffness) (MatTek, Ashland, MA, USA). This procedure
was repeated for two additional batches. All cells were
allowed to plate on ice for 1 h, during which Ca2+ and
Mg2+ were added back gradually to avoid inducing cell
shortening. Isolated cells on one coverslip were tested at
room temperature to confirm viability by shortening in
response to 51 mM KCl or 10 μM PE.

Bead coating and attachment

For studies using magnetic microneedles, an arginine-
glycine-aspartic acid (RGD) peptide (GRGDNP; Enzo Life
Sciences, Farmingdale, NY, USA) was covalently coupled
to amine-modified superparamagnetic Dynabeads M-270
(2.8 μm; Invitrogen, Grand Island, NY, USA), as pre-
viously described, by first suspending the beads in
phosphate buffered saline (PBS) at 10% solids, then
activating them with 10% glutaraldehyde, reacting them
with RGD peptide (0.5 mg ml−1), quenching and blocking
them, and finally storing them with blocking agent and
preservative in PBS at 4°C (Saphirstein et al. 2013).

Measurement of stiffness with magnetic microneedle
technology

The magnetic microtool apparatus, modelled after a
system designed and previously described by the Fabry
group (Kollmannsberger & Fabry, 2007; Saphirstein et al.
2013), consists of a magnetic microneedle with a finely
sharpened tip surrounded by a solenoid. This magnetic
microneedle technology allows us to exert very low
pulling forces on cell-adherent microbeads (�50 pN at an
operating distance of about 150 μm between the bead and
the microneedle tip), as determined by calibration (pre-
viously described) which enables probing of the cortical
cytoskeleton in the local vicinity of the bead (Saphirstein
et al. 2013).

Prior to any measurements with the microneedle,
the beads were incubated with the cells for 30 min to
allow for their attachment to the cells. Cortical stiffness
measurements were made at 37°C first from a set of
unstimulated cells on each plate, then repeated on the
same set of cells following stimulation with PE for 10 min.

Beads adherent to the cell periphery, distant from the
nucleus and on the side of the cell closest to the micro-
needle tip, were selected for analysis. This minimized the
effects of apical topography of the cells. Beads in close
proximity to other beads were excluded from analysis.
Cortical stiffness was measured using a priming protocol
(previously described) consisting of a series of pulls and
was calculated as the ratio of the force applied to the
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displacement of the cell-adherent bead on the final pull
(Saphirstein et al. 2013).

Cortical stiffness measurements were performed on
an Eclipse TE2000-E inverted microscope at ×20
magnification (NA 0.5) under bright-field illumination
(Nikon Instruments, Melville, NY, USA). Video recordings
of the bead and microneedle tip were captured
with a CCD camera (CoolSNAP HQ2, Photometrics,
Tucson, AZ, USA) at 10 frames s−1 with the Nikon
NIS Elements imaging software (Nikon Instruments).
Bead position was tracked with an intensity-weighted
centre-of-mass algorithm using the MTrackJ plug-in for
ImageJ (Meijering et al. 2012) and subsequently analysed
in MATLAB (Mathworks, Natick, MA, USA).

Immunofluorescence imaging and focal adhesion
area analysis

Freshly isolated PV vascular smooth muscle cells (VSMCs)
were fixed and stained as previously described (Saphirstein
et al. 2013). Cells were examined with an Eclipse
TE2000-E fluorescence microscope (Nikon Instruments)
equipped with a Nikon Plan Apochromat ×60 (NA 1.4)
oil immersion objective and a charge-coupled device
camera (CoolSNAP HQ2, Photometrics); NIS-Element
Advanced Research software (Nikon Instruments)
was used to capture images and for removal of
out-of-focus fluorescence blur by deconvolution of
Z-sections (Richardson–Lucy algorithm, constrained
iterative-maximum likelihood estimation algorithm) as
previously described (Min et al. 2012).

Focal adhesion areas (as identified by staining for
zyxin and focal adhesion kinase (FAK)) were examined
using NIS-Elements Advanced Research software. In a
centre-section of the z-stack for a VSMC, punctae within
1 μm of the cell edge around the entire periphery of the
cell were randomly selected for analysis.

Western blot analysis

Quick-frozen tissues were homogenized in buffer designed
to preserve phosphoproteins and processed at 4°C as pre-
viously described (Marganski et al. 2005). Western blot
densitometry was performed using an Odyssey Infrared
Imaging System (LI-COR Biosciences, Lincoln, NE, USA).

Reagents and antibodies

The α-adrenoceptor agonist phenylephrine was purchased
from Sigma-Aldrich. PP2 was purchased from EMD
Biosciences (La Jolla, CA, USA), and CytoD was
purchased from Sigma-Aldrich. Laboratory reagents
were of analytical grade or better and purchased from
Sigma-Aldrich and Bio-Rad Laboratories (Hercules, CA,

USA). The following primary antibodies were used:
phospho-tyrosine (mouse, 1:500) from BD Biosciences
(San Jose, CA, USA); phospho-FAK Y925 (rabbit, 1:200)
and phospho-ERK1/2 (rabbit 9101, 1:2000) from Cell
Signaling Technology (Danvers, MA, USA); zyxin (goat,
1:500), FAK (rabbit, 1:400) and α-tubulin (mouse,
1:2000) from Santa Cruz Biotechnology (Dallas, Texas,
USA); phospho-caldesmon from Millipore (Darmstadt,
Germany) (rabbit, 1:500); and α-tubulin (rabbit, 1:50,000
from Abcam, Cambridge, MA, USA). For immuno-
fluorescence experiments, secondary antibodies used were
goat or donkey anti-rabbit and goat or donkey anti-mouse
Alexa Fluor 488 and Alexa Fluor 568 (1:1000; Invitrogen).
For Western blot experiments, secondary antibodies
used were goat Oregon Green 488 or Alexa Fluor 568
labelled anti-rabbit or anti-mouse IgGs (1:1000; LI-COR
Biosciences).

Statistical analysis

Data are reported as means ± SEM, with differences
between sample populations deemed significant at
P < 0.05. For biomechanical observations (venous stress
and stiffness), this was evaluated by two-way ANOVA and
follow-up multiple comparisons tests: Dunnett’s for tissue
stress and stiffness and Tukey–Kramer for cortical stiffness.
For measurements of focal adhesion size and quantitative
densitometry, two-tailed Student’s t tests were performed.

Results

Smooth muscle cells are the dominant source of total
stiffness in portal vein

To examine the biomechanics of the intact venous wall,
we measured the stress and stiffness in portal vein strips in
vitro (see Methods for details) stretched to optimal length
for smooth muscle contraction, or 70% strain, as pre-
viously determined (Bradley & Morgan, 1985), at baseline
(unstimulated) and during agonist activation (Fig. 1). The
mean stiffness of portal vein at baseline was measured to
be 26.2 ± 2.3 kPa. This value is severalfold lower than the
reported baseline stiffness of aorta (Brozovich & Morgan,
1989; Saphirstein et al. 2013).

When stimulated with the α-adrenergic agonist
phenylephrine (PE), both PV stress and stiffness
(Fig. 1B and C) increased abruptly, peaked within about
30 s, and then declined over the 10 min time course.
This is consistent with the phasic nature of these venous
smooth muscle cells, which are known to lose tone over
the course of stimulation, in contrast to the robust tone
maintenance of tonic aortic smooth muscle cells (Somlyo
& Somlyo, 1968). The peak agonist-induced increase in
stiffness for portal vein is comparable in magnitude to the
increase observed in aorta of the same species (Brozovich &
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Morgan, 1989; Saphirstein et al. 2013). However, since the
baseline material stiffness (26.2 ± 2.3 kPa) of PV is much
lower than aorta, the increase in stiffness with activation
represents a much larger proportion of the total stiffness
(�75%), indicating that venous smooth muscle cells play
the dominant role in determining the distensibility of the
portal vein and, accordingly, the size of its blood reservoir
and its impact on venous return.

Development of venous tissue stress and stiffness
during contractile stimulation depends on actin
polymerization and Src signalling

It is well accepted that phosphorylation of the 20 kDa
light chains of myosin is a major mechanism of regulation
of stress and stiffness of portal vein (Jiang & Morgan,
1989; Kitazawa et al. 1991), but recently, focal adhesion
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Figure 1. Increases in venous tissue stress
and stiffness during contractile stimulation
are diminished by inhibition of actin
polymerization or Src signalling
A, sample force trace for PV strip during
contractile activation with PE illustrating time
course of stress and stiffness changes. B,
PE-induced stress (in kilopascals) is significantly
reduced when longitudinal PV strips are
pre-treated with CytoD to inhibit actin
polymerization (red) or PP2 to inhibit Src
(green). C, PE-induced stiffening (in kilopascals)
is significantly reduced when strips are
pre-treated with CytoD (red) to inhibit actin
polymerization or PP2 to inhibit Src (green).
n = 12 PV tissue strips. Two-way ANOVA and
Dunnett’s multiple comparison test vs. control
+,∗P < 0.05, ++, ∗∗P < 0.01, ∗∗∗P < 0.001,
∗∗∗∗P < 0.0001. ns, not significant.
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signalling and cortical actin polymerization have also
been shown to be major regulators of aortic stress and
stiffness (Kim et al. 2008; Min et al. 2012; Saphirstein
et al. 2013). Thus we investigated the effect of inhibitors
of focal adhesion signalling and actin polymerization
in this venous preparation. Pre-treatment with the
small molecule inhibitor PP2, inhibiting the major focal
adhesion kinase Src (Fincham & Frame, 1998; Webb et al.
2004; Bain et al. 2007; Min et al. 2012), significantly
decreased PE-induced stress (57 ± 12% at peak) and
stiffening (83 ± 20% at peak) (Fig. 1B and C, green).
Pre-treatment with CytoD (500 nM), inhibiting actin poly-
merization by capping the barbed ends of filaments (Kim
et al. 2010), also significantly reduced PE-induced stress
(37 ± 17% at peak) and stiffness (64 ± 28% at peak)
(Fig. 1B and C, red). Since we have previously shown that
PE causes a significant increase in actin polymerization of
only the γ isoform of non-muscle actin (Kim et al. 2008),
which is present primarily in the cortex of the smooth
muscle cell (Gallant et al. 2011), this prompted us to devise
a method for the measurement of the stiffness specifically
of the cortex of the cell.

Cortical stiffness of portal vein smooth muscle cells is
regulated by PE in an actin polymerization-dependent
manner but is not affected by Src inhibition

Next, we investigated the regulation of stiffness at a sub-
cellular length scale. We measured and report here for
the first time cortical stiffness of individual differentiated
vascular smooth muscle cells (dVSMCs) freshly isolated
from portal vein. These cells retain normal contractility
unlike cultured cells that lose normal contractile responses
even on primary culture (Rensen et al. 2007). Cortical
stiffness was measured by applying small forces (50 pN)
with a magnetic microneedle to cell-adherent RGD-coated
magnetic microbeads (Fig. 2A). The use of these small
forces has been previously shown to restrict measurements
to the cortex of the cell (Rotsch et al. 1999; Matthews et al.
2004; Kasas et al. 2005; Sun et al. 2008; Oberleithner et al.
2009; Saphirstein et al. 2013).

Mean cortical stiffness (Fig. 2B) increased threefold
from baseline levels (0.12 ± 0.02 pN nm−1) in
cells activated with PE. This increase was significantly
diminished by pre-treatment with CytoD, indicating that
the addition of actin monomers to the barbed ends of
actin filaments are important for cortical reinforcement
during agonist-induced contraction of venous smooth
muscle cells and consistent with the inhibition of total
tissue stiffness by CytoD (Fig. 1).

Surprisingly, in comparison to the tissue-level results,
PE-induced increases in cortical stiffening were not
inhibited by pre-treatment with PP2. This insensitivity
to PP2 stands in contrast to our observations at the

tissue length scale. Thus, the possibility needs to be
considered that the responsiveness to PP2 might be lost
on enzymatic isolation of the cells. However, we have
previously demonstrated that PP2 is effective in other
Src-dependent functions such as endosomal cycling in
enzymatically isolated smooth muscle cells (Saphirstein
et al. 2013).

Focal adhesion size does not change with contractile
stimulation

In order to further investigate the PP2 insensitivity of
cortical stiffness in the freshly isolated venous VSMCs,
we examined focal adhesion size using deconvolution
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Figure 2. Increase in cortical stiffening in freshly isolated PV
VSMCs depend on actin polymerization but not Src signalling
A, brightfield micrograph of magnetic microneedle technology.
Using the magnetic microneedle (right, MT), small forces are applied
via RGD-coated beads (2.8 µm) (left) adherent to freshly isolated PV
VSMCs to probe the stiffness of the underlying cortical cytoskeleton
and FA. At an operating distance of 150 µm between bead and
microneedle tip, the forces applied are 50 pN. Scale bar, 50 µm.
B, mean cortical stiffness + SEM measured with RGD beads
increases with vasoconstrictor PE and is inhibited by CytoD but not
PP2. n = 12 experiments, 12–26 freshly isolated PV VSMCs per
condition. ANOVA and Tukey–Kramer multiple comparison test.
∗P < 0.05, ∗∗P < 0.01.
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immunofluorescence microscopy with a resolution down
to 140 nm (Parker et al. 1998). We initially hypo-
thesized that focal adhesions (FAs) would grow with
contractile stimulation in venous cells based on previous
findings in many types of cultured cells (Balaban et al.
2001; Bershadsky et al. 2003) and our previous study of
serum-starved aortic smooth muscle cells in culture, where
stiffness correlated with FA size (Saphirstein et al. 2013).
FAs are reported to contain over 150 different proteins
(Zaidel-Bar, 2009). Since different focal adhesions may
also be composed of different proteins and the possibility
exists that VSMCs may contain more than one type of FA,
we monitored two key proteins: zyxin, which is reported to
be in the actin regulatory layer of FAs, linking actin to the
FAs, and FAK which is an integrin signalling and mechano-
sensitive protein (Kanchanawong et al. 2010). Surprisingly,
no change in focal adhesion size was detectable with PE
in venous freshly dissociated dVSMCs as measured by
staining for either focal adhesion marker protein. Inter-
estingly, the staining for FAK and zyxin only partially
overlap (Fig. 3) consistent with either or both of two
possibilities: (1) FAK and zyxin label different types of
focal adhesions, or (2) FAK and zyxin are targeted to
different locations within the individual focal adhesions.
At this time, we cannot prove or disprove either possibility.
But, as seen in Fig. 3, FAK staining was mostly at the

Stimulated
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0.18 +/- 0.02 0.22 +/- 0.04

0.18 +/- 0.02

FAK

FAK

Merge

Zyxin

Zyxin

0.19 +/- 0.02
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B

Figure 3. Focal adhesion size in isolated PV VSMCs is
unchanged by agonist stimulation
A, deconvolved immunofluorescence images of unstimulated PV
dVSMC co-stained for FAK and zyxin as FA markers. Scale bar, 2 µm;
inset, 2 µm. B, table of mean FA areas in µm2. There was no
detectable difference in FA size with PE stimulation as quantified by
the area of the FA punctae with either marker. n = 3–5 experiments
with 3–6 cells per condition per experiment. P > 0.05, two-tailed
Student’s t test.

cell edge, whereas zyxin staining was punctate throughout
the cell reflecting its known association with both focal
adhesions and dense bodies (Crawford & Beckerle, 1991).
Notably, the punctae measured here averaged 0.20 μm2 in
area, much smaller than sizes reported for FAs in cultured
cells by similar methods (Balaban et al. 2001; Bershadsky
et al. 2003). We have reported in a previous aortic study
that individual molecules of zyxin are capable of under-
going Src-dependent endosomal cycling in response to PE
(Poythress et al. 2013), but single molecule redistributions
would be beyond the resolution of this imaging method
and it is unclear as to whether removal of individual
molecules would change the stiffness of the focal adhesion.
Furthermore, our finding that agonist-induced cortical
stiffening is not affected by PP2 inhibition of Src in venous
dVSMCs separately also indicates that cortical stiffness is
not regulated by changes in focal adhesion size in this cell
type but rather by changes in actin linkages.

Tyrosine phosphorylation of focal adhesion proteins
is increased with agonist stimulation in a
PP2-dependent manner and signals downstream to
directly influence actomyosin

To further investigate the marked difference in PP2
responsiveness between the cellular and tissue levels of
venous smooth muscle, we performed phosphotyrosine
screening of venous tissue homogenates by Western blot
(Fig. 4). In smooth muscle tissue, the majority of described
phosphorylation events are Ser/Thr phosphorylations (Li
et al. 2007; Yamin & Morgan, 2012), with most tyrosine
phosphorylations restricted to focal adhesion signalling.
PE induced increases in tyrosine phosphorylation of
several bands identified as focal adhesion proteins in pre-
vious reports for aorta and myometrium (Li et al. 2007;
Min et al. 2012) and PP2 was quite effective in inhibiting
phosphorylation of those bands. Here we performed
phosphotyrosine screening of portal vein homogenates
and saw PP2-inhibitable PE-induced increases in tyrosine
phosphorylation of several bands previously associated
with focal adhesion proteins (Fig. 4A). Notably, the
125 kDa band (Fig. 4B), which was confirmed to contain
FAK by the use of a FAK Y925-specific antibody (Fig. 4C),
exhibited this phosphorylation profile.

Phosphorylation of FAK at 925 in many cell types is
known to involve integrin-mediated Src recruitment and
signal to extracellular signal-regulated kinases 1 and 2
(ERK1/2) (Mitra et al. 2005). ERK signalling pathways
are known to regulate smooth muscle contractility by
complex mechanisms. For example, ERK activation has
been shown to induce ERK translocation from scaffold
complexes in the cell cortex (including focal adhesions;
Khalil & Morgan, 1993; Khalil et al. 1995) to the contractile
filaments, where it phosphorylates the inhibitory actin
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filament-binding protein caldesmon (Gangopadhyay et al.
2009), leading to increased force output (Earley et al. 1998;
Je et al. 2001; Ishihata et al. 2002; Ishibe et al. 2004; Kim
& Hai, 2005). To investigate the involvement of ERK1/2
in venous smooth muscle, we monitored ERK activation

via phosphorylation at threonine 202/tyrosine 204 and
found that PE stimulation of portal vein tissue leads to
phosphorylation of ERK1/2. Furthermore, the activation
of ERK (Fig. 4D) and the phosphorylation of caldesmon
(Fig. 4E) is inhibitable by PP2 pre-treatment. These
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results point to an additional, FAK/Src-induced ERK
signalling pathway terminating on non-cortical contra-
ctile filaments, leading to the PP2-sensitive stiffening and
force increase observed at the tissue level.

Discussion

In this study we assessed the regulation of venous
biomechanics using an approach spanning multiple
biological levels of scale. The main findings are that
agonist-activated smooth muscle represents the major
component of total venous stiffness and that the
agonist-triggered increases in tissue stiffness and stress
are modulated by both (1) a cortical actin switch
caused by regulation of cortical actin polymerization, and
(2) signalling from the focal adhesion to ERK to the contra-
ctile filaments. These two novel mechanisms presumably
work in coordination with many other signalling pathways
previously reported for vascular smooth muscle.

In the present study, we measured, for the first
time, cortical stiffness in freshly isolated, differentiated
vascular smooth muscle cells using magnetic microneedle
technology. Although it is important to note that we
cannot rule out the possibility of some functional changes
in isolated cells due to the use of proteases to break
connections with extracellular matrix proteins as well as
cell-to-cell connections, which are known to alter muscle
cells through ‘outside-in signalling’ (Shattil et al. 2010),
our low-force measurements made with magnetic micro-
needle technology are able to target the local cortical

stiffness in the vicinity of a cell-adherent microbead
(comprising the bead–cell linkage, focal adhesion and
cortical cytoskeleton) without breaking crossbridges or
provoking a micromyogenic response (Rotsch et al. 1999;
Matthews et al. 2004; Kasas et al. 2005; Sun et al. 2008;
Oberleithner et al. 2009; Saphirstein et al. 2013). To the
best of our knowledge, cortical stiffness in freshly iso-
lated smooth muscle cells has only been examined once
before, in airway smooth muscle using magnetic twisting
cytometry (Deng et al. 2006). That study did not assess
the effects of vasoconstrictors or inhibitors on cortical
stiffness. Additionally, to the best of our knowledge, the
current study is the first report of stiffness in individual
venous contractile VSMCs.

We observed a pronounced effect of CytoD to
inhibit both tissue level and cortical stiffness at a
concentration that is selective for inhibition of actin
filament elongation (Kim et al. 2010). These results,
together with our magnetic microneedle technology
measurements of cortical stiffness, point to the pre-
sence of an active and agonist-regulated cortical actin
‘switch’, where actin polymerization at the barbed ends
of the non-muscle actin cytoskeleton can link the contra-
ctile filaments to the cortical non-muscle cytoskeleton in
which are embedded the focal adhesions, which include
integrins. Thus this ‘actin switch’ can promote force and
stiffness transmission from the contractile filaments to
the cortical actin filaments, through the focal adhesions
to the extracellular matrix (Fig. 5). Such a non-muscle
cortical actin cytoskeleton has been shown by our group to
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Figure 5. Model: contractile activation of venous smooth muscle alters engagement of the cell–matrix
adhesion via cortical actin switch and ERK activation is facilitated by Src
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the FAs is disengaged from a population of the contractile filaments. B, agonist (PE) activation promotes cortical
non-muscle actin polymerization which increases the engagement (the ‘actin switch’) of the non-muscle cortical
cytoskeleton with the contractile filaments. Conversely, CytoD inhibits agonist-induced cortical actin polymerization
and connections to the contractile filaments. Agonist activation also activates Src, facilitating downstream signalling
to ERK and caldesmon (CaD) phosphorylation, which enhances agonist-induced contractility and tissue stiffness
due to crossbridge attachment. This pathway is inhibited by the Src inhibitor PP2. MLCK, myosin light chain kinase;
LC20, 20kDa myosin light chains; ECM, extracellular matrix.
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involveγ-actin which remodels in response to anα-agonist
(Kim et al. 2008) in contrast to the more stable α smooth
muscle-containing contractile filaments. Reinforcement
of this cortical switch/bridge by non-muscle cortical
actin polymerization connecting to the stable contra-
ctile filaments will increase the capacity for force trans-
fer between the inside and the outside of the cell and will
regulate stress and stiffness development at the tissue level.

We also observed PP2-induced inhibition of tissue
force production and stiffness in portal vein cells, which
is not explained by cortical effects alone. We found
that PE induced phosphorylation of FAK at Y925 and
ERK1/2 at T202/Y204. These results and our model
offer an explanation for how PE can increase tissue
stiffness in a PP2-attenuated manner, while PE-induced
cortical stiffness is PP2 insensitive and FA size is
unaffected by agonist stimulation (see model in Fig. 5).
Agonist-induced force is generated internally by venous
VSMC actomyosin crossbridge cycling and transmitted
to the non-muscle cytoskeleton and the cell cortex
containing the focal adhesions. Since PP2 pre-treatment
reduced agonist-induced force generation at the tissue
level without affecting cortical stiffness, it would appear
that PP2 inhibition of Src is exerting its ultimate effects
on stiffness at the level of actomyosin via FAK–ERK
signalling. This is further supported by the observation
that caldesmon phosphorylation is also inhibited by
PP2. Caldesmon is an inhibitory protein found in
smooth muscle contractile filaments that is functionally
analogous to troponin in skeletal muscle and increases
actin availability to augment actomyosin interactions
(Katsuyama et al. 1992; Dessy et al. 1998; Earley et al. 1998;
Zeidan et al. 2000; Je et al. 2001; Ishihata et al. 2002; Somlyo
& Somlyo, 2003; Ishibe et al. 2004; Gerthoffer, 2005; Li
et al. 2007, 2009; Huveneers & Danen, 2009; Min et al.
2012). Thus, our results support a pathway linking tyrosine
signalling in the focal adhesions to an ERK scaffolding
function of the focal adhesions leading to ERK activation
and translocation and subsequent ERK-mediated
caldesmon phosphorylation to enhance stiffness.

Our results in this study of venous smooth muscle
biomechanics highlight several key differences between
arteries and veins. The first, that veins are substantially
more compliant than arteries, is well known. The basal
stiffness of ferret portal vein reported here (26.2 ± 2.3 kPa)
is comparable to reports of the stiffness of porcine hepatic
portal vein and of veins from other species obtained
with various methods (Azuma & Hasegawa, 1973; Wesly
et al. 1975; Rhee & Brozovich, 2000; Rossmann, 2010).
Ferret portal vein is severalfold less stiff than ferret aorta
(�1400 kPa) (Brozovich & Morgan, 1989) as measured
with the HFLA method. The next difference is that smooth
muscle contractility represents a much larger proportion
of the total activated stiffness in veins (�75%), as venous
stiffness increases up to threefold with agonist stimulation.

Accordingly, the matrix stiffness is much less influential
to stiffness in activated portal vein. Thus, smooth muscle
cells have a far greater relative regulatory impact in portal
vein than in aorta and exert extensive control over the
venous compliance and the release of the portal blood
volume into circulation.

Focal adhesion size in untreated cells differs severalfold
between cultured aortic A7r5 cells and freshly isolated
PV VSMCs. The difference in FA size is most likely
explained on the basis of cellular phenotype. The A7r5s
used in our previous study were serum-starved for
24 h to promote a non-spreading, non-migrating more
differentiated phenotype, but these differences highlight
the limitations of using cell culture models to mimic
dVSMCs. Consistent with our current findings in portal
vein, another group reported no changes in focal adhesion
size in stimulated smooth muscle cells in situ as measured
by immunohistochemistry of canine gastrointestinal and
airway smooth muscle tissues (Eddinger et al. 2005).

In summary, our results indicate that focal adhesions
and cortical actin work cooperatively to support force and
stiffness development in venous tissue during contraction.
We report that cortical actin polymerization comprises a
cortical actin switch that reinforces the focal adhesion
linkage between the inside and the outside of the cell
and enables venous VSMCs to exert substantial regulatory
influence over the biomechanical properties of veins. As a
result, large capacitance vessels like the hepatic and portal
vein have a large dynamic range that enables significant
influence over venous return and cardiovascular function.
This study suggests key differences in the mechanisms of
cortical regulation of stress and stiffness between arteries
and veins and encourages further investigations that may
uncover new approaches for selectively combatting cardio-
vascular disease from the venous side of the circulation.
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