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Analysis of rumen microbial community structure based on small-subunit rRNA marker genes in metagenomic DNA samples
provides important insights into the dominant taxa present in the rumen and allows assessment of community differences be-
tween individuals or in response to treatments applied to ruminants. However, natural animal-to-animal variation in rumen
microbial community composition can limit the power of a study considerably, especially when only subtle differences are ex-
pected between treatment groups. Thus, trials with large numbers of animals may be necessary to overcome this variation. Be-
cause ruminants pass large amounts of rumen material to their oral cavities when they chew their cud, oral samples may contain
good representations of the rumen microbiota and be useful in lieu of rumen samples to study rumen microbial communities.
We compared bacterial, archaeal, and eukaryotic community structures in DNAs extracted from buccal swabs to those in DNAs
from samples collected directly from the rumen by use of a stomach tube for sheep on four different diets. After bioinformatic
depletion of potential oral taxa from libraries of samples collected via buccal swabs, bacterial communities showed significant
clustering by diet (R � 0.37; analysis of similarity [ANOSIM]) rather than by sampling method (R � 0.07). Archaeal, ciliate pro-
tozoal, and anaerobic fungal communities also showed significant clustering by diet rather than by sampling method, even with-
out adjustment for potentially orally associated microorganisms. These findings indicate that buccal swabs may in future allow
quick and noninvasive sampling for analysis of rumen microbial communities in large numbers of ruminants.

Intensive farming of ruminant livestock for the production of
human food and everyday commodities has wide implications

for the environment (1). Apart from the well-described impacts of
animals and their effluents on soils and waterways through nitrate
leaching (2, 3), ruminants also represent a major anthropogenic
source of the potent greenhouse gas methane through the micro-
bial processes occurring in the rumen during fermentation of in-
gested feed (4). There is also great interest in the role of rumen
microorganisms in feed conversion to animal products and in the
association of differences in feed provided or animal genetics with
the rumen microbial community. With the rapid development of
highly resolving high-throughput sequencing technologies, there
has been increased interest and opportunity to better understand
the structure of bacterial, archaeal, and eukaryotic microbial com-
munities in the rumen and to resolve the contributions of individ-
ual taxa to methane emission or animal productivity. Over the
past years, this knowledge has provided valuable leads to new
methane mitigation strategies, such as the use of low-greenhouse-
gas feeds, feed supplements, vaccines, and inhibitors, and selective
breeding for animals that show a naturally low-methane-emission
phenotype (for a recent review, see reference 5). For example, it
has been hypothesized that the microbial communities in low-
and high-methane-emitting animals are ultimately controlled by
the host’s genome. This hypothesis is supported by the finding
that low-methane animals appear to have a smaller rumen (6) and
a higher turnover rate (6, 7), which would theoretically result in
higher hydrogen concentrations in the rumen (8), thus explaining
the selection for a bacterial community that produces less hydro-
gen (9). In a recent study involving 118 animals, two different
possible low-methane communities were identified in sheep (9),
meaning that there could be multiple underlying animal geno-
types. Similar studies of dairy cows and steers with differential

residual feed intake (RFI) suggest a correlation between RFI and
certain rumen bacterial (10–12) and archaeal (13) taxa. However,
due to the logistical and financial challenges of maintaining large
dairy or beef research herds, the numbers of animals used in these
studies were limited. To identify the host genetic loci that could be
responsible for the low-methane or low-RFI trait, microbial com-
munity structures need to be correlated with animal genotyping
data. Correlation of phenotypes with genotypes in animals of
mixed genetic backgrounds typically involves the use of thousands
of animals (14). Unlike some typical phenotypes, rumen micro-
bial community structures are not static, and variation within a
group of animals on a defined diet could be observed for various
reasons, e.g., differences in animal condition, history, and sam-
pling time after feeding, all of which will add variability to what
otherwise might be very similar community types. Thus, a large
number of samples will be needed to achieve ample statistical
power. The practicality of the rumen sampling method and the
affordability of large-scale parallel sequencing will therefore be
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major factors for ensuring the feasibility of a research project. In
earlier studies, sampling of rumen contents from small numbers
of animals through a fistula or at slaughter was considered the gold
standard for obtaining a representative sample of the rumen mi-
crobial community, but detailed analysis of the microbial com-
munity by use of microscopic or low-throughput molecular fin-
gerprinting methods was highly laborious (15). Overcoming this
limitation by using bar-coded next-generation sequencing tech-
nologies (16) allowed quick and inexpensive sequence analysis of
microbial communities in rumen samples from animal trials with
larger numbers of animals per treatment group. This in turn stim-
ulated research into alternative sampling techniques that retain a
living, intact animal. Stomach tubing has become a routine
method for sample collection, and its suitability for sampling a
variety of different ruminants has been demonstrated (17–20).
This method, however, can be technically challenging and time-
consuming, and DNA extraction from samples collected in this
way requires a lengthy process involving freeze-drying, grinding,
and subsampling of rumen samples (17). These sampling and pro-
cessing procedures currently represent a major bottleneck that
hampers rapid and high throughput of rumen samples. It would
therefore be desirable to identify more efficient work flows for
rumen sampling and microbial community structure analysis.

Because ruminants regurgitate large amounts of rumen mate-
rial to their oral cavities when they eat, oral swab samples may
contain good representations of the rumen microbiota and could
be used in lieu of rumen samples to study rumen microbial com-
munities. In the present study, we collected buccal swabs from 24
animals feeding on four different diets by using three different
swabbing methods and a simplified sample preparation protocol
and compared the apparent bacterial, archaeal, and eukaryotic
microbial communities and diet-related differences with those in
the same animals sampled by use of a stomach tube.

MATERIALS AND METHODS
Collection of rumen samples and representative samples from the buc-
cal cavity. Samples were collected from a total of 24 sheep. The use of
animals, including welfare, feeding, experimental procedures, and the col-
lection of rumen samples used for this study, was approved by the
AgResearch Grasslands Animal Ethics Committee (application 13015)
and complied with the institutional Code of Ethical Conduct for the Use
of Animals in Research, Testing and Teaching, as prescribed in the New
Zealand Animal Welfare Act of 1999 and its amendments. The sheep
belonged to four different dietary treatment groups: 100% lucerne (al-
falfa) silage (100LS; n � 6), 100% maize silage (100MS; n � 6), 25% maize
grain-75% lucerne silage (25MG; n � 6), and 65% maize grain-35% lu-
cerne silage (65MG; n � 6). Four different sampling methods were used
within approximately 30 min on any individual animal, as described be-
low, and all animals on the same diet were sampled within approximately
2 h in the morning of the same day, resulting in a total of 96 samples.

Sampling methods. (i) Stomach tubing (rumen). Samples were col-
lected from the rumen of the animals via a polystyrene tube that was
inserted through the mouth into the rumen. Approximately 100 g of ru-
men content was collected per animal. The sample was immediately
placed on ice and transferred to �20°C. The sample was subsequently
freeze-dried and homogenized, and 30 mg of rumen sample was weighed
into a bead-beating vial containing 0.7 g of sterile zirconia-silica beads
(0.1-mm diameter; Dnature, Auckland, New Zealand) for DNA extrac-
tion.

(ii) Buccal swabbing using an Omnigene kit (buccal OM). A sterile
cotton roll (10 by 38 mm; Dental Store, Auckland, New Zealand) held
with a sterile forceps (25 cm long) was inserted into the mouth of the

animal and swabbed several times across the inner side of the left cheek.
The cotton roll was then placed in an Omnigene test tube containing a
stabilizing solution (DNA Genotek Inc., Ottawa, Canada), and the tube
was sealed according to the manufacturer’s instructions. Samples were
stored at room temperature for 3 weeks and then transferred to and stored
at �20°C. The Omnigene tubes, each containing one swab, were first
heated in a water bath at 50°C for 1 h according to the manufacturer’s
protocol. In the meantime, a sterile 15-ml tube was prepared by cutting off
the bottom tip (approximately 5 mm) and placing it without the lid inside
a sterile 50-ml tube. The cotton roll was transferred from the collection
tube into the bottomless 15-ml tube. To extract saliva from the cotton roll,
the sample was centrifuged at 1,000 � g for 3 min, and the liquid that
accumulated in the 50-ml tube was transferred to a sterile 1.5-ml reaction
tube. Saliva samples were stored at �20°C until further analysis. A total of
300 �l of saliva sample was transferred into a bead-beating vial containing
zirconia-silica beads as described above for DNA extraction.

(iii) Buccal swabbing using a Performagene kit (buccal PG). The
collection sponge included in a Performagene sample collection kit (14.5
cm long) was inserted into the mouth of the animal and swabbed several
times across the inner side of the left cheek. The collection sponge was
then placed in a Performagene test tube containing a stabilizing solution
(DNA Genotek Inc.), and the tube was sealed according to the manufac-
turer’s instructions. Samples were stored at room temperature for 3 weeks
and then transferred to and stored at �20°C. The Performagene tubes
were heated in a water bath at 50°C for 1 h according to the manufacturer’s
protocol, and then the collection sponge was squeezed against the inner
wall of the collection tube to release most of the liquid. The liquid sample
was transferred to a sterile 1.5-ml Eppendorf reaction tube and stored at
�20°C until further analysis. A total of 300 �l of saliva sample was trans-
ferred into a bead-beating vial containing zirconia-silica beads as de-
scribed above for DNA extraction.

(iv) Buccal swabbing using direct DNA extraction from a cotton roll
(buccal SD). A sterile cotton roll (10 by 38 mm; Dental Store) held with a
sterile forceps (25 cm long) was inserted into the mouth of the animal and
swabbed several times across the inner side of the left cheek. The cotton
roll was placed in a sterile 15-ml tube. Tubes were placed on ice and then
transferred to �20°C. The cotton roll was removed from the tube with a
sterile forceps, and approximately 1/3 of the swab was cut off, using a
sterile pair of scissors, and immediately placed into a bead-beating vial
containing zirconia-silica beads as described above for DNA extraction.

Extraction of nucleic acids. DNA extraction was carried out as de-
scribed previously (21), and DNA was quantified using a NanoDrop ND-
1000 UV-visible (UV-Vis) spectrophotometer (NanoDrop Technologies,
Wilmington, DE). Larger quantities of DNA were extracted from samples
collected via stomach tubing than from samples collected via buccal swab-
bing. Prior to PCR amplification, the former DNA samples were diluted to
approximately 45 ng/�l with sterile water. DNAs in samples collected via
the buccal OM, buccal PG, and buccal SD methods were generally present
at lower concentrations (approximately 30 ng/�l). These samples were
used undiluted.

PCR amplification and high-throughput sequencing of microbial
marker genes. For 454 Titanium pyrosequencing, bacterial and archaeal
16S rRNA genes and ciliate protozoal 18S rRNA genes were amplified
from 96 DNA samples by using the primers listed in Table 1 (9, 22). Bar
coding, quantification, pooling of amplification products at equimolar
concentrations, and pooling of microbial groups at a ratio of 1:1:1 (bac-
teria:archaea:protozoa) were performed as described previously (9). The
sample was sent to Eurofins Genomics (Ebersberg, Germany) for 454
amplicon pyrosequencing using Titanium chemistry.

For Illumina MiSeq PE300 sequencing, PCR amplification of bacterial
and archaeal 16S rRNA genes, ciliate 18S rRNA genes, and anaerobic
fungal internal transcribed spacer 1 (ITS1) genes was carried out as de-
scribed above (9, 22). However, no bar codes were used during initial
amplification, and the forward and reverse primers contained Illumina
adapters at the 5= and 3= ends (Table 1). Each DNA sample was amplified
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in triplicate in a 96-well plate, and one well per plate served as a negative
control for the master mix. Triplicate amplification products were pooled,
and the correct sizes of PCR products and the absence of amplicons in the
negative controls were verified by agarose gel electrophoresis. Amplicons
were quantified using a Quant-iT dsDNA BR assay kit (Invitrogen, Carls-
bad, CA) and a fluorometer (BioTek Instruments, Winooski, VT), and the
four amplicons from the four microbial groups per DNA sample were
pooled at a ratio of 1:1:1:0.2 (bacteria:archaea:protozoa:fungi). The am-
plicon pool for each sample was individually column purified using a
MinElute96 UF PCR purification kit (Qiagen), and DNA was eluted in 20
�l sterile water. Purified amplicons were quantified using a Quant-iT
dsDNA BR assay kit (Invitrogen) and normalized to contain 1 ng DNA in
a total volume of 25 �l, adjusted with sterile water. The samples were sent
to New Zealand Genomics Limited (Palmerston North, New Zealand) for
sequencing using Illumina MiSeq PE300 chemistry.

Analysis of sequence data. Sequence data obtained by 454 Titanium
technology were processed and analyzed following the procedure de-
scribed by Caporaso et al. (23). Sequence reads were assigned to corre-
sponding samples by examining the 12-bp error-correcting Golay bar
codes and default parameters in QIIME v1.8 (23), apart from protozoal
sequences, for which no ambiguous bases were allowed (�a 0). Samples
represented by fewer than 1,000 sequence reads for bacteria or fewer than
100 sequence reads for archaea and ciliate protozoa were excluded from
further analysis. Quality-filtered sequence reads were clustered into oper-
ational taxonomic units (OTUs) at 97% (bacteria) or 99% (archaea) se-
quence similarity, using uclust as described previously (22, 24, 25). Ciliate
protozoal sequences were clustered using the prefix-suffix method (22).
Representative OTUs were subjected to BLAST searches against a newly
assembled BLAST database composed of the following databases: a mod-
ified Greengenes gg_13_5 database, which was depleted of all sequences
with taxonomy assignments beginning with “k__Archaea” (26); RIM-DB
(25); and databases for intestinal ciliate protozoa (27) and anaerobic fungi
(28). Relative abundance tables were generated at the species level (bacte-
ria and archaea) or genus level (ciliate protozoa). Taxa that did not con-
tribute �1% of the total community in at least one sample were excluded
from further analyses.

Sequence data obtained by Illumina MiSeq PE300 technology were
processed as follows. Raw sequences were trimmed to the longest contig-
uous segment with a quality score above a cutoff of 0.01, using the soft-
ware DynamicTrim from the SolexaQA package (http://solexaqa
.sourceforge.net/). If a sequence was trimmed to a length of 0 bases, a
single base was left in the file in its place to maintain the order of reads. The
program fastq-join was used with default settings to assemble contigs
from paired-end sequence reads (29). Read 1 (containing Illumina
adapter A) (Table 1) and read 2 (containing Illumina adapter B) (Table 1)
were analyzed individually as well as after assembly. For individual anal-
ysis of reads 1 and 2, only reads with a minimum length of 200 bp were
included. Samples represented by fewer than 10,000 sequence reads for
bacteria or fewer than 100 sequence reads for archaea, ciliate protozoa,
and anaerobic fungi were excluded from further analyses. All reads were

subjected to BLAST searches against the combined database described
above, and relative abundance tables were generated at the species level
(bacteria and archaea) or genus level (ciliate protozoa and anaerobic
fungi). Taxa that did not contribute �1% of the total community in at
least one sample were excluded from further analyses.

Statistical analysis. Good’s coverage estimator was used to evaluate
the completeness of taxon sampling at the analyzed level for each micro-
bial group. This parameter returns the probability that a randomly se-
lected taxon from a sample has already been sequenced (30, 31). Good’s
coverage (30) was calculated in Excel (version 2010; Microsoft Corp.,
Redmond, WA) and is presented as the average percentage � standard
deviation (SD) for each microbial group.

Principal coordinate analysis was performed using the Bray-Curtis
dissimilarity metric in QIIME (23). The Bray-Curtis dissimilarity metric is
a value between 0 and 1, with 0 indicating that the two samples have the
same composition and 1 indicating that the two samples do not share any
taxa at the level analyzed (32). The coefficients of the principal coordi-
nates were imported into SigmaPlot v13.0 (Systat Software Inc., San Jose,
CA) to visualize the clustering of samples within and between treatment
groups (by diet and sampling method). Analysis of similarity (ANOSIM)
was used in QIIME to test for significant differences between two or more
treatment groups. The ANOSIM statistic R is based on the difference in
mean ranks between and within treatment groups. R is a value of �1
to �1, with 0 indicating completely random grouping. Log-transformed
relative abundance tables were scaled by row, and heat maps were gener-
ated by Pearson correlation and average linkage clustering, using the
gplots package in R (33). Relative abundance data were subjected to
Kruskal-Wallis one-way analysis of variance (ANOVA), and Bonferroni
post hoc tests were carried out with R software (33), using the agricolae
package (34), to identify taxa that had significantly different relative abun-
dances between treatment groups.

Phylogenetic analysis. A total of 126 Streptococcus 16S rRNA gene
sequences were exported from ARB (SSURef_119_SILVA_14_07_14_
opt.arb) (35, 36), using the ssuref:bacteria filter and Escherichia coli posi-
tions 28 to 1388, and an RAxML tree with 1,000 bootstrap replications was
calculated. Several sequences belonging to the genus Fusobacterium were
used as an outgroup. Representative sequences of the 28 most dominant
OTUs (�0.5% in at least one sample) that were assigned to the genus
Streptococcus and were �260 bp long were filtered from our Illumina data
set, aligned against the SILVA database by using SINA aligner
(SSURef_119_SILVA_14_07_14_opt.arb) (35, 37), and imported into
ARB (36). These sequences were added to the tree by use of the ARB
parsimony insertion tool with the ssuref:bacteria filter and E. coli posi-
tions 28 to 288. The tree was exported in Newick format and prepared for
publication using iTOL software (38).

Nucleotide sequence accession number. Titanium 454 and Illumina
MiSeq sequencing data obtained in this study were deposited in the NCBI
BioProject database under accession number PRJNA282696.

TABLE 1 Oligonucleotides used for amplification of bacterial and archaeal 16S rRNA, ciliate protozoal 18S rRNA, and anaerobic fungal ITS1 genesa

Primer name Target group Sequence (5=-3=) Adapterb

Illumina-Ba9F Bacteria GAGTTTGATCMTGGCTCAG A
Illumina-Ba515Rmod1 Bacteria CCGCGGCKGCTGGCAC B
Illumina-Ar915aF Archaea AGGAATTGGCGGGGGAGCAC B
Illumina-Ar1386R Archaea GCGGTGTGTGCAAGGAGC A
Illumina-RP841F Rumen ciliates GACTAGGGATTGGARTGG B
Illumina-Reg1302R Rumen ciliates AATTGCAAAGATCTATCCC A
Illumina-MN100F Anaerobic fungi TCCTACCCTTTGTGAATTTG B
Illumina-MNGM2 Anaerobic fungi CTGCGTTCTTCATCGTTGCG A
a According to the work of Kittelmann et al. (22).
b Primers had Illumina adapter A (5=-TCG TCG GCA GCG TCA GAT GTG AT AAG AGA CAG-3=) or B (5=-GTC TCG TGG GCT CGG AGA TGT GTA TAA GAG ACA G-3=)
attached to the 5= end.
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FIG 1 Heat map of average bacterial taxon abundances in samples collected via buccal swabs (OM, PG, and SD) and stomach tubing (rumen) from sheep feeding on
four different diets (100LS, 25MG, 65MG, and 100MS). Strong red colors indicate high standardized relative abundance values (row Z-scores), while dark blue colors
indicate low standardized relative abundance values. Samples and taxa were clustered using Pearson correlation and hierarchical clustering with the average linkage
method (n � 6 samples per diet and sampling method combination).
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RESULTS

Our aim was to determine whether buccal swabs collected from
sheep can validly describe the microbial communities in their ru-
mens. To do this, we compared bacterial, archaeal, and eukaryotic
community structures in DNAs extracted from buccal swabs to
those in DNAs from samples collected directly from the rumen by
use of a stomach tube from sheep on four different diets. Because
there are also bacteria that are part of the normal microbiota of the
oral cavity, we expected the true rumen bacteria to make up only a
part of the sequence data from buccal swab samples. Achieving
sufficient coverage after bioinformatic depletion of sequences
stemming from oral bacteria was therefore an important prereq-
uisite. Using Illumina MiSeq PE300 sequencing technology al-
lowed us to achieve an approximately 10 times larger number of
sequence reads per sample and per analyzed microbial marker
gene, and thus greater taxon coverage, than 454 Titanium pyrose-
quencing (see Text S1 and Tables S1 and S2 in the supplemental
material). Moreover, the results obtained from Illumina MiSeq
read 1 sequence data were highly similar to those obtained using
454 technology (see Text S2 and Fig. S1). Therefore, we subse-
quently used Illumina MiSeq read 1 sequence data to evaluate the
microbial community structure in samples obtained using buccal
swabs in comparison to that in parallel samples obtained via the
common stomach tube method. We used samples from animals
receiving one of a graduated range of four diets to allow differen-
tiation between clustering of microbial communities due to the
sampling methods used or due to the anticipated diet-driven dif-
ferences.

Comparison of apparent bacterial community structures in
samples collected via buccal swabs and stomach tubing. In total,
113 bacterial taxa each contributed �1% of the total bacterial
community in at least 1 of the 96 samples. Among these, all of the
taxa that occurred in at least two samples collected via stomach
tubing were also found in at least one sample collected by each of
the buccal swabbing methods for each of the four studied diets.

Bacterial communities in the samples collected by stomach
tubing clustered separately from those in samples collected via
buccal swabs (Fig. 1; see Fig. S2 in the supplemental material).
Samples collected using the three different buccal swab methods
clustered together, while four distinct clusters were formed ac-
cording to the diets of the animals (Fig. 1). Clustering of bacterial
taxa resulted in a large cluster of potentially orally associated or
minor rumen bacteria (containing 71 taxa) and a smaller cluster of
potentially rumen-associated bacteria (containing 42 taxa) (Fig.
1). Analysis of similarity revealed that while there was a significant
difference between the diets (P � 0.001; R � 0.17) (see Fig. S2),
there was also a significant difference between sampling methods
(P � 0.001; R � 0.28) (see Fig. S2). This appeared to be caused by
the high relative abundances of potential oral bacteria in the sam-
ples collected using buccal swabs. For this reason, the data set was

explored in more detail to determine taxa that belonged predom-
inantly to oral bacteria.

The data set was screened for potential oral bacteria based on
the assumption that bacterial taxa with a maximum relative abun-
dance in buccal swab samples that was �1% greater than that in
any sample collected via stomach tubing (arbitrary cutoff) were
likely to be “true” oral bacteria (mathematical filtering approach).
We also used a second screening method based on each taxon’s
environmental distribution as reported in the literature (manual
filtering approach) and compared the two different approaches.
Using a manual approach would in future allow conclusions to be
made purely based on microbial community structure data de-
rived from buccal swabs, without the need to collect samples via
stomach tubing, but it relies on knowledge from other studies.
Based on the mathematical and manual filtering approaches, 73
and 64 of a total of 113 species-level taxa, respectively, were
deemed potential oral bacteria and removed from the data set (see
Table S3 in the supplemental material). The mathematical ap-
proach identified 69 of the 71 taxa of potentially orally associated
or minor rumen bacteria identified using hierarchical clustering
(Fig. 1). The two exceptions were Paludibacter and Oscillospira,
which were not detected using the mathematical approach. For
the mathematical and manual filtering approaches, the excluded
taxa, on average, made up 63.7% and 43.7% of the buccal samples,
respectively, but only 17.9% and 0.7% of the samples collected via
stomach tubing. Following normalization of the remaining 40 or
49 “true” rumen species-level taxa to account for a total of 100%
in each sample, analysis of �-diversity obtained after applying the
mathematical approach resulted in a distinct clustering of the
samples by diet (P � 0.001; R � 0.44; ANOSIM) rather than by
sampling method (P � 0.002; R � 0.06). After application of the
manual approach, there was a weak clustering by diet (P � 0.001;
R � 0.29), but the sampling method still had a significant impact
on the apparent community structure (P � 0.001; R � 0.12). The
mathematical approach eliminated the taxon “Streptococcus with
unknown species affiliation,” because its maximum relative abun-
dance in any sample collected via buccal swabbing was as high as
21.7%, while its maximum relative abundance in any sample col-
lected via stomach tubing was only 0.5%. However, this taxon was
initially not excluded by the manual filtering approach, as certain
species of the genus Streptococcus appear to occur in the rumen
(39). To determine whether the group of sequences assigned to
Streptococcus with an unknown species affiliation could validly be
eliminated from the data set, we created a phylogenetic tree of the
genus Streptococcus, including the sequences obtained in this
study (Fig. 2). We found that 16 of the 21 most abundant Strepto-
coccus OTUs with unknown species affiliations from our study
clustered among the OTUs that were assigned to Streptococcus
luteciae (e.g., OTUs denovo65546 and denovo61036) and sepa-
rately from strains isolated from the rumen, such as Streptococcus

FIG 2 Phylogenetic tree of 126 Streptococcus reference sequences, constructed using RAxML, with 1,000 bootstrap replications. Representative sequences from
28 OTUs (gray font) assigned to the genus Streptococcus were added using the ARB parsimony insertion tool with the ssuref:bacteria filter and E. coli positions 28
to 288. Bootstraps with values of 	70% and 	90% were inferred and are marked as open and closed circles, respectively, on the branches. Several sequences
belonging to the genus Fusobacterium were used as an outgroup. Species names are colored according to the habitats from which the species were isolated: red,
human oral species; orange, human-associated species; blue, animal oral species; light blue, animal-associated species; magenta, dairy product species; and green,
rumen species. Filled red circles indicate significant differences in relative abundances between samples collected using the two different methods, while open
circles indicate no significant difference. Box plots show the median relative abundances and lower (25%) and upper (75%) percentiles for samples collected via
stomach tubing (rumen) or buccal swabs (buccal). Outliers are shown as individual dots. The scale bar indicates 0.05 nucleotide substitution per nucleotide
position.
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equinus (Fig. 2; see Table S4). The exception was OTU de-
novo32198, which clustered most closely with sequences from ru-
men isolates. This potentially true rumen OTU, however, tended
to occur at higher relative abundances in samples collected via
buccal swabs (average, 0.06%) than in those collected via stomach
tubing (average, 0.01%) (P � 0.10; Student’s t test). The remain-
ing four Streptococcus OTUs with unknown species affiliations
clustered closely with previously isolated oral strains, such as
Streptococcus dentasini, Streptococcus merionis, or Streptococcus
minor (Fig. 2; see Table S4). This result suggested that this taxo-
nomic group predominantly contained non-rumen-derived se-
quences and should be excluded from the analysis. The manual
approach was thus repeated without the taxon Streptococcus with
unknown species affiliation, with the result that samples showed
much improved clustering by diet (P � 0.001; R � 0.37) (Fig. 3B
and D; see Fig. S3) rather than by sampling method (P � 0.001;
R � 0.07) (see Fig. S3A and C).

After elimination of the orally associated taxa, the bacterial
phyla represented in the 96 samples were, in order of average
relative abundance, Bacteroidetes (47.5%), Firmicutes (41.3%),

Proteobacteria (6.9%), Fibrobacteres (2.2%), Spirochaetes (0.8%),
Tenericutes (0.7%), Cyanobacteria (0.4%), and Synergistetes
(0.2%). Analysis of variance and Bonferroni post hoc tests revealed
the taxa that were significantly different in relative abundance
between diets at the phylum (see Table S5 in the supplemental
material) and species (see Table S6) levels. As yet unclassified
members of the orders Bacteroidales and Clostridiales and the ge-
nus Butyrivibrio, for example, were significantly more abundant in
sheep on diets consisting of 100% lucerne or maize silage (100LS
and 100MS) (Fig. 4A; see Table S6), while as yet unclassified mem-
bers of the genera Prevotella and Succinivibrio were significantly
more abundant when animals were fed a diet with a high inclusion
level of maize grain (65MG) (Fig. 4A; see Table S6). Members of
the genus Ruminobacter were prominent in animals feeding on the
25MG diet (Fig. 4A; see Table S6).

Fewer taxa were observed to vary significantly between the sam-
pling methods used (see Table S7 in the supplemental material).

Comparison of apparent archaeal community structures in
samples collected via buccal swabs and stomach tubing. Ar-
chaeal communities were composed of a total of 16 taxa that each

FIG 3 Principal coordinate analysis of bacterial communities in 96 samples collected via four different sampling methods from sheep feeding on four different
diets after exclusion of potential oral taxa (by the manual filtering approach and excluding Streptococcus isolates with an unknown species affiliation). Sequence
analysis was performed using Illumina MiSeq PE300 chemistry, and read 1 data were used. Principal coordinate 1 (PC1) is plotted against PC2 (A and B) or PC3
(C and D). Each point represents one sample. Different sampling methods are indicated by different colored triangles in panels A and C: red triangles, buccal PG;
green triangles, rumen; blue triangles, buccal OM; and yellow triangles, buccal SD. Different diets are indicated by different colored circles in panels B and D: red
circles, 65MG; green circles, 100LS; blue circles, 100MS; and yellow circles, 25MG. The left and right panels show the same plots, with the points colored in
different ways.
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contributed �1% to the total archaeal community in at least 1 of
the 96 samples. All taxa that occurred in at least two samples col-
lected via stomach tubing were also found in at least one sample
collected by each of the buccal swabbing methods for each of the
four diets.

Archaeal communities did not cluster by sampling method
(P � 0.12; R � 0.02) (Fig. 5A). Instead, the four different sampling
methods (three buccal swabbing methods and the stomach tube
method) provided very similar results and indicated clear differ-
ences between the four diets (P � 0.001; R � 0.39) (Fig. 5B). The
archaeal community was composed of members of the orders

Methanobacteriales (average relative abundance, 89.5%), Metha-
nomassiliicoccales (9.2%), Methanosarcinales (0.8%), and Metha-
nomicrobiales (0.4%). The different diets resulted in significantly
different community profiles, with animals feeding on 100LS or
25MG harboring significantly higher relative abundances of
members of the Methanomassiliicoccales than animals feeding on
100MS or 65MG (Fig. 4B; see Table S6 in the supplemental mate-
rial). Methanosphaera sp. group 5 was most abundant in sheep fed
100LS, and Methanosphaera ISO3-F5 showed high relative abun-
dances in sheep on both the 100LS and 25MG diets (Fig. 4B; see
Table S6). In contrast, members of the Methanobrevibacter

FIG 4 Average relative abundances of bacterial taxa at the species level (A), archaeal taxa at the species level (B), ciliate protozoal taxa at the genus level (C), and
anaerobic fungal taxa at the genus level (D) in rumen samples collected via four different sampling methods (rumen, buccal OM, buccal PG, and buccal SD) from
animals feeding on four different diets (100LS, 100MS, 25MG, and 65MG). For bacteria and archaea, each bar represents the average for 6 animals per
method-diet combination. For ciliate protozoa and anaerobic fungi, each bar represents the average for at least 5 animals per method-diet combination, except
for the anaerobic fungi analyzed in the following method-diet combinations: buccal SD-100MS (average for 4 animals), buccal SD-65MG (average for 2 animals),
and buccal PG-65MG (average for 2 animals). Taxa are indicated by colored segments in the bars, and those contributing less than 1% to the microbial
community in all samples are not included.
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gottschalkii clade showed significantly higher relative abundances
in animals feeding on 100MS and 65MG (Fig. 4B; see Table S6).
Few methanogen species appeared to be affected by the sampling
method used (see Table S7).

Comparison of apparent ciliate community structures in
samples collected via buccal swabs and stomach tubing. Ciliate
communities were composed of only 6 taxa, each contributing

�1% to the total community in at least 1 of the 96 samples. Almost
all taxa that occurred in at least two samples collected via stomach
tubing were also found in at least one sample collected by each of
the buccal swabbing methods for each of the four diets. The ex-
ception was the Anoplodinium-Diplodinium clade, which was not
detected in samples collected using the buccal OM and buccal PG
methods from sheep feeding on 100LS. However, their average

FIG 5 Principal coordinate analysis of archaeal communities in 96 samples (A and B), ciliate protozoal communities in 94 samples (C and D), and anaerobic
fungal communities in 84 samples (E and F), collected via four different sampling methods (triangles; panels A, C, and E) from sheep feeding on four different
diets (circles; panels B, D, and F). Sequence analysis was performed using Illumina MiSeq PE300 chemistry, and read 1 data were used. Each point represents one
sample. Red triangles, buccal PG; green triangles, rumen; blue triangles, buccal OM; yellow triangles, buccal SD; red circles, 65MG; green circles, 100LS; blue
circles, 100MS; yellow circles, 25MG.
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relative abundance in the corresponding stomach tube samples
was also low (0.01% � 0.03%).

Ciliate communities appeared to cluster by diet (P � 0.001;
R � 0.22) rather than by sampling method (P � 0.48; R �
�0.003) (Fig. 5C and D). Across all diets, Entodinium represented
the dominant genus in sheep samples collected via stomach tubing
and buccal swabs (average relative abundance, 64.1%) (Fig. 4C).
Other genera identified in these samples were Epidinium (27.4%),
Eudiplodinium (6.5%), Anoplodinium-Diplodinium (1.4%), Da-
sytricha (0.6%), and Isotricha (0.04%) (Fig. 4C). Samples from
animals that had been feeding on a diet supplemented with 65%
grain (65MG) contained significantly higher relative abundances
of members of the genus Entodinium than those from sheep feed-
ing on 100LS or 25MG (Fig. 4C; see Table S6). Samples collected
from animals feeding on 100MS showed the highest relative abun-
dances of Entodinium species. Sampling method, in contrast, had
little impact on the apparent protozoal community structure (see
Table S7 in the supplemental material).

Comparison of apparent anaerobic fungal community struc-
tures in samples collected via buccal swabs and stomach tubing.
In total, 9 anaerobic fungal taxa contributed �1% to the total
anaerobic fungal community in at least 1 of the 96 samples. Piro-
myces 2, Piromyces 7, and SK3 were inconsistently retrieved from
buccal swab samples when their relative abundances were also low
in samples collected via stomach tubing. However, all other taxa
that occurred in at least two samples collected via stomach tubing
were also found in at least one sample collected by each of the
buccal swabbing methods for each of the four diets.

Anaerobic fungal communities showed clustering by diet (P �
0.001; R � 0.23), while the sampling method did not have a sig-
nificant impact on community structure (P � 0.10; R � 0.03)
(Fig. 5E and F). The anaerobic fungal taxa represented in the sam-
ples belonged to the JF423626 (average relative abundance,
36.3%), BlackRhino (33.4%), AL6 (23.6%), Piromyces 6 (2.8%),
Piromyces 7 (1.9%), SK3 (1.6%), Piromyces 2 (0.3%), Piromyces
3 (0.04%), and Neocallimastix 1 (0.03%) groups (Fig. 4D). Anaer-
obic fungi assigned to the AL6, BlackRhino, and JF423626 groups
were ubiquitously present in sheep on all administered diets and
were the only taxa detected in sheep feeding on 25MG. In addition
to these taxa, samples from animals feeding on 100LS contained
members of the genus Piromyces, whereas those from animals
feeding on 100MS contained members of the SK3 group (Fig. 4D;
see Table S6 in the supplemental material). Animals that were
administered the 65MG diet showed no clear diet-related pattern
(Fig. 4D). This could be due in part to the difficulty of obtaining
sufficient PCR products for sequencing from certain samples or to
true animal-to-animal variation in this diet group. The sampling
method significantly affected only two anaerobic fungal taxa, Pi-
romyces 2 and 7, which showed slightly lower and higher relative
abundances, respectively, in samples collected via stomach tubing
(see Table S7).

DISCUSSION

The ease of the sampling method and the cost-effectiveness of
high-throughput microbial community structure analysis are two
important considerations for streamlining laboratory work flows
to increase the rate of sample throughput and the number of sam-
ples analyzed at an affordable cost. The present study compared
Illumina MiSeq PE300 sequencing to 454 Titanium pyrosequenc-
ing and then used the Illumina sequencing data set, which gener-

ated 	10 times more sequence data, for evaluation of buccal
swabs as a sampling method alternative to stomach tubing to as-
sess bacterial, archaeal, and eukaryotic community structures in
the rumen.

Feasibility of different buccal swabbing and sample process-
ing methods. Obtaining swab samples from the buccal cavity of
ruminants is a promising sampling method, as it is noninvasive
and quicker than the routine stomach tube method. In this study,
three different buccal swab methods were compared with the rou-
tinely used stomach tube method. Each method was ranked based
on its advantages and disadvantages in regard to several parame-
ters of interest, such as ease of handling, time and effort, costs, and
DNA yield (Table 2). Two of the methods used commercially
available sampling kits (buccal OM and buccal PG), while the
third (buccal SD) used simpler materials. While swabbing of the
cheeks was done with sterile cotton buds held with a forceps for
two of the three methods (buccal OM and buccal SD), the kit used
for the buccal PG method included a sterile collection swab. It was
noted, however, that the collection swab was shorter than the for-
ceps and less robust. Reaching into the mouth of the animal to
obtain sufficient material without contaminating or damaging the
swab was therefore challenging. Overall, the buccal swab methods
had the advantage that no freeze-drying, grinding, and weighing
of samples were required prior to DNA extraction. However, col-
lection of saliva from cotton swabs as done for the buccal OM
method was highly laborious. An important advantage of using
the Omnigene (buccal OM method) or Performagene (buccal PG
method) kit was that there was no need for the sample to be trans-
ferred to �20°C immediately after collection. According to the
manufacturer’s specifications, once sealed, the sample can be
stored at room temperature for up to 12 months after sampling. A
combination of the buccal OM and buccal SD methods, where a
sterile cotton roll would be swabbed across the inner side of the
cheeks and then placed in an Omnigene test tube prior to direct
extraction of nucleic acids from the cotton swab, may provide
maximum benefit with minimum effort. This combined method
would allow researchers, veterinarians, or farmers, even those in
remote locations, to collect buccal swab samples and send them
for diagnosis of rumen microbial community type/host pheno-
type for thousands of animals without the need for freezing and
then storing and transporting frozen samples, and at the same
time, it would guarantee fast and effective sample processing in
the laboratory.

Samples collected by buccal swabbing produced lower yields of

TABLE 2 Comparison of the five different sampling methods based on
ease of sampling and storage, cost of materials, preparation time, and
DNA yield

Parameter

Score for sampling methoda

Rumen
Buccal
OM

Buccal
PG

Buccal
SD

Ease of sample collection � ��� � ���
Ease of storage � ��� ��� �
Cost of materials (kits) ��� � � ���
Preparation for DNA extraction � � ��� ���
DNA yield ��� �� � �

Total score (score/total possible) 9/15 10/15 9/15 11/15
a ���, very good; ��, good; �, to be improved or inefficient.
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DNA and were less reliable in yielding amplification products,
especially for anaerobic fungal ITS1 genes. Since repetition of
DNA extraction and PCR amplification is impractical for analyz-
ing thousands of samples, the potential loss of individual samples
due to low DNA yields needs to be considered when setting up
experiments. Despite the loss of individual samples due to poor
DNA yields, we obtained ample sequence data with Illumina
MiSeq technology from a sufficient number of animals to assess
whether buccal swabs would provide an effective alternative to
stomach tubing. Based on microbial community structure analy-
sis, we evaluated whether diet effects could be detected readily by
using the different sampling methods.

Representation of rumen microbiota in buccal swab sam-
ples. Overall, buccal swab samples recovered the vast majority of
bacterial, archaeal, ciliate protozoal, and anaerobic fungal taxa
that were detected in samples collected via stomach tubing. Ex-
ceptions were ciliate protozoal members of the Anoplodinium-
Diplodinium clade, which could not be recovered consistently
from buccal swab samples from sheep on 100LS, and anaerobic
fungal members of the clades Piromyces 2, Piromyces 7, and SK3,
which could not be recovered consistently from buccal swab sam-
ples from sheep on three or four of the diets. These clades, how-
ever, were also detected at very low relative abundances in
stomach tube samples (average abundance of Anoplodinium-Di-
plodinium in stomach tube samples from sheep on 100LS,
0.01% � 0.03% [standard deviation]; average abundance of Piro-
myces 2 in stomach tube samples from sheep across all four diets,
0.99% � 4.74%; average abundance of Piromyces 7 in stomach
tube samples from sheep across all four diets, 0.12% � 0.48%; and
average abundance of SK3 in stomach tube samples from sheep
across all four diets, 0.38% � 1.24%). It is likely that these taxa
were not detected consistently in buccal swab samples due to their
very low relative abundances in the rumen on certain diets, rather
than being specifically retained in the rumen, as some (e.g., Ano-
plodinium-Diplodinium and SK3) were readily detectable in buc-
cal swab samples from sheep on the different diets in cases where
their average relative abundances in stomach tube samples were at
least 1%.

Applicability of buccal swabs to the study of rumen micro-
bial community composition. In general, buccal swab samples
contained rumen bacterial taxa with a diversity similar to that in
the corresponding samples collected by stomach tubing. Even
some bacterial taxa known to be strongly associated with the solids
fraction, such as Butyrivibrio spp. (40), Fibrobacter spp. (41), and
Ruminococcus spp. (41), could be detected using buccal swabs.
However, data obtained for samples collected via buccal swabs did
not immediately provide a valid representation of rumen-inhab-
iting bacterial communities. This was because a large fraction of
the taxa detected in buccal samples belonged to groups known to
be typical oral bacteria, such as, e.g., Actinobacillus, Bibersteinia,
Fusobacterium, Haemophilus, Mannheimia, Moraxella, and Neis-
seria. It is assumed that as more time passes between regurgitation
and sampling, the proportion of oral bacteria will become larger.
This factor may add to animal-to-animal variation of the micro-
biome. In our study, all 24 animals were randomly sampled and
could reasonably be expected to be at different time points during
the rumination cycle. Despite this, or perhaps because of it, we
were able to detect even subtle diet-related differences between
treatment groups.

We used two different approaches, a mathematical and a man-

ual filtering approach, to remove orally associated taxa from the
data set. While the mathematical approach bore the risk of falsely
eliminating true rumen taxa, the highly conservative manual ap-
proach may have falsely retained true oral taxa in the data set.
Despite these potential drawbacks, both the mathematical and
manual filtering approaches to eliminate potential oral taxa from
the data set, combined with detailed phylogenetic analysis of the
questionable taxon Streptococcus with unknown species affilia-
tion, resulted in a clear clustering by diet, independently of the
sampling method used. In future, further work is needed to facil-
itate the identification of typical oral taxa in DNAs obtained from
buccal swabs. The mathematical approach relies on taking rumen
samples in parallel with buccal swabs, which defeats the purpose
of buccal swabbing. Future application of buccal swabbing for
rumen bacterial community analysis will rely on a literature-in-
formed bioinformatic approach. Better knowledge of the oral mi-
crobial community structure, e.g., by comprehensive analysis of
the oral microbiota of young ruminants or adult animals several
hours after feeding or even of oral bacteria from nonruminating
herbivores, such as horses, would allow the establishment of a
reference database of oral bacteria. This database could serve as a
tool for depletion of oral taxa from a buccal data set. Similarly,
common environmental contaminants can be traced back to their
sources and selectively filtered out of a data set by using a source
tracker tool (42), or microbial metagenomic and transcriptomic
data sets from host-associated environments can be searched
against the host genome to eliminate host-derived sequences (43,
44). Alternatively, a curated reference database of 16S rRNA genes
from rumen bacteria could be developed and used to eliminate all
sequences from the data set that are not classified in the rumen-
specific database, with due regard to checking that new, true ru-
men bacterial groups are not being eliminated. At this stage, such
databases are not available, and until they are, buccal swabbing
must be considered a promising technique for the assessment of
rumen bacterial community structure. In very large studies of an-
imals on a common diet, a small part of the animal population
could be assessed using both direct rumen sampling and buccal
swabbing, and this information could then be used to develop
criteria for bioinformatically filtering out potential oral bacteria.

In contrast to the case for the bacterial community, the study of
archaeal, ciliate protozoal, and anaerobic fungal communities in
the rumen by using buccal swabs offers a useful alternative to
stomach tubing, without the requirement to compare against a
database of specific oral or rumen-associated microorganisms.
With the information gathered in our study from buccal swab
samples from sheep, diet effects were clearly detectable for all three
groups of microorganisms. It should be noted, however, that spe-
cific orally associated methanogens, and perhaps even eukaryotic
microorganisms, may be present, as occurs in humans (45–47),
and this warrants further investigation in ruminants. More studies
along the lines of ours will be needed to confirm that oral and
rumen methanogen communities are always very similar before
the method can be used with full confidence.

Diet-driven differences in rumen microbial community
structure as assessed using buccal swabs. Microbial community
structures in the rumens of sheep feeding on four selected natural
diets (pasture with different inclusion levels of maize grain or
maize silage) were found to be consistently different for samples
collected via either stomach tubing or buccal swabs. Differences in
microbial communities in response to the four diets were mostly
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gradual, as expected from the gradient in diets, and consisted
mainly of differences in relative abundances of the same reoccur-
ring taxa (Fig. 1; see Table S6 in the supplemental material). This
finding is in agreement with a previous study on the characteriza-
tion of the rumen microbiota in cattle during transition from
forage to a high-concentrate diet (48). Members of the highly
diverse genus Prevotella, for example, contributed considerably to
the bacterial community in sheep on all diets, but they showed the
highest relative abundances by far in sheep on the high-grain diet
(65MG). Similarly, members of the archaeal Methanobrevibacter
gottschalkii clade were ubiquitously present in sheep on all diets
but made up larger proportions of the community when the ani-
mals were fed on 100MS or 65MG, while members of the order
Methanomassiliicoccales and Methanosphaera sp. ISO3F5 followed
the reverse trend, with the lowest relative abundances in sheep on
100MS and 65MG. Methanogens (among them species of the or-
der Methanomassiliicoccales) and ciliate protozoa have been re-
ported to live in close proximity in the rumen (49, 50), and the
advantages of a symbiotic relationship for both the archaeal and
ciliate protozoal partners are well recognized (51). Our study con-
firms that high-grain diets are generally characterized by lower
ciliate protozoal diversity. In contrast to the 100LS, 100MS, and
25MG diets, protozoal communities were composed of only two
major genera, namely, Entodinium and Epidinium, in samples
from animals feeding on 65MG. Comparable trends from the bo-
vine rumen have led to the hypothesis that a decreased relative
abundance of Methanomassiliicoccales in animals on high-grain-
containing diets could be due to the loss of the symbiotic proto-
zoal partner (50). However, the similar responses of Methano-
massiliicoccales and some protozoa to dietary changes could also
be due to physiological or metabolic changes in the rumen envi-
ronment that adversely affect both Methanomassiliicoccales and
certain protozoal genera independently of each other (50). In con-
gruence with the observations by Petri et al. (48), but in contrast to
early reports by Hungate et al. (52), we found significantly lower
relative abundances of members of the phylum Firmicutes (which
contains mostly Gram-positive bacteria) in animals feeding on
medium (25MG)- and high (65MG)-grain diets, while Bacte-
roidetes and Proteobacteria were present at significantly higher rel-
ative abundances.

While the majority of microorganisms gradually changed with
diet, some bacterial taxa, such as the amylolytic genera Rumino-
bacter and Succinivibrio, appeared to thrive only under highly spe-
cific conditions and were almost absent from sheep fed the other
diets in our study. Ruminobacter spp. were most abundant in
sheep on the lucerne silage diet with 25% inclusion of maize grain.
Elevated levels of Ruminobacter spp. in sheep on this diet are not
surprising, as an increasing inclusion of concentrate has been
found to result in higher butyrate concentrations (53), which in
turn have a stimulating effect on Ruminobacter populations (54).
Intriguingly, this genus seemed to be replaced almost entirely and
abruptly by Succinivibrio spp. in sheep fed the diet with a 65%
inclusion of maize grain. Our finding of a significantly higher
relative abundance of Succinivibrio spp. in samples from animals
that were fed the 65MG diet corroborates the results from previ-
ous studies (48). Members of this genus were also detected at
higher relative abundances in the rumen epimural bacterial com-
munity in beef cattle feeding on a high-grain diet (55) and have
been reported to be the predominant isolates from the rumen
when the diet of the animal is high in starch (56). Our findings

suggest that the rumen microbial community contains a wide
range of microorganisms with different abilities to adapt to dietary
change. Alongside a core of highly versatile taxa that fluctuate
depending on the conditions, the rapid expansion of highly spe-
cialized, more sensitive microorganisms upon niche development
appears to be supported by our data, even if these specialists are
initially present only in small numbers.

Conclusions. Our study compared microbial community
compositions in buccal swabs and rumen content samples ob-
tained by stomach tubing from sheep feeding on four different
diets. Our results suggest that buccal swabs can provide accurate
information on the composition of the animal’s rumen micro-
biome, composed of bacteria, archaea, ciliate protozoa, and an-
aerobic fungi. To further refine the analysis of sequence data de-
rived from buccal swabs, in particular for studying rumen
bacterial communities, a detailed exploration of the oral micro-
biome or of the differences between the rumen microbiome and
its apparent composition as assessed using buccal swabs should be
undertaken using ruminant animals under different dietary con-
ditions. Alternatively, a broad database of rumen-specific taxa
could be generated for calibration of data obtained from buccal
swabs. In future, this method may be applied broadly to investi-
gate the interplay between relevant animal phenotypes (e.g.,
methane emission or productivity), animal genotypes, and the
rumen microbiota.
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