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Abstract Cilia-driven fluid flow is important for multiple

processes in the body, including respiratory mucus clear-

ance, gamete transport in the oviduct, right–left patterning

in the embryonic node, and cerebrospinal fluid circulation.

Multiple imaging techniques have been applied toward

quantifying ciliary flow. Here, we review common veloc-

imetry methods of quantifying fluid flow. We then discuss

four important optical modalities, including light micros-

copy, epifluorescence, confocal microscopy, and optical

coherence tomography, that have been used to investigate

cilia-driven flow.
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An overview of ciliary physiology

Motile cilia drive fluid flow in multiple organ systems

Cilia are hair-like organelles projecting from specialized

epithelial surfaces of the body. Motile cilia are responsible

for generating microfluidic flow in a variety of organ sys-

tems (Fig. 1), and defects in cilia-driven fluid flow can

have severe disease manifestations. In the lung, bacteria

and particulate matter are removed by mucociliary clear-

ance, the process whereby mucus, a biochemical barrier to

pathogens, is transported by motile cilia out of the respi-

ratory tract [1]. Defects in mucociliary clearance can result

in recurrent pulmonary infections in diseases such as cystic

fibrosis [2] and primary ciliary dyskinesia (PCD) [3]. In the

oviduct, cilia drive the transport of ova [4], and defects in

cilia such as in PCD can lead to infertility. A transient

organ during embryonic development known as the

embryonic node also contains cilia and is responsible for

determining right–left asymmetry [5]. Patients with PCD

and hence impaired nodal flow can exhibit situs inversus, a

condition in which organs are located in the mirror position

in the body. Finally, the ventricles of the brain are lined

with cilia that contribute to the circulation of cerebrospinal

fluid (CSF) [6]. Intriguingly, an accumulation of CSF

known as hydrocephalus also is associated with PCD [7].

Given the numerous sites where cilia play a critical role

in the body as well as the severe disease manifestations that

occur when cilia are defective, there is much interest from

both clinicians and basic scientists in imaging cilia-driven

fluid flow. Although cilia were described as early as 1671

by Leeuwenhoek [8], because of the complexity of study-

ing ciliary physiology, there continues to be active research

in techniques for ciliary imaging. One reason why studying

cilia can be challenging arises from the fact that ciliary
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action takes place over a large range of length scales, and

any single imaging technique can only probe a portion of

those length scales. Thus, no single modality tells a com-

plete story. Another reason is that current-generation

technologies are not sufficiently fast to capture two

important dynamic processes: the three-dimensional

motion of individual cilia, and the three-dimensional,

three-vector component cilia-driven flow field.

In this review, we will first give an overview of the

multiple scales of ciliary physiology. We will then discuss

velocimetry as a general matter and describe common

physical methods of interrogating fluid flow, including

image and point-based techniques. We will lastly review

the main optical modalities for imaging ciliary flow,

including historically important methods (light micros-

copy), the current standards, (epifluorescence and confocal

fluorescence microscopy), and promising emerging meth-

ods (optical coherence tomography).

Cilia exert their effects over multiple length scales

On the smallest, nanoscopic scale, motile cilia are made up

of microtubules, each about 25 nm wide [9]. These

microtubules are arranged either in a ‘‘9 ? 2’’ pattern

(Fig. 2, top) in most sites [10] or a ‘‘9 ? 0’’ pattern at the

node [11]. ATP-powered molecular motor proteins known

as dyneins are attached to the microtubules [12]. According

to the sliding filament model of ciliary motion, dynein

motors walk along microtubular filaments, while pulling on

adjacent filaments to cause the cilium to beat [13]. To study

ciliary structure at this nanoscopic scale, transmission

electron microscopy (TEM) has the requisite resolution to

see features such as dynein arms and microtubular struc-

ture. Sample fixation, however, is necessary for TEM

preparation and thus precludes study of the dynamics of

functioning cilia [14].

On a slightly larger size scale, an individual cilium

extends on the order of *10 lm in length [15]. Each cil-

ium beats at a given tempo, known as the ciliary beat

frequency (CBF) [16]. Because measuring CBF does not

require resolving ultrastructure, but rather probing move-

ment of the ciliary stalk, CBF can be measured by

techniques with less stringent resolution requirements. The

most common modalities for measuring CBF include (1)

light scattering, focusing light on a small area of a ciliated

surface and analyzing the frequency content of a back-

scattered signal on a photodiode [16], and (2) using white

light or differential interference contrast (DIC) microscopy

combined with high-speed video imaging to resolve actual

cilia themselves [17, 18]. Other forms of microscopy such

as confocal fluorescence microscopy to directly visualize

cilia have also been applied [19, 20].

On yet a larger length scale of approximately

10–100 lm, many cilia line a surface (Fig. 2, middle).

Fig. 1 Anatomic sites of ciliary action. Cilia are found in several

organ systems, including (left) the respiratory and nasal tract, where

the airway surface liquid is divided into the periciliary layer and the

mucus layer, (middle) the ventricles of the brain and the oviduct,

where no such layered structure exists, and (right) the transient

embryonic node, in which ciliary-driven flow is thought to be

generated by rotating cilia

10 nm

10 cm

10 µm

ultrastructure

anatomic 

microfluidic flow

clearance

TEM

Brightfield
Epifluorescence

Confocal
OCT

CT
Radiotracer

Length Scales of Ciliary Action

Size Scale Imaging Modality

Fig. 2 Ciliary physiology spans many length scales, requiring

multiple imaging modalities (top). Ciliary ultrastructure such as

microtubules and motor proteins can be imaged by transmission

electron microscopy (TEM) (image reproduced from [3]) (middle).

Microfluidic flow can be imaged by optical modalities such as light

microscopy, epifluorescence, confocal, and optical coherence tomog-

raphy (OCT). The image here shows cilia in the ventricle as

visualized by confocal fluorescence (image reproduced from [157])

(bottom). Anatomic clearance of mucus can be quantified by

radiotracer methods (image reproduced from [187]) and computed

X-ray tomography (CT)

1096 B. K. Huang, M. A. Choma

123



There may be 200 cilia on a given epithelial cell, and many

cells adjacent to each other [13]. These adjacent cilia need

to beat in the same direction to drive flow [21], and they

may also beat in coordinated, metachronal waves to

properly propel fluid [15]. In addition, in the respiratory

tract specifically, the cilia themselves are situated in the

airway surface liquid (ASL), the fluid that covers the epi-

thelial lining of conductive airways (Fig. 1, left). The ASL

in turn is composed of the periciliary layer (PCL), an

approximately 7-lm-thick fluid layer where the cilia

themselves reside [22], and the mucus layer (ML), the

viscoelastic mucus material that sits directly above the

periciliary layer [23]. The mucus layer can vary consider-

ably in thickness and has been measured to be anywhere

from 8 to 200 lm [24]. At these length scales, flow is

characterized by a low Reynolds number and is often

denoted as microfluidic flow [25, 26]. For the purposes of

this article, we denote the intermediate, microscopic scale

over which cilia generate flow as microfluidic cilia-driven

fluid flow, and the investigation of fluid flow at this scale

will be the subject of this review article.

The largest length scale of ciliary action is the anatomic

scale of multiple centimeters. Microfluidic flows must

coalesce to create bulk transport of mucus through the

conductive airways of the lungs, which range in size from

sub 1-mm-diameter bronchioles to the *2-cm-diameter

trachea [1, 27], or through the oviduct, for example, which

can be *10 cm long [28]. Although flow is still low

Reynolds number, given the larger size scale of movement,

we refer to this anatomic clearance of fluid (Fig. 2, bottom)

as macroscopic flow. Clearance on this macroscopic scale

is most often investigated through radioactive methods,

e.g., by having a patient inhale radioactively labeled col-

loids and imaging movement with a gamma camera [14].

Other methods, such as timing transit time of saccharin in

the nasal sinuses [29], fluoroscopic methods [30], or using

real-time CT to track tantalum discs [31, 32] can also be

used to assay anatomic clearance.

Optical techniques are well suited for microfluidic

imaging

To image microfluidic cilia-driven flow, then, we require

techniques with 1–10 lm spatial resolution but that can

also image over a relatively large field of view of at least

1 mm. In addition, the techniques should be non-destruc-

tive to cells and tissue as not to perturb functional

dynamics. Optical microscopy satisfies these criteria and is

well suited toward studying cilia-driven flow at the

microfluidic scale.

As shown in Fig. 3, when imaging cilia-driven fluid

flow, there are three main choices to make. First, one must

choose which ciliary system to investigate. Second, one

must decide on the optimal optical imaging modality. And

third, one must apply a specific velocimetry technique to

that imaging modality. Each of these choices can be made

relatively independently, and many combinations of flow

system, modality, and velocimetry technique have been

demonstrated in the literature. Given the many ways of

imaging cilia-driven flow, familiarity with both the optical

modalities, discussed in ‘‘Microscale imaging of cilia-dri-

ven fluid flow’’, and the various velocimetry techniques,

discussed in ‘‘Microfluidic velocimetry’’, is crucial to

selecting the proper approach for studying the ciliary

physiology in question.

Microfluidic velocimetry

Velocimetry refers to the measurement of the velocity of

objects. Because fluids may vary in their properties over

space, one way of describing fluid velocity is by describing

the fluid flow velocity field [33]. A fluid flow velocity field,

often simply called a flow field, is a type of vector field that

specifies the three-component velocity v = (vx, vy, vz) of a

fluid at every point in space r = (x, y, z) and time t [34].

An example of a flow field, generated by nodal cilia, is

shown in Fig. 4. The velocity is a vector quantity specified

by the magnitude of velocity or speed defined as

s = (vx
2 ? vy

2 ? vz
2)1/2, as well as the direction of flow at a

specific location r = (x, y, z). The velocity can often be

approximated as stationary or steady state, in which case it

does not vary in time [34]. In the context of this review, we

assume that cilia-driven fluid velocities are steady state

over the measurement period.

In measuring steady-state flow, then, one must measure

six parameters to specify the flow velocity at a given point:

three components of velocity, and three spatial coordinates.

In addition to specifying velocity as a function of spatial

Fig. 3 Workflow of ciliary imaging. For any given choice of flow

system (left column) to be imaged, an optical imaging modality can be

chosen (middle column) and combined with a choice of velocimetry

technique (right column). Typically, the imaging modality will

determine contrast and cross-sectional ability, while the velocimetry

technique will determine the extent of velocimetry information

recovered. CSF cerebrospinal fluid. OCT optical coherence tomog-

raphy. PTV particle tracking velocimetry. DPIV digital particle image

velocimetry
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location, the translational diffusivity of the particles, D(x,

y, z), or the rotational diffusivity Dr(x, y, z) [25] can also be

measured as a function of spatial location. Commonly,

however, it may only be possible to measure the two-

dimensional flow field, in which case the velocity

v = (vx,vy) is specified at r = (x, y).

The goal of any implementation of microfluidic veloc-

imetry is to measure velocity throughout a fluid.

Velocimetry can be performed in many ways. Although

these techniques are not necessarily neatly divisible into

individual categories, we have found it useful to divide

ciliary flow techniques based on two criteria. Experi-

menters will typically choose between (1) dye versus

particle-based methods, and between using (2) image

information (2D or 3D) to track features versus point-wise

(0D), time-varying information to deduce velocity.

Dye-based approaches

Dye visualization

One straightforward method for visualizing flow is to inject

dye into fluid and image its subsequent transport [35].

Visualization of dye movement is often enough to quali-

tatively differentiate the presence versus the absence of

flow. In a slightly more sophisticated implementation, by

recording a movie of the moving dye and calculating the

displacement of the dye over some period of time, one can

also estimate a linear flow speed. Similarly, instead of

imaging the dye, one can also use other chemical detection

methods such as microdialysis probes located downstream

of fluid flow to measure dye transport time over some

distance. Grubb et al. [36] used this method to quantita-

tively estimate linear flow speed in the respiratory tract.

Molecular tagging velocimetry

Injecting dye has limitations, as it is not always possible

to evenly seed the dye, and the needle itself may interfere

with flow. One alternative strategy is to pre-mix a dye

throughout the fluid and then use an optical pulse to

activate, bleach, or otherwise modify the dye in a specific

spatial region. This process is often called molecular

tagging velocimetry [37, 38], and it has the advantage of

being able to non-invasively generate a line of dye at a

given instant. For instance, caged fluorophores can be

released at a given location with a UV pulse, and the

movement of the subsequent fluorescent dye can be traced

to provide an estimate of velocity [37]. Although not as

common, such approaches have been used to image mu-

cociliary flow [22].

Experimental considerations of dye-based imaging

The main criterion for a dye is that it provides imaging

contrast with the rest of the fluid. That is, based on the

physical property being measured by the imaging modality,

the dye must have some discernible signal that differs from

the surrounding fluid [35]. In the case of simple color video

microscopy, this contrast can be as simple as colored dye in

a clear fluid. In the case of molecular tagging velocimetry,

contrast can be given by other physical parameters such as

fluorescence, bleaching, or absorptivity.

Another important consideration is that dye will simul-

taneously diffuse as it is transported. Diffusion leads to a

root-mean-squared (RMS) displacement of DrRMS =

\r(t)2[ 1/2 = (2nDDt)1/2, where n is the dimensionality of

the measurement, D is the diffusivity, and Dt is the inter-

frame time [39]. This RMS displacement can manifest

itself as a source of noise in quantifying flow. Thus, the

average displacement due to flow should be significantly

larger than RMS movement due to dye diffusion [40].

Particle-based approaches

Another common approach to measure cilia-driven flow is

to seed and track particles in the fluid. Many freely avail-

able programs exist to automatically implement particle

tracking [41]. Particle-based approaches can be divided

into three related techniques based upon the density of

Fig. 4 Flow field generated by a single nodal cilium in a zebrafish

embryo, reproduced from [169]. Here, the flow field specifies a

magnitude (color) and direction of the velocity vector at every

location in space, relative to epithelium (axes denoted as d–v dorsal

ventral, a–p anterior posterior, and l–r left right). The flow field was

estimated by employing three-dimensional, confocal fluorescent

particle tracking velocimetry
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particle seeding [42]. In the least dense case, known as

particle tracking velocimetry (PTV), individual particles

can be identified, localized, and matched from frame to

frame. Increasing the density of particles to an intermediate

regime makes particle matching less feasible, so instead

subregions of an image are tracked in digital particle image

velocimetry (DPIV). Finally, in the densest seeding where

multiple particles occupy each focal volume in a laser-

illuminated imaging system, speckle tracking is used to

also track subregions of an image. In the two-dimensional

implementations of these techniques, particles can undergo

three types of motion: (1) in-plane translation, (2) out-of-

plane translation orthogonal to the imaging plane, and (3)

diffusion. As we will discuss, each of these types of motion

will affect the particle-based techniques.

Particle tracking velocimetry

In particle tracking velocimetry (PTV), particles are first

identified and then matched from frame to frame [42]. By

following a particle from image to image and knowing the

frame rate of the imaging device, one can estimate the

velocity v of each particle as vx(x, y, z) = Dx/Dt, vy(x, y,

z) = Dy/Dt, and vz(x, y, z) = Dz/Dt, where (x, y, z) is the

vectorial position where the particle is tracked, (Dx, Dy,

Dz) is the displacement vector between two frames, and

Dt is the interframe time. By tracking particles over an

entire two-dimensional image, one can obtain a two-com-

ponent velocity estimate as a function of two spatial

locations, i.e., a two-dimensional flow field.

Two-dimensional PTV is the most common implemen-

tation of PTV, and two velocity components can be

recovered. To gain three components of velocity, there are

several strategies that can be employed [43], including

using two perspectives (stereoscopic PIV) [44], using two

planes of imaging (dual plane PIV) [45], or using holo-

graphic imaging to digitally refocus the image [46]. These

implementations, which yield three-component velocity

fields in two spatial dimensions, also require more com-

plicated optical setups. Another way of recovering three

components, now in three spatial dimensions, is to image

sequential volumes. Many confocal microscopes, for

example, are already equipped with volumetric imaging

capabilities. Volumetric imaging, however, is typically

much slower, and the limited imaging speed may limit the

particle speed that can be tracked [47].

Experimental considerations of PTV

Similar to dyes selected for imaging, particles should

provide sufficient imaging contrast with the fluid. Contrast

in particles is typically achieved through color, light scat-

tering, or fluorescence [48]. As with dye, beads also

undergo diffusion, which is manifest as an RMS dis-

placement DrRMS in between each image frame. Diffusion,

if unaccounted for in experimental design or data model-

ing, may limit velocimetry measurements but can also be

measured separately (discussed below).

Another consideration of PTV is imaging speed. In two-

dimensional PTV, in-plane motion is estimated as a parti-

cle is tracked. If a particle also has motion orthogonal to

the imaging plane, it may transit through the imaging

plane. The particle must be captured in at least two

sequential frames to be tracked. Thus, the degree of out-of-

plane motion should be estimated to determine the mini-

mum imaging frame rate. In addition, if a particle is

accelerating, either changing in speed or directionality as it

moves, it can still be tracked. Between frames, however,

the particle is assumed to undergo negligible acceleration.

Finally, one must ensure that particle movement is

actually reflective of the velocity of the surrounding fluid.

The difference in velocity of a particle with respect to the

surrounding fluid is known as slip velocity [48]. For

spherical particles, the slip velocity us is given by

us = d2(qp-q)ap/(18l). That is, the velocity difference

between the fluid and particles is increased with larger

particle radius d, particle acceleration ap, and differences in

density between particle and fluid (qp-q), while it is

decreased with greater viscosity l. Thus, particles with low

slip velocity should be chosen. Notably, the formula for

slip velocity assumes that the molecules of the fluid are

much smaller than the particle itself. This assumption may

be violated in the case of mucus, which consists of large

polymers that may approach the size of particles and may

also have a complex nanotopology [49]. Moreover, mucus

may be viscoelastic, having a component of frictional and

restoring force, in which case more sophisticated models

are required to interpret particle tracking data [50].

Measuring diffusivity with PTV

Once particles have been successfully, tracked, PTV can

additionally yield estimates of viscosity of the fluid. By

tracking the Brownian motion of particles and specifically

calculating the mean-squared displacement of particles,

one can estimate the diffusivity D = hr(t)2i/(2nT),

where hr(t)2i is the mean-squared displacement over some

time interval T, and n is the dimensionality of measurement

[50]. To convert these particle measurements into estimate

of fluid parameters, the diffusivity D can be related to fluid

viscosity by the Stokes–Einstein relationship [51]. Typi-

cally one must have an a priori measurement of particle

diameter to estimate viscosity from Stokes–Einstein.

Consequently, these measurements are usually performed

with exogenously seeded particles, the properties of which

are known in advance.
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The diffusivity and velocity of a particle can be simul-

taneously estimated from particle tracking. In this case, the

particle trajectory has an average drift, which gives its

velocity, in addition to random displacements, which gives

its diffusivity. The mean square displacement is then no

longer linear with time, as it is in pure diffusion, but now

also contains an additional quadratic term from velocity

[50]. As mentioned previously in estimating velocity only,

the particle is assumed not to undergo significant acceler-

ation during the interrogation period. In estimating

diffusivity and velocity simultaneously, however, the

interrogation period is no longer the interframe time Dt, but

a longer period T that lasts multiple frames.

Digital particle image velocimetry

In PTV, particles must be seeded sparsely to accurately

match individual particles in adjacent frames. By definition,

then, one recovers only a sparse number of velocity mea-

surements in each frame. Increasing the particle density

becomes problematic because particles cannot always be

tracked with high fidelity. To increase the density of sam-

pling, subregions of the image rather than individual

particles are tracked in digital particle image velocimetry

(DPIV) [52]. In such methods, the images are divided into

subregions large enough to encompass features of the

image, and these subregions from consecutive frames are

compared against each other using spatial cross-correlation.

When the maximum interframe cross-correlation is found, a

feature is ‘‘tracked,’’ and a velocity v can be assigned at a

specific location (x, y, z) just as in particle tracking. This

cross-correlation procedure then allows for mapping of flow

fields even when exogenous particles cannot be applied or

when the fluid has densely scattering particulate matter.

DPIV has many of the same characteristics as particle

tracking. Like PTV, the number of velocity components is

the same as the number of dimensions tracked unless spe-

cialized techniques are used [43]. In two-dimensional

DPIV, in-plane translation of particles causes the same

imaging feature to be translated in the image at a later time.

Significant out-of-plane motion, as in PTV, may cause

features to move through the imaging plane before they can

be tracked. In addition, if particles are undergoing signifi-

cant diffusive motion, the random motion with respect to

one other may cause imaging features themselves to

change, limiting the ability to track features accurately [53].

Speckle tracking

In the highest density of seeding, multiple particles occupy a

single focal volume on average. If a laser or other spatially

coherent light source (e.g., superluminescent diode) is used to

illuminate the sample, then the image will exhibit a property

known as speckle. Speckle is a high-contrast intensity noise

manifested as random-appearing patterns [54]. Like in DPIV,

as particles undergo translational motion in the imaging plane,

speckle patterns will move in the imaging plane. In this case,

spatial cross-correlation analysis, similar to that used in DPIV,

can be applied to track speckle features and infer in-plane,

translational motion. The application of feature tracking to an

imagine system characterized by speckle is known as speckle

tracking [42, 55, 56].

Like in DPIV, if the particles that generate the speckle

pattern move orthogonal to the imaging plane, then the

speckle patterns will change over time. As particles diffuse

relative to one another, the speckle patterns will also

change, making feature tracking more difficult. Thus

imaging frame rates should be fast enough to track features

before they change due to diffusion or out-of-plane motion.

Point-based (0D) approaches

While imaging-based approaches exploit spatial informa-

tion to identify particles or features and track them, flow

information can also be inferred by analyzing the time-

varying signal at a single (0D) point.

Decorrelation-based approaches

Another method that exploits speckle for flow quantification

is speckle decorrelation analysis. Diffusive and translational

motion through an image pixel causes the signal from that

(0D) point to decorrelate over time. The rate at which

decorrelation occurs depends on how fast particles translate

through the pixel, as well as how quickly particles diffuse.

By fitting the rate of decorrelation to a mathematical model

of decorrelation, the translational speed s and diffusivity

D at the pixel location (x, y, z) can be estimated. If the signal

originates from the backscattered light of particles in optical

coherence tomography (OCT), then the analysis is known as

dynamic light scattering (DLS)-OCT [57, 58]. Decorrela-

tion-based OCT approaches have been applied toward

imaging fluid speed and diffusion [59–61].

In contrast to speckle tracking, which uses spatial

information for cross-correlation, 0D techniques rely on the

temporal decorrelation of a signal at a single pixel. While

only out-of-plane motion causes speckle patterns to change

in speckle tracking, any type of translational motion will

cause a signal at a single point to decorrelate. Diffusion

causes the signal to decorrelate over time in both cases.

Fluorescence correlation spectroscopy and fluorescence

recovery after photobleaching

In fluorescent imaging systems, a temporal analysis also

can be applied to a 0D time signal. For example, if the
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signal arises from a fluorescent molecule as imaged by a

confocal microscope, then the technique is known as

fluorescence correlation spectroscopy (FCS) [62]. In the

case of FCS, decorrelation occurs due to translational or

diffusive motion of dye molecules through a focus. The

decorrelation of the signal can be fit to yield the transla-

tional speed s and diffusivity D [63]. In a related technique

known as fluorescence recovery after photobleaching, the

time-varying signal is fit to a model function predicted by

the diffusion of fluorophores into a previously photo-

bleached confocal volume, and diffusivity and flow speed

can be recovered [64].

Doppler velocimetry

In Doppler velocimetry, the frequency shift of light due to

the Doppler effect is measured to give an estimate of the

axial component of flow (the component directed along the

propagation path of light), denoted here as vz, at some

location (x, y, z). As with the other 0D approaches, the

frequency shift is calculated from a time-varying signal at a

single point. Doppler velocimetry is commonly used in

ultrasound to measure blood flow and has also found use

for blood flow imaging in OCT [65–67]. Because Doppler

only captures a single velocity component vz, however, and

because cilia-driven fluid flow is typically parallel to the

surface (that is containing primarily vx and vy components

of flow), using Doppler alone has limitations for ciliary

imaging. Recently, though, there has been work in devel-

oping more complex models of the OCT signal and

incorporating Doppler into a framework that also includes

methods for qualifying x–y (en face) flow [58, 68]. These

methods hold promise for quantifying cilia-driven fluid

flow.

Model systems of cilia-driven fluid flow

There are numerous model systems for studying ciliary

flow ranging from human, to cell culture, to animal models,

and each of these models has their own advantages and

disadvantages [14, 23, 69–76]. Although a complete dis-

cussion of model systems of ciliary flow is outside the

scope of this review, we would like to highlight two model

systems we believe to have been important for imaging

cilia-driven fluid flow.

The first model system is the frog embryo from the Xenopus

genus (Xenopus laevis and Xenopus tropicalis). Xenopus

species have traditionally been used to study embryonic

development [77, 78]. They also, however, express cilia in

multiple organ systems, and in particular a ciliated surface

epithelium that is accessible with no dissection. Cilia-driven

flow has been investigated in Xenopus epithelium, CSF

circulation [79], and embryonic nodal flow [80]. Simulta-

neously, many genetic manipulation techniques available for

Xenopus are significantly faster to implement as compared to

mammalian systems [81]. As such, Xenopus embryos are

useful not only for readily imaging ciliary flow, but also for

biologically manipulating ciliary flow in the context of

respiratory disease, central nervous system disorders, and

disorders of left–right patterning.

The second important model system is the air-liquid

interface (ALI) in vitro model system [82, 83]. ALI cul-

tures can be derived from vertebrate cells, including mouse

and human, and extracted cells differentiate into both

mucus-secreting goblet cells and ciliated epithelial cells.

Because ALI cultures recapitulate both the mucus and

ciliary component of respiratory flow and because cells can

be cultured from patients with specific mutations, ALI

cultures have proven to be very important in the study of

ciliary disease [84].

Microscale imaging of cilia-driven fluid flow

As shown in Fig. 3, there are many combinations of flow

system, velocimetry technique, and imaging modality that

have been used to image cilia-driven fluid flow. The choice

of these categories, then, depends on several factors. One

factor is the level of quantification required for the study.

The various velocimetry techniques can achieve different

degrees of measurement sophistication, ranging from dif-

ferentiating flow versus no flow, to estimating linear flow

speed, to fully quantifying the flow field. The level of

quantification, in turn, depends on the physiological ques-

tion to be investigated. Another consideration is that

different optical imaging modalities have different advan-

tages and disadvantages in terms of resolution, imaging

speed, depth sectioning, and contrast.

As shown in Fig. 5, the bulk of microscopic ciliary flow

imaging has been performed using four optical imaging

techniques: traditional light microscopy, epifluorescence

microscopy, confocal fluorescence microscopy, and optical

coherence tomography (OCT). Historically, light micros-

copy was the most important. Since then, epifluorescence

and confocal fluorescence have become the standard

methods of measuring flow. More recently, however, OCT

has shown great promise as a new method. In this section,

we review applications of these various microscopic tech-

niques toward ciliary flow imaging and discuss the

advantages and disadvantages of each.

Light microscopy

Light microscopes were the first type of microscope to be

invented, and they are still the most common microscope
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available today. Here we denote any standard microscope

that uses white light in either a transmissive or epi-illu-

mination mode as light microscopy. Light microscopy uses

intrinsic scattering and absorption of light by samples to

provide contrast. Light microscopy is typically one of the

simplest optical setups to implement, and, perhaps due to

this simplicity, was historically an important modality for

imaging cilia-driven fluid flow.

Epithelial imaging with light microscopy imaging

The first studies of cilia-driven fluid flow were performed

using standard white light microscopes to visualize

movement of a dye or track moving particles to estimate

linear flow speed. As far back as the 1870s, in experiments

involving amphibian epithelial models of ciliary flow,

researchers visually tracked weights and timed movement

with a stopwatch to determine linear flow speed [85, 86].

Even using this simple technique, early researchers

made sophisticated measurements determining the amount

of work that cilia could output as a function of ciliary load.

It was shown, for example, that cilia increased work and

oxygen consumption in response to increased loading, but

only up to a certain threshold [87, 88]. Simple dyes such as

carmine and India ink were used to qualitatively assess

flow speed and path in amphibian models [89, 90] as well

as in human (nasal cavity) and monkey, either in vivo or

ex vivo [91, 92]. More standardization of protocol in par-

ticle tracking occurred in the 1930s, when carbon particles

or sterilized spores were used as seed particles [93–95]. It

was at this time that ciliary beat frequency was also studied

using light microscopy, including the use of 200 frames-

per-second cinematography [90, 96, 97]. Figure 6 shows

examples of such ciliary studies from the 1930s, demon-

strating a high level of sophistication even 80 years ago.

Respiratory imaging with light microscopy

Since its initial implementation in the early 20th century,

light microscopy has continued to be important for ciliary

imaging in the respiratory tract. Light microscopy-based

particle tracking and ciliary beat frequency measurements

were refined in the 1950s and 60s [17, 98] and were later

used to study the effects of pharmacological agents [99],

air pollution [100], and smoking [101] on mucociliary flow.

With the increasing use of bronchoscopy, other particles

such as Teflon discs or charcoal could be seeded in the

tracheas of large animal model and even humans to image

in vivo mucociliary clearance [102] and CBF [103],

allowing further study of the effects of drugs [104] and

cigarette smoking [105, 106] on respiratory mucus

clearance.

Even as more technically complex imaging modalities

such as fluorescence microscopy and optical coherence

tomography (discussed below) have come into more

common use, light microscopy continues to play an

important role in quantifying mucociliary flow speed.

Researchers have used light microscopy to investigate

physiological principles of flow and the role of mucus [74,

107–109], pharmacological and chemical signaling path-

ways [110–112], and the effects of infection on

mucociliary clearance [113]. Moreover, there have been

Light Microscopy

Optical Techniques for Microscale 
Cilia-Driven Fluid Flow

Epifluorescence

Confocal 
Fluorescence

Optical 
Coherence 

Tomography

Easy Implementation
High Speed

No Depth Sectioning
No Molecular Specificity

g

z
Cells
PCL

Low Background
High Speed

No Depth Sectioning

Low Background
Depth Sectioning

Slow Acquisition Speed
Small Field of View

Depth Sectioning
Parallelized Depth Acquisition

Speckle Artifact
No Molecular Specificity

Fig. 5 Commonly used optical

techniques for investigating

cilia-driven fluid flow, with

advantages and disadvantages

of each technique. Top Light

microscopy has historically

been used (image showing

tracheal mucus velocity

measurement, reproduced from

[108]). Middle Epifluorescence

(image showing epithelial

ciliary flow, unpublished work

from authors) and confocal

fluorescence (image showing

airway surface liquid,

reproduced from [165]) are the

current standard methods.

Bottom Optical coherence

tomography (image showing

epithelial ciliary flow,

unpublished work from authors)

is an emerging method showing

promise for flow quantification
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continued technical developments to increase contrast in

light microscope-type setups [114] to obtain higher quality

images, as well as to use new types of metrics such as

entropy to quantify mixing efficiency, as shown in Fig. 7

[115].

Oviduct imaging with light microscopy

Light microscopy has also played an important role in

investigating other types of cilia-driven fluid flow. Begin-

ning in the 1960s and 70s, light microscopy particle

tracking approaches were initially implemented in imaging

cilia-driven fluid flow in the oviduct [69, 116–119]. Ovi-

duct flow results from the combination of ciliary motion,

muscular contraction, and fluid production. Follow-up

studies used light microscopy to elucidate the role of ciliary

beating versus muscular contraction [120, 121], as well as

the effects of sex hormones [122] and pharmacological

agents [123] on flow. Notably, unlike the lungs and sinuses,

the oviducts are not optically accessible without surgery,

and thus studies were typically performed on ex vivo

human or mammal tissue. Nonetheless, light microscopy

continues to be important today for studying the role of

cilia in the oviduct [4], including recent work on gamete

transport [124–126].

Nodal imaging with light microscopy

The node is a transient structure that is present during a

portion of embryonic life. Cilia in the node are thought to

rotate in a clockwise fashion to generate a leftward flow

(Fig. 1 right), thereby creating asymmetric patterning sig-

nals [5]. Light microscopy has been used to study nodal

flow [127], but it is used less commonly than epifluores-

cence, which will be discussed in the following section.

Limitations of light microscopy

Historically, the most common uses of light microscopy

were to (1) qualitatively judge the presence or absence of

flow or (2) manually track particles to estimate a linear

flow speed, without directionality. For many experiments,

this level of information sufficed to answer any relevant

physiological questions. As researchers continue to inves-

tigate ciliary physiology in more detail, however,

sometimes more complete descriptions of flow such as the

vectorial flow field are required.

Although light microscopy can be used to measure a

two-dimensional flow field, there are several limitations.

First, even if two-component velocimetry can be imple-

mented, it may not be sufficient to fully characterize flow.

In applications such as the lung and the oviduct, flow is

confined geometrically by the tube-like structures of the

trachea or oviduct, and knowledge of two-component flow

in combination with the orientation of the tube often allows

full characterization of flow. In less constrained geometries

such as the CSF, node, or epithelium of amphibian models,

however, flow may not be directed exactly parallel to the

ciliated surface. In these cases, full characterization of flow

requires estimation of three-component flow fields.

Fig. 6 Early works in the

videomicroscopic study of

ciliary physiology. Panels

(a) and (b) are two consecutive

frames from a 200 frames-per-

second movie of abfrontal cilia

motion in Mytilus edulis (blue

mussel). Images reproduced

from [96], published in 1930.

Panels (c) and (d) are closely

spaced frames from a movie that

captured cilia-driven fluid flow

in a rabbit trachea. Red blood

cells were used as flow tracers.

Images are reproduced from

[188], originally produced in

1934. The scale bar in (b) is for

frames (a) and (b) only
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More practically speaking, two-dimensional particle

tracking velocimetry can be challenging to reliably

implement with light microscopy. Because light micros-

copy does not have optical sectioning capabilities [128],

tracked particles cannot always be localized to a specific

depth. In addition, particle tracking velocimetry requires

the ability to identify individual particles, which in turn

requires imaging contrast between particles and the sur-

rounding fluid. Although standard reflective light

microscopy was sufficient for early experiments, it

became apparent that the mucus in the lungs itself

refracted and scattered light, making it difficult to resolve

tracer particles from the surrounding environment [129].

Thus, in certain cases, light microscopy may not provide

sufficient imaging contrast to reliably identify particles

from background.

These limitations of light microscopy were addressed by

subsequent developments in optical techniques. Fluores-

cent-based methods overcame the imaging contrast

limitation by eliminating non-specific background.

Methods such as confocal microscopy and optical coher-

ence tomography addressed the limitation in optical

sectioning by (1) employing mechanisms for rejecting out-

of-focus light and (2) quantitatively localizing every pixel

in three-dimensional space.

Fluorescence microscopy

Fluorescence microscopy refers to any microscopic

implementation that involves excitation of fluorophores

with light and formation of an image by detection of the

emitted light. In the context of ciliary flow imaging, fluo-

rescence tends to take two forms: epifluorescence and

confocal fluorescence. Epifluorescence refers to the fluo-

rescent excitation of a large area of a sample and the

imaging of the emitted fluorescence with a camera. Like

standard light microscopy, epifluorescence does not offer

any depth sectioning.

Confocal fluorescence, on the other hand, refers to

microscope setups in which fluorescent light is only col-

lected from a very small focal volume. Most confocal

fluorescent setups scan a microscope focus over a sample

and reconstruct an image in a point-wise fashion. Because

fluorescent emission is localized to a specific location,

determined by the pinhole of the microscope, confocal

fluorescent images are by their nature cross-sectional and

provide optical sectioning.

Epifluorescence microscopy

Epifluorescence offers extremely low background and thus

high specificity imaging contrast [130]. Indeed, although

mucus can be auto-fluorescent, the use of fluorescently

labeled microspheres offers increased contrast between

mucus and tracer when compared to standard light

microscopy [20, 129], and is thus attractive for imple-

menting particle tracking and related techniques. In

addition, fluorescent techniques in general allow multi-

plexing of chemical labeling based on different

fluorophores. Although epifluorescence does not offer

depth sectioning, if particles are seeded sparsely, particle

tracking velocimetry can be implemented successfully.

Epithelial imaging with epifluorescence

Epifluorescent particle tracking velocimetry was first

implemented by Winet et al. [129] to study flow in the

ciliated epithelium in frog. They were able to quantify

vectorial flow in a mucus preparation seeded with fluo-

rescent beads and later use depth-dependent changes in

flow to calculate shear stress [131]. After the initial dem-

onstrations, epifluorescent techniques continued to be

important in studying the ciliated epithelium of amphibian

Fig. 7 Quantification of ciliary performance using light microscopy

and entropy of dye mixing, reproduced from [115]. (a) Microfluidic

chip layout; (b, c) time evolution of mixing process, false color insets

show contrast-enhanced flow patterns; (d) time-varying image en-

tropy, a measure of flow performance; (e) maps of local entropy,

another measure of flow performance
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models [20]. For example, one important ongoing research

question in ciliary physiology is how ciliated surfaces

develop directional flow. Quantifying directional flow

development by its very nature requires making directional,

vectorial measurements of velocity. Epifluorescent imaging

was used for a series of studies in Xenopus laevis that

investigated the interplay between tissue patterning,

already known to be important in embryonic life [132], and

subsequent development of flow directionality [19, 21,

133].

Respiratory imaging with epifluorescence

Epifluorescent-based particle tracking has been very

important in studying mucus flow in the respiratory tract

[72]. It has been used to study the effects of mucus removal

on flow [107, 108], the effects of physiological stressors

[134], and development of directional flow in the trachea

[135]. It also became the primary method of estimating

mucus velocity in bronchoepithelial cell culture [22, 136–

138]. Although the most common implementation of epi-

fluorescence is particle tracking of beads, other methods

such as tracing out streaks in time lapse [22] or digital

particle image velocimetry in more densely seeded media

[139] have also been implemented in respiratory imaging.

Nodal flow imaging with epifluorescence

Most studies of cilia-driven fluid flow in the node have

used epifluorescence to quantify flow [140, 141]. Important

studies have been performed to study the effects of

knocking out specific genes such as kif3a [142], kif3b

[143], and dnah9 [144]. Epifluorescent imaging was also

used to study the fluidic dynamics of the node in mam-

malian [40, 145], zebrafish [146, 147], amphibian [80], and

artificial cilia systems [148].

Cerebrospinal fluid (CSF) imaging with epifluorescence

CSF flow is thought to be driven by three factors: the

production and drainage of CSF, vascular pulsations, and

ciliary action [149–151]. Although it is known that patients

with ciliary defects developed hydrocephalus [7, 152, 153],

the exact degree to which cilia contribute to CSF flow

remains an open question. Imaging of CSF flow with

fluorescence, either by injection of beads in vivo [79] or by

dissection of the ventricles is helping to elucidate the role

that cilia play in CSF flow. Epifluorescent particle and dye

tracking have since been used to investigate defects in

genes such has mdnah5 [154] and tg737 [155], to charac-

terize normal development of CSF flow [146, 156], and to

study the role of tissue patterning in the development of

flow directionality [157].

Oviduct imaging with epifluorescence

Epifluorescence has also been used to image oviduct flow

[124], but its use in the oviduct appears to be more limited

than light microscopy. This may be due to the fact that ova

themselves are often tracked in the oviduct, which mini-

mizes the need for seeding fluorescent tracers.

Limitations of epifluorescence

In epifluorescence, as in light microscopy, light emanating

from out-of-focus point objects is blurred but not rejected,

and light from out-of-focus particles can enter the image.

Careful experiments have been able to identify in-plane

particles to reconstruct flow profiles [129, 131], but the

techniques are limited by (1) the fact that there is no

genuine localization and (2) there is potentially significant

amounts of defocused, out-of-plane signal preventing par-

ticle identification unless particles are very sparse. For

these reasons, if vectorial flow information is desired, then

confocal and OCT imaging systems, which are cross-sec-

tional in nature, may offer more robust depth localization

for flow field estimation.

Confocal fluorescent microscopy

Confocal fluorescent microscopy uses a pinhole to reject

out-of-plane light and offers true depth sectioning [158]

with spatial resolution of less than 1 lm [128]. Because it

combines the low background and molecular specificity of

fluorescence with the cross-sectional nature of confocal

microscopy, confocal fluorescence became a very attractive

technique especially for imaging the layered airway surface

liquid (ASL).

Respiratory imaging with confocal

The first use of confocal fluorescent microscopy in cilia-

driven fluid flow that we could identify comes from Matsui

et al. They labeled the airway surface liquid with fluores-

cently tagged dextrans and used confocal microscopy to

image the clearance of dye from a small area where caged

fluorophores had been released [22], a technique similar to

molecular tagging velocimetry. In this study, the high

resolution of confocal microscopy was leveraged to dem-

onstrate a novel physiological finding with regard to the

airway surface liquid. While the periciliary layer was

previously thought to be non-flowing, the authors found

that indeed both the mucus layer and the periciliary

underwent the same rate of fluid transport.

Building on this work, researchers continued to use con-

focal fluorescence to image the airway surface liquid and

showed, for example, the importance of defects in regulating
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airway surface liquid depth in cystic fibrosis [159–163].

Fluorescence microscopy also offers the major advantage

that the layers of the airway surface liquid can be labeled with

either antibody [84, 164, 165] or chemical probes [138], thus

allowing differentiation of mucus layer from periciliary

layer. Because of the ability to differentiate the layers, con-

focal microscopy was also used to study compartmental

transport between the mucus and periciliary layer [137, 165].

Because confocal microscopy requires point scanning,

imaging frame rates are generally slower than epifluores-

cence. PTV requires sufficiently high frame rates needed to

accurately track particles. This speed limitation of scanning

confocal may explain why although particle tracking ve-

locimetry has been implemented in mucociliary flow

imaging [166], the more common implementation of con-

focal fluorescence appears to be in static imaging of airway

surface liquid structure [136].

Oviduct and nodal imaging with confocal

Confocal fluorescence-based particle tracking has been

applied toward imaging flow in the oviduct [167, 168].

With regard to nodal imaging, Supatto et al. [169] used

femtosecond laser ablation to generate fluorescent debris

within Kupffer’s vesicle, the analogous structure of the

node in zebrafish embryo. They used three-dimensional

confocal imaging to generate three-dimensional, three-

component velocity vector fields (Fig. 4) and showed that

flow can be either directional or vortical, depending on

depth. Because vorticity cannot be calculated without

directional velocity components, their work underscores

the importance of three-component velocity imaging.

Other confocal-based measurements: ciliary beat

frequency, fluorescence recovery after photobleaching,

and fluorescence correlation spectroscopy

Due to its high resolution and well defined focal volume,

confocal fluorescent microscopy offers the ability to mea-

sure additional quantities related to ciliary beat frequency

and diffusivity. Because cilia themselves can be fluores-

cently labeled, using a rapid enough confocal microscope

allows quantification of ciliary beat frequency by direct

visualization of the cilia themselves [20, 166, 170].

Moreover, methods of measuring diffusivity such as fluo-

rescent recovery after photobleaching (FRAP) and

fluorescence correlation spectroscopy (FCS) require well-

defined, reasonably Gaussian focal volumes to properly

extract diffusion [64, 171]. Indeed, FRAP has been used to

interrogate the diffusivity of mucus layer versus periciliary

layer in cystic fibrosis versus non-cystic fibrosis patients

[172], and FCS has been used to quantify diffusivity of

viruses in cervical mucus [173].

Limitations of confocal

Confocal fluorescence has allowed for the elucidation of

important mucociliary physiology and will likely con-

tinue to be essential to microfluidic ciliary flow imaging.

Nonetheless, it suffers from a limitation arising from

scanning. In most confocal setups, the signal from just a

single focus is recorded at any given time. That focus is

then scanned in the xy-plane (the en face plane), and the

process is repeated in the axial direction (the z-axis,

along which light propagates) to acquire an entire vol-

ume [174].

Scanning can be performed in the xy-plane through the

use of galvanometric mirrors with no physical attachment

to the sample or objective. For scanning in the z-dimension,

however, most setups require physical scanning of either

the objective or the sample, usually with a piezoelectric

element. That mechanical scanning can itself perturb the

sample [175]. Due to experimental considerations, the

airway surface liquid must be imaged from above [129],

meaning that to resolve the layered structure, scanning

must occur in the z-dimension. In addition, for volumetric

particle tracking, scanning must necessarily occur in the

z-dimension. Overall, then, axial scanning is important for

ciliary flow imaging but is currently a limitation of con-

focal microscopy. The ability to image axially without

mechanically scanning is one important advantage of

optical coherence tomography.

Optical coherence tomography

Optical coherence tomography (OCT) [176–178] is a

microscopic imaging technique that uses the low temporal

coherence light to perform depth ranging. It is often con-

sidered the light-based analog of ultrasound. Axial

resolution in OCT is typically in the *3–10 lm regime.

The axial resolution is determined by the center wave-

length and bandwidth of the light source, two parameters

that determine the temporal coherence length of the light

source. Lateral resolution in OCT is typically

in *5–20 lm regime. In comparison, conventional con-

focal microscopy typically has spatial resolution in the

micron to sub-micron regime. The major advantage of

OCT over confocal, however, is that OCT inherently par-

allelizes acquisition in the z-dimension, thus eliminating

the need for mechanical z-scanning.

OCT has additional advantages over confocal micros-

copy, as well. Because objective lenses with longer focal

lengths are used, typical OCT setups have a long working

distance objective of *2–3 cm, eliminating any possibility

that the ciliary flow system is affected by the physical

presence of the microscope objective. OCT also has the

ability to interferometrically reject multiply scattered
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photons, allowing for relatively deep tissue imaging

(*1–2 mm). Similar to non-fluorescence, reflectance

confocal microscopy, OCT uses differences in backscat-

tered light as contrast, thus allowing for the possibility of

label-free mucus imaging. Finally, OCT is a coherent

detection method, allowing implementation of Doppler

flow imaging. Because of these advantages of OCT over

confocal fluorescent microscopy, there has been a great

deal of recent interest in applying OCT toward imaging

cilia-driven fluid flow.

Optical coherence tomography-based feature tracking

In 2011, Jonas et al. showed the first implementation of

OCT in cilia-driven fluid flow. In this work, they imple-

mented particle tracking velocimetry on polystyrene

microspheres driven by the ciliated skin of Xenopus

embryos [179]. Because acquisition was inherently depth

resolved, they were able to quantify the flow vector field in

two dimensions (xz-plane) and show that the flow speed

and directionality varied significantly as a function of the

distance from the ciliated surface. These findings again

reinforced the importance of both directional and depth-

resolved velocity measurements.

Mucus inherently backscatters light and is composed of

many particles that generate a speckle pattern. A second

application of OCT toward mucociliary flow imaging

involved the use of speckle tracking to calculate the two-

dimensional flow field of mucus in air-liquid interface

cultures [180]. Oldenburg et al. were able to show label-

free, directional measurement of mucociliary flow in a

depth-resolved manner. In addition, they were able to use

time-dependent signals, similar to analysis in light scat-

tering-based approaches, to quantify relative changes in

ciliary beat frequency (CBF) due to gaseous anesthetic.

Notably, however, they were unable to measure absolute

CBF, likely because spatial resolution was not sufficiently

high.

lOCT for mucociliary imaging

Most OCT systems have tradeoff between lateral reso-

lution and axial field of view. That is, one can increase

lateral resolution by increasing the numerical aperture of

the objective lens to increase light focusing, but the axial

field of view (FOV) decreases simultaneously. For a

typical OCT system, lateral resolution may be *10 lm,

while axial FOV is *2 mm. Liu et al. were able to

circumvent this tradeoff using extended depth of focus

imaging sources [181] to extend high lateral resolution

(*1 lm) imaging over a *1 mm FOV [182]. Conse-

quently, they were able to use their lOCT system to

image the layered airway surface liquid structure with

confocal-level resolution, as shown in Fig. 8 [183]. They

were able to achieve high enough resolution to image

individual cilia to make absolute CBF measurements,

while simultaneously using manual feature tracking on

the mucus layer to estimate mucociliary flow. In a fol-

low-up study, they used lOCT methods to investigate the

effects of mucus loading on CBF and periciliary layer

height [184]. Overall, their methods demonstrated that

OCT is capable of simultaneously imaging the layered

structure of the airway surface liquid and cilia themselves

simultaneously.

Dynamic light scattering OCT

As described in ‘‘Point-based (0D) approaches’’, point-

based methods such as dynamic light scattering can be used

to quantify the rate of decorrelation at a given location and

estimate fluid flow speed [58]. Such approaches, in com-

bination with Doppler velocimetry, have been proposed as

an alternative technique for quantifying directional cilia-

driven flow velocity with OCT [68]. Moreover, DLS–OCT

has been used to quantify localized diffusion in the mucus

of air-liquid interface culture [49, 185]. Thus, we believe

that OCT holds promise in quantifying both flow and dif-

fusion in ciliary systems.

Limitations of OCT

OCT has already shown excellent results in imaging cilia-

driven fluid flow, but it does suffer from limitations. As

previously mentioned, OCT has lower resolution than

confocal microscopy. In addition, much like light micros-

copy, image contrast in OCT arises from differences in

light scattering, and thus it lacks the chemical specificity of

fluorescence microscopy. Currently, however, there is

development underway to combine OCT with more

molecular specific imaging modalities such as Raman

spectroscopy to achieve molecular specific signals [186].

As these dual modality techniques mature, they may also

find a place in cilia-driven flow imaging.

Fig. 8 Micro-optical coherence tomography (lOCT) image showing

airway surface liquid, reproduced from [183]. OCT can be used to

differentiate the mucus layer (mu), periciliary layer (pcl), and

individual cilia (green arrows) in relation to epithelial cell layer (ep)
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Conclusions

Cilia-driven fluid flow is an important physiological pro-

cess in multiple organ systems, including the respiratory

tract, the oviduct, the ventricles of the brain, and the

embryonic node. Defects in cilia-driven fluid flow have

significant health ramifications, and thus quantifying fluid

flow in these systems is of great importance. General

methods of velocimetry can be divided into particle versus

dye-based techniques, as well as techniques which rely on

2D or 3D imaging versus those which can be performed

using the signal from a single point (0D).

These velocimetry techniques have been combined pri-

marily with four optical modalities to study microfluidic

flow: light microscopy, epifluorescence, confocal fluores-

cence, and optical coherence tomography. Light microscopy

has historically been the most important modality for quan-

tifying ciliary flow but has been partially replaced by

epifluorescence and confocal fluorescence microscopy,

which are the current standards. Optical coherence tomog-

raphy, a high-speed, cross-sectional microscopic imaging

modality, has recently shown great promise as an emerging

method for microscale imaging of cilia-driven fluid flow.

Advances in imaging speed and resolution will continue to

drive advances in cilia flow physiology.
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128. Inoué S (2006) Foundations of confocal scanned imaging in light

microscopy. In: Pawley JB (ed) Handbook of biological confocal

microscopy, 3rd edn. Springer, New York, p xxviii, p 985

129. Winet H, Yates GT, Wu TY, Head J (1982) On the mechanics of

mucociliary flows. II. A fluorescent tracer method for obtaining

flow velocity profiles in mucus. Prog Clin Biol Res 80:29–34

130. Cheng P-C (2006) The contrast formation in optical microscopy.

In: Pawley JB (ed) Handbook of biological confocal micros-

copy, 3rd edn. Springer, New York, p xxviii, p 985

131. Winet H, Yates GT, Wu TY, Head J (1984) On the mechanics of

mucociliary flows. III. Flow-velocity profiles in frog palate

mucus. J Appl Physiol Respir Environ Exerc Physiol

56(3):785–794

132. Deblandre GA, Wettstein DA, Koyano-Nakagawa N, Kintner C

(1999) A two-step mechanism generates the spacing pattern of

the ciliated cells in the skin of Xenopus embryos. Development

126(21):4715–4728

133. Mitchell B, Stubbs JL, Huisman F, Taborek P, Yu C, Kintner C

(2009) The PCP pathway instructs the planar orientation of

ciliated cells in the Xenopus larval skin. Curr Biol

19(11):924–929. doi:10.1016/J.Cub.04.018

134. Zeltner TB, Sweeney TD, Skornik WA, Feldman HA, Brain JD

(1991) Retention and clearance of 0.9-micron particles inhaled

by hamsters during rest or exercise. J Appl Physiol

70(3):1137–1145

135. Francis RJ, Chatterjee B, Loges NT, Zentgraf H, Omran H, Lo

CW (2009) Initiation and maturation of cilia-generated flow in

newborn and postnatal mouse airway. Am J Physiol Lung Cell

Mol Physiol 296(6):L1067–L1075. doi:10.1152/ajplung.00001.

2009

136. Tarran R, Boucher RC (2002) Thin-film measurements of air-

way surface liquid volume/composition and mucus transport

rates in vitro. Methods Mol Med 70:479–492. doi:10.1385/1-

59259-187-6:479

137. Matsui H, Grubb BR, Tarran R, Randell SH, Gatzy JT, Davis

CW, Boucher RC (1998) Evidence for periciliary liquid layer

depletion, not abnormal ion composition, in the pathogenesis of

cystic fibrosis airways disease. Cell 95(7):1005–1015

138. Worthington E, Tarran R (2011) Methods for ASL measure-

ments and mucus transport rates in cell cultures. In: Amaral MD,

Kunzelmann K (eds) Cystic Fibrosis, vol 742. Methods in

Molecular Biology. Humana Press, pp 77–92. doi:10.1007/978-

1-61779-120-8_5

139. Hussong J, Lindken R, Faulhammer P, Noreikat K, Sharp KV,

Kummer W, Westerweel J (2013) Cilia-driven particle and fluid

transport over mucus-free mice tracheae. J Biomech

46(3):593–598. doi:10.1016/J.Jbiomech.2012.08.020

140. Satir P, Christensen ST (2007) Overview of structure and

function of mammalian cilia. Annu Rev Physiol 69:377–400.

doi:10.1146/annurev.physiol.69.040705.141236

141. Nonaka S (2013) Visualization of mouse nodal cilia and nodal

flow. Method Enzymol 525:149–157. doi:10.1016/B978-0-12-

397944-5.00008-0

142. Takeda S, Yonekawa Y, Tanaka Y, Okada Y, Nonaka S, Hi-

rokawa N (1999) Left-right asymmetry and kinesin superfamily

protein KIF3A: new insights in determination of laterality and

mesoderm induction by kif3A-/- mice analysis. J Cell Biol

145(4):825–836

143. Nonaka S, Tanaka Y, Okada Y, Takeda S, Harada A, Kanai Y,

Kido M, Hirokawa N (1998) Randomization of left-right

Microscale imaging of cilia-driven fluid flow 1111

123

http://dx.doi.org/10.1165/rcmb.2012-0530OC
http://dx.doi.org/10.1371/journal.pone.0004938
http://dx.doi.org/10.1183/09031936.00015108
http://dx.doi.org/10.1183/09031936.00015108
http://dx.doi.org/10.1371/journal.pone.0059925
http://dx.doi.org/10.1371/journal.pone.0059925
http://dx.doi.org/10.1007/S00249-007-0153-3
http://dx.doi.org/10.1039/C3lc50571e
http://dx.doi.org/10.1002/aja.1001380210
http://dx.doi.org/10.1095/biolreprod.108.073874
http://dx.doi.org/10.1111/j.1365-2443.2011.01484.x
http://dx.doi.org/10.1111/j.1365-2443.2011.01484.x
http://dx.doi.org/10.1016/B978-0-12-391856-7.00045-7
http://dx.doi.org/10.1016/B978-0-12-391856-7.00045-7
http://dx.doi.org/10.1371/journal.pbio.0030268
http://dx.doi.org/10.1016/J.Cub.04.018
http://dx.doi.org/10.1152/ajplung.00001.2009
http://dx.doi.org/10.1152/ajplung.00001.2009
http://dx.doi.org/10.1385/1-59259-187-6:479
http://dx.doi.org/10.1385/1-59259-187-6:479
http://dx.doi.org/10.1007/978-1-61779-120-8_5
http://dx.doi.org/10.1007/978-1-61779-120-8_5
http://dx.doi.org/10.1016/J.Jbiomech.2012.08.020
http://dx.doi.org/10.1146/annurev.physiol.69.040705.141236
http://dx.doi.org/10.1016/B978-0-12-397944-5.00008-0
http://dx.doi.org/10.1016/B978-0-12-397944-5.00008-0


asymmetry due to loss of nodal cilia generating leftward flow of

extraembryonic fluid in mice lacking KIF3B motor protein. Cell

95(6):829–837. doi:10.1016/S0092-8674(00)81705-5

144. Vick P, Schweickert A, Weber T, Eberhardt M, Mencl S, Shc-

herbakov D, Beyer T, Blum M (2009) Flow on the right side of

the gastrocoel roof plate is dispensable for symmetry breakage

in the frog Xenopus laevis. Dev Biol 331(2):281–291. doi:10.

1016/j.ydbio.2009.05.547

145. Yoshiba S, Shiratori H, Kuo IY, Kawasumi A, Shinohara K,

Nonaka S, Asai Y, Sasaki G, Belo JA, Sasaki H, Nakai J,

Dworniczak B, Ehrlich BE, Pennekamp P, Hamada H (2012)

Cilia at the node of mouse embryos sense fluid flow for left-right

determination via Pkd2. Science 338(6104):226–231. doi:10.

1126/Science.1222538

146. Kramer-Zucker AG, Olale F, Haycraft CJ, Yoder BK, Schier

AF, Drummond IA (2005) Cilia-driven fluid flow in the zebra-

fish pronephros, brain and Kupffer’s vesicle is required for

normal organogenesis. Development 132(8):1907–1921. doi:10.

1242/dev.01772

147. Essner JJ, Amack JD, Nyholm MK, Harris EB, Yost J (2005)

Kupffer’s vesicle is a ciliated organ of asymmetry in the zebrafish

embryo that initiates left-right development of the brain, heart and

gut. Development 132(6):1247–1260. doi:10.1242/Dev.01663

148. Nonaka S, Shiratori H, Saijoh Y, Hamada H (2002) Determi-

nation of left-right patterning of the mouse embryo by artificial

nodal flow. Nature 418(6893):96–99. doi:10.1038/Nature00849

149. Yamadori T, Nara K (1979) The directions of ciliary beat on the

wall of the lateral ventricle and the currents of the cerebrospinal

fluid in the brain ventricles. Scan Electron Microsc 3:335–340

150. Del Bigio MR (1995) The ependyma: a protective barrier

between brain and cerebrospinal fluid. Glia 14(1):1–13. doi:10.

1002/glia.440140102

151. Cifuentes M, Rodriguez S, Perez J, Grondona JM, Rodriguez

EM, Fernandezllebrez P (1994) Decreased cerebrospinal-fluid

flow-through the central canal of the spinal-cord of rats immu-

nologically deprived of reissners fiber. Exp Brain Res

98(3):431–440

152. Taulman PD, Haycraft CJ, Balkovetz DF, Yoder BK (2001)

Polaris, a protein involved in left-right axis patterning, localizes

to basal bodies and cilia. Mol Biol Cell 12(3):589–599

153. Sapiro R, Kostetskii I, Olds-Clarke P, Gerton GL, Radice GL,

Strauss IJ (2002) Male infertility, impaired sperm motility, and

hydrocephalus in mice deficient in sperm-associated antigen 6.

Mol Cell Biol 22(17):6298–6305

154. Ibanez-Tallon I, Pagenstecher A, Fliegauf M, Olbrich H, Kispert

A, Ketelsen UP, North A, Heintz N, Omran H (2004) Dys-

function of axonemal dynein heavy chain Mdnah5 inhibits

ependymal flow and reveals a novel mechanism for hydro-

cephalus formation. Hum Mol Genet 13(18):2133–2141. doi:10.

1093/hmg/ddh219

155. Banizs B, Pike MM, Millican CL, Ferguson WB, Komlosi P,

Sheetz J, Bell PD, Schwiebert EM, Yoder BK (2005) Dys-

functional cilia lead to altered ependyma and choroid plexus

function, and result in the formation of hydrocephalus. Devel-

opment 132(23):5329–5339. doi:10.1242/Dev.022153

156. Hagenlocher C, Walentek P, ML C, Thumberger T, Feistel K

(2013) Ciliogenesis and cerebrospinal fluid flow in the devel-

oping Xenopus brain are regulated by foxj1. Cilia 2(1):12.

doi:10.1186/2046-2530-2-12

157. Guirao B, Meunier A, Mortaud S, Aguilar A, Corsi JM, Strehl L,

Hirota Y, Desoeuvre A, Boutin C, Han YG, Mirzadeh Z, Cremer

H, Montcouquiol M, Sawamoto K, Spassky N (2010) Coupling

between hydrodynamic forces and planar cell polarity orients

mammalian motile cilia. Nat Cell Biol 12(4):341–350. doi:10.

1038/ncb2040

158. Webb RH (1996) Confocal optical microscopy. Rep Prog Phys

59(3):427–471. doi:10.1088/0034-4885/59/3/003

159. Jayaraman S, Song Y, Vetrivel L, Shankar L, Verkman AS

(2001) Noninvasive in vivo fluorescence measurement of air-

way-surface liquid depth, salt concentration, and pH. J Clin

Investig 107(3):317–324. doi:10.1172/JCI11154

160. Tarran R, Grubb BR, Gatzy JT, Davis CW, Boucher RC (2001)

The relative roles of passive surface forces and active ion

transport in the modulation of airway surface liquid volume and

composition. J Gen Physiol 118(2):223–236

161. Tarran R, Trout L, Donaldson SH, Boucher RC (2006) Soluble

mediators, not cilia, determine airway surface liquid volume in

normal and cystic fibrosis superficial airway epithelia. J Gen

Physiol 127(5):591–604. doi:10.1085/Jgp.200509468

162. Song Y, Namkung W, Nielson DW, Lee JW, Finkbeiner WE,

Verkman AS (2009) Airway surface liquid depth measured in

ex vivo fragments of pig and human trachea: dependence on

Na? and Cl- channel function. Am J Physiol Lung Cell Mol

Physiol 297(6):L1131–L1140. doi:10.1152/ajplung.00085.2009

163. Button B, Okada SF, Frederick CB, Thelin WR, Boucher RC

(2013) Mechanosensitive ATP release maintains proper mucus

hydration of airways. Sci Signal 6(279):ra46. doi:10.1126/

scisignal.2003755

164. Voynow JA, Rubin BK (2009) Mucins, mucus, and sputum.

Chest 135(2):505–512. doi:10.1378/chest.08-0412

165. Button B, Cai LH, Ehre C, Kesimer M, Hill DB, Sheehan JK,

Boucher RC, Rubinstein M (2012) A periciliary brush promotes

the lung health by separating the mucus layer from airway

epithelia. Science 337(6097):937–941. doi:10.1126/science.

1223012

166. Kiyota K, Ueno H, Numayama-Tsuruta K, Haga T, Imai Y,

Yamaguchi T, Ishikawa T (2014) Fluctuation of cilia-generated

flow on the surface of the tracheal lumen. Am J Physiol Lung

Cell Mol Physiol 306(2):L144–L151. doi:10.1152/ajplung.

00117.2013

167. Druart X, Cognie J, Baril G, Clement F, Dacheux JL, Gatti JL

(2009) In vivo imaging of in situ motility of fresh and liquid

stored ram spermatozoa in the ewe genital tract. Reproduction

138(1):45–53. doi:10.1530/REP-09-0108

168. Kolle S, Reese S, Kummer W (2010) New aspects of gamete

transport, fertilization, and embryonic development in the ovi-

duct gained by means of live cell imaging. Theriogenology

73(6):786–795. doi:10.1016/j.theriogenology.2009.11.002

169. Supatto W, Fraser SE, Vermot J (2008) An all-optical approach

for probing microscopic flows in living embryos. Biophys J

95(4):L29–L31. doi:10.1529/Biophysj.108.137786

170. Hadjantonakis AK, Pisano E, Papaioannou VE (2008) Tbx6

Regulates Left/Right Patterning in Mouse Embryos through

Effects on Nodal Cilia and Perinodal Signaling. Plos One

3(6):e2511. doi:10.1371/journal.pone.0002511

171. Hess ST, Webb WW (2002) Focal volume optics and experi-

mental artifacts in confocal fluorescence correlation

spectroscopy. Biophys J 83(4):2300–2317

172. Derichs N, Jin BJ, Song Y, Finkbeiner WE, Verkman AS (2011)

Hyperviscous airway periciliary and mucous liquid layers in

cystic fibrosis measured by confocal fluorescence photobleach-

ing. FASEB J 25(7):2325–2332. doi:10.1096/fj.10-179549

173. Boukari H, Brichacek B, Stratton P, Mahoney SF, Lifson JD,

Margolis L, Nossal R (2009) Movements of HIV-virions in

human cervical mucus. Biomacromolecules 10(9):2482–2488.

doi:10.1021/bm900344q

174. Stelzer EHK (1995) The Intermediate Optical System of Laser-

Scanning Confocal Microscopes. In: Pawley JB (ed) Handbook

of biological confocal microscopy, 2nd edn. Plenum Press, New

York, pp xxiii, 632 p., p 634 of plates

1112 B. K. Huang, M. A. Choma

123

http://dx.doi.org/10.1016/S0092-8674(00)81705-5
http://dx.doi.org/10.1016/j.ydbio.2009.05.547
http://dx.doi.org/10.1016/j.ydbio.2009.05.547
http://dx.doi.org/10.1126/Science.1222538
http://dx.doi.org/10.1126/Science.1222538
http://dx.doi.org/10.1242/dev.01772
http://dx.doi.org/10.1242/dev.01772
http://dx.doi.org/10.1242/Dev.01663
http://dx.doi.org/10.1038/Nature00849
http://dx.doi.org/10.1002/glia.440140102
http://dx.doi.org/10.1002/glia.440140102
http://dx.doi.org/10.1093/hmg/ddh219
http://dx.doi.org/10.1093/hmg/ddh219
http://dx.doi.org/10.1242/Dev.022153
http://dx.doi.org/10.1186/2046-2530-2-12
http://dx.doi.org/10.1038/ncb2040
http://dx.doi.org/10.1038/ncb2040
http://dx.doi.org/10.1088/0034-4885/59/3/003
http://dx.doi.org/10.1172/JCI11154
http://dx.doi.org/10.1085/Jgp.200509468
http://dx.doi.org/10.1152/ajplung.00085.2009
http://dx.doi.org/10.1126/scisignal.2003755
http://dx.doi.org/10.1126/scisignal.2003755
http://dx.doi.org/10.1378/chest.08-0412
http://dx.doi.org/10.1126/science.1223012
http://dx.doi.org/10.1126/science.1223012
http://dx.doi.org/10.1152/ajplung.00117.2013
http://dx.doi.org/10.1152/ajplung.00117.2013
http://dx.doi.org/10.1530/REP-09-0108
http://dx.doi.org/10.1016/j.theriogenology.2009.11.002
http://dx.doi.org/10.1529/Biophysj.108.137786
http://dx.doi.org/10.1371/journal.pone.0002511
http://dx.doi.org/10.1096/fj.10-179549
http://dx.doi.org/10.1021/bm900344q


175. Callamaras N, Parker I (1999) Radial localization of inositol

1,4,5-trisphosphate-sensitive Ca2? release sites in Xenopus

oocytes resolved by axial confocal line scan imaging. J Gen

Physiol 113(2):199–213. doi:10.1085/Jgp.113.2.199

176. Huang D, Swanson EA, Lin CP, Schuman JS, Stinson WG,

Chang W, Hee MR, Flotte T, Gregory K, Puliafito CA, Fujimoto

JG (1991) Optical Coherence Tomography. Science

254(5035):1178–1181. doi:10.1126/Science.1957169

177. Fercher AF, Drexler W, Hitzenberger CK, Lasser T (2003)

Optical coherence tomography—principles and applications.

Rep Prog Phys 66(2):239–303. doi:10.1088/0034-4885/66/2/204

(Pii S0034-4885(03)18703-9)

178. Wojtkowski M (2010) High-speed optical coherence tomogra-

phy: basics and applications. Appl Optics 49(16):D30–D61.

doi:10.1364/Ao.49.000d30

179. Jonas S, Bhattacharya D, Khokha MK, Choma MA (2011)

Microfluidic characterization of cilia-driven fluid flow using

optical coherence tomography-based particle tracking veloci-

metry. Biomed Optics Express 2(7):2022–2034. doi:10.1364/

BOE.2.002022

180. Oldenburg AL, Chhetri RK, Hill DB, Button B (2012) Moni-

toring airway mucus flow and ciliary activity with optical

coherence tomography. Biomed Optics Express

3(9):1978–1992. doi:10.1364/BOE.3.001978

181. Leitgeb RA, Villiger M, Bachmann AH, Steinmann L, Lasser T

(2006) Extended focus depth for Fourier domain optical

coherence microscopy. Opt Lett 31(16):2450–2452. doi:10.

1364/Ol.31.002450

182. Liu L, Gardecki JA, Nadkarni SK, Toussaint JD, Yagi Y, Bouma

BE, Tearney GJ (2011) Imaging the subcellular structure of

human coronary atherosclerosis using micro-optical coherence

tomography. Nat Med 17(8):1010–1014. doi:10.1038/nm.2409

183. Liu LB, Chu KK, Houser GH, Diephuis BJ, Li Y, Wilsterman

EJ, Shastry S, Dierksen G, Birket SE, Mazur M, Byan-Parker S,

Grizzle WE, Sorscher EJ, Rowe SM, Tearney GJ (2013) Method

for quantitative study of airway functional microanatomy using

micro-optical coherence tomography. Plos One 8(1):e54473.

doi:10.1371/journal.pone.0054473

184. Liu L, Shastry S, Byan-Parker S, Houser G, Chu K, Birket SE,

Fernandez CM, Gardecki JA, Grizzle W, Wilsterman EJ, Sor-

scher EJ, Rowe SM, Tearney GJ (2014) An autoregulatory

mechanism governing mucociliary transport is sensitive to

mucus load. Am J Respir Cell Mol Biol. doi:10.1165/rcmb.

2013-0499MA

185. Chhetri RK, Kozek KA, Johnston-Peck AC, Tracy JB, Olden-

burg AL (2011) Imaging three-dimensional rotational diffusion

of plasmon resonant gold nanorods using polarization-sensitive

optical coherence tomography. Phys Rev E Stat Nonlin Soft

Matter Phys 83(4 Pt 1):040903

186. Patil CA, Bosschaart N, Keller MD, van Leeuwen TG, Ma-

hadevan-Jansen A (2008) Combined Raman spectroscopy and

optical coherence tomography device for tissue characterization.

Opt Lett 33(10):1135–1137

187. Weers J, Metzheiser B, Taylor G, Warren S, Meers P, Perkins

WR (2009) A gamma scintigraphy study to investigate lung

deposition and clearance of inhaled amikacin-loaded liposomes

in healthy male volunteers. J Aerosol Med Pulm Drug Deliv

22(2):131–138

188. Negus VE (1934) Action of cilia and the effect of drugs on their

activity. Wellcome Library, UK

Microscale imaging of cilia-driven fluid flow 1113

123

http://dx.doi.org/10.1085/Jgp.113.2.199
http://dx.doi.org/10.1126/Science.1957169
http://dx.doi.org/10.1088/0034-4885/66/2/204
http://dx.doi.org/10.1364/Ao.49.000d30
http://dx.doi.org/10.1364/BOE.2.002022
http://dx.doi.org/10.1364/BOE.2.002022
http://dx.doi.org/10.1364/BOE.3.001978
http://dx.doi.org/10.1364/Ol.31.002450
http://dx.doi.org/10.1364/Ol.31.002450
http://dx.doi.org/10.1038/nm.2409
http://dx.doi.org/10.1371/journal.pone.0054473
http://dx.doi.org/10.1165/rcmb.2013-0499MA
http://dx.doi.org/10.1165/rcmb.2013-0499MA

	Microscale imaging of cilia-driven fluid flow
	Abstract
	An overview of ciliary physiology
	Motile cilia drive fluid flow in multiple organ systems
	Cilia exert their effects over multiple length scales
	Optical techniques are well suited for microfluidic imaging

	Microfluidic velocimetry
	Dye-based approaches
	Dye visualization
	Molecular tagging velocimetry
	Experimental considerations of dye-based imaging

	Particle-based approaches
	Particle tracking velocimetry
	Experimental considerations of PTV
	Measuring diffusivity with PTV
	Digital particle image velocimetry
	Speckle tracking

	Point-based (0D) approaches
	Decorrelation-based approaches
	Fluorescence correlation spectroscopy and fluorescence recovery after photobleaching
	Doppler velocimetry


	Model systems of cilia-driven fluid flow
	Microscale imaging of cilia-driven fluid flow
	Light microscopy
	Epithelial imaging with light microscopy imaging
	Respiratory imaging with light microscopy
	Oviduct imaging with light microscopy
	Nodal imaging with light microscopy
	Limitations of light microscopy

	Fluorescence microscopy
	Epifluorescence microscopy
	Epithelial imaging with epifluorescence
	Respiratory imaging with epifluorescence
	Nodal flow imaging with epifluorescence
	Cerebrospinal fluid (CSF) imaging with epifluorescence
	Oviduct imaging with epifluorescence
	Limitations of epifluorescence

	Confocal fluorescent microscopy
	Respiratory imaging with confocal
	Oviduct and nodal imaging with confocal
	Other confocal-based measurements: ciliary beat frequency, fluorescence recovery after photobleaching, and fluorescence correlation spectroscopy
	Limitations of confocal

	Optical coherence tomography
	Optical coherence tomography-based feature tracking
	microOCT for mucociliary imaging
	Dynamic light scattering OCT
	Limitations of OCT


	Conclusions
	Acknowledgments
	References


