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Abstract

Toxicology is the highly interdisciplinary field studying the adverse effects of chemicals on living
organisms. It requires sensitive tools to detect such effects. After their initial implementation
during the 1990s, single-molecule fluorescence detection tools were quickly recognized for their
potential to contribute greatly to many different areas of scientific inquiry. In the intervening time,
technical advances in the field have generated ever-improving spatial and temporal resolution, and
have enabled the application of single-molecule fluorescence to increasingly complex systems,
such as live cells. In this review, we give an overview of the optical components necessary to
implement the most common versions of single-molecule fluorescence detection. We then discuss
current applications to enzymology and structural studies, systems biology, and nanotechnology,
presenting the technical considerations that are unique to each area of study, along with
noteworthy recent results. We also highlight future directions that have the potential to
revolutionize these areas of study by further exploiting the capabilities of single-molecule
fluorescence microscopy.
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Introduction

In late 1959, American physicist and Nobel laureate Richard Feynman envisioned observing
and arranging atoms one by one (Feynmann 1961), a vision that became reality when optical
single molecule detection came into being in the 1990s. Inspired by the adage that “seeing is
believing,” single-molecule microscopy tools were maturely developed in the late 1990s to
allow visualization of single molecules with a high degree of precision. As we highlighted in
a previous review (Walter et al. 2008), single-molecule study is particularly relevant as it
can provide detailed information about molecular structure, localization, assembly and
reaction mechanisms. Specifically, single-molecule microscopy reveals the heterogeneity of
the sample (McDowell et al. 2010), affords precise localization and counting of molecules
(Pitchiaya et al. 2012), allows for the sensitive detection of low numbers of molecules in
cells without the need for enrichment (Pitchiaya et al. 2014), enables quantitative
measurement of Kinetics (Krishnan et al. 2013), reveals rare or intermediate species, and
enables miniaturization and multiplexing of biological assays. In the last 30 years, the field
of fluorescence microscopy has been revolutionized by techniques such as single-molecule
fluorescence resonance energy transfer (SmFRET), a wide array of super-resolution
microscopy approaches, and intracellular single-molecule detection. As a result, single-
molecule microscopy is contributing at ever-increasing rates to fields as diverse as
enzymology, structural biology, systems biology and nanotechnology (Banerjee and Deniz
2014; Joo et al. 2008; Li and Xie 2011; Wildenberg et al. 2011; Xia et al. 2013). Each of
these fields is relevant to toxicology as the discipline that broadly studies the adverse effects
of chemicals on living organisms. Toxicology requires sensitive tools to detect such effects,
and single molecule microscopy offers the ultimate level of chemical sensitivity.

This review will focus on fluorescence-based single-molecule detection, which offers
numerous advantages beyond the ability to visualize individual molecules directly. The use
of multiple fluorophores with different excitation and emission properties allows
multiplexing of signals within one sample and optical setup, while the ability to observe
hundreds of molecules in a single field of view allows statistically robust datasets to be
accumulated rapidly. In addition, the set of single molecule fluorescence-based observables
is constantly expanding. For example, recent work has demonstrated single-molecule
fluorescence detected linear dichroism (Phelps et al. 2013), which is sensitive to the
orientation of the absorbing and emitting probe, and has extended single-molecule detection
into the ultraviolet range of the spectrum (Aleman et al. 2014), allowing powerful probes
such as fluorescent nucleic acid base analogues to be utilized. With such a powerful toolkit,
scientific questions that are of immense scope and depth can be addressed through single-
molecule fluorescence. The layout of this review is as follows. First, we discuss the optical
setups necessary for single-molecule fluorescence detection, focusing on those aspects that
are shared by the most common approaches rather than on the details of any single
approach. Second, we discuss current applications of single molecule fluorescence to
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enzymology and structural biology, systems biology, and nanotechnology, focusing on
technical considerations unique to these applications as well as on recent results in these
fields empowered by single-molecule fluorescence. We end with a preview of advances to
come.

Single-molecule fluorescence optical setups

The five basic components of single-molecule optical detection are the microscope, light
source(s), optical detector(s), probe(s) and sample (Lackowickz 2007; Walter et al. 2008).
The requirements for the probes and sample have been reviewed in detail elsewhere (Ha and
Tinnefeld 2012; Pitchiaya et al. 2014; Roy et al. 2008; Walter et al. 2008; Wang et al. 2014;
Xia et al. 2013), so here we focus on the requirements of the optical system.

The light source and associated optics

While single-molecule detection can be accomplished using a broadband light source such
as a halogen lamp as the excitation source, continuous-wave (CW) lasers are preferred
because their high powers and narrow bandwidths allow specific fluorophores to be
efficiently and selectively excited. Diode lasers and diode-pumped solid-state lasers are
particularly popular because of their compact size and the wide range of wavelengths
available. One of the most common lasers used in single-molecule fluorescence
measurements is diode-pumped Nd:YV Oy, which lases at 1064 nm, typically followed by
frequency doubling to 532 nm. Pulsed lasers are used for specialized varieties of single-
molecule detection, such as fluorescence lifetime imaging and two-photon absorption
microscopy. Continuous variation of the laser power can be achieved either with a
combination of a half-wave plate and polarizer or with a continuously variable neutral
density filter. A challenge common to all single-molecule microscopy is the elimination of
background signal, which is usually accomplished by confining the excitation volume to a
small region of the sample. While countless variations exist, one of the most common
solutions to this problem is total internal reflection fluorescence microscopy (TIRFM) (Fig.
1a, b). In TIRFM, a laser beam is coupled into an object of high refractive index above the
critical angle for total internal reflection. In the sample, which resides on the far side of the
interface at which TIR occurs, an evanescent field is generated that penetrates only ~50-150
nm, depending on the incidence angle and the relative refractive indices at the interface
(Axelrod et al. 1984; Walter et al. 2008). Thus, only molecules residing close to the interface
can be excited, avoiding background fluorescence from the bulk of the sample. TIRFM is
typically accomplished by coupling the laser beam into either a prism (Fig. 1a) or a
microscope objective (Fig. 1b). In the former, the prism sits on a microscope slide and the
objective contacts the opposite face of a sample chamber that is constructed on the slide. In
the latter, both excitation and detection occur through the same objective, yielding the
advantage that the opposite face of the sample chamber has no requirements for shape, size
or optical properties.

The detector and associated optics

Single-molecule fluorescence detection is most often accomplished by imaging. In vivo, this
allows the locations of molecules to be determined relative to the higher-order structures of

Arch Toxicol. Author manuscript; available in PMC 2015 November 01.



1duosnue Joyiny 1duosnue Joyiny 1duosnuen Joyiny

1duosnuep Joyiny

Widom et al.

Page 4

cells, while in vitro it allows one to observe a large ensemble of individual immobilized
molecules, obtaining statistically reliable datasets in a minimum amount of time. The most
common types of detectors used for single-molecule fluorescence imaging are charge
coupled device (CCD) cameras, particularly intensified CCDs (iCCDs) and electron-
multiplied CCDs (emCCDs). While emCCDs generally offer higher quantum efficiency than
iCCD photocathodes, iCCDs (in which each pixel operates similarly to a photomultiplier
tube) offer amplification prior to the introduction of noise sources such as image readout.
Depending on signal-to-noise ratio and excitation power, setups utilizing these cameras can
readily achieve time resolutions on the order of tens of milliseconds. If one is concerned
with achieving the highest-possible time resolution, typically down to tens of microseconds
(Konig et al. 2013; Phelps et al. 2013), one may sacrifice the advantages of a large field of
view and instead image one molecule at a time onto a single-photon counting avalanche
photodiode (APD). This is accomplished by placing a pinhole in the emission path to allow
only the signal from one molecule to reach the detector.

To maximize the detection of true signals and rejection of spurious signals, the optical path
from excitation to detection must be optimized. For optimal stability and rejection of
background, this region of the optical setup should be thoroughly shielded from dust,
mechanical disturbance and outside light. High-quality optical filters are required to transmit
the emission of the fluorophore in use while rejecting scattered laser light. To take
advantage of multiplexed excitation and detection, it is necessary to separate signals from
different fluorescent species (the donor and acceptor in SmFRET, for example). By utilizing
dichroics that transmit the emission of one of the fluorescent species while reflecting the
emission of the other, their fluorescence signals can be separated and projected onto
different cameras (Fig. 1b) or different parts of a single camera’s active area (Fig. 1a). An
especially compact implementation is the Sagnac interferometer, which requires only a
single dichroic and two mirrors, with the same dichroic separating the two signals and re-
collimating them onto parallel paths to be directed at adjacent regions of a single camera
(Lee et al. 2013).

Single-molecule fluorescence microscopy is commonly performed on glass or quartz slides
using immobilized fluorophore-labeled biomolecules, but can also be performed in living
bacteria or eukaryotic cells. The in vitro approach (Fig. 1c) permits the sample conditions to
be strictly controlled by the use of purified components, allowing for low background noise
and slow photobleaching. For in vivo experiments (referring here mostly to those in single
live cells), the cell largely determines the sample conditions, creating new challenges and
opportunities (Fig. 1d). Recent advancements in direct labeling strategies and genetic
engineering of fluorescent protein fusions, along with improved single molecule detection
using superresolution fluorescence imaging methods, such as photoactivatable localization
microscopy (PALM) and stochastic optical reconstruction microscopy (STORM), have
facilitated the transition to direct visualization of fluorescently-labeled biomolecules in
living or fixed cells (Li and Xie 2011; Patterson et al. 2010; Pitchiaya et al. 2014). In vivo
single-molecule fluorescence microscopy is revolutionizing how biomolecules are detected
in their natural environment, wherein almost any biological phenomenon can be
investigated, including microRNA-protein assembly (Pitchiaya et al. 2012), mRNA
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transport (Grunwald et al. 2011; Ma et al. 2013; Park et al. 2014), splicing (Vargas et al.
2011; Waks et al. 2011), gene expression (Martin et al. 2013; Raj et al. 2006) and protein
assembly (Xu et al. 2013). In addition to biological applications, single-molecule
fluorescence microscopy techniques have contributed to great progress in several other
research areas. We will exemplify the versatility of single-molecule fluorescence techniques
by discussing their application to nucleic acids in particular.

The specifics of the ideal optical setup, probe(s) and sample(s) will vary among different
applications of single-molecule fluorescence detection. In the remainder of this review, we
discuss the application of single-molecule fluorescence to enzymology and mechanistic
studies, systems biology, and nanotechnology. We highlight the technical considerations
relevant to each of these applications, and present recent work that highlights developments
in these fields.

Enzymology and structural biology through single-molecule fluorescence

Enzyme function derives from the unique combination of structure and dynamics, and
single-molecule fluorescence techniques are uniquely suited for the study of enzymology
and structural biology for a number of reasons. The catalysis of a chemical reaction is
necessarily a dynamic process, involving at a minimum the steps of substrate binding,
catalysis and product release, often involving conformational rearrangements (understood
here as a domain of structural biology). The study of these processes is therefore greatly
enhanced by techniques like single-molecule fluorescence that report on structure and
function in real time, essentially allowing one to ‘watch’ an enzymatic process as it occurs
without the need for synchronization of molecules to reach a detectable ensemble-averaged
signal. In addition, complex catalysts like proteins and macromolecular machines are often
heterogeneous, and single-molecule techniques enable the differentiation of different
subpopulations, as exemplified in studies of functionally different folded species of the
hairpin ribozyme (Ditzler et al. 2008; Zhuang et al. 2002) as well as other RNA (Marek et
al. 2011), DNA (Hyeon et al. 2012) and protein molecules (Liu et al. 2013). Finally, single-
molecule fluorescence offers large flexibility in experimental observables, such as through
the choice and placement of probes, allowing experiments to be fine-tuned to address the
scientific question of interest.

One of the most common approaches to enzymology is single-molecule fluorescence
resonance energy transfer (SmFRET, Fig. 2a) (Roy et al. 2008). In this approach, a pair of
donor and acceptor fluorophores is placed strategically so that specific states of the system
of interest place them in close proximity to each other, allowing efficient energy transfer
from the excited donor to the acceptor (a ‘high FRET’ state), while other states place them
far apart (a ‘low FRET’ state). For typical donor-acceptor pairs, FRET is sensitive to donor-
acceptor distance changes over the range of ~20-80 Angstroms, making it well suited for the
study of local conformational changes, or global conformational changes in small systems.
Examples of the use of sSmFRET in enzymology include the sampling of active
conformations by small ribozymes (Bokinsky et al. 2003; Ditzler et al. 2008; Liu et al. 2007,
McDowell et al. 2010; Pereira et al. 2008; Rueda et al. 2004; Silva and Walter 2009; Zhuang
et al. 2002), and conformational changes in the pre-mRNA within the spliceosome (Abelson
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et al. 2010; Krishnan et al. 2013). In addition, the conformations sampled by riboswitches in
ligand-free and ligand-bound states were investigated (Suddala et al. 2013). For large
complexes, colocalization single-molecule spectroscopy (CoSMoS, Fig. 2b) (Hoskins et al.
2011) allows for the determination of binding and dissociation times and kinetics of multiple
components, labeled with different fluorescent dyes to enable separate detection. This
technique has, for example, been applied to the spliceosome to study the binding and
dissociation of the U1, U2 and U5 snRNPs (Hoskins et al. 2011). Colocalization and
superresolution fluorescence microscopy techniques (discussed in more detail in the systems
biology and nanotechnology sections) are also well suited to report on higher-order
structure.

While smFRET and CoSMosS report on the conformations and assembly states of enzymes
or macromolecular complexes, other approaches are available that report directly on
substrate binding and the catalysis of chemical reactions. Fluorescent NTP analogues have
been used to directly visualize the binding and dissociation of NTPs (Fig. 2c), as was done
to study DNA replication (Eid et al. 2009). These experiments often require additional
considerations to prevent the high concentrations of NTPs required (~uM) from generating
an excessive fluorescence background signal. To address this challenge, techniques have
been developed that utilize zero mode waveguides to confine the detection area to a small
volume around a molecule of interest (Eid et al. 2009; Elting et al. 2013). Arguably the most
direct observation of enzyme catalysis is permitted by fluorogenic substrates or cofactors
(Fig. 2d), which were used in the context of a flavoenzyme in some of the first reported
single-molecule enzymology studies (Lu et al. 1998; Lu and Liu 2006). This approach is
confined to the increasing number of enzymes for which such substrates exist, with some of
the most popular being resorufin-based compounds such as resorufin-f-D-galactopyranoside
(RGP), a fluorogenic substrate of B-galactosidase (English et al. 2006). Finally, the toolbox
of spectroscopic observables that can be measured under physiological conditions at the
single-molecule level continues to expand, with recent reports of single-molecule absorption
(Chong et al. 2010; Gaiduk et al. 2010; Kukura et al. 2010) and fluorescence detected linear
dichroism (smFLD) (Phelps et al. 2013), which has been applied to the study of
bacteriophage T4 helicase and primase. In addition, single-molecule studies using UV
excitation have enabled observation of local nucleic acid structure through the use of
fluorescent base analogues (Alemén et al. 2014). The use of an infrared laser to induce
temperature jumps, combined with single-molecule FRET (termed laser-assisted single-
molecule refolding, LASR), yields new insight into the folding and unfolding of
macromolecules (Zhao et al. 2010).

The wide variety of recent studies in single-molecule enzymology and structural biology
extend from individual proteins and ribozymes to megaDalton macromolecular machines.
The next section will highlight some specific studies that provide examples of the expanding
scope and depth of single-molecule fluorescence studies, applied to a variety of RNA and
protein systems.
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The hammerhead ribozyme

Small catalytic RNAs, RNA enzymes or ribozymes have provided a fertile platform for
single-molecule fluorescence studies due to their favorable size and ease of labeling with
organic fluorophores. In the hammerhead ribozyme, which is found in satellite RNAs
associated with certain plant viruses where it has a critical enzymatic function during
satellite RNA replication (Walter and Perumal 2009), the conformational dynamics leading
to catalysis were investigated (McDowell et al. 2010). This work has both structural and
catalytic components, as they investigated the relationship between loop-loop tertiary
interactions and the sampling of catalytically active conformations. By placing a FRET
donor and acceptor on the ends of Stem I and Stem Il (Fig. 3a), changes in the proximity of
loops within each of these stems could be monitored through changes in FRET. The
extended hammerhead ribozyme used in this work exhibited at least four distinguishable
FRET states, in contrast to fewer observed in the minimal hammerhead ribozyme that lacks
these loops. A state with a FRET efficiency of ~0.7 became significantly populated only at
high magnesium ion concentration, and only in the catalytically active wild-type ribozyme
(Fig. 3b), suggesting that this state corresponded to the catalytically active conformation.
This state was absent or less populated in mutant ribozymes in which the tertiary loop-loop
interactions were diminished. Nevertheless, this state was visited only transiently even under
optimum conditions for catalysis. Molecular dynamics simulations were performed on
ribozymes with intact, partially disrupted, and fully disrupted loop-loop interactions. It was
found that both of these disruptions significantly reduced the ribozyme’s sampling of
favorable, near-180° in-line attack angles, consistent with the lower chemical reactivity of
ribozymes with disrupted loop-loop interactions (McDowell et al. 2010).

Pre-mRNA dynamics in splicing
While smFRET is now regularly applied to individual proteins and RNAs, its application to
large macromolecular complexes has been slower due to challenges associated with complex
purification and data analysis. The application of SmFRET to the large RNA-protein
complexes of the spliceosome (Fig. 4) (Abelson et al. 2010; Krishnan et al. 2013) therefore
illustrates how the envelope can be pushed in the field. The spliceosome carries out the
process of splicing by excising non-protein coding introns from precursor messenger RNAs
(pre-mRNAS) and ligating together protein-coding exons. Splicing was studied using a pre-
MRNA harboring the yeast Ubc4 intron, which is short enough to permit chemical synthesis
while being efficiently spliced in vitro. In initial work, a donor fluorophore was placed
adjacent to the 5' splice site and an acceptor fluorophore was placed near the 3' splice site,
allowing changes in the proximity of these two sites to be monitored throughout the process
of splicing (Abelson et al. 2010). Blocks were introduced into the splicing cycle to allow for
the pre-mRNA conformation and dynamics to be monitored at well-controlled points in the
cycle. Pre-mRNA was found to dynamically fold and unfold in buffer, in the absence of any
spliceosomal components. Addition of yeast extract (to provide all of the necessary
spliceosomal protein and RNA components) that had been depleted of ATP led to an
enrichment of low-FRET states. Upon addition of +ATP extract, the pre-mRNA favored
higher-FRET conformations, indicating that the 3' and 5' splice sites were brought into
closer proximity. Meanwhile, a substrate with a mutation in the branch point sequence
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showed little change with time or ATP. This substrate would be expected to stall prior to any
major steps in splicing, suggested that the changes with time and ATP observed for the wild-
type substrate were indeed the result of spliceosome assembly. A major observation in this
work was that for any given pair of FRET states, both forward and reverse transitions
occurred, often with approximately the same rates, indicating that the spliceosome operates
near equilibrium (Abelson et al. 2010). This suggests a re-evaluation of the role of ATP in
splicing, implying that the numerous ATPases involved function by unlocking intrinsic
fluctuations in the complex, rather than driving rearrangements forward.

More recent work (Krishnan et al. 2013) focused specifically on the first step of chemistry in
splicing, in which the branchpoint adenosine attacks the 5' splice site to generate a lariat
exon intermediate. This work used a different approach to stalling and immobilizing
spliceosomal complexes. Yeast extract was prepared with spliceosomes stalled before step 1
by a heat-sensitive mutation in the ATPase Prp2, and these complexes were immobilized on
a slide through an affinity tag on the nineteen complex (NTC) (Fig. 4a). It was found that the
stalled complexes adopted a relatively static low-FRET state. Addition of Prp2, Spp2 and
ATP unlocked transitions between this low-FRET state and mid- and high-FRET states, and
allowed first step chemistry to occur, albeit inefficiently. Further addition of Cwc25 greatly
increases the occupation of the high-FRET state (Fig. 4b,c), and increases the efficiency of
first-step splicing. These observations are consistent with the spliceosome acting as a biased
Brownian ratchet as envisioned by Feynman for molecular machines operating at the
nanoscale (Feynman 1963) - Prp2 unlocks thermal fluctuations between low- and high-
FRET states, and Cwc25 acts as a “pawl” that captures the high-FRET state, facilitating first
step chemistry (Krishnan et al. 2013).

Other groups have also applied single-molecule fluorescence spectroscopy to the study of
large macromolecular machines. In Hoskins et al. (Hoskins et al. 2011), spliceosomal
components such as the U1 snRNP and the NTC were labeled with fluorophores, and
colocolization single-molecule spectroscopy (CoSMoS) was used to determine the order and
kinetics of their assembly on the pre-mRNA substrate. Single-molecule fluorescence has
also been extended to the ribosome. A variety of different labeling schemes and
experimental configurations have been used to probe relative motion between the 30S and
50S subunits in initiation complexes, the roles of initiation factors in assembly of
elongation-competent ribosomes, the dynamics of tRNAs and critical regions of the
ribosome during elongation, and the conformational changes that result in termination
(Aitken et al. 2010; Chen et al. 2012). For example, Uemura et al. (Uemura et al. 2010) used
fluorescently-labeled tRNAs to track the tRNA occupation of different binding sites on the
ribosome. This required the use of zero mode waveguides to permit physiological
concentrations of tRNAs. In addition, work by Chen et al. (Chen et al. 2011) measured
FRET between different tRNAs as well as between tRNAs and ribosomal proteins in order
to track ribosome translocation.

The preQ1 riboswitch as a paradigm for mechanistic single-molecule studies

Riboswitches are structured RNA motifs that regulate the expression of up to 4% of all
bacterial genes (Breaker 2011). While they themselves are not enzymes, they share many
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properties with enzymes such as conformational dynamics and ligand (*substrate™) binding,
and different types of riboswitches regulate the activities of enzymes such as RNA
polymerase and the ribosome. A 2013 study of the preQ1 riboswitch (Suddala et al. 2013)
provided insight into the “activation” of partially folded RNA structures by magnesium ions
and ligands, yielding results that are generally applicable to enzymes as well. The ligand
preQ1, which the riboswitch responds to, is an intermediate on the biosynthetic pathway of
queuosine, a derivative of guanine that is incorporated into certain tRNAs. Despite very
similar sequences in the ligand binding domain, the preQ1 riboswitches in the species
Bacillus subtilis (Bsu) and Thermanaerobacter tengcongensis (Tte) regulate gene expression
by different mechanisms. The Bsu riboswitch operates by inducing transcription termination
in the presence of preQ1, while the Tte riboswitch inhibits translation by sequestering part of
the Shine-Dalgarno sequence in the presence of preQ1.

Both the Bsu and the Tte riboswitches contain a stem-loop structure (with the stem denoted
P1 and the loop denoted L1), as well as an AU-rich 3' tail that under conditions of high
ligand and/or MgZ* concentration can interact with L1 (forming a helix denoted P2) (Fig.
5a). In a recent study (Suddala et al. 2013), a donor fluorophore was placed on the end of the
3'tail and an acceptor fluorophore was placed in L1, so that when the P2 helix formed, a
high-FRET state would result (Fig. 2a). The central question of this work, which is relevant
for enzymes as well, was where the riboswitches operate on the continuum of
conformational selection to induced fit mechanisms. In a conformational selection
mechanism, the riboswitch samples multiple conformations in the absence of ligand, and the
ligand binds to the one that most closely resembles the ligand-bound state. In an induced fit
mechanism, the ligand instead binds to a conformation that is different from that of the
bound state, and induces a structural change into the bound conformation. Both riboswitches
were found to dynamically sample both high- and mid-FRET states in the absence of ligand,
and increasing concentrations of ligand increased the percentage of molecules in the high-
FRET state. For the Tte, but not the Bsu riboswitch, this change was accompanied by an
increase in the mean FRET value of each state (Fig. 5b). This observation provided the first
clue that Bsu operates by conformational selection, with ligand selecting the high-FRET
state for binding but not modifying the structures of the two states (Fig. 5¢). Conversely, it
suggested that Tte operates by induced fit, with ligand modifying the underlying states upon
binding (Suddala et al. 2013).

Coarse-grained TOPRNA simulations, which represent each nucleotide using three pseudo-
atoms, were used to identify the structures of the mid- and high-FRET states (Suddala et al.
2013). Structures with the tail partially docked led to inter-fluorophore distances of 35-45
A, consistent with the mean FRET value and broad distribution of the mid-FRET state.
Meanwhile, the fully folded conformation produced a narrow distance distribution centered
at 25 A, consistent with the high-FRET state. Further investigation utilized Go-model
simulations to compare the folding pathways of the two riboswitches. These simulations
found that in the Bsu riboswitch, ligand binding does not occur until the P1 helix is almost
fully formed, while in the Tte riboswitch, ligand binding occurs concomitantly with P1
folding. This further supported the assignment of the conformational selection mechanism to
the Bsu and the induced fit mechanism to the Tte riboswitch (Fig. 5¢). These same
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mechanisms are found in both ribozymes and protein enzymes, and can be highly relevant to
the design of drugs targeting them.

Future directions in single-molecule enzymology and mechanistic studies

Single-molecule techniques are being applied to an ever-expanding set of targets, beyond
basic RNA, DNA and protein systems. Recently, Zhou et al. used fluorogenic substrates to
image the activity of individual gold nanoparticle catalysts (Zhou et al. 2013). In addition,
Jimenez et al. determined the sequences of enzymes from ancestral species and used single-
molecule force spectroscopy to study their reaction mechanisms and folding stability (Perez-
Jimenez et al. 2011). Single-molecule techniques are also increasingly applied to systems
that are directly relevant to human health. These include the intrinsically disordered viral
oncoprotein E1A (Ferreon et al. 2013), and the effects on protein folding of mutations
related to Parkinson’s disease (Ferreon et al. 2010). Clearly, the variety of systems to which
such single-molecule techniques can be applied is limited only by our imagination.

Future directions in this field include translating in vitro observations into biologically
relevant discoveries by studying macromolecular structure and function under increasingly
in vivo-like conditions. Such conditions include experiments in the presence of chemical
crowding agents such as polyethylene glycol (Dupuis et al. 2014; Strulson et al. 2012), in
cell extract (Abelson et al. 2010; Krishnan et al. 2013) and ultimately, in live cells (Martin et
al. 2013). In addition, the study of natural enzymes inspires the design of novel enzymes and
enzyme systems. The construction of such systems has been facilitated by the development
of approaches like DNA nanotechnology, which allows multiple enzymes to be positioned in
space in layouts that benefit catalysis (Fu et al. 2014). Finally, single-molecule “crystal
structures’ have become a real possibility thanks to the development of x-ray free electron
lasers (XFELSs). With the structures photosystem | nanocrystals (Chapman et al. 2011) and
single molecules of 2,5-diiodobenzonitrile starting to be solved by X-ray diffraction from
XFELs (Kupper et al. 2014), it may only be a matter of time before we can solve the full
‘crystal structure’ of a single protein molecule.

Single-molecule systems biology

In the preceding section, we focused on recent scientific advancements using in vitro single-
molecule fluorescence microscopy to study surface-constrained biomolecules. The goal of in
vitro studies is to characterize biomolecules in a well-controlled environment, but these
studies inevitably fall short of recapitulating the complex networks and pathways found in
living cells. Recent advances in single-molecule fluorescent microscopy now allow
functional biomolecules to be introduced into cells using relatively noninvasive techniques,
followed by visualizing their location and movement at high spatial and temporal precision.
Systems biology is an emerging multidisciplinary approach that aims to understand the
system-wide properties of a biological system, such as a cell, by combining experimental
measurements of its components with computational modeling. Biology is fundamentally
stochastic in nature, leading to diverse, spatiotemporally inhomogeneous distributions of
molecules within as well as across individual cells, even of a clonal cell line or a (tumor)
tissue (Li and Xie 2011; Pitchiaya et al. 2014; Xie et al. 2006). The resulting
inhomogeneities — involving short-lived and/or rare pathway and reaction intermediates,

Arch Toxicol. Author manuscript; available in PMC 2015 November 01.



1duosnue Joyiny 1duosnue Joyiny 1duosnuen Joyiny

1duosnuep Joyiny

Widom et al.

Page 11

dispersed cellular localization and time evolution, and a multitude of parallel mechanisms of
action and non-linear responses from complex multi-hub networks that lead to emergent
behaviors — together form the very foundation of biomolecular function. A case can thus be
made that a single-molecule based interrogation in service of systems biology is poised to
contribute functionally critical insights into spatiotemporal inhomogeneities and stochastic
behaviors of biomolecules, including DNAs, RNAs, proteins and metabolites; features that
are inaccessible using ensemble-averaging techniques. To this end, the behaviors of
fluorescently-tagged cellular components need to be interrogated in vivo in response to
environmental perturbations, including the administration of drugs, potentially aiding the
development of therapeutics. In this section, we briefly describe in vivo fluorescent probes,
provide an overview of in vivo single-molecule fluorescence microscopy techniques and
summarize some recent reports using in vivo single-molecule fluorescence microscopy to
study living cells that eventually will lead to a true single-molecule systems biology as
previously envisioned (Walter et al. 2008).

Fluorescent probes and microscopy techniques suitable for in vivo studies

To visualize single biomolecules, they must first be genetically modified with a fluorescent
protein tag or chemically modified with an organic fluorescent probe (Pitchiaya et al. 2014).
Fluorescent protein tags have been most broadly applied for use in intracellular fluorescence
microscopy. The prototype fluorescent protein tag, green fluorescent protein (GFP), was
first purified from jellyfish Aequorea victoria in the 1960’s (Shimomura et al. 1962) and
subsequently cloned for use as a genetic tool in the 1990’s (Prasher et al. 1992). Currently,
fluorescent proteins are offered in a variety of colors spanning the visible spectrum,
including blue, cyan, green, yellow, and red, and have found use in fluorescence microscopy
partly due to the ease with which these sequences can be manipulated in protein expression
plasmids to tag a protein of interest. For single-molecule studies, this labeling strategy is
particularly useful for imaging localized proteins, protein aggregates or high affinity RNA-
protein complexes, such as phage MS2 coat protein-MS2 stem-loop and lambda N peptide-
boxB labeling systems (Keryer-Bibens et al. 2008). However, fluorescent proteins have
limitations in their use for single-molecule fluorescence microscopy. Adding a fluorescent
protein tag may perturb normal protein function and therefore, prior to any in vivo studies,
the function of the tagged protein must be tested. As an alternative to fluorescent protein
tags, it may be advantageous to chemically modify the biomolecule of interest with a small
organic fluorophore, i.e., rhodamine, cyanine, oxazine, BODIPY or perylene derivatives
(Harada et al. 2014; Juette et al. 2014; Yuan et al. 2013). Small fluorophores have the
advantage of emitting more fluorescent photons and blinking less than fluorescence proteins,
thus making them quite suitable for single-molecule studies. These molecules are typically
introduced into cells by microinjection or electroporation.

Transfection (either stable or transient) and overexpression of fluorescently-tagged proteins
often results in an inhomogeneous cellular distribution and high cellular fluorescence
density, thereby obscuring the ability to detect single particles. To address this challenge,
super-resolution fluorescence microscopy methods were developed that rely on stochastic
switching of fluorophores between bright and dark states — so called ON and OFF states
(Johnson-Buck et al. 2013; Walter et al. 2008). These techniques include photoactivated
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localization microscopy (PALM), point accumulation for imaging in nanoscale topography
(PAINT), stochastic optical reconstruction microscopy (STORM), stimulated emission
depletion (STED), and fluorescence imaging with one nanometer accuracy (FIONA)
(Jungmann et al. 2014; Jungmann et al. 2012; Nienhaus and Nienhaus 2014; Sengupta et al.
2012; Stracy et al. 2014; Walter et al. 2008). Using these techniques, the reconstruction of
an object can be achieved at high precision by localizing the centers of the mountain-shaped,
diffraction-limited point spread functions (PSFs) of images obtained from single fluorescent
molecules associated with the object through a software-based fitting routine. The working
principle of how these techniques beat the classical diffraction limit of ~200 nm by a factor
of ~10-100-fold has been outlined in a previous review (Walter et al. 2008). PALM serially
photoactivates and deactivates many sparse subsets of photoactivatable fluorophores to
produce a time sequence of images whose PSF analysis is combined into a super-resolution
composite. PAINT uses continuous specific or nonspecific binding and dissociation or
photobleaching of diffusing fluorescent probes to an object for high-resolution imaging. A
microscope capable of total internal reflection fluorescence (TIRF) or highly inclined and
laminated optical sheet microscopy (HILO) is required to reject the background signal from
freely diffusing fluorescent probes. Similarly, STORM uses photo-switchable fluorophores
to image a stochastically different sparse subset in each switching cycle and then all images
are combined into a super-resolution composite. By contrast, STED uses overlapping light
beams to cause stimulated emission in the surrounding emitters, reducing the effective focal
detection spot in size. 3D imaging using these techniques is made possible by introducing a
cylindrical lens between the objective and imaging lens (Huang et al. 2008). FIONA laid the
foundation for STORM, PALM and PAINT in that only a single fluorescent molecule is
ever deployed within a diffraction-limited area; a time series of images therefore allows for
spatiotemporal tracking of this molecule by finding the center of its PSF in each sequential
image. A two-color version of FIONA called single-molecule high-resolution colocalization
(SHREC) was also demonstrated (Churchman et al. 2005). For specifics on experimental
configurations and on choosing the proper tool for a given task, the reader is referred to our
previous review (Walter et al. 2008).

Due to the complex milieu of the cell, single-molecule analyses in living cells require
special considerations that are reviewed in detail elsewhere (Gahlmann and Moerner 2014;
Nienhaus and Nienhaus 2014; Pitchiaya et al. 2014). As mentioned in the introductory
section, TIRF microscopy is the most common method for the excitation and detection of
single molecules, as it effectively removes spurious signal from background
autofluorescence and out-of-focus fluorophores. For in vivo single-molecule studies,
however, near-TIRF or HILO microscopy is preferred, wherein a thin sheet of illumination
penetrates above the basal membrane of the cell and into the cytoplasm beyond the typical
~100 nm achieved using TIRF (Fig. 1b, d). In addition to customized wide-field objective-
type TIRF microscopes, narrow-field reduced illumination microscopes, as used for single-
point edge-excitation sub-diffraction (SPEED) microscopy (Ma et al. 2013; Ma and Yang
2010), are capable of detecting single fluorophore-labeled molecules with high
spatiotemporal resolution (Figs. 6 and 7). An optimized single-molecule setup permits both
tracking of single particles and counting of immobile particles. Following, we provide a
general overview of recent advancements in single-molecule applications to study
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intracellular structure-function relationships of DNAs, RNAs, proteins and metabolites. We
place special emphasis on examples involving in vivo DNA, RNA and RNA-protein
complex analyses.

Applications to single-celled organisms

In vivo single-molecule studies have been used to characterize DNA replication and repair,
nucleoid organization and chromosome segregation and partitioning, predominantly in
bacterial model systems, including Caulobacter crescentus, Escherichia coli, and more
recently Bacillus subtilis, as reviewed in detail elsewhere (Gahlmann and Moerner 2014;
Robinson and van Oijen 2013; Stracy et al. 2014). The introduction of single-molecule
techniques has revealed many insights regarding bacterial DNA function under normal
conditions and in response to DNA damage. In most cases, these studies rely on
photoactivation, photoswitching and photoinduced blinking of fluorescent-tagged proteins
and post-acquisition data analyses using PALM and STORM reconstruction to obtain spatial
resolutions of 20—40 nm, well below the ~200 nm diffraction limit of light. A recent report
by Crawford et al. successfully applied in vivo single-molecule FRET in living E. coli cells
upon electroporation of DNA and proteins (up to 100 kDa) labeled with organic FRET pairs
(Crawford et al. 2013). This study provided proof-of-principle for the use of organic
fluorophores to study DNA and proteins structural rearrangements and demonstrated the
versatility of the technique by applying it to yeast Saccharomyces cerevisiae. Ultimately,
further insights will be gained by examining the dynamic nature of nucleic acid structural
rearrangements and DNA-protein interactions using in vivo single-molecule FRET in both
bacteria and eukaryotes.

iSHIRLoC: tracking and counting intracellular microRNAs

Recent genome-wide RNA profiling has revealed an unexpectedly diverse landscape of non-
coding RNAs in eukaryatic cells, yielding an emergent field of investigation into non-coding
RNA structure-function relationships (Djebali et al. 2012). One particularly important class
of such non-coding RNAs are microRNAs (miRNASs). These endogenously expressed ~22-
nucleotide-short, double-stranded RNAs assemble into microRNA-protein (miRNP)
complexes, upon which their guide strand can bind ~6—8-nucleotide short, complementary,
so-called seed sequences in the 3’ untranslated regions (UTRSs) of messenger (m)RNAs to
repress protein expression via RNA silencing. To date, almost 1,500 unique mammalian
miRNAs have been identified that, collectively, represent over 2% of the human genome
and are predicted to regulate over 60% of all protein coding genes in a complex network of
interactions (Krol et al. 2010; van Kouwenhove et al. 2011). We recently reported on the
temporal assembly of miRNP complexes using a technique we termed intracellular single-
molecule, high resolution localization and counting, or iSHIRLoC (Fig. 1d) (Pitchiaya et al.
2012; Pitchiaya et al. 2013). By combining live and fixed cell imaging of microinjected,
cyanine dye-labeled miRNAs in HelL a cells, we were able to track miRNP assembly and
count the number of miRNAs within single particles (Fig. 6). Temporal changes in miRNA
diffusion patterns were observed, wherein miRNAs imaged less than 1 hour after
microinjection were blurred out when using a 100-ms camera integration time, but later
started to diffuse slowly enough to be tracked, indicating their incorporation into large
miRNP complexes. Four different types of diffusive motion were observed: virtually
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immobile, corralled, Brownian and directional (Fig. 6a). Plotting these diffusion constants
half-logarithmically revealed at least two Gaussian distributions that we could interpret as
fast diffusing miRNP-mRNA complexes (with a diffusion constant of 0.26 um?/s) and
slowly diffusing miRNP-mRNA complexes localized on/in degrading P-bodies (0.034
um?2/s) (Fig. 6b). In fixed cells, photobleaching steps were counted within a particle to
distinguish monomeric from multimeric miRNPs (Figs. 6¢,d). By comparing miRNAs let-7-
al (which has many predicted mRNA targets) to artificial cxcr4 (with few predicted mRNA
targets), we determined that only let-7-al, and not cxcr4, displayed a characteristic temporal
increase-then-decrease pattern in miRNA multimerization, suggesting that miRNPs were
aggregating in P-bodies followed by their dispersal due to the degradation of their mRNA
targets (Pitchiaya et al. 2012). Only when cxcr4 was co-microinjected with an mRNA target
did it display the same pattern, strongly supporting the notion that these changes are target-
dependent. Taken together, these observations established a unifying model of dynamic
miRNP-mRNA assembly into P-bodies, wherein mRNAs are translationally repressed, then
targeted for degradation (Fig. 6€).

MRNA transport in the cell

Several single-molecule reports have investigated mRNA transport in the cell (Grunwald
and Singer 2010; Kalo et al. 2013; Mor et al. 2010; Siebrasse et al. 2012). In a recent report
(Ma et al. 2013), the process of mMRNA export through the nuclear pore complex (NPC) in
eukaryotic cells was examined at an unprecedented spatiotemporal resolution of 8 nm and 2
ms (500 frames per second) using the recently developed single-molecule fluorescence
imaging approach of SPEED microscopy (Ma and Yang 2010) (Fig. 7). Using narrow-field
illumination, SPEED microscopy illuminates a sample volume area of < 1 mm?, thereby
improving time resolution to ~2 ms. This stands in contrast with the more commonly used
wide-field illumination schemes of TIRF and HILO, which excite a sample area of > 100
mm? and can track more particles simultaneously, but only reach time resolutions of 20-100
ms. To increase the field of view during SPEED microscopy, the authors used oblique angle
illumination and added a 400 mm pinhole in a standard wide-field microscope. Compared to
previous wide-field micropscopy measurements, these modifications improved temporal and
spatial resolution by 10- and 3-fold, respectively (Ma et al. 2013).

Experiments were conducted in HeLa or murine embryonic fibroblast (MEF) cell lines
expressing spectrally distinct fluorescent proteins used to label the NPC and mRNPs,
wherein the NPC contained a fluorescently-tagged protein and the p-actin or luciferase
mRNA was labeled using a MS2 labeling system (Fig. 7a) (Ma et al. 2013). Using SPEED
microscopy, a single NPC and individual mRNPs were illuminated and detected; single
MRNPs interacted with the NPC, and finally either moved from the nuclear to the
cytoplasmic side (Fig. 7b) or aborted export (Fig. 7c). The technological advancements of
SPEED microscopy enabled several observations that were most likely undetected in prior
studies due to their lower spatiotemporal resolution. First, a fast-slow-fast mMRNP diffusion
pattern was observed when exiting the NPC (Fig. 7d,e), which contrasts the slow-fast-slow
pattern previously reported based on measurements with lower spatiotemporal resolution
(Grunwald and Singer 2010). Second, mRNPs interacted with the NPC for only ~12 ms
(Fig. 7f,g), a 10-fold shorter time than previously reported (Grunwald and Singer 2010).
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Third, 3D transport routes were derived that revealed that mRNPs interact with the
periphery of the NPC, while passively diffusing small molecules follow a central path
through the NPC, thus suggesting a multilane traffic model through the NPC. Together,
these findings highlight how technological advancements lead to refined insights into
biological phenomena such as NPC function as the critical selectivity filter that controls
nuclear mMRNP export.

Other applications and future directions of intracellular single-molecule fluorescence

Single-molecule fluorescence microscopy can be used to examine RNA localization and
expression levels, as well as rates of transcription and splicing (Pitchiaya et al. 2014).
Determining the localization and function of long non-coding RNAs (IncRNAs) has become
of particular interest in recent years, as little is known about these transcripts. What is
known from the few annotated INcRNAs are their functions related to important cellular
processes such as X-chromosome inactivation, imprinting, pluripotency, cell lineage
commitment, and apoptosis (Batista and Chang 2013; Lee and Bartolomei 2013; Rinn and
Chang 2012). Single-molecule fluorescence in-situ hybridization (smFISH) is a technique in
which many short, fluorophore-labeled DNA oligonucleotides are directed toward an RNA
target sequence. It has been applied to detect significant changes in InNCRNA transcript levels
during red blood cell maturation (Alvarez-Dominguez et al. 2014) and in somatic tissue
differentiation (Kretz et al. 2013). Given the ease with which smFISH can be applied to
detect long RNAs, it is likely to be a significant player in future studies of InCRNAs.

Transcription and splicing have been examined using smFISH and MS2 labeling systems
(Raj et al. 2006; Shav-Tal et al. 2004; Waks et al. 2011). For example, Tyagi and co-workers
directly observed the synthesis of nascent RNA transcripts using smFISH, wherein they
found nascent transcripts were generated as intrinsically random bursts dependent on single
gene activation and deactivation (Raj et al. 2006). Using an RNA-protein labeling system,
the kinetics of co-transcriptional splicing has revealed that RNA Pol Il transcribes at a rate
of 3-6 kb min~1 (Martin et al. 2013), consistent with previous observations (Darzacq et al.
2007; Singh and Padgett 2009). Co-transcriptional and alternative splicing processes also
have been monitored using smFISH, wherein it was found that extensive intronic secondary
structure inhibits co-transcriptional splicing (Vargas et al. 2011) and cell-to-cell variability
in alternatively spliced isoforms is more apparent in cancerous cell lines due to reduced
control of alternative splicing factors (Waks et al. 2011). Together, these single-molecule
studies offer insights into transcription and splicing that had gone undetected using
ensemble methods.

Metabolites are essential biomolecules that regulate many cellular processes of interest in
toxicology; as such it is advantageous to detect intracellular levels of metabolites under
normal and stressed conditions. Recently, Paige et al. described an ensemble-based
fluorescence technique capable of detecting cell-to-cell variations of intracellular levels of
adenosine 5-diphosphate (ADP) and S-adenosylmethionine (SAM) in E. coli (Paige et al.
2012). RNA-based sensors were developed, comprised of a ligand-binding RNA aptamer
and Spinach, an RNA mimic of GFP, and function by binding a metabolite to switch on the
fluorescence of the small molecule fluorophore. Similar fluorescence-based RNA biosensors
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have been since used to detect intracellular levels of cyclic di-GMP and cyclic AMP-GMP
(Kellenberger et al. 2013), RNAs (Strack et al. 2013), as well as proteins (Song et al. 2013).
While these sensors do not yet reach single-molecule sensitivity, future improvement of
their binding affinities, fluorescence intensities and metabolite specificities may pave the
way to this level.

Together, these recent reports highlight the versatility of single-molecule fluorescence
microscopy to study biomolecules in the context of living cells, with their complex milieu of
constituents that interact in system-wide networks leading to emergent behaviors. Further
technological advances are likely to bring many processes to light that then can be
assembled and modeled through single-molecule systems biology.

Nanotechnology: building with DNA blocks

The traditional biological role of DNA has been to carry and pass on genetic information,
but DNA has begun to find a new role in the field of materials science (Seeman 2003).
Many biotechnology applications of DNA have been developed in the past 30 years,
including DNA vaccines, anti-sense DNA and RNA, and anti-gene technology, to name just
a few (Ito and Fukusaki 2004). The many functions and nanoscale dimensions of DNA have
made it an important asset in the field of nanotechnology. To build a complex DNA
structure, all that is needed are the simple thermodynamic base pairing rules that govern
formation of well-defined double helical structures between two complementary DNA
strands. DNA is the preferred biopolymer in nanotechnology, as it is less susceptible to
hydrolysis than RNA and more structurally stable and predictable than proteins. These
properties of DNA have enabled the construction of a diverse set of nanostructures and
nanodevices through the programmed hybridization of complementary strands (Lu and Liu
2006; Michelotti et al. 2012). In the last three decades, three- and four-way junctions
displaying sticky ends have been exploited as two- and three-dimensional DNA building
blocks to connect into larger structures. By incorporating protruding strands at specific
locations within these nanostructures, proteins, nanoparticles or other DNA structures can be
captured to form well-defined patterns. Nucleic acid structures (e.g., DNA aptamers),
proteins or nanoparticles can be incorporated into these nanostructures during the self-
assembly process, and DNA molecules can be easily modified with a wide range of
fluorophores and functional groups to conjugate with proteins and nanoparticles. In addition
to biological applications, several efforts have been made in the past few years to generate
DNA based ‘smart materials’ with specific chemical and biological functions. The discovery
that DNA can also act as a catalyst, or ‘DNAzyme’, has further integrated the power of
DNA nanotechnology and molecular biology. Through the development of these powerful
approaches, the field of DNA nanotechnology has been significantly broadened and the
resulting materials have found use in many other fields and practical applications relevant to
toxicology, such as small-molecule sensing, environmental monitoring, medical diagnostics,
drug screening, therapeutics, nanoelectronics, and nanophotonics (Lu and Liu 2006;
Michelotti et al. 2012). Before nanomaterials can be utilized in real-life applications,
however, it is necessary to develop a detailed mechanistic understanding of their behavior
using nanoscopic tools, most commonly single-molecule fluorescence microscopy or atomic
force microscopy (AFM) (Michelotti et al. 2010; Rueda and Walter 2005; Walter et al.
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2008). Studies using these techniques have revealed that DNA nanostructures exhibit
heterogeneous behavior at the molecular level. Single-molecule techniques, in particular, are
powerful in that they can detect heterogeneities in structure and conformational dynamics,
therefore revealing how efficiently a unique conformer performs a specific function. Recent
advances in super-resolution fluorescence microscopy (Walter et al. 2008), have
revolutionized how single-molecule data are collected and processed. These versatile
techniques are compatible with diverse experimental conditions and suitable for complex
nanotechnological systems, both invitro and in vivo.

AFM imaging has long been the main characterization method for DNA-based structures.
However, in recent years a variety of other techniques have been adopted, namely high-
speed AFM, electron microscopy (EM), and super-resolution fluorescence microscopy. The
advantages and limitations of these techniques have recently been reviewed (Jungmann et al.
2012). AFM requires deposition of the sample directly onto a mica surface, which could
introduce surface perturbation to the sample. In addition, it is not very sensitive to three-
dimensional (3D) features. EM has been recently applied to the characterization of compact
3D DNA nanostructures, enabling the reconstruction of their 3D-architecture from single-
particle analysis. However, EM requires expensive and sophisticated instrumentation and
laborious data analysis. In addition, imaging is performed under conditions far from the
native environment, as a sample has to be either stained (positive stain) or surrounded by
stain (negative stain) in transmission electron microscopy (TEM), and the sample must be
frozen in cryo-EM experiments.

Fluorescence microscopy offers advantages over these approaches since it is a relatively
noninvasive, extremely sensitive, high throughput, and cost effective method that offers fast
data acquisition (Jungmann et al. 2012; Michelotti et al. 2010; Rueda and Walter 2005). In
addition, fluorescence microscopy allows one to perform experiments in living systems. Due
to their small size, the application of fluorescence microscopy to DNA nanostructures was
precluded until the recent development of super-resolution methods (introduced in the
systems biology section). Unlike mechanical interaction-based imaging such as AFM and
optical and magnetic tweezers, super-resolution microscopy is achieved through the remote
imaging of fluorescent molecules (Walter et al. 2008). As with any single-molecule
technique, fine-tuning of experimental configurations such as microscope design, light
sources, optical detectors, probes, and sample environment, as well as an optimal data
analysis pipeline, are critical for successful experiments. Given the fact that various
techniques are available for super-resolution fluorescence imaging and each of these
techniques are specialized to a unique experimental environment, choosing a suitable
technique is critical (Walter et al. 2008). Here, we highlight some of the recent advances and
applications of super-resolution microscopy in the field of DNA nanotechnology.

Tracking a moving cargo on DNA origami

DNA origami is a two- or three-dimensional structure made by programmed hybridization
of a long scaffold DNA and hundreds of short (typically ~32-nucleotide) oligonucleotides
called staple strands (Rothemund 2006). These static DNA nanostructures have been widely
used as a platform to study biomolecular reactions (Michelotti et al. 2012). In addition to
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DNA self-assembly into static nanostructures, DNA nanotechnology has recently been
exploited to engineer systems with interesting dynamic properties. For example, recent
advances in designing and constructing DNA-based devices have yielded molecular
‘walkers’ capable of autonomously changing their physical location over time (Bath and
Turberfield 2007; Lund et al. 2010; Zhang and Seelig 2011). The development of walkers
was inspired by motor proteins such as myosin and kinesin that move in a step-by-step
fashion. Such molecular walkers can be used to pick up, transport and drop off ‘cargo’ in a
controlled manner. Some recent examples include directional transportation of streptavidin,
gold nanoparticles, and small molecules that are directly attached to the walking
oligonucleotides (Cha et al. 2014; He and Liu 2010; Lund et al. 2010). Walkers so far have
been designed to use one of two modes of locomation, either toehold-mediated strand
displacement or chemical/catalytic cleavage of substrate oligonucleotides that destabilize the
association and pass the walker on to the next attachment point (He and Liu 2010; Lund et
al. 2010), both of which allow kinetic control of reaction pathways. There are two main
motivations for the use of DNA walkers. First, as demonstrated by He et al. (He and Liu
2010), DNA-templated chemical synthesis can take place upon arrival of the walker at each
station. This strategy of chemical synthesis could improve the ease, speed, specificity and
efficiency of multistep reaction sequences. Second, cargo can be transported from station to
station.

While the motion of molecular walkers had previously been established only indirectly,
Lund et al. directly visualized DNA walkers on a DNA origami-based track using super-
resolution imaging (Fig. 8) (Lund et al. 2010). In this work, we used biotinylated DNA
enzyme (DNAzyme) oligonucleotides to create a molecular ‘spider’ with a streptavidin
‘cargo’ at its core. This spider can walk along a predefined trajectory when its catalytic
DNAzyme legs cleave at a single RNA base substrate strands protruding from the origami
(Fig. 8a). Cleavage destabilizes the association of the corresponding leg with the origami,
but the multiple legs of the spider prevent it from completely dissociating from its track. The
cleaved legs explore neighboring substrate sites, allowing the spider to bind and move
directionally along the liner track as more and more substrates are cleaved. The walker was
guided by patterning the substrate onto a two-dimensional origami landscape; the movement
of the cargo was then monitored by super-resolution fluorescence microscopy (Fig. 8b) and
AFM imaging. We found that the molecular spider was able to carry out actions such as
‘start’, “follow’, ‘turn’ and ‘stop’ on specifically designed origami tracks (Lund et al. 2010).
The speed of the walker was determined by position-time trajectories (Fig. 8b, right panel).
This work provided proof-of-principle that high-resolution fluorescence microscopy is a
powerful tool for monitoring in real-time the nanometer-scale steps of molecular walkers. In
the future, by incorporating additional control mechanisms, more complex robotic behavior
may be implemented on DNA nanostructures such as interactions between multiple
molecular robots, leading to collective systems behavior.

One of the current challenges in autonomous transport by DNA walkers is their slow speed.
Recently developed synthetic molecular transporters move at ~0.5-6 nm min~! (Cha et al.
2014; Omabegho et al. 2009; Wickham et al. 2011). The speed of toehold-mediated
transporters is limited by toehold dissociation and branch migration, and can potentially be
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improved by optimizing the track spacing, toe length, and scaffold thickness. In the case of
DNAzyme-based walkers, reaction efficiency of the DNAzyme, leg and cargo dissociation,
and backtracking all limit the overall speed and distance over which the cargo can move
(Lund et al. 2010). Another important factor is the inconvenience associated with refilling
the substrate for repeated, directed movement. In the future, these limitations may be
addressed in part by constructing two- or multi-track DNA nanostructures to parallelize the
transporters. Recyclable substrates such as DNA legs with photoresponsive azobenzene
moieties (Suzuki et al. 2014) may facilitate substrate refilling.

Chemical imaging on DNA origami by DNA-PAINT

DNA nanostructures can be modified site-specifically with nanoparticles, proteins and
nucleic acids, usually through hybridization of complementary DNA sequences. These
modified DNA nanostructures have been used in recent years for various research purposes
ranging from therapeutics to in vivo applications (Lu and Liu 2006; Michelotti et al. 2012).
Successful design of modified nanostructures relies on the understanding of factors that
influence hybridization reactions and kinetics of hybridization on the DNA nanostructures
(Johnson-Buck and Walter 2014). The hybridization of DNA nanostructures can be probed
using several ensemble and single-molecule methods such as AFM, native gel
electrophoresis and the TIRF microscopy techniques SmFRET and DNA-PAINT. DNA-
PAINT, in particular, has become a popular imaging method, as it works through reversible
binding of single fluorescently labeled “emitter” oligonucleotides to individual probe sites
on the DNA nanostructure (Fig 9). Transient but stochastic binding of the emitter strand
allows one to probe a strand-binding position multiple times (Johnson-Buck et al. 2013;
Johnson-Buck and Walter 2014). High spatial resolution is achieved by combining 2D
Gaussian fits to many individual signals (Jungmann et al. 2012). DNA-PAINT requires no
special equipment beyond a fluorescence microscope and is compatible with virtually any
experimental conditions, as reviewed elsewhere (Johnson-Buck and Walter 2014; Jungmann
et al. 2012; Walter et al. 2008). The technique is simple and easy to implement, usable with
virtually all fluorophores, has multi-color capability, and offers minimal photobleaching due
to rapid dissociation of the of the emitter strands from the probes. Unlike AFM experiments,
the method allows for biological imaging in a hydrated environment, with the molecule of
interest tethered to a passivated surface. Therefore, DNA-PAINT can provide “true” 3D
images of single molecules by minimizing distortion of the structure of interest by the
surface. Here, we will highlight one of the recent applications of DNA-PAINT for studying
the hybridization kinetics of single-stranded DNA (ssDNA) emitters to probes on a 2D DNA
nanostructure.

Recently, Johnson-Buck et al. examined the kinetics of oligonucleotide binding to patterned
probes on a single rectangular DNA origami, also known as an origami tile. The
reconstructed data were generated from the binding patterns of T1 (Cy5 labeled ssDNA
emitter strand) and T2 (Cy3 labeled ssDNA emitter strand) over 100-200 binding cycles per
probe site (P) (Fig. 9a) (Johnson-Buck et al. 2013). While simultaneously imaging T1 and
T2 binding, the substrate sequence (single stranded region of the probe) was cleaved by a
DNAzyme in the presence of Zn2* so that only T2 could continue to bind (Fig. 9a).
Furthermore, the relative frequency of T1 and T2 binding to different sequences within the
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intact probe on the origami tile revealed heterogeneous binding patterns independent of the
identity of the fluorophore labeling the emitter strand. Combining results from the
computational modeling software Computer-aided engineering for DNA origami (“CanDo”)
(Fig. 9b) and our DNA-PAINT experiments, we concluded that the heterogeneous binding
of T1 is due to a combination of intrinsic curvature of the origami tile and weak probe—probe
interactions within the origami tile that compete for T1 binding. This study provided direct
evidence that emitter-probe hybridization on 2D origami tiles is governed by the tile’s
geometry and local density of the probe strands.

Like most developing single-molecule techniques, there are further opportunities for
optimization of the spatial and temporal resolution of DNA-PAINT. Due to imperfect
correction of instrument or DNA nanostructure drift, it remains challenging to resolve inter-
probe distances of <20 nm (Johnson-Buck and Walter 2014). Drift is introduced by
uncontrollable, thermally induced movements of the sample stage, irregular air currents,
vibration of the instrument table, etc. Some of these can be minimized through vibrational
isolation of the instrument table. Methods that utilizes fiduciary markers such as quantum
dots, floor beads, gold nanoparticles, and gold nanorods are already in use (Jungmann et al.
2014; Lund et al. 2010). To achieve high spatial resolution, depending on the scientific
question at hand and desired signal-to-noise ratio (SNR) the bound and unbound time of
emitter strand has to be optimized. In general, a longer dwell time for the unbound state is
preferred (Jungmann et al. 2012), which can be achieved by reducing the lengths of the
probe and/or emitter oligonucleotides. However, faster dissociation of the emitter will result
in a low number of photons, generating a weak signal. The dwell time for the bound state
depends on the dissociation rate and is independent of concentration, whereas the dwell time
for the unbound state depends on both association rate and the concentration of the emitter
stand. Therefore, a balance between all of these parameters is necessary in order to optimize
the fluorescence ON and OFF times.

DNA nanostructures are also promising platforms to incorporate target specific DNA or
RNA sequence as ‘barcodes’ (Lin et al. 2012). The development of barcode-associated
nanostructures in combination with DNA-PAINT would allow clinical applications such as
multiplexed detection of cancerous miRNAs in biological samples. Similarly, aptamer
domains can be assembled onto the nanostructures to detect proteins, nucleic acids and small
molecules (Lu and Liu 2006). Such a platform may be exploited in the field of toxicology to
detect toxins. The multiplexed detection of individual toxins on such a nanostructure would
require highly sensitive super-resolution imaging. Although spatial resolution of DNA-
PAINT is currently limited to ~10 nm (Johnson-Buck and Walter 2014; Jungmann et al.
2014), with further development we project that the technique will be a standard tool to
study nanotechnological systems of increasing complexity for both in vitro and in vivo
applications.

Conclusions

In this review, we have covered the basic optical requirements for single-molecule
fluorescence detection. We have also discussed those technical requirements that are
specific to the study of enzymology, structural biology, systems biology and
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nanotechnology, and have presented some noteworthy recent work in which single-molecule
fluorescence was applied to these fields of study. In the future, we expect single-molecule
fluorescence tools to shed more and more light on these fields, with an emergent impact on
toxicology as well as other fields.
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Fig. 1.

Siggle-molecule fluorescence optical setups and data collection. a Prism-based TIRF optical
setup. b Objective-based TIRF optical setup. c Example experimental setup and
fluorescence intensity trace for an experiment investigating binding and unbinding of
fluorescently-labeled probes to an immobilized oligonucleotide. d Example experimental
setup and data for an intracellular single-molecule high resolution localization and counting
(iISHIRLoC) experiment investigating microRNA diffusion in live cells (Johnson-Buck and
Walter 2014; Pitchiaya et al. 2013)
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Fig. 2.

Siggle—molecule approaches used in enzymology and structural biology. a Single-molecule
FRET, with the PreQ1 riboswitch as an example. b Colocalization single-molecule
spectroscopy, applied to the assembly of the spliceosome. ¢ Tracking DNA polymerase
activity using fluorescently-labeled NTPs. d Visualizing enzymatic activity using
fluorogenic substrates (Eid et al. 2009; Gorris et al. 2007; Hoskins et al. 2011; Suddala et al.
2013)
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Fig. 3.

Siggle-molecule FRET investigation of the hammerhead ribozyme. a Full-length
hammerhead ribozyme used in the studies discussed. The labeling sites for single-mol ecule
FRET are indicated at the top, and the mutations used to disrupt loop-loop interactions are
shown in the bottom-left. b Single-molecule FRET histograms showing the effect of
magnesium concentration and loop mutations on the conformations adopted by wild-type
(left panel) and two mutant (center and right panels) ribozymes. The active, high-FRET
conformation is sampled only by the wild-type ribozyme, and only under high magnesium
conditions (McDowell et al. 2010)
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Fig. 4.

sn?FRET studies of splicing. a The spliceosome is immobilized on a slide through an affinity
tag on the NTC. b Cy3 (green) and Cy5 (red) intensity traces of spliceosomes that had been
stalled by a mutation in Prp2, then chased through step 1 of chemistry by the addition of
active Prp2, Spp2, ATP and Cwc25. Under these conditions, the pre-mRNA explored mostly
mid- and high-FRET states. The light blue trace in the lower plot is a hidden Markov model
(HMM) fit to the FRET trace (black). ¢ Transition occupancy density plot made from the
HMM fits to 156 molecules under the conditions described in b. L1, L2, M and H indicate,
respectively, low-FRET states 1 and 2, a mid-FRET state, and a high-FRET state. This plot
shows that under these conditions, there is a population that dynamically samples states L2,
M and H, and another population that exists stably in H. d Kinetic map showing the rate
constants extracted for transitions between different FRET states under conditions that stall
the spliceosome before step 1 of chemistry (“B* condition™) or after step 1 (“C condition”)
(Krishnan et al. 2013)
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Page 31

Study of Bsu and Tte PreQ1 riboswitches using SmFRET. a Crystal structures of the Bsu
(colored) and Tte (grey) riboswitches, showing their close structural similarity. b Both
riboswitches exhibited dynamically interconverting high- and low-FRET states, with the
population of the high-FRET state increasing with increasing concentration of PreQ1 (upper
pair of plots). In only the Tte riboswitch, however, the mean FRET values of the two states
also changed with PreQ1 concentration (lower pair of plots). ¢ These results, along with
other experiments and modeling, suggested that the Tte riboswitch follows an induced fit
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mechanism of ligand-induced folding, while the Bsu riboswitch follows a conformational
selection mechanism (Suddala et al. 2013)
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Fig. 6.

Tricking and counting single miRNAs using iSHIRLoC. a Psuedocolored, live U20S cell
microinjected with miR-let-7a-1-Cy5 and imaged 4 h post-injection; miRNP particles
exhibit very slow (i), corralled (ii), fast (iii), and biased (iv) Brownian diffusion. b
Distribution of diffusion coefficient for let-7a-1-Cy5 at various time points. ¢
Pseudocolored, fixed U20S cell microinjected with miR-let-7a-1-Cy5 and imaged 4 h post-
injection (top) and photobleaching steps detected by iSHiRLoC (bottom). d Particle
counting time course reveals assembly of multimeric let-7a-1-Cy5 particles (top), but not
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cxcr4-Cys5 particles (middle). Co-injection of cxcr4-Cy5 with an mRNA target promotes
assembly of multimeric cxcr4-Cy5 particles (bottom). e Model established using iSHIRLoC
data of mMiRNA-mediated translational repression and degradation (Pitchiaya et al. 2012)
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Tracking single mRNPs through the nuclear pore complex in Hela cells using SPEED
microscopy. a Wide-field epifluorescence illumination of four mCherry-tagged mRNPs
(red) and GFP-nuclear envelope (green). b A successful mRNP export event through the
NPC captured using SPEED microscopy. ¢ An abortive mRNP export event. d, e Single
particle tracks (black) and the centroid of the NPC (red) of successful and abortive mRNP
export events through the NPC, as shown in b and c, respectively. f, g Export time
distributions and single-exponential fit of successful (f) and abortive (g) mMRNP export
events through the NPC as shown in b and c, respectively (Ma et al. 2013)
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Fig. 8.

Trgacking a molecular spider that walks along an origami track. a Schematic of a DNAzyme-
based molecular walker on a two-dimensional DNA track. b DNA origami landscape with
positions A—E (left). The substrate track (brown), start position (green), stop and control
positions (red) and imaging marker (blue) are highlighted. The middle panel shows the
movement of the spider tracked by high-resolution fluorescence microscopy. The right panel
shows the displacement of the spider trajectory from its initial position as a function of time
(Lund et al. 2010)
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Fig. 9.

In?aging of nanostructures using DNA-PAINT. a Schematic of single-molecule set up to
monitor chemical changes by two-color DNA-PAINT. Abbreviations: Cy5-labeled ssDNA
target ‘T1’, Cy3-labeled ssDNA target ‘T2’, streptavidin ‘STV’, and substrate ‘S’. b
Effective volume overlap of neighboring strands on origami predicted by CanDo modeling.
¢ Heterogeneous probe binding pattern revealed by two-color reconstructions of P strands
on rectangular DNA origami (Johnson-Buck et al. 2013)
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