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Abstract

Design of nanomedicines and nanoparticle-based antimicrobial and antifouling formulations and 

assessment of the potential implications of nanoparticle release into the environment requires 

understanding nanoparticle interaction with bacterial surfaces. Here we demonstrate the 

electrostatically driven association of functionalized nanoparticles with lipopolysaccharides of 

Gram-negative bacterial outer membranes and find that lipopolysaccharide structure influences the 

extent and location of binding relative to the outer leaflet-solution interface. By manipulating the 

lipopolysaccharide content in Shewanella oneidensis outer membranes, we observed the 

electrostatically driven interaction of cationic gold nanoparticles with the lipopolysaccharide-

containing leaflet. We probed this interaction by quartz crystal microbalance with dissipation 
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monitoring (QCM-D) and second harmonic generation (SHG) using solid-supported 

lipopolysaccharide-containing bilayers. The association of cationic nanoparticles increased with 

lipopolysaccharide content, while no association of anionic nanoparticles was observed. The 

harmonic-dependence of QCM-D measurements suggested that a population of the cationic 

nanoparticles was held at a distance from the outer leaflet-solution interface of bilayers containing 

smooth lipopolysaccharides (those bearing a long O-polysaccharide). Additionally, smooth 

lipopolysaccharides held the bulk of the associated cationic particles outside of the interfacial zone 

probed by SHG. Our results demonstrate that positively charged nanoparticles are more likely to 

interact with Gram-negative bacteria than are negatively charged particles, and this interaction 

occurs primarily through lipopolysaccharides.

INTRODUCTION

In the early 2000s, products containing engineered nanomaterials (materials with at least one 

dimension <100 nm) began to enter commerce on a large scale.1,2 Production and use of 

these materials has increased dramatically over the intervening years, leading to concerns 

about their potential environmental health and safety implications. Assessment of the 

potential risks associated with unintended release of engineered nanoparticles into the 

environment3–5 is necessary to ensure the sustainable use of these materials, given their 

increasing integration into consumer products and the expectation that their contact with 

living organisms will induce biological responses.6–8 Reliable risk assessment is currently 

hampered by the limited mechanistic insight into how nanoparticles interact with 

ecologically important organisms including bacteria, which represent an entry point into 

food chains. Current approaches for understanding interactions between nanoparticles and 

bacteria are typically indirect; many rely on monitoring changes in bacterial activity or 

survival in response to nanoparticle exposure, for example using quantitative structure–

activity or high-throughput screening strategies.9–11 Such approaches are favored mainly 

because the small size and biological complexity of bacteria remain barriers to direct 

characterization of nanomaterial-bacterial cell interactions. While insights have been derived 

from such indirect, correlative approaches, such as recent suggestions that cell-surface 

lipopolysaccharides (LPS) may be important in protecting Proteobacteria (a major group of 

Gram-negative bacteria) from the effects of cationic polystyrene and silver 

nanoparticles,10,11 direct characterization of nanoparticle-bacterial cell interactions is 

needed to validate hypothesized mechanisms of interaction.
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Here, we characterize nanoparticle interactions with bacteria directly at a level of molecular 

detail that is not currently attainable by monitoring microbial activity or survival. Moreover, 

we provide concrete evidence that LPS molecules protect Gram-negative bacteria from 

nanoparticles by forming a barrier to contact with and penetration of the outer membrane. 

The direct views of nanoparticle interactions with LPS achieved in this work show that a 

unique nanobiophysical interface controls nanomaterial interactions with Gram-negative 

bacteria, in which strain and growth condition-specific traits (i.e., LPS structure) influence 

the extent and nature (i.e., length-scale) of this interaction. A large variety of nanoparticle 

types may be explored. We focus here on electrostatics as a main driving force for 

nanoparticle–LPS interactions. Our experimental strategy was to evaluate the role of LPS 

and its structure in mediating interactions of cationic and anionic gold nanoparticles 

(AuNPs) with bacterial cell surfaces. We hypothesized that electrostatic interactions 

contribute strongly to nanoparticle interaction with LPS. To test our hypothesis, we used 4 

nm-diameter AuNPs functionalized with mercaptopropane ligands terminated with either 

cationic or anionic moieties to probe the influence of nanoparticle charge on interactions 

with LPS in both live bacterial cells and solid-supported lipid bilayers.

MATERIALS AND METHODS

Gold Nanoparticle Preparation and Characterization

Gold nanoparticles (primary particle diameter = 4.0 ± 0.5 nm) were prepared12 by a 

modified Brust procedure and functionalized with either 3-mercaptopropionic acid (MPA) 

or 3-mercaptopropyl amine (MPNH2). These were chosen as model nanomaterials to 

investigate nanoparticle–LPS interactions due to their high chemical stability and well-

controlled size, shape, and surface functionalization. Except where noted otherwise, 

experiments with AuNPs were conducted at a 12.8 nM number concentration in 0.002 M 

HEPES (pH 7.4) and 0.025 M NaCl.

Nanoparticle hydrodynamic diameter (Figure 1a) and electrophoretic mobility (Figure 1b) 

were measured by dynamic light scattering (DLS) and laser Doppler microelectrophoresis, 

respectively, as a function of solution ionic strength, I, using a Malvern ZetaSizer Nano ZS 

(Worcestershire, UK). Dynamic light scattering and electrophoretic mobility measurements 

were made 10 min after dilution of particle suspensions into solutions of the desired I. Both 

types of functionalized AuNPs formed larger aggregates as I increased. The hydrodynamic 

diameters for the MPA- and MPNH2-AuNPs increased from ~50 nm at I = 0.025 M (Debye 

length, κ−1, = 1.93 nm) to ~450 nm at I = 0.100 M (κ−1 = 0.96 nm) and were statistically 

indistinguishable from one another at each ionic strength (p > 0.05). The electrophoretic 

mobilities of the MPA- and MPNH2-AuNPs were negative and positive, respectively, and 

did not vary with ionic strength over the range studied (p < 0.05).

Bacterial Culture

Shewanella oneidensis MR-1 (courtesy of Jeff Gralnick, University of Minnesota) was 

cultured in LB broth, achieving cell densities of ~1 × 109 cells·mL−1 at the stationary growth 

phase (24 h incubation at 30 °C with continuous shaking at 300 rpm).
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Removal of LPS from Cells

Cells in LB broth were sedimented (10 min, 2000g), the supernatant was removed, and the 

cells were suspended in D-PBS to achieve a final cell density of 2 × 108 cells·mL−1. Cell 

suspensions were split into two batches, and EDTA was added to one at a concentration of 

0.005 M to remove a fraction of cell-surface LPS.13 Both batches were then incubated with 

continuous shaking (10 min, 30 °C). Cells were sedimented by centrifugation (10 min, 

2000g), the supernatant was removed and replaced with buffer (0.002 M HEPES, pH 7.4, I = 

0.025 M), and the cells were resuspended. Three aliquots from each cell sample were 

removed and lyophilized, and their dry masses were recorded. The lyophilized cells were 

dissolved in 0.2 N H2SO4, and their LPS content was determined using the method 

described by Karkhanis et al.14 (see the Supporting Information for details).

Nanoparticle–Cell Attachment Experiments

Following EDTA treatment and redispersal in buffer (vide supra), cells were mixed with 

AuNPs (12.8 nM number density) and incubated with continuous mixing (10 min, room 

temperature). Cells were then mixed 1:1 with 3.34 mM SYTO 9 (Life Technologies Kit 

L7012) and incubated 15 min prior to analysis by flow cytometry. Cells associated with 

AuNPs were identified via a combination of nucleic acid staining with SYTO 9 (to identify 

cells) and orthogonal (side) light scattering intensity detection (to identify nanoparticles) 

using a flow cytometer (Becton Dickenson LSRII SORP equipped with a 20 mW, 488 nm 

laser). Cells were then sorted into populations with and without associated AuNPs using a 

FACSAriaIIU cell sorter. Gating parameters for cell sorting are described in the Supporting 

Information.

After sorting, we acquired dark-field images of cell populations that were positive or 

negative for AuNPs with an Olympus BX43 microscope modified with a high signal-to-

noise dark-field condenser unit (CytoViva, Auburn, AL). Hyperspectral images were 

acquired in the same field of view using the CytoViva hyperspectral imaging system 

consisting of a spectrophotometer (Specim) and spectrophotometer-integrated CCD 

(pco.pixelfly). Data were analyzed using the Spectral Angle Mapping feature of ENVI 4.8 

software (Exelis Visual Information Solutions).

Nanoparticle-Bilayer Attachment Experiments

Unilamellar vesicles composed of 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine 

(POPC) or POPC with varying amounts of smooth or rough LPS were prepared and their 

hydrodynamic sizes, electrophoretic mobilities, and LPS contents14 were determined as 

described in the Supporting Information. Solid-supported lipid bilayers were formed on 

SiO2-coated QCM-D sensors via surface-mediated fusion of POPC or LPS-containing 

POPC vesicles15 (Figure S4; see Supporting Information for details). The QCM-D 

instrument used was a Q-Sense E4 instrument (Biolin Scientific, Göteborg, Sweden) 

containing four sensors mounted in temperature-controlled, liquid flow cells. The 

fundamental frequency (f1) of the sensors was 4.96 MHz. Except where noted otherwise, 

data are reported for the fifth harmonic (~25 MHz.).
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Nanoparticle attachment experiments were commenced by pumping AuNP suspensions 

(12.8 nM number concentration; 0.002 M HEPES, pH 7.4, ionic strength adjusted with 

NaCl) over the supported lipid bilayers until the Δf and ΔD signals stabilized.16 

Nanoparticle-free buffer was then pumped through the flow cells to measure the detachment 

of nanoparticles from the POPC or POPC/LPS bilayers. Final areal mass density of lipid 

bilayers with and without associated AuNPs were estimated using the Sauerbrey 

equation17,18 or Kelvin–Voight viscoelastic modeling19 (Tables S1 and S3). For details, see 

the Supporting Information.

Second Harmonic Generation

Second harmonic generation (SHG) experiments were performed using a regeneratively 

amplified Ti:sapphire laser system (Hurricane, Spectra-Physics, 1 kHz repetition rate, 120 fs 

pulses) pumping an optical parametric amplifier (OPA-CF, Spectra-Physics) tuned to a 

fundamental wavelength between 610 and 615 nm as previously described20–23 and further 

detailed in the Supporting Information. The p-polarized beam was focused onto the silica/

buffer interface at which the bilayer was formed. The SHG signal was detected following 

our published procedures.20–22 All SHG experiments were performed under static 

conditions.

Vesicles containing varying amounts of LPS (vide supra) were introduced into the cell and 

allowed to self-assemble into an LPS-containing lipid bilayer on the silica substrate. Various 

concentrations of AuNPs (10−14 to 10−8 M number concentration) in buffer were then 

introduced into the cell, and the SHG signal was monitored until it stabilized for at least 15 

min. Nanoparticle-free buffer was introduced to the cell to assess the reversibility of the 

interaction of the particles with the bilayer.

RESULTS AND DISCUSSION

Nanoparticle-Cell Attachment

The bacterial cell envelope represents the critical contact point governing access of 

nanomaterials and their secondary products (e.g., reactive oxygen species, dissolved ions) to 

the cell interior. The structure of the Gram-negative bacterial cell envelope is complex: the 

inner phospholipid cell membrane is encompassed by a thin peptidoglycan cell wall, which 

itself is bounded by an outer membrane.24 The outer membrane is an asymmetric structure. 

The inner leaflet is composed of phospholipids, while a major portion of the outer leaflet 

consists of complex lipopolysaccharides (LPS), a class of glycolipids.24 LPS covers 

approximately 75% of the outer membrane surface of some bacteria25 and serves as an 

important hydrophilic barrier (with significantly higher hydration levels than phospholipid 

bilayers),26 protecting Gram-negative bacteria from antimicrobial peptides, hydrophobic 

antibiotics, and surfactants such as bile salts.24,27 A typical full-length, or “smooth” LPS 

molecule is composed of three distinct domains: Lipid A (four to seven acyl chains attached 

to two phosphorylated glucosamines)28 anchoring the LPS molecule in the outer membrane 

bilayer; a core oligosaccharide composed of hexoses, heptoses, and 3-deoxy-D-

mannooctulosonic acids;29 and the O-polysaccharide, a variable-length repeating 

oligosaccharide chain containing up to 50 repeat units30 (Figure S1). At pH values typical of 
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the environment, all three domains carry a net negative charge from phosphate groups (pKa 

< 3), and glucuronic acid (pKa < 3), galacturonic acid (pKa < 4), and N-acetylneuraminic 

acid (pKa 2.6) residues. Some bacteria exhibit shorter types of LPS, referred to as “rough” 

LPS, which contains Lipid A and at least part of the core oligosaccharide, but lacks the O-

polysaccharide. Owing to the abundance of LPS at the interface of the cell envelope of 

Gram-negative bacteria with the extracellular environment, understanding the molecular 

nature of its interactions with engineered nanoparticles is critical for assessing the potential 

for disruption or penetration of the Gram-negative bacterial cellular envelope.

We examined the association of AuNPs with live Gramnegative bacterial cells (Shewanella 

oneidensis MR-1, hereafter denoted Shewanella) as a function of cell LPS content and 

nanoparticle surface charge using a combination of flow cytometry, dark-field microscopy, 

and hyperspectral imaging. Shewanella was selected in part because the cells of this species 

have only a sparse distribution of extracellular polymeric substances at their membrane,31–33 

meaning that LPS (and not polysaccharide components that form a capsule around some 

bacterial cells) form the interface between these cells and their extracellular environment. To 

test the hypothesis that LPS mediates nanoparticle interaction with Gram-negative bacteria, 

as suggested by recent high-throughput screening studies of Escherichia coli interactions 

with polystyrene and silver nanoparticles10,11 and cytotoxicity studies,34,35 we prepared 

LPS-depleted Shewanella cells. Brief treatment with EDTA13,36 removed ~50% of cell LPS 

from the outer membrane (Figure S2), as determined by colorimetric measurement of 8-

amino-3,8-dideoxy-D-manno-octulosonic acid (8-amino-2-keto-3-deoxy-D-manno-octonate, 

8-aminoKdo),14 a Shewanella species-specific aminated form of 3-deoxy-D-manno-

octulosonic acid,38,39 an essential component of LPS. Prior work on E. coli has 

demonstrated that this method removes LPS from the outer membrane without concomitant 

removal of proteins or leakage of cell contents.13 The mechanism is suggested to involve 

chelation of divalent cations that cross-link LPS molecules through interaction with anionic 

sites such as phosphates,26,36,37 releasing LPS into the solution.13 Quantification of cell LPS 

content required that cells be sacrificed. Experiments with nanoparticles were performed on 

live cell populations with either native or depleted LPS content.

We exposed ~2 × 108 native and LPS-depleted Shewanella cells to cationic MPNH2- or 

anionic MPA-functionalized AuNPs (10 min, 12.8 nM AuNP, I = 0.025 M, pH = 7.4; see 

Figure 1 for nanoparticle properties) and quantified the number of cells in each treatment 

associated with AuNPs by flow cytometry. Association of AuNPs with cells increases the 

light scattering cross-section. High-throughput analysis of the orthogonal light scattering 

intensity of individual cells was used to identify the presence of cell-associated AuNPs. 

Cells exhibiting light scattering above an intensity threshold, determined by control 

experiments with unexposed cells, were identified as positive for AuNPs. In this way, tens 

of thousands of cells were classified in situ as either negative or positive for cell-associated 

AuNPs. Cell analysis required no preparative steps after cell-nanoparticle exposure and did 

not disrupt cell-nanoparticle interaction because the measurement was made in solution. 

Putative AuNP-positive cells were isolated by fluorescence-activated cell sorting (FACS) 

and imaged by hyperspectral and dark-field microscopy to verify the presence of associated 
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AuNPs40 and to establish FACS as an approach to discriminate between bacterial cells with 

and without associated AuNPs (Figure 2, Supporting Information Figures S3, and S5).

Removing ~50% of the cell LPS content decreased the number of cells with associated 

MPNH2-AuNPs by ~70% (Figure 2). At the growth temperature used (30 °C), Shewanella 

oneidensis MR-1 produces only rough LPS (see Figure S6b); lower growth temperatures 

induce synthesis of smooth LPS.32 Our results suggest that cationic nanoparticles bind 

preferentially to LPS, such that its removal decreases nanoparticle binding to the outer 

membrane. In contrast, anionic MPA-AuNPs did not appreciably associate with the cells, 

regardless of LPS content. Given the net negative charge of the Gram-negative bacterial cell 

surface at pH values typical of the environment,41,42 this result suggests that electrostatic 

interactions control the association of nanoparticles with bacterial cells, as has been 

suggested in previous reports.10,11,43,44

We visually confirmed nanoparticle association with cells by dark-field microscopy and 

hyperspectral imaging. We separated bacterial cells with associated MPNH2-AuNPs from 

the total cell population by FACS and acquired dark-field micrographs of them. The 

micrographs show single bacterial cells with cell-associated material producing high-

intensity light scattering, indicative of AuNPs (Figure 2a). We confirmed the presence of 

AuNPs by comparing hyperspectral images of nanoparticle-associated bacterial cells with a 

spectral library of bacteria-free colloidal MPNH2-AuNPs (Figure S3). Regions of the cell 

hyperspectral image matching the AuNP library are highlighted in the micrographs. This 

analysis confirmed that the observed cell-associated material was MPNH2-AuNPs. In 

addition, dark-field micrographs of bacterial cells exposed to MPNH2-AuNPs were acquired 

prior to cell sorting. These micrographs also show cell-associated material producing high-

intensity light scattering, consistent with the previous analysis (Figure 2b).

Attachment of Cationic and Anionic Gold Nanoparticles to LPS-Containing Bilayers

To gain further molecular insight into the interaction of nanoparticles with 

lipopolysaccharides identified in the studies with live bacterial cells described above, we 

investigated the amount, reversibility, and length scale of MPNH2- and MPA-AuNP 

association with LPS containing or lacking the O-polysaccharide using a quartz crystal 

microbalance with dissipation monitoring and second harmonic generation. The first step in 

these studies was to form LPS-containing lipid bilayers on QCM-D sensor surfaces. We 

prepared vesicles composed of POPC with variable amounts of rough or smooth LPS (see 

Figure 3 and the Supporting Information).14 We then formed solid-supported LPS-

containing bilayers on SiO2-coated QCM-D sensors via fusion of LPS-containing POPC 

vesicles (Figure S4).15

We tested the hypothesis that electrostatics contributed strongly to nanoparticle interaction 

with LPS-containing bilayers by investigating the amount of cationic MPNH2- and anionic 

MPA-AuNPs attaching to bilayers as a function of LPS content. These experiments were 

performed with 12.8 nM AuNPs in 0.002 M HEPES solution (pH 7.4) at I = 0.025 or 0.100 

M. Figure 4a shows maximum frequency shifts measured by QCM-D following association 

of MPNH2-AuNPs with lipid bilayers composed of pure POPC or POPC containing 

different amounts of smooth or rough LPS. The negative frequency shifts observed after 
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introduction of positively charged MPNH2-AuNPs to all types of bilayers indicate 

nanoparticle association with the bilayers. The maximal frequency shifts and estimated areal 

mass densities for these systems are presented in Tables S2 and S3. Small amounts of 

MPNH2-AuNP detachment were observed for most systems when they were rinsed with 

NP-free buffer (Figure S4). We did not detect interaction of the negatively charged MPA-

AuNPs with any of the bilayers surveyed (mass detection limit for these systems was ~2 

ng·cm−2).

In the experiments conducted at 0.025 M NaCl, association of cationic MPNH2-AuNPs with 

lipid bilayers increased with the amount of rough or smooth LPS incorporated, and AuNP 

association was higher for smooth LPS-containing bilayers on a per LPS molecule basis 

(Figure 4a,b). Acoustic masses increased from 200 ± 10 ng·cm−2 for POPC bilayers to 320 ± 

10 ng·cm−2 and 450 ± 10 ng·cm−2 for those containing 2.9 and 6.4 mol % rLPS (Table S3). 

For bilayers containing smooth LPS, acoustic masses were 280 ± 20 ng·cm−2 for bilayers 

containing 0.21 mol % sLPS and 330 ± 20 ng·cm−2 for those containing 0.46 mol % sLPS. 

These results point to the O-polysaccharide domain of smooth LPS molecules presenting 

many more potential binding sites for cationic nanoparticles to solution than the solvent-

exposed portion of rough LPS molecules. Each rough LPS molecule used in our experiments 

contains two negative charges (phosphates associated with glucosamine residues in Lipid 

A).47 In contrast, the smooth LPS molecules typically contain additional negatively charged 

moieties including additional phosphate groups and acidic sugars (e.g., glucuronic and 

galacturonic acids) in the outer core and O-polysaccharide domains,48 which extend farther 

into solution than negatively charged moieties in rough LPS molecules. The higher 

abundance of negatively charged moieties in smooth LPS molecules relative to rough LPS 

molecules is evidenced in the electrophoretic mobility measurements of LPS-containing 

vesicles (Figure 3b). We note that the acyl chains of the ligands on the nanoparticles are 

three carbons long and terminate in a charged functional group. For bilayers composed 

solely of POPC, we expect the charged ligands bound to the nanoparticles would interact 

primarily with the phosphatidylcholine headgroup of these lipids.

Changes in QCM-D energy dissipation (ΔD) during MPNH2-AuNP association differed 

between smooth and rough LPS-containing bilayers. The smooth LPS-containing bilayers 

exhibited larger increases in ΔD5 (3.0 to 4.0 × 10−6) than did POPC or rough LPS-

containing bilayers (0.8 to 1.5 × 10−6). This result indicates that MPNH2-AuNPs interacting 

with smooth LPS-containing bilayers were less rigidly coupled to the vibrating resonator 

than those associated with POPC or rough LPS-containing bilayers.

At higher ionic strength (I = 0.100 M), the MPNH2-AuNPs agglomerated (Figure 1a), and 

association with all bilayers decreased significantly relative to the experiments conducted at 

lower ionic strength (Figure 4a,b; Table S3). Association of MPNH2-AuNPs with bilayers 

containing LPS (140 to 190 ng·cm−2) was higher than those composed of pure POPC (23 ± 

4 ng·cm−2); however, the amounts associated with LPS-containing bilayers did not differ 

from each other (p > 0.05). These results indicate that smooth LPS induced higher 

nanoparticle association on a per molecule basis than did rough LPS. This result is 

consistent with the notion that smooth LPS, due to the presence of the O-polysaccharide, 
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presents a larger number of anionic sites for interaction with cationic AuNPs than does 

rough LPS on a per molecule basis.

Proximity of MPNH2-AuNPs to the Phospholipid–Solution Interface

The harmonic-dependence of the QCM-D frequency and dissipation responses allows 

inference of the relative distance that AuNPs are held from the sensor-solution interface for 

the bilayers containing rough and smooth LPS. The penetration depth of the shear wave (δ) 

depends on the harmonic (n): δ = ηl/πnf1ρl)0.5, where ηl is liquid dynamic viscosity, f1 is the 

fundamental frequency (4.96 MHz), and ρl is the liquid density.19 Lower harmonics 

penetrate further into the medium overlying the sensor than do higher harmonics. We 

compared the dependence of changes in frequency (Δfn/n) and dissipation (ΔDn) on the 

harmonics monitored in experiments probing MPNH2-AuNP association with smooth and 

rough LPS-containing bilayers (Figure 4c,d). Both Δfn/n and ΔDn displayed pronounced 

harmonic-dependence for MPNH2-AuNPs association with smooth LPS-containing bilayers; 

for the rough LPS-containing bilayer, Δfn/n and ΔDn did not depend on the harmonic. While 

the penetration depth for all harmonics monitored (e.g., 145 and 76 nm for the third and 11th 

harmonics, respectively) exceeded the length of the LPS molecules (7–46 nm for smooth 

LPS),49 signals for lower harmonics contain larger contributions from mass farther from the 

sensor surface than do higher harmonics. The more pronounced harmonic-dependence 

observed for MPNH2-AuNP association with smooth compared to rough LPS-containing 

bilayers suggests that, in the former, at least some of the nanoparticle mass is held at a 

distance from the sensor surface (i.e., not directly in contact with the outer leaflet-solution 

interface). This is consistent with the notion that cationic particles interact with the O-

polysaccharide domain of smooth LPS, because the O-polysaccharide presents anionic sites 

available for interaction with cationic nanoparticles that extend away from the bilayer 

surface.50,51

To gain further insight into the molecular origins of nanoparticle-bilayer interactions 

observed by QCM-D, we employed second harmonic generation (SHG). When excited with 

wavelengths near 600 nm, the SHG intensity near 300 nm increases when supported lipid 

bilayers are exposed to 4 nm AuNPs.52 This nanoparticle-induced increase in intensity 

suggests resonance enhancement to the SHG signal upon AuNP adsorption to the bilayer-

solution interface. Since the second-order nonlinear optical response is distance-

dependent,53,54 SHG can be used to probe the length scale of AuNP–bilayer interactions. 

This principle allowed us to evaluate the location of AuNPs associated with the bilayers 

relative to the outer leaflet-solution interface, which is the least symmetric, and thus the 

most SHG-active, region in our system.

Figure 5 shows the summary of our findings, while the Supporting Information contains the 

detailed results from our concentration-dependent SHG studies. Briefly, we find that 

exposing pure POPC bilayers to the MPNH2-AuNPs under otherwise identical buffer and 

salt conditions increases the SHG signal intensity by more than 30%. Somewhat smaller 

SHG signal intensity gains were observed when the POPC bilayer contained 2.9 or 6.4 mol 

% rough LPS. In contrast, the SHG signal intensity either did not change or changed only 

slightly upon addition to the bilayers containing 0.21 or 0.46 mol% smooth LPS, 
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respectively. Exposure of LPS-containing bilayers to anionic MPA-AuNPs did not produce 

an increase in SHG signal intensity either (data not shown), consistent with the lack of 

interaction between the AuNPs and these bilayers demonstrated in the QCM-D experiments 

(vide supra).

Given that the QCM-D experiments described in the previous section show clear mass gains 

upon introduction of MPNH2-AuNPs to bilayers containing both rough LPS and smooth 

LPS, we hypothesize that the lack of SHG signal intensity gains for the bilayers containing 

smooth LPS are due to the distance-dependence of the SHG process, as elaborated by 

Walker and co-workers.53,54 Under this hypothesis, nanoparticles associated with LPS are 

held at a larger distance from the bilayer-solution interface than those bound to POPC. The 

resulting reduction in SHG resonance enhancement would then lead to smaller increases in 

SHG intensity induced by nanoparticle association with bilayers, which is indeed observed. 

This interpretation of the correlated SHG and QCM-D results is supported by reports from 

Walker and co-workers who used molecular tethers, or rulers, to place SHG-active 

chromophores at various distances from liquid/liquid interfaces and found longer distances 

to coincide with diminishing and finally vanishing SHG signal.53,54 Quantitative distance 

measurements would, in principle, be possible by X-ray standing wave measurements55 or 

by anchoring AuNPs to the LPS-containing bilayers using tethers of varying lengths, but 

such demanding experiments have their own caveats and exceed the scope of the current 

study. LPS structure also influenced changes in SHG intensity, evidenced by the smaller 

increase in SHG intensity upon nanoparticle binding to smooth LPS than rough LPS. 

Smooth LPS contains the O-polysaccharide absent in rough LPS and thus presents 

negatively charged binding sites for AuNPs at a larger distance from the bilayer–solution 

interface (outside the interfacial zone probed by SHG), resulting in lower intensity 

enhancement.

Effect of Nanoparticle–Bilayer Association on Lipid Structure

To investigate the potential effects of nanoparticle association with bilayers on the 

underlying lipid structure, super-resolution fluorescence micrographs of POPC bilayers with 

variable LPS content were acquired before and after addition of MPNH2-AuNPs (Figure 

S9). TopFluor PC was used to construct fluorescent bilayers within glass-bottom dishes. 

Then MPNH2-AuNPs were introduced under identical conditions to those used in QCM-D 

experiments (I = 0.025 M). The images show that nanoparticle addition to pure POPC 

bilayers and POPC bilayers containing smooth LPS alters lipid packing, evidenced by the 

formation of lipid clusters (bright regions due to locally increased fluorophore 

concentration). In contrast, the MPNH2-AuNP introduction to POPC bilayers with rough 

LPS had no observable effect on lipid packing. This suggests that nanoparticle association 

with lipid bilayers, either through direct interaction with lipids or through interaction with 

LPS, may alter lipid packing. Evaluation of this hypothesis is the subject of ongoing work. 

We note, however, that the smooth LPS densities achieved in the supported lipid bilayers 

(0.21 to 0.46 mol %) are considerably lower than those occurring in bacteria that incorporate 

these molecules into their outer membranes. Our results suggest that bacterial outer 

membranes with higher smooth LPS densities would prevent contact of cationic 

nanoparticles with the bilayer.

Jacobson et al. Page 10

Environ Sci Technol. Author manuscript; available in PMC 2015 November 13.

A
uthor M

anuscript
A

uthor M
anuscript

A
uthor M

anuscript
A

uthor M
anuscript



Environmental Implications

The results of this study provide direct evidence for electrostatically driven association of 

cationic nanoparticles with the negatively charged polyssacharide portions of LPS molecules 

in the cell envelope of Gram-negative bacteria, supporting the hypothesis that LPS plays a 

critical role in mediating such nanoparticle–cellular interactions.10,11,34,35 Acoustic and 

spectroscopic data from QCM-D and SHG measurements, respectively, on analogous 

supported lipid bilayers indicate that these interactions occur farther into solution (farther 

from the outer leaflet-solution interface) in bacteria that elaborate LPS including the long O-

polysaccharide chain (“smooth” LPS) compared to those bearing short, “rough” LPS. 

Correlated super-resolution fluorescence imaging studies of these lipid bilayers demonstrate 

that interaction of cationic nanoparticles with the smooth LPS-containing bilayer impacts 

lipid packing. Electrostatic repulsion is expected to prevent most associations of anionic 

particles with membrane-bound LPS molecules both in whole bacterial cells and the model 

lipid bilayers.

The propensity of smooth LPS to hold bound nanoparticles at a distance from the bilayer-

solution interface suggests a barrier function for the O-antigen that may protect bacteria 

from the effects of nanoparticles that require contact with the outer membrane bilayer to 

induce adverse effects. This insight leads to the expectation that bacteria bearing rough LPS 

may be more susceptible to the effects of intact nanoparticles than are those that produce 

smooth LPS, despite lower association of nanoparticles with the former. The efficacy of 

nanoparticles that exert their antimicrobial effect via dissolution (e.g., silver nanoparticles)56 

or production of reactive oxygen species (e.g., zinc oxide nanoparticles)44,57 is expected to 

depend on the balance between higher association with smooth LPS (for cationic NPs) and 

the greater availability of sites for interaction or reaction on these molecules vis-à-vis rough 

LPS, to the extent that damage to LPS is not deleterious. The detailed characterization of 

nanoparticle interactions with bacterial cells and solid-supported lipid bilayers presented in 

this study demonstrates that LPS molecules mediate nanoparticle interactions with Gram-

negative bacteria and provides molecular-level insight necessary to design engineered 

nanoparticles with reduced biological impact. Intriguingly, the LPS molecules that confer a 

barrier function to the outer membrane may also facilitate the entry of bacterial surface-

bound nanoparticles into food chains.

Supplementary Material

Refer to Web version on PubMed Central for supplementary material.
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Figure 1. 
(a) Number-average hydrodynamic diameters and (b) electrophoretic mobilities of MPA- 

and MPNH2-functionalized gold nanoparticles (AuNPs) as a function of solution ionic 

strength. All values were measured at a (particle number) concentration of 12.8 nM in 2 mM 

HEPES solution (pH 7.4). The desired ionic strength was achieved by the addition of NaCl. 

Error bars represent one standard deviation (n = 10).
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Figure 2. 
Gold nanoparticle association with bacterial cells is directly observable and depends on cell 

LPS content. (a) Cells isolated (sorted) from the total cell population after exposure to 

MPNH2-AuNPs. (b) Unsorted cells after exposure to MPNH2-AuNPs. In panels a and b the 

arrows point to AuNPs associated with the cells as confirmed by hyperspectral imaging. (c) 

Association of MPA- or MPNH2-AuNPs with Shewanella cells with varying LPS content 

(indicated by 8-amino-2-keto-3-deoxy-D-manno-octonate (8-aminoKdo) content of 

lyophilized cells) quantified by flow cytometry. Error bars (representing one standard 

deviation, n = 3) are smaller than the symbol in some cases.
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Figure 3. 
(a) Hydrodynamic diameters and (b) electrophoretic mobilities of unilamellar vesicles 

composed of POPC or POPC and the indicated mole percent of either smooth LPS (sLPS) or 

rough LPS (rLPS). Apparent ζ potentials derived from these electrophoretic mobility 

measurements are presented in Figure S7. All values were measured at a vesicle 

concentration of 10 μg·mL−1 in a 0.002 M HEPES (pH 7.4), 0.001 M NaCl solution. Error 

bars represent one standard deviation (n = 5). (c) Content of 2-keto-3-deoxy-D-manno-

octonate (Kdo) in the POPC/LPS vesicles as a function of mass percent LPS addition (used 

to estimate mol % LPS in vesicles). Each smooth LPS molecule contains three Kdo residues 

while each rough LPS molecule contains two Kdo residues.45,46 Error bars represent one 

standard deviation (n = 3). Values labeled with different letters differ significantly from each 

other (p < 0.05).
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Figure 4. 
Association of MPNH2-AuNPs with bilayers containing (a) rough or (b) smooth LPS. 

Normalized maximum frequency shifts for the 5th harmonic (Δf5/5) during nanoparticle-

bilayer exposure are displayed. Calculation of mole percent LPS content assumed three Kdo 

molecules per smooth LPS molecule and two Kdo molecules per smooth LPS molecule.45,46 

Error bars represent one standard deviation (n = 3). (c,d) The harmonic-dependence of Δfn 

and the energy dissipation factor (ΔDn), where n is the harmonic number, is more 

pronounced for MPNH2-AuNPs interacting with bilayers containing rough LPS (panel c) 

than smooth LPS (panel d).19 Experiments were performed in 0.002 M HEPES (pH 7.4) and 

0.025 M NaCl.
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Figure 5. 
Observed changes in SHG signal intensity following introduction of MPNH2-AuNPs (5 × 

10−9 M number density) to POPC bilayers lacking LPS (black), or containing rough LPS 

(rLPS, green) or smooth LPS (sLPS, blue). The observed SHG signal arises from 

nanoparticle-induced resonance enhancement near the bilayer–solution interface. All 

experiments were performed in 0.002 M HEPES (pH 7.4) and 0.025 M NaCl.
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