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A principal goal of molecular biophysics is to show how protein
structural transitions explain physiology. We have developed a
strategic tool, transient time-resolved FRET [(TR)2FRET], for this pur-
pose and use it here to measure directly, with millisecond resolu-
tion, the structural and biochemical kinetics of muscle myosin and to
determine directly how myosin’s power stroke is coupled to the
thermodynamic drive for force generation, actin-activated phos-
phate release, and the weak-to-strong actin-binding transition. We
find that actin initiates the power stroke before phosphate dissoci-
ation and not after, as many models propose. This result supports a
model for muscle contraction in which power output and efficiency
are tuned by the distribution of myosin structural states. This tech-
nology should have wide application to other systems in which
questions about the temporal coupling of allosteric structural and
biochemical transitions remain unanswered.
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Myosin family proteins use ATP hydrolysis to generate force
and movement required for normal physiology. They drive

muscle contraction, help control cell division and cellular mo-
tility, move organelles through the cytoplasm, and are important
elements of the cellular mechanical-sensing machinery (1, 2).
The key to understanding how myosin and related enzymes
function in cells, and how to modulate their activity to treat
disease, is to determine how the protein’s structural dynamics
and biochemical kinetics are coupled. Although high-resolution
crystal structures provide best-guess snapshots of protein struc-
ture over a range of biochemical states, determining the physi-
ological relevance of these snapshots remains one of the central
challenges of structural biophysics.
How myosin generates force remains debated despite more

than 50 y of intense research (1–3). The most popular current
model (2, 4) proposes that after ATP hydrolysis, myosin interacts
weakly with actin and this interaction initiates an ordered series
of structural and biochemical transitions that culminate in the
dissociation of hydrolyzed phosphate, followed by the isomeri-
zation of the actin-binding interface to a state that binds actin
with nanomolar affinity and then the rotation of the myosin light-
chain domain (LCD) toward the plus end of the actin filament.
This rotation converts the thermodynamic energy of phosphate
release and actin binding into mechanical energy that performs
work. A number of results question this model, however, in-
cluding spectroscopic data showing that a structural transition in
the myosin relay helix, hypothesized to be coupled to LCD ro-
tation, precedes Pi release (5) and force development precedes
Pi release in muscle fibers (6).
Determining how these events take place in solution and in

cells is an important question, because (i) differences in the
mechanics of different myosins likely reflect differences in how
the biochemical and structural transitions described above are
coordinated (4); (ii) disease-causing mutations in the myosin
heavy chain should alter this coordination (7, 8); (iii) recent
studies show that modulating mechanochemical coupling in
myosin is a viable therapeutic approach to treat myosin-associ-
ated diseases (9, 10); and (iv) myosin remains a model system for
mechanochemical coupling in general, so what we learn about

the myosin power stroke will inform work on related enzymes
(3). Understanding the coordination of actin binding, phosphate
release, and LCD rotation will address each of these goals.
However, direct detection of the kinetics of both LCD rotation
and phosphate release, the key to understanding mechano-
chemical coupling in myosin, has not been achieved (4).
We have developed a spectroscopic approach that allows us

to detect angstrom-scale structural changes in protein samples
using time-resolved FRET (TR-FRET) measured on the sub-
millisecond time scale. We call this approach transient time-
resolved FRET [(TR)2FRET] (5, 11) and use it to determine the
structural kinetic mechanism of the myosin power stroke. The
results show that actin induces LCD rotation before phosphate
dissociation, suggesting a more nuanced interpretation of recent
high-resolution crystal structures of myosins complexed with
ADP and phosphate (4). They also prompt a general model for
tuning myosin force generation where the nonequilibrium dis-
tribution of pre- and postpower stroke LCD orientations con-
trols power output and muscle efficiency.

Results
TR-FRET Detects ADP- and ATP-Sensitive Structural States of Myosin.
Numerous experimental approaches have been used to investi-
gate how myosin biochemistry is coupled to myosin structure and
force generation, including high-resolution X-ray crystallog-
raphy, EM, cellular mechanics, EPR, fluorescence, and single-
molecule studies (reviewed in 2, 3, 12). However, none of these
approaches has directly resolved how LCD rotation is coupled to
actin-induced phosphate release during the weak-to-strong actin-
binding transition.
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We previously examined the structural dynamics of the myosin
relay helix (5, 11, 13), a conserved structural element down-
stream from switch-2 in myosins. The structure of this helix is
allosterically coupled to interactions between switch-2 and bound
ATP, ADP, and hydrolyzed phosphate (14, 15). Movement of the
relay helix is hypothesized to be tightly coupled to LCD rotation
(14–16). We showed that in Dictyostelium myosin II, actin binding
in the presence of ATP straightens the relay helix before disso-
ciation of hydrolyzed phosphate (5). If the straight structural state
of the relay helix is tightly coupled to the postpower stroke ori-
entation of the LCD as proposed (14, 15), then actin should in-
duce LCD rotation before phosphate release. This hypothesis
disagrees with several existing proposals (2, 4) but agrees with
recent studies performed in isolated muscle fibers (6).
To test this hypothesis directly, we designed a TR-FRET

biosensor of two-headed skeletal muscle heavy meromyosin
(HMM; Fig. 1 and preparation described in SI Appendix). The
biosensor (Fig. 1) contains a fluorescently labeled (Alexa Fluor
488, the FRET donor; Invitrogen) chicken-gizzard smooth
muscle regulatory light chain (cgRLC) exchanged onto skeletal
muscle HMM (SI Appendix) and a fluorescent nucleotide (Cy3-
ATP, the FRET acceptor) bound to the myosin nucleotide
binding pocket (17–19). We used the cgRLC because it contains
a single reactive Cys and can be exchanged efficiently with the
native nonlabeled RLC under conditions that do not affect
ATPase activity (SI Appendix, Fig. S1). The characterization of
this construct and the validation of FRET between the probes
are described in SI Appendix. Spectral overlap between the donor
and acceptor gives a Förster distance (R0) of 6.7 nm (SI Appendix).
Based on high-resolution crystal structures [summarized in
SI Appendix, Table S1; Protein Data Bank (PDB) ID codes 2MYS
(20), shown in Fig. 1 as a representative postpower stroke struc-
ture, and 1Br1 (16) with added RLC based on homology to scallop
myosin RLC structures, shown as a representative prepower stroke
state], we predicted that the distance between the C-lobe of the
RLC (residue C108 of the exchanged light chain) and the Cy3-
labeled ribose will be 5.5 nm when myosin is in the prepower
stroke state and between 6.8 and 9.0, indicated by the range of
predicted distances in rigor-like X-ray structures (SI Appendix,
Table S1), when myosin is in the postpower stroke state.
We measured TR-FRET of the labeled HMM in the presence

of saturating bound Cy3-ADP or Cy3-ATP without actin (Fig. 1).
Data from these experiments were analyzed using programs
written in MATLAB (MathWorks) and with software used in
our previous publications (5, 11), and they are described in

SI Appendix. The observed time-resolved fluorescence (TRF)
waveform of the Alexa Fluor donor probe decays faster in the
presence of Cy3-ADP than when the acceptor is not present or
when the samples are incubated with actin (Fig. 1A). Cy3-ATP
binding decreases the decay time further (Fig. 1A). Thus, the
donor’s excited state is quenched by the presence of the
fluorescent acceptors, and the degree of quenching increases
when the γ-phosphate is present. We fit a structure-based TR-
FRET model to the observed data (SI Appendix and SI Appendix,
Fig. S2) and evaluated the validity of the fit based on χ2 mini-
mization (SI Appendix, Fig. S2), the geometry of the χ2 error
surface for each parameter in the fit (SI Appendix, Fig. S4), and
the upper and lower confidence intervals for each parameter
obtained from the χ2 error surface (SI Appendix, Table S3).
In the best-fit model, the mole fraction of two TR-FRET

interprobe distance distributions depended on the nucleotide-
binding conditions (Fig. 1A, Inset). This dependence was consis-
tent with the structural models (Fig. 1 and SI Appendix, Table S3).
ATP increased FRET compared with ADP by increasing in the
mole fraction of a 5.7-nm distance distribution (denoted M**)
and decreasing a 10.3-nm distance (denoted M*; Fig. 1B, Inset).
These distances are consistent with the expected values from the
range of LCD orientations seen in myosin crystal structures
(SI Appendix, Table S3). The short 5.7-nm distance state is also
detected in the presence of ADP, although at a lower relative
mole fraction (Fig. 1A, Inset). These results indicate that the LCD
isomerizes between pre- and postpower stroke orientations in the
presence of saturating ATP and ADP, and that the γ-phosphate
shifts the [M**]/[M*] equilibrium constant for this isomerization
by a factor of 10 (0.4 with ADP and 4.0 with ATP). This equi-
librium constant is remarkably consistent with the measured
equilibrium constant for ATP hydrolysis at 20 °C and 30 °C in
rabbit skeletal myosin S1 (21).
We measured the spectroscopic determinants of FRET, in-

cluding the absorbance, excitation, and emission spectra; fluo-
rescence time-resolved anisotropy of the donor; and steady-state
anisotropy of the acceptor. The spectra were measured to ensure
that the overlap integral [J(λ), SI Appendix, Eq. 11] does not
change during the ATPase cycle, and the anisotropy controls
were performed to estimate the orientation-sensitive term, κ2
(SI Appendix, Eq. 11), and the resulting uncertainty in FRET R0.
These controls showed that the donor and acceptor absorption
and excitation spectra do not change with ATP binding or with
ATP hydrolysis (SI Appendix, Fig. S3). The acceptor (Cy3)
fluorescence emission is enhanced upon binding to myosin, in-
dicating a change in quantum yield, but this quantum-yield
change does not affect FRET (SI Appendix, Eq. 11), and en-
hanced Cy3 emission does not contaminate the measured fluo-
rescence of the donor emission detected at 520 nm (SI Appendix,
Fig. S3). The anisotropies of the probes do not change during the
experiment (SI Appendix, Table S4), and the upper and lower
limits for R0 determined from κ2 are 6.5 nm and 8.0 nm, re-
spectively (SI Appendix, Table S4). These limits are smaller than
the magnitude of change in distance detected by structure-based
TR-FRET modeling (5.7–10.2 nm). Thus, changes in TR-FRET
report changes in interprobe distance and LCD rotation.

Structural Kinetics of the Power Stroke Detected by (TR)2FRET. Armed
with the biosensor described above, we performed (TR)2FRET
experiments during ATP binding and actin-activated single ATP
turnover to determine how the molar fractions of the resolved
structural states change during the force generating the weak-to-
strong actin-binding transition. We acquired TR-FRET wave-
forms every 0.2 ms after mixing in a stopped-flow device
(SI Appendix). Representative waveforms during Cy3-ATP
binding, and the subsequent myosin recovery stroke and hydro-
lysis steps (Fig. 2A), and during actin-activated single ATP
turnover (Fig. 2B) show robust changes in TR-FRET.

Fig. 1. TR-FRET detects nucleotide-dependent LCD orientation. (A) Represen-
tative fluorescence waveforms (gray, donor only; orange, donor plus acceptor,
saturating Cy3-ADP; magenta, donor plus acceptor, saturating Cy3-ATP). (In-
set) Mole fraction of the M** structural state obtained from a two-component
fit to the waveforms (n = 9; SEM). (B) Distance probability distributions from
the above-mentioned fit, corresponding to the two resolved structural states
(M*, green line; M**, red line). The cartoon depicts predicted distances from
2MYS (green ribbon; distance, cyan arrow) and 1Br1 (green ribbon; distance,
magenta arrow) with modeled RLC. Actin is shown in yellow.
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We analyzed the data by first determining each sample’s total
fluorescence (Fig. 2 C and D), calculated by integrating the TRF
waveforms over the nanosecond decay time (SI Appendix). The
donor total fluorescence in the presence of acceptor provides an
indication of the average energy transfer and distance between
probes (22), reflecting changes in the average structural state of
the protein. By fitting the TR-FRET waveforms to a structure-
based model (described below), we resolved the structural states
of myosin and measured the changes in their mole fractions with
millisecond kinetic resolution.
Cy3-ATP binding to labeled HMM induces a single-expo-

nential time-dependent change in the total fluorescence (Fig.
2B) of Alexa Fluor donor, consistent with Cy3-ATP binding
and formation of a high-FRET state. The binding is specific
and is blocked by 1 mM MgATP in the presence of excess actin
(SI Appendix, Fig. S1). The rate constant for this exponential

transient increased linearly with [Cy3-ATP] (SI Appendix,
Fig. S5) and exhibited an apparent second-order rate constant of
4.0 μM−1·s−1 and a dissociation rate constant <0.1 s−1 (SI Appendix,
Table S2), consistent with the kinetics of ATP binding and
ATPase cycling (17). The preexponential amplitude did not
change with increasing [Cy3-ATP] (SI Appendix, Fig. S5);
thus, the binding saturated at concentrations the 1 μM con-
centration used.
We measured actin-induced structural changes by preparing a

steady-state of 0.2 μM Alexa Fluor-labeled HMM with 2 μM
excess Cy3-ATP in syringe A of the stopped flow, and then mixed
this steady-state complex, which is stable for 5 min (SI Appendix,
Fig. S1), with varied concentrations of actin (10–40 μM final
concentrations after mixing) in syringe B containing 1 mM
MgATP after mixing. We added the 1 mM MgATP to prevent
multiple actin-activated Cy3-ATP turnover reactions to ensure
that changes in total fluorescence (Fig. 2D) reflect actin-induced
changes in FRET during a single weak-to-strong transition (23)
and not multiple turnovers.
Actin induced a three-exponential increase in total fluo-

rescence (Fig. 2D), consistent with a multistep process for
actin-activated turnover of the Cy3-ATP and a transition from a
high-FRET state, before actin binding, to a no-FRET state with
dissociation of the Cy3-labeled acceptor at the end of the re-
action transient. The slowest phase exhibited a rate constant of
3.4 s−1 (Fig. 3D) and was less than 10% of the total amplitude
(SI Appendix, Fig. S5), consistent with slow flux through actin-
bound ATP hydrolysis (21).
The observed rate constants for the dominant phases [phase 1

(red symbols) and phase 2 (blue symbols) in Fig. 3D] of the actin-
activated fluorescence transients increased linearly with in-
creasing [actin] with a rate constant at 40 μM actin of 200 s−1 and
34 s−1, respectively (SI Appendix, Table S3). The amplitudes of

Fig. 2. (TR)2FRET was used to detect actomyosin structural kinetics. (A) Recovery
stroke following Cy3-ATP binding: TR-FRET waveforms were acquired every
0.2 ms (1-ms average shown) upon mixing 0.2 μM donor-labeled myosin
HMM with 2 μM Cy3-ATP (0.1 μM and 1.0 μM final concentrations, re-
spectively). (B) Power stroke: TR-FRET waveforms starting from the steady
state of A, after mixing with actin (40 μM after mixing). (C) Total fluores-
cence of Alexa Fluor 488-labeled HMM mixed with [Cy3-ATP]. (D) Total
fluorescence of an HMM Cy3-ATP steady state as in C, mixed with [actin]
containing 1 mM ATP. Best fit (two-exponential fit for C and E and three-
exponential fit for D and F, solid black line), nonfitting (C and D only, dotted
lines), one-exponential fit (C), and one- and two-exponential fits (D) are
shown. (E) Mole fractions of M* structural state during Cy3-ATP binding
determined by fitting (TR)2FRET data obtained as in A to a structural state
model. (F) Mole fractions of M* structural state during the power stroke
determined by fitting (TR)2FRET data obtained as in B. The dotted purple
line indicates M* mole fraction during steady-state ATPase cycling in the
absence of actin (n = 9). Best-fit functions: IðtÞ= 1+ 0.48e−8.5t + 0.06e−1.9t and
IðtÞ= 1+ 0.50e−32t + 0.03e−1.6t (C) and IðtÞ= 1+ 0.41e−8.3t + 0.06e−2.3t and IðtÞ=
1+ 0.43e−32t +0.02e−3.4t (E) for 2 μM and 8 μM Cy3ATP, respectively. Best fit
functions: IðtÞ= 1+ 0.1e−93t + 1.6e−15t + 0.2e−4.1t and IðtÞ= 1+ 0.3e−261t +
1.5e−30t + 0.06e−6t (D) and IðtÞ= 0.42+0.04e−81t + 0.4e−8.4t + #e−#t and IðtÞ=
0.42+0.2e−314t +0.4e−20t + #e−#t (F) for 10 μM and 40 μM actin, respectively.

Fig. 3. Comparison of phosphate release and LCD structural kinetics.
(A) Representative fluorescence of phosphate-binding protein after mix-
ing 1 μM HMM containing 2 μM ATP with [actin]. Best fit functions: IðtÞ=
1+ 0.24e−20t + 0.74e−4.3t and IðtÞ= 1+ 0.57e−20t + 0.42e−5.3t at 10 μMand 40 μM
actin, respectively. (B) Direct comparison between phosphate release (magenta,
skHMMwith native RLC; purple, skHMMwith exchanged Alexa fluor-RLC), total
myosin fluorescence (light green), and M* mole fraction (dark green). (C) Ob-
served rate constants (kobs) for phosphate release (red, fast phase; blue, slow
phase). (D) Observed rate constants for actin-induced LCD rotation (total fluo-
rescence, open circles; M* mole fractions, solid circles) fit as in Fig. 2 D and F.
Triple-exponential fit (red, phase 1; blue, phase 2; purple, phase 3).
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the pre–dead-time increase in M* increased linearly with in-
creasing actin (SI Appendix, Fig. S5). This increase is consistent
with the expected Kd of >100 μM for weak actin-binding states of
myosin that contain either ATP or posthydrolysis ADP and
phosphate in the nucleotide-binding pocket. The amplitudes of
the actin-induced exponential transitions that occur after the
rapid pre–dead-time phase did not change with increasing actin
(SI Appendix, Fig. S5), indicating that the partitioning between
each exponential phase after mixing is determined by the equi-
librium constants for the recovery stroke and ATP hydrolysis
in the absence of actin, and that the multiexponential character
of the transient represents flux through a linear or branched
kinetic mechanism after the formation of the actomyosin colli-
sion complex.
The kinetics of phase 1 during the actin-induced FRET tran-

sients were distinct from and faster than actin-induced fluores-
cent ATP (Cy3-ATP and mant-ATP) turnover (SI Appendix,
Fig. S1), whereas phase 2 (35 s−1 at 40 μM actin) is identical to
the maximum turnover rate constants in SI Appendix, Fig. S1,
indicating that phase 1 of the actin-induced change in FRET
reflects structural transitions that precede ADP release after the
myosin binds actin.

Structure-Based TR-FRET Modeling Reveals the Structural Kinetics and
Thermodynamics of the Power Stroke. We determined the struc-
tural underpinnings for the changes in FRET described above by
fitting a structure-based FRET model (described in SI Appendix)
to the (TR)2FRET waveforms. The best-fit model was selected
by χ2 minimization (SI Appendix, Fig. S2), evaluated by the ge-
ometry of χ2 error surface (SI Appendix, Fig. S4) and the error
surface confidence intervals (SI Appendix, Fig. S4).
The best-fit model reveals two distinct populations of inter-

probe distance distributions, indistinguishable from the pop-
ulations in Fig. 1. These distributions (M* and M**; SI Appendix,
Table S3) are in apparent equilibrium under steady-state
ATPase cycling conditions, with a [M**]/[M*] equilibrium con-
stant (Keq) of 4 consistent with measurements of the ATP hy-
drolysis reaction equilibrium constant (21). The mole fraction of
the M* and M** states exchanged exponentially during Cy3-ATP
binding (Fig. 2E) and actin-activated turnover (Fig. 2F), with the
M* fraction decreasing during ATP binding from 1.0 to 0.2 (Fig.
2E) and increasing during actin-activated turnover from 0.2 to
1.0 (Fig. 2F). During actin-activated turnover, the M* fraction
increased from 0.2 to ∼0.4 within the dead time of the stopped-
flow mix, indicating that the initial stages of LCD rotation occur
on the microsecond time scale. This pre–dead-time change is
uncertain in the total fluorescence signal depicted in Fig. 2D
after normalization, due to uncertainty in the total fluorescence
at the start of the transient, but is well resolved when the TRF of
the waveforms is analyzed directly, because the time-resolved
lifetime is independent of the total concentration of the sample,
and thus independent of the ∼10% variation in total fluores-
cence between successive stopped flow mixes. We fit the ob-
served time dependence after mixing (2 ms onward) of the M*
mole fraction with one, two, and three exponential functions, as
described for the total fluorescence transients in Fig. 2D. The
observed rate constants from these fits (Fig. 3D) were in-
distinguishable from those rate constants obtained by fitting the
total fluorescence transients. Thus, the changes in total fluores-
cence reflect exponential time-dependent changes in the mole
fractions of M* and M** structural states identified by the
structure-based TR-FRET model. Because the structure-based
model identifies the mole fractions of the M* and M** structural
states, it reveals the apparent equilibrium constants separating
the states during ATP binding and actin-activated single ATP
turnover; these equilibrium constants are not resolved in the
analysis of total fluorescence. These equilibrium constants di-
rectly reveal the structural kinetic mechanism of the myosin

power stroke during the weak-to-strong actin-binding transition.
This analysis showed that actin induces the increase in the M*
mole fraction, at 40 μM [actin] from 0.2 before formation of the
weak-binding actomyosin interface; to 0.38 in the pre–dead-time
phase; and then to 0.53 at the completion of phase 1, 0.95 at the
completion of phase 2, and 1.0 at the completion of phase 3, with
each corresponding to an increase in the apparent M*/M**
equilibrium constant from 0.25 to 0.63, 1.13, 19, and >100,
respectively.

Actin-Initiated Phosphate Release Is Slower than the Power Stroke.
We compared the structural kinetics of the myosin power stroke,
described above, with the kinetics of actin-activated phosphate
release using fluorescent-labeled phosphate-binding protein
(SI Appendix) (21). The observed rate constant for actin-acti-
vated phosphate release (Fig. 3 and SI Appendix, Table S2) in-
creased hyperbolically with increasing [actin], with a K0.5 of 8 μM
and a maximum rate constant of 31 s−1 (Fig. 3C) for skeletal
HMM (skHMM) with the native RLC and 38 s−1 for skHMM
with the exchanged Alexa Fluor-labeled cgRLC. These results, at
6 mM ionic strength, are consistent with previous reports at a
lower ionic strength of 1.2 mM (21), which predict 120 s−1 at
25 °C, and 12 mM, which showed 10 s−1 (24) at 10 °C. Direct
comparison of FRET and Pi release transients at 40 μM actin
(Fig. 3B) and the apparent rate constants for the fast phase of
each process, 30–40 s−1 for Pi release and >350 s−1 for the
M* mole fraction (Fig. 3D and SI Appendix, Table S2), show that
LCD rotation precedes biochemical dissociation of inorganic
phosphate in skeletal muscle myosin.

Blebbistatin and Vanadate Block Actin-Induced LCD Rotation. To test
the structural and biochemical requirements for actin-induced
changes in LCD orientation, we performed experiments similar
to those experiments shown in Fig. 2, in the presence of satu-
rating blebbistatin or saturating vanadate. Both reagents are
potent inhibitors of the weak-to-strong actin-binding transition
and actin-activated phosphate release. We incubated the labeled
HMM with either blebbistatin (10–100 μM) and excess Cy3-ATP
or vanadate (10 μM to 1 mM) and excess Cy3-ADP, and then
mixed these complexes with varied [actin]. We analyzed the re-
sults from experiments performed in the presence of blebbistatin
by evaluating the total fluorescence: Blebbistatin itself is fluo-
rescent, having a longer lifetime than the Alexa Fluor donor, and
interferes with the TR-FRET data fitting. Blebbistatin did not
prevent Cy3-ATP binding (SI Appendix, Fig. S6A, magenta) but
did prevent actin-induced increases in fluorescence (SI Appendix,
Fig. S6A, purple) and slowed Cy3-ATP turnover in the absence
of actin as well (SI Appendix, Fig. S6B), consistent with bleb-
bistatin binding and inhibition of ATPase cycling. We analyzed
experiments performed with vanadate by fitting the TR-FRET
waveforms to a structure-based model. Mixing 100 μM vanadate
with labeled HMM in the presence of excess Cy3-ADP slowly
stabilizes the M** state (SI Appendix, Fig. S6D) and prevents the
actin-induced M**-to-M* transition on the 0- to 1-s time scale
(SI Appendix, Fig. S6C). At longer times, actin weakens vanadate
binding and drives nucleotide exchange with nonlabeled ATP
included in the actin syringe (SI Appendix, Fig. S6D), evident by
the [vanadate] dependence of the observed transients. These
results indicate that actin does not induce LCD rotation when
these inhibitors are bound.

Structural Kinetics Modeling of FRET Confirms That Actin Initiates LCD
Rotation Before Phosphate Dissociation. We modeled the LCD
structural kinetics by fitting three different structural kinetic
mechanisms to the Pi release and the M* and M** transients
acquired during ATP binding and actin-induced ATP turnover
(SI Appendix, Fig. S7). In mechanism 1 (SI Appendix, Eq. 24),
actin binding is followed by phosphate release and then LCD

Muretta et al. PNAS | November 17, 2015 | vol. 112 | no. 46 | 14275

BI
O
PH

YS
IC
S
A
N
D

CO
M
PU

TA
TI
O
N
A
L
BI
O
LO

G
Y

http://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1514859112/-/DCSupplemental/pnas.1514859112.sapp.pdf
http://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1514859112/-/DCSupplemental/pnas.1514859112.sapp.pdf
http://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1514859112/-/DCSupplemental/pnas.1514859112.sapp.pdf
http://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1514859112/-/DCSupplemental/pnas.1514859112.sapp.pdf
http://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1514859112/-/DCSupplemental/pnas.1514859112.sapp.pdf
http://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1514859112/-/DCSupplemental/pnas.1514859112.sapp.pdf
http://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1514859112/-/DCSupplemental/pnas.1514859112.sapp.pdf
http://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1514859112/-/DCSupplemental/pnas.1514859112.sapp.pdf
http://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1514859112/-/DCSupplemental/pnas.1514859112.sapp.pdf
http://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1514859112/-/DCSupplemental/pnas.1514859112.sapp.pdf
http://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1514859112/-/DCSupplemental/pnas.1514859112.sapp.pdf
http://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1514859112/-/DCSupplemental/pnas.1514859112.sapp.pdf
http://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1514859112/-/DCSupplemental/pnas.1514859112.sapp.pdf
http://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1514859112/-/DCSupplemental/pnas.1514859112.sapp.pdf
http://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1514859112/-/DCSupplemental/pnas.1514859112.sapp.pdf
http://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1514859112/-/DCSupplemental/pnas.1514859112.sapp.pdf
http://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1514859112/-/DCSupplemental/pnas.1514859112.sapp.pdf
http://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1514859112/-/DCSupplemental/pnas.1514859112.sapp.pdf
http://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1514859112/-/DCSupplemental/pnas.1514859112.sapp.pdf
http://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1514859112/-/DCSupplemental/pnas.1514859112.sapp.pdf
http://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1514859112/-/DCSupplemental/pnas.1514859112.sapp.pdf
http://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1514859112/-/DCSupplemental/pnas.1514859112.sapp.pdf
http://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1514859112/-/DCSupplemental/pnas.1514859112.sapp.pdf


rotation; in mechanism 2 (SI Appendix, Eq. 25), actin binding is
followed by reversible rotation of the LCD and then Pi release;
and in mechanism 3 (SI Appendix, Eq. 26), mechanisms 1 and 2
are combined into a branched pathway. The χ2 value from these
fits showed that mechanisms 2 and 3 fit the data (SI Appendix,
Fig. S7), whereas mechanism 1 exhibits a χ2 value nearly 10-fold
greater than either mechanism 2 or 3 and does not fit the data.

Discussion
Our results show that actin can induce rotation of the myosin
LCD before dissociation of hydrolyzed Pi. This finding contra-
dicts the popular model in which LCD rotation follows Pi release
(2, 4). The best-fit structural modeling of the TR-FRET (Fig. 1)
and (TR)2FRET (Fig. 2) waveforms reveals the structural,
thermodynamic, and kinetic underpinnings of the actin-induced
LCD rotation, showing that the LCD partitions between two
orientations under steady-state ATPase cycling conditions. The
first structural state (M*; LCD oriented down in Fig. 1) is in-
dicated by an interprobe distance distribution centered at
10.3 nm (SI Appendix, Table S1), consistent with rigor-like crystal
structures predicting distances between 6.8 and 9.0 nm (distance
of PDB ID code 2MYS is 6.8 nm). The second structural state,
(M**; LCD oriented up in Fig. 1) is indicated by an interprobe
distance distribution centered at 5.7 nm, consistent with the
predicted prepower stroke orientation of the LCD based on the
1Br1 crystal structure homology model (5.5 nm). Actin binding
shifts the [M*]/[M**] equilibrium constant distribution toward
the M* state before Pi release, 0.25–6.3 as determined by kinetic
modeling (SI Appendix, Table S2). Thus, the difference in the
apparent Gibbs free energy (ΔΔG) at 25 °C associated with this
distribution change is 8.0 kJ/mol, which is greater than the
thermal background (2.4 kJ/mol) but much lower than the energy
available from ATP hydrolysis (50 kJ/mol). Once the LCD has
rotated, phosphate release is accelerated to 30–40 s−1 under our
experimental conditions (6 mM ionic strength). Pi release is
predicted to be faster at 1.2 mM ionic strength (21) and slower
at 12 mM (24), presumably reflecting the ionic strength de-
pendence of actomyosin binding. After Pi release, the M*/M**
ratio is >100 and myosin is trapped in the postpower stroke
structural state until ATP rebinds.

Relation to High-Resolution Structural Studies. Recent crystallo-
graphic studies (4) propose a detailed structural mechanism for
actin-induced phosphate dissociation from myosin. In this work,
Llinas et al. (4) concluded that (i) actin induces the transit of
phosphate from the active site down a phosphate release path-
way and toward the inner actin-binding cleft before phosphate
dissociation and (ii) this transit follows switch-2 opening but
precedes LCD rotation and the weak-to-strong actin-binding
transition. Our results are consistent with the first conclusion but
do not support the second, because we clearly resolve LCD ro-
tation before Pi dissociation and formation of the strong binding
interface, which forms more slowly than Pi release (4).
Llinas et al. (4) reach these conclusions by showing that

phosphate can bind to the phosphate-release tube when the LCD
is in the prepower stroke orientation but not the postpower
stroke orientation. An alternate interpretation, supported by the
data presented in that study, is that phosphate does not bind to
the release tube when myosin is in the postpower stroke crystal
state because the binding is too weak. This interpretation is
consistent with our data, with our previous FRET studies per-
formed on the myosin relay helix (5), with tryptophan fluores-
cence studies performed in the absence of actin (14), with studies
performed on skinned muscle fibers (6), and with optical trap-
ping studies showing the single-molecule force develops faster
than Pi release (25).

Coordination of LCD Rotation with Switch-2 Opening. Although the
LCD rotates before Pi dissociation from myosin, blebbistatin and
vanadate inhibit the actin-activated M**-to-M* transition in
the LCD (SI Appendix, Fig. S6). Crystal structures of myosin
bound by blebbistatin with ADP and vanadate (26) or ADP and
vanadate without blebbistatin (27) show switch-2 in a closed
conformation. Furthermore, spectroscopic studies suggest that
blebbistatin (28) and vanadate (13) stabilize the closed state of
switch-2 in the presence of ADP without Pi or Pi analogs. Thus,
switch-2 is likely predominantly closed in the presence of bleb-
bistatin and vanadate, and because actin-induced LCD rotation
is inhibited by both, we infer that the power stroke requires
acceleration of switch-2 opening just as predicted by previous
studies (5, 14) and by crystallographic models (4, 16).

LCD Rotation and the Power Stroke.ATP-driven molecular motors,
myosin included, couple the chemical energy of ATP hydrolysis
with structural transitions that sustain piconewton-scale forces,
and thus perform mechanical work. The force/velocity de-
pendence and subsequent power output of these proteins are
determined by their structural kinetic mechanism operating over
a range of nonequilibrium and steady-state biochemical condi-
tions. This mechanism defines the distribution of structural states
during ATPase cycling, how these states evolve with time, and
how they respond to strain.
LCD rotation is one of the primary determinants of force,

velocity, and power output in myosins because it acts as an en-
ergy-transducing lever arm that converts changes in structure
into work. Based on kinetic modeling (SI Appendix, Fig. S7 and
Table S2), we find that the apparent Gibbs free energy change
for LCD rotation before Pi release is low, −4.5 kJ/mol, suggesting
that nonequilibrium diffusion through the transition state is driven
by the downstream kinetics of Pi release rather than the free en-
ergy change of the transition itself. Thus, this result predicts that
power is generated by LCD rotation, not as the result of the free
energy change of the rotation but because after the LCD diffuses
from the M** state to the M* state, phosphate release inhibits the
reversal of the transition while simultaneously facilitating the
formation of the strong actin-binding interface. This mechanism is
analogous to a thermally activated “ratchet” that is driven by the
energetics and kinetics of actin-activated phosphate dissociation.
It will be interesting to test this hypothesis in conjunction with
high-speed single-molecule laser trap experiments (25) and in
high-resolution muscle fiber mechanics studies (6) to determine
how the apparent equilibrium constant for LCD rotation is cou-
pled to load and the development of muscle force.
Lastly, our results are nicely consistent with the long-held

proposal, first made by Huxley and Simmons in 1971 (29), that
the myosin power stroke occurs in at least two thermodynam-
ically distinct steps: a fast elastic transition followed by a slower
viscoelastic transition (29). As discussed above, the >500-s−1

actin-induced LCD rotation that we observe is highly reversible,
with a predicted change in free energy of −4.5 kJ·mol−1, which
is only twofold greater than thermal background at the tem-
perature of our experiments (25 °C). The later stages in the
FRET-detected LCD rotation are consistent with the kinetics
and energetics of phosphate release, which exhibits a much
larger change in free energy and is less readily reversed.
Reversible LCD rotation is consistent with the elastic process
observed by Huxley and Simmons (29), whereas the slower, less
reversible phase in our data is consistent with the viscoelastic
processes.

Conclusions
We have used (TR)2FRET and transient phosphate release as-
says to determine the coordination of LCD rotation and actin-
induced dissociation of hydrolyzed Pi in fast skeletal muscle
myosin. The detection of nanosecond-resolved TR-FRET in real
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time during the millisecond-resolved biochemical transient
allowed direct and quantitative measurement of the mole frac-
tion of pre- and postpower stroke LCD structural states, and thus
the transient state distribution of these states during the critical
actin-activated power stroke. The major change in Gibbs free
energy is associated with phosphate release and the weak-to-
strong actin binding transition, and not with the large structural
reorientation of the LCD. These results provide direct and vivid
insight into one of the most enigmatic aspects of myosin enzy-
mology. Our work also serves as an important primer for future
studies of other enzymes, such as kinesins, dyneins, small GTPases,
nucleotide polymerases, and kinases, where questions regarding
the coupling of allosteric structural and biochemical transitions
remain unanswered.

Methods
Protein Purification and Labeling. Skeletal myosin (rabbit) was purified as
described by Margossian et al. (30) and is described in detail in SI Appendix.

Purified HMM was generated by α-chymotrypsin digestion stopped by ad-
dition of pefabloc (Roche). The cgRLC with a single reactive Cys at position
108 was expressed in Escherichia coli, as described in detail in SI Appendix,
and labeled with Alexa Fluor 488 (Invitrogen). Actin was purified from rabbit
skeletal muscle by acetone dehydration followed by extraction into ice cold
water, as described in detail in SI Appendix.

Spectroscopy. TR-FRET experiments were carried out as described in our
previous studies (5), and are explained in detail in SI Appendix.

Transient Kinetics. Stopped-flow experiments were performed on a Biologic
SFM-20 instrument equipped with a transient TRF spectrophotometer, as
described in our previous work (5).
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