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Background: Rift Valley fever (RVF) is a fatal arthropod-borne zoonotic disease of livestock and humans. Since

the identification of RVF in Kenya in the 1930s, repeated epizootics and epidemics coinciding with El Niño

events have occurred in several locations in Africa and Saudi Arabia, causing mass deaths of livestock and

humans. RVF is of great interest worldwide because of its negative effect on international livestock trade and its

potential to spread globally. The latter is due to the increasing incidence of extreme climatic phenomena caused

by global warming, as well as to the increase in global trade and international travel. How RVF is maintained

and sustained between epidemics and epizootics is not clearly understood, but it has been speculated that

wildlife reservoirs and trans-ovarian transmission in the vector may be important. Several studies have

examined the role of wildlife and livestock in isolation or in a limited geographical location within the one

country over a short time (usually less than a year). In this study, we examined the seroprevalence of anti-RVF

antibodies in cattle and several wildlife species from several locations in Kenya over an inter-epidemic period

spanning up to 7 years.

Methods: A serological survey of immunoglobulin G (IgG) antibodies to RVF using competitive ELISA was

undertaken on 297 serum samples from different wildlife species at various locations in Kenya. The samples

were collected between 2008 and 2015. Serum was also collected in 2014 from 177 cattle from Ol Pejeta

Conservancy; 113 of the cattle were in close contact with wildlife and the other 64 were kept separate from

buffalo and large game by an electric fence.

Results: The seroprevalence of RVF virus (RVFV) antibody was 11.6% in wildlife species during the study

period. Cattle that could come in contact with wildlife and large game were all negative for RVFV. The

seroprevalence was relatively high in elephants, rhinoceros, and buffalo, but there were no antibodies in

zebras, baboons, vervet monkeys, or wildebeest.

Conclusions: Diverse species in conservation areas are exposed to RVFV. RVFV exposure in buffalo may

indicate distribution of the virus over wide geographical areas beyond known RVFV foci in Kenya. This

finding calls for thorough studies on the epizootology of RVFV in specific wildlife species and locations.
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R
ift Valley fever (RVF) is a fatal arthropod-borne

zoonotic disease, mainly of livestock and other

ruminants, but it also affects humans. RVF virus

(RVFV) belongs to the genus Phlebovirus of the family

Bunyaviridae (1) and it is tran’smitted by several vectors,

mainly mosquitoes of the genus Aedes (2). Since the
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identification of RVFV in Kenya in the 1930s, repeated

epizootics and epidemics coinciding with El Niño events

have occurred in several locations in Africa and Saudi

Arabia, causing deaths in livestock and also mortality and

morbidity in humans (3, 4).

RVFV is of great interest globally, because its range

has been expanding outside mainland Africa, where it is

known to be endemic. It is likely to spread further due to

the increasing occurrence of extreme climatic phenomena

driven by global warming and because of the high volume

of global travel and trade. The presence of RVFV vectors

outside of Africa, for example in North and South

America, and improved habitat conditions for endemic

establishment of the virus means that this disease has

the potential to spread beyond the African continent.

This potential has already been demonstrated by the

recent outbreak of RVF disease in Saudi Arabia.

How RVFV is maintained and sustained between

epidemics and epizootics is not clearly understood, al-

though it is generally assumed that vertical transmission in

vectors and wildlife may play a role. Evidence of vertical

transmission (passage of the virus from adult mosquitoes

to their offspring through trans-ovarian transmission)

has been demonstrated in a few mosquito species (5, 6).

Comparison of epidemic and inter-epidemic prevalence

of RVFV in mosquitoes and humans has shown that there

is a slight elevation during epidemics compared to the

prevalence during inter-epidemic periods (7, 8). These

studies, together with climatic changes associated with

outbreaks of RVF disease, suggest that there may be a

change in the predominance of mosquito species during

epidemics and epizootics, which may be a key factor in

causing outbreaks, or a switch of vectors to asymptomatic

mammalian carriers. These asymptomatic mammalian

carriers may then lead to an elevated infection rate in

mosquitoes.

The role of wildlife in the transmission and main-

tenance of RVFV during the inter-epidemic period has

recently been of great interest. In particular, it is not clear

yet whether there is a particular wild host species that

can be regarded as the reservoir for RVFV, or whether

any wild species in the vicinity may be a suitable reservoir.

Few serological surveys have examined the role of wildlife

or livestock as hosts maintaining the virus during inter-

epidemic periods. Such studies have detected antibodies

to RVFV in a wide range of wildlife, including rodents,

bats, ungulates, and rhinoceros (9, 10). In Kenya, neu-

tralising antibodies to RVFV have been detected in diverse

wildlife species born after the RVFV epidemic in Kenya in

2006�2007 (11). The most recent and elaborate serum

survey in wildlife, which included samples obtained before

(2000�2006), during (2007), and after (2008�2009) the

RVFV epidemic in Kenya, showed that the seroprevalence

increased during the epidemic and declined immediately

after it (12). These studies found a great variation in

seroprevalence among species from the same location,

suggesting that some species may have an important role

as host in maintenance of RVFV during inter-epidemic

periods. Many of these studies concentrated on a few

mammalian species over a short period of 1�3 years or

covered a limited geographical area over a short time. In

this study, we examined cattle and several wildlife species

in several locations over a long inter-epidemic period

spanning 1�7 years in Kenya.

We wanted to determine the seroprevalence of anti-

bodies to RVFV in both cattle and wildlife after the

2006�2007 outbreaks in Kenya, specifically in the years

2008�2015. We examined the influence of wildlife species,

geographical location, and year of sampling on the vari-

ation in seroprevalence of RVFV antibody. The large

number of buffalo examined in this study enabled us

to examine the effect of age, sex, sampling period, and

geographic location on the seroprevalence of antibodies to

RVFV. We also compared the influence of recent circula-

tion of the RVFV in cattle that were physically separated

from buffalo and other wildlife and in cattle that were in

close contact with buffalo and other wildlife.

Materials and methods

Ethical statement

Wildlife samples used in this study were obtained from

the wildlife serum bank of the Kenya Wildlife Service

(KWS). The samples had been collected previously during

the implementation of various population management

strategies, in particular translocations and routine disease

surveillance. The samples of elephant serum were thus

collected from the 2012 translocation of elephants within

Narok-Maasai Mara to reduce conflicts between people

and elephants in the area. Serum samples from other species

such as warthogs (Phacochoerus aethiopicus delamerei),

lesser kudu (Tragelaphus imberbis), reticulated giraffe

(Giraffa camelopardalis reticulata), African buffalo

(Syncerus caffer), olive baboons (Papio anubis), and vervet

monkeys (Chlorocebus pygerythrus) were collected for

surveillance of disease other than RVF.

Sampling

The serum samples were from animals located in several

geographical locations in Kenya (Fig. 1), specifically Ijara

(Garissa County), Ol Pejeta (Laikipia County), Narok-

Maasai Mara (Narok County), Masalani (Tana River

County), Shanta Abaq (Wajir County), and Tsavo (Taita

Taveta County). However, to display the current extent of

the spread of RVFV in Kenyan wildlife, we have included

on the map the locations (counties) with RVFV exposure

previously published by Evans et al. (2008) and Britch

et al. (2013). The county locations with RVFV in wildlife

are indicated by numbers on the map (Fig. 1).

Olivia Wesula Lwande et al.

2
(page number not for citation purpose)

Citation: Infection Ecology and Epidemiology 2015, 5: 30106 - http://dx.doi.org/10.3402/iee.v5.30106

http://www.infectionecologyandepidemiology.net/index.php/iee/article/view/30106
http://dx.doi.org/10.3402/iee.v5.30106


Serum samples from cattle and wildlife

In 2014, we sampled a total of 177 cattle (Bos indicus) at

Ol Pejeta wildlife conservancy. Of the cattle sampled, 113

were in contact with buffalo and other wildlife species,

with a similar number of males (n�51) and females

(n�62). We also sampled 64 cattle that were kept separate

from buffalo and other large game by an electric fence.

These cattle were mostly females (n�60), with a few

males (n�4). The animals were restrained in a crush, and

blood was drawn from the jugular vein by a veterinarian.

It was drawn into plain vacutainer tubes. The samples

were kept in a cool box and serum was harvested by cen-

trifugation (3,000 g for 15 min). The samples were trans-

ferred to the KWS Veterinary Laboratory in Nairobi,

where they were stored at �808C until analysis.

A total of 297 serum samples from ten mammalian

species, collected from nine locations in Kenya, were

retrieved from the KWS sample bank for analysis. The

samples were from baboons (Papio anubis), black rhino

(Diceros bicornis), African buffalo (Syncerus caffer),

African elephant (Loxodonta africana), reticulated giraffe

(Giraffa camelopardalis reticulata), lesser kudu (Trage-

laphus imberbis), vervet monkeys (Chlorocebus pygery-

thrus), warthogs (Phachocoerus aethiopicus delamerie),

blue wildebeest (Connochaetes taurinus), and plains zebra

(Equus quagga). The samples had been collected over the

period 2008�2015 from immobilised animals during

population management activities such as translocations,

surveillance of other diseases, and clinical interventions.

For buffalo, we had data on location, age, sex, and date

of sampling, whereas for the majority of wildlife samples

we only had data on the species and the date and location

of sampling.

Competitive IgG ELISA

Four hundred and seventy-four sera sampled from cattle

and the different species of wildlife listed above were

screened for the presence of IgG antibodies to RVFV

using ID Screen† RVF competition multi-species ELISA

kits (ID-Vet; Innovative Diagnostics, Montpellier,

France). The competitive ELISA was carried out accord-

ing to the manufacturer’s protocol. Briefly, 50 ml of the

dilution buffer was dispensed into each well of a 96-well

ELISA plate. Then 50 ml of the internal positive control

was added to wells A1 and B1, whereas the internal

negative control was added to wells C1 and D1. To the

remaining 94 wells, 50 ml of each sample was added.

The samples and controls were mixed appropriately

with the dilution buffer. One hundred microlitres of the

mixture was transferred to a labelled ELISA plate pre-

coated with recombinant RVF nucleoprotein and incu-

bated at 378C for 1 hour. The ELISA plate was washed

three times with washing buffer. Next 100 ml of anti-

nucleoprotein peroxidase (HRP) conjugate was added

to the microwells and the plate was incubated at room

temperature for 30 min. It was washed three times to

remove excess conjugate. To the microwells, 100 ml of

substrate solution was added and the plate was incubated

at room temperature for 15 min in the dark. Then 100 ml

of stop solution was added to terminate the reaction. The

presence of antibodies to RVFV was shown by lack of

a colour change, whereas absence of antibodies to RVFV

was shown by a change in substrate colour to blue. (After

the addition of stop solution, the colour turned from blue

to yellow.) The ELISA plate was read at a wavelength of

450 nm using an iMark microplate absorbance reader

(BioRad, Hercules, CA, USA).

Interpretation of ELISA results
Each ELISA test had duplicate internal controls incorpo-

rated in each run on a 96-well plate. The optical densities

(ODs) of the control were read after each assay at a

wavelength of 450 nm using the ELISA reader. To verify

the reliability and validity of the results obtained from each

ELISA test, the average of the ODs of the two negative

controls (NCs) was �0.7 while the average of the two

positive controls divided by the average OD of the NCs

was B0.3. For each sample, the competition percentage

was calculated by dividing the OD of the sample by the

average OD of the NCs multiplied by 100 ([ODsample/

ODNC]�100). A sample was considered positive if the

value obtained from the formula was 540%. Any sample

with a value of �50% was considered to be negative,

whereas values ranging from 40 to 50% were considered to

be inconclusive.

Statistical analysis

In order to identify whether certain wildlife species, year

of sample collection, and the location of sampling had any

Fig. 1. Map of Kenya showing locations of sampled animals

during the study.
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influence on the seroprevalence of antibodies to RVFV,

we used a generalised linear model (GLM) framework.

More specifically, we employed a GLM with a binomial

family and a logit link function. The RVFV antibody

result was used as a dependent binary variable. Bivariate

GLM rather than multivariate GLM was used to deter-

mine the influence of several independent variables listed

above on the seroprevalence of antibodies to RVFV,

because our data were not balanced, due to the opportu-

nistic nature of the sample collection. Where assumptions

were met, we repeated these bivariate tests with chi-square

statistics to confirm the results from the GLM. We used

multivariate GLM on data on buffalo only and tested for

the effect on prevalence of location, age, sex, and year of

sample collection. We tested all bivariate and multivariate

permutations of all independent variables and selected the

best model using Akaike information criteria (AIC). For

buffalo, using chi-square analysis we also investigated

associations between the prevalence of RVFV IgG anti-

bodies and exposure to RVFV during the epidemic and

during the inter-epidemic. All analyses were carried out

using XLSTAT software for Excel, version 2013.3.03

(Addinsoft, New York, NY, USA) and R software for

statistical computing version 3.1.3 (R Core Team, 2015).

Results
The seroprevalence of antibody to RVFV for the 10

wildlife species combined, over all the years of sampling,

was 11.6%. The seroprevalence varied among wildlife

species, and this difference between species was statisti-

cally significant (Table 1). The seroprevalence of IgG

antibodies to RVFV was highest (�29%) in the black

rhinoceros, followed by the African elephant (�22%)

and the buffalo (�18%) (Table 1). A single sample from

lesser kudu was positive for IgG antibodies to RVFV. Such

antibodies were not detected in several animals, including

the giraffe, zebra, baboon, and vervet monkey.

The cattle that were in contact with buffalo and other

wildlife species ranged in age from 0.8 years to 2.6 years

with a mean (9 SD) age of 1.1590.49 years. All the

cattle sampled were negative for IgG antibodies to RVFV

irrespective of whether they were in contact with buffalo

and other large game or whether they were kept separate.

There was an apparent variation in seroprevalence of

antibodies to RVFV between years (x2�13.64, P �0.018)

(Table 2), with the highest seroprevalence recorded in

2014. Seroprevalence varied with location, with Narok-

Maasai Mara having the highest prevalence of anti-RVFV

antibodies while Naivasha had significantly lower pre-

valence than Ijara (Table 3).

The seroprevalence of antibodies to RVFV in African

buffalo varied according to the year and sampling period,

but using chi-square analysis this variation was not

significantly different from what would be expected at

random (x2�2.59, P�0.274). The seroprevalence was

higher in female buffalo (26.2%, n�11/42) than in male

buffalo (13.0%, n�6/46) buffalo, but there was no

statistical association between sex and seroprevalence of

antibodies to RVFV (x2�2.44, P�0.12). However, in a

bivariate GLM analysis there was a positive correlation

between the seroprevalence of antibodies to RVFV in

buffalo and age (b�0.14, P�0.037) (Table 4). Multi-

variable analysis revealed that the best model for seropre-

valence of anti-RVFV antibodies based on AIC was one

containing age and sex (Table 5). The prevalence of RVFV

antibodies was higher (21.1%, n�12/57) in animals born

before or during the epidemic period in 2006�2007 than in

animals born after the epidemic (16.1%, n�5/31), but this

difference did not reach statistical significance (x2�0.312,

P�0.312).

Discussion
We found that on average 11.6% of wildlife samples

collected after the RVF outbreak in 2006�2007 in Kenya

had IgG antibodies to RVFV. A host infected with the

virus usually mounts a humoral immune response in

which IgM antibodies peak between 2 and 4 weeks after

Table 1. Variation in seroprevalence of antibodies to RVFV in

different wildlife species

Category n

Seroprevalence

(%)

b
estimate

Chi-

square Probability

Baboon 34 0 0.000

Black rhino 7 28.6 5.932 12.745 B0.001

Buffalo 95 17.9 5.431 12.487 B0.001

Elephant 45 22.2 5.690 13.527 B0.001

Giraffe 9 0 2.515 1.103 0.294

Vervet

monkey

25 0 1.441 0.301 0.584

Warthog 57 8.8 4.632 8.750 0.003

Wildebeest 21 4.8 4.039 5.904 0.015

Zebra 3 0 3.582 2.059 0.151

Logistic regression coefficients were compared to baboons as the

reference group. Kudu was removed from the analysis because

there was only a single sample. RVFV, Rift Valley fever virus.

Table 2. Annual variation in seroprevalence of IgG to RVFV

in wildlife in the years 2008�2015 in Kenya

Year Negative Positive Seroprevalence (%)

2008 23 4 17.4

2009 52 5 9.6

2010 25 0 0.0

2012 62 11 17.7

2014 52 13 25.0

2015 34 0 0.0

Total 248 33 11.6
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infection but wane within 50 days (13, 14). Four weeks

after infection with the virus, IgG antibodies become

detectable (15, 16). However, it is not clear how long IgG

antibodies remain in the host circulation. The persistence

of IgG antibodies varies among different host species; for

example, in cattle the IgG remains detectable 5 months

after infection (17). This fact means that in the present

study detection of IgG does not signify current infection

at the time that samples were collected but indicates that

the host was exposed to the virus earlier. Interestingly,

we even detected IgG seropositivity in samples collected

7 years after the last major epidemic in Kenya. This

finding could either suggest long-term persistence of

anti-RVFV antibodies in hosts or a low level of rela-

tively recent circulation of RVFV. Clearance of the virus

from tissues has been associated with both cellular and

humoral responses: mainly CD4� cells and increased

IgG titres (18).

The overall IgG seroprevalence of 11.6% that we

observed during the inter-epidemic period was lower

than the IgG seroprevalence recorded during the RVF

outbreak in Kenya in 2007 (11, 12). The annual trend in

anti-RVFV seroprevalence showed a decline after the

RVF outbreak in 2007, with no IgG-seropositive hosts

in 2010 but with a detectable peak in anti-RVFV sero-

prevalence in wildlife in 2014. The apparent variation in

annual prevalence that we observed could have been an

artefact of a lack of systematic sampling of all hosts in all

years. If host species vary in their seroprevalence of IgG

to RVFV, the annual variation in host species sampled

could have caused this temporal variation.

We detected a high seroprevalence of IgG antibodies to

RVFV in five species of wildlife (Table 3), where black

rhinoceros and African elephants had a higher seropre-

valence than buffalo, warthogs, and wildebeest. An earlier

survey of anti-RVFV antibodies in black rhinoceros serum

samples collected in the years 1987�1997 from popula-

tions in Tsavo, Nairobi, and Laikipia, Kenya, did not

reveal any seropositivity (19). However, during the RVF

outbreak in Kenya in 2006, the black rhinoceros was one

of the hosts with the highest seroprevalence of neutralis-

ing antibodies (11). In fact, during the 2006 epizootic,

Evans et al. (2008) recorded a higher proportion of

animals with neutralising antibodies in the black rhino-

ceros (32.6%) than in the African buffalo (15.6%), African

elephant (6%), or warthog (2.5%).

All the cattle tested were seronegative for anti-RVFV

IgG antibodies. This result is contrary to the results of

previous studies on the inter-epizootic seroprevalence of

anti-RVFV antibodies in livestock in Tanzania born after

the epidemic, which was found to be about 5.5% (20).

The absence of anti-RVFV antibodies in young cattle

(2 years old and younger) suggests that there was no

recent circulation of RVF virus in the Laikipia region of

Table 3. Spatial variation in seroprevalence of IgG to RVFV in Kenyan wildlife by using seroprevalence in Ijara as a reference for

assessment of variation between sampling sites

Source n Seroprevalence (%) b estimate Chi-square Probability

Ijara 42 7.1 0

Laikipia 16 12.5 0.618 1.023 0.312

Narok-Maasai Mara 135 17.8 1.027 6.955 0.008

Tsavo 27 14.8 0.807 2.476 0.116

Shanta Abaq 21 9.5 0.331 0.322 0.570

Garissa 5 0.0 �1.333 0.546 0.460

Naivasha 29 0.0 �4.654 8.841 0.003

Masalani 20 5.0 �0.253 0.144 0.704

Table 4. Generalised linear model results showing coefficients of different bivariate models for prediction of seroprevalence of IgG to

RVFV in buffalo

Models/predictor variables b estimate Standard error Z-statistic Probability

(Intercept) �2.29507 0.53453 �4.294 B0.001

Age 0.14041 0.06726 2.088 0.037

(Intercept) �1.0361 0.351 �2.952 0.003

Males (compared to females) �0.861 0.5611 �1.535 0.125

(Intercept) �195.164 219.9378 �0.887 0.375

Year 0.09628 0.10929 0.881 0.378

(Intercept) �1.3269 0.312 �4.253 B0.001

Tsavo (compared to Narok-Maasai Mara) �0.3779 0.6267 �0.603 0.547
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central Kenya where we sampled cattle and that the cattle

would be susceptible to RVFV infection.

The epizootology of RVFV in ruminant hosts of both

wildlife and livestock species, especially in the African

buffalo, has been well investigated (11, 21, 22). However,

from our study, the prevalence of RVFV in non-ruminant

hosts such as elephants, rhinos, and warthogs was high,

which suggests that these animals may have an important

role in the epizootology of RVFV. Inclusion of these

species in epidemiological surveillance should be para-

mount. In Kenya, the black rhinoceros and the African

elephant are frequently translocated � as a way of

minimising inbreeding in meta-populations in the case of

rhino and to minimise conflicts between humans and

elephants. Translocation of viraemic animals could facil-

itate the spread of RVFV. Moving live animals has

the inherent risk of spreading pathogens, and this risk

is acknowledged more often in the livestock sector.

Movement of wildlife or wildlife products (such as

smuggled bush meat) is also a huge risk for the local or

international spread of pathogens such as RVFV (23).

The species of wildlife that have consistently been found

to be seropositive in the pre-epizootic, epizootic, and post-

epizootic periods, either by ELISA or by virus neutralisa-

tion test, include the African buffalo, the warthog, and

the waterbuck (11, 12). During the RVF outbreak in

South Africa in 1999, abortions in waterbuck and buffalo

were associated with virus infection, clearly demonstrating

that these hosts can have clinical signs of RVF disease (9).

We assume that hydrophilic traits � especially resting and

wallowing in and near marshes and dambos by the African

buffalo, waterbuck, and warthog (24, 25), sites that may

have a high vector density � would most likely predispose

them to RVFV infection even during periods of low virus

circulation.

Older buffalo were more likely to be anti-RVFV

seropositive than younger ones, which is consistent with

results on South African buffalo obtained by Beechler

et al. (2013). A similar correlation between seropositivity

and age has been noted in livestock (26) and humans

(8, 27�29). One theory suggests that the positive correla-

tion between age and seroprevalence is due to accumulation

of antibodies in the host population, since neutralising

antibodies to RVFV are long-lasting (22). Thus the older

animals with a higher prevalence of antibodies are likely to

be those that were present during the epidemic. However,

when we examined the prevalence in animals born after

the epidemic, we still detected the presence of IgG

antibodies to RVFV � suggesting exposure to RVFV after

the 2006�2007 epidemic. These results support those from

several other studies in which the virus has been found to

be circulating in domestic ungulates in Tanzania (30).

We also tested the effect of sex on seroprevalence, and

the results indicated lack of an association between sex

and RVFV antibodies. Our findings are consistent with

those of Beechler et al. (2013), which indicated that male

and females have an equal chance of being infected

with RVFV.

Although giraffes were seronegative in the present

analysis, they are among the susceptible wild host species

that have previously been shown to have anti-RVFV

antibodies (11, 12). The absence of detectable antibodies

in zebra is consistent with the findings of Evans et al.

(2008) (11). We also did not detect any anti-RVFV

antibodies in the baboon and vervet monkey, although

these species are known to be able to develop viraemia

after infection (9, 31�33).

In the present study, seropositivity for anti-RVFV

antibodies was detected in wildlife species in the Ijara,

Masalani, and Shanta Abaq regions of north-eastern

Kenya, which are situated within the traditional foci of

recurrent RVF epizootics. Shanta Abaq was an epicentre

of the outbreak in humans and livestock in 2006�2007,

where 16 human cases with three deaths were recorded,

and warthogs were found to be seropositive (11). In fact,

in the last epizootic of 2006�2007, the Ijara region was

one of the locations in which African buffalo were found

to have a high seroprevalence, with 131 human cases

and 27 deaths (11). We detected anti-RVFV antibodies in

warthogs and lesser kudu in samples from 2009�2010,

which either indicates persistence of the antibodies or

post-epizootic activity of the virus. We therefore suggest

that the Ijara region should be one of the important

locations for RVFV serum surveillance in wildlife, speci-

fically targeting lesser kudu and warthogs, which are the

most abundant species in the area.

Although Naivasha is a hotspot for RVF in Kenya

(Fig. 1), being the location where RVFV was originally

isolated from livestock (34), and although it has been an

important and continuing source of outbreaks, there were

no seropositive animals detected there during this study.

However, during the RVF epizootics of 2007, Britch et al.

(2013) found that several wildlife species were seropositive

in both the Naivasha and Maasai Mara regions. Interest-

ingly, Narok-Maasai Mara had the highest seroprevalence

in the present study. The seroprevalence in wildlife in

Narok-Maasai Mara has already been reported (11, 12),

which would suggest the possibility of spread of RVFV

from Naivasha through movement of viraemic livestock.

Table 5. The best model for seroprevalence of antibodies to

RVFV in buffalo

Models/predictor

variables

b
estimate

Standard

error

Z-

statistic Probability

(Intercept) �1.930 0.581 �3.322 0.001

Age 0.146 0.070 2.090 0.037

Male (compared

to female)

�0.893 0.580 �1.541 0.123
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The Narok-Maasai Mara region is inhabited by the

pastoralist community, whose extensive use of grazing

may facilitate spread of the virus in the region. Movement

of livestock during the viraemic phase has been associated

with the spread of RVFV to new areas (35, 36).

Tsavo was the location that had the second-highest

seroprevalence. The first record of seroprevalence in

Tsavo was in 2008 and involved African buffalo (Britch

et al., 2013). The RVF outbreaks in Kenya in 2006�2007

were the most extensive, involving many locations for the

first time (36). The seropositivity in Tsavo in 2008 and in

the current analysis possibly indicates current virus

circulation or long-term retention of anti-RVFV anti-

bodies in hosts.

A basic finding of the present study was that seropo-

sitivity in wildlife species was widespread and occurred

beyond the known foci of RVF epizootics in Kenya. This

finding could be due to a wildlife-vector cycle of RVFV

operating at a very low level in such areas or to migration

of either wildlife or livestock. For instance, the occurrence

of seropositive animals in Lake Nakuru National Park,

a completely ring-fence-protected area, may indicate a

possible wildlife-vector cycle that does not involve live-

stock. Furthermore, translocation of wildlife is likely to

be a risk factor for the spread of RVFV to new areas.

Wildlife translocation is carried out frequently in Kenya

(37) as a strategy for wildlife population management,

to reduce human�wildlife conflicts and especially to

promote meta-population growth of rhinoceros.

We had hypothesised that wildlife populations in certain

locations would be more likely to be seropositive than pop-

ulations in other regions. Our results show that, compared

to Ijara, the seroprevalence was higher in Narok-Maasai

Mara and lowest in Naivasha, whereas the rest of the

locations had seroprevalence for antibodies against RVFV

that were not significantly different from those of Ijara.

Anti-RVF antibodies in wildlife populations in Laikipa,

Narok-Maasai Mara, and Tsavo show long-term persis-

tence, which makes these locations important foci for

serum surveillance of wildlife and livestock during inter-

epidemic periods.

Conclusions
Several animal species in diverse conservation areas in

Kenya are exposed to RVFV. We have shown that buffalo

are also exposed to RVFV during the inter-epidemic

periods, suggesting that there is continuous circulation of

the virus in the environment. Furthermore, RVFV anti-

body-positive wildlife species were widespread and oc-

curred beyond the known foci of RVF epizootics in Kenya.
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