
Expression and Genetic Activation of Cyclic Di-GMP-Specific
Phosphodiesterases in Escherichia coli

Alberto Reinders,a Chee-Seng Hee,b Shogo Ozaki,a Adam Mazur,c Alex Boehm,a† Tilman Schirmer,b Urs Jenala

Focal Area of Infection Biology, Biozentrum, University of Basel, Basel, Switzerlanda; Focal Area of Structural Biology and Biophysics, Biozentrum, University of Basel, Basel,
Switzerlandb; Research IT Department, Biozentrum, University of Basel, Basel, Switzerlandc

ABSTRACT

Intracellular levels of the bacterial second messenger cyclic di-GMP (c-di-GMP) are controlled by antagonistic activities of
diguanylate cyclases and phosphodiesterases. The phosphodiesterase PdeH was identified as a key regulator of motility in Esche-
richia coli, while deletions of any of the other 12 genes encoding potential phosphodiesterases did not interfere with motility. To
analyze the roles of E. coli phosphodiesterases, we demonstrated that most of these proteins are expressed under laboratory con-
ditions. We next isolated suppressor mutations in six phosphodiesterase genes, which reinstate motility in the absence of PdeH
by reducing cellular levels of c-di-GMP. Expression of all mutant alleles also led to a reduction of biofilm formation. Thus, all of
these proteins are bona fide phosphodiesterases that are capable of interfering with different c-di-GMP-responsive output sys-
tems by affecting the global c-di-GMP pool. This argues that E. coli possesses several phosphodiesterases that are inactive under
laboratory conditions because they lack appropriate input signals. Finally, one of these phosphodiesterases, PdeL, was studied in
more detail. We demonstrated that this protein acts as a transcription factor to control its own expression. Motile suppressor
alleles led to a strong increase of PdeL activity and elevated pdeL transcription, suggesting that enzymatic activity and transcrip-
tional control are coupled. In agreement with this, we showed that overall cellular levels of c-di-GMP control pdeL transcription
and that this control depends on PdeL itself. We thus propose that PdeL acts both as an enzyme and as a c-di-GMP sensor to cou-
ple transcriptional activity to the c-di-GMP status of the cell.

IMPORTANCE

Most bacteria possess multiple diguanylate cyclases and phosphodiesterases. Genetic studies have proposed that these enzymes
show signaling specificity by contributing to distinct cellular processes without much cross talk. Thus, spatial separation of indi-
vidual c-di-GMP signaling units was postulated. However, since most cyclases and phosphodiesterases harbor N-terminal signal
input domains, it is equally possible that most of these enzymes lack their activating signals under laboratory conditions,
thereby simulating signaling specificity on a genetic level. We demonstrate that a subset of E. coli phosphodiesterases can be ac-
tivated genetically to affect the global c-di-GMP pool and thus influence different c-di-GMP-dependent processes. Although this
does not exclude spatial confinement of individual phosphodiesterases, this study emphasizes the importance of environmental
signals for activation of phosphodiesterases.

The second messenger cyclic di-GMP (c-di-GMP) is a nearly
ubiquitous small signaling molecule which greatly affects bac-

terial growth and behavior. In particular, c-di-GMP controls im-
portant cellular and behavioral processes in a wide range of bac-
teria, including motility and chemotaxis, surface colonization and
the formation of communities, virulence and persistence, and cell
cycle progression (for reviews, see references 1 to 3). The key en-
zymes involved in c-di-GMP metabolism are diguanylate cyclases
(DGCs) (4) and phosphodiesterases (PDEs) (5). Together, DGCs
and PDEs constitute one of the largest families of bacterial signal-
ing proteins, with tens of thousands of members currently depos-
ited in the protein databases. Contributing to an explanation for
this enormous multiplicity and diversity is the observation that
most bacteria contain multiple representatives, often a few tens, of
these proteins (3). For example, the genomes of Escherichia coli
K-12 strains contain genes encoding a total of 29 proteins harbor-
ing a GGDEF and/or EAL domain, the catalytic units of DGC and
PDE enzyme activities, respectively (6). Moreover, throughout
evolution, many of the formerly catalytic members of this family
seem to have adopted novel functionalities as c-di-GMP effector
proteins (7–11) or as protein interaction platforms that have lost
the connection to their original effector altogether (12).

This caused some confusion in the field in the early years and
raised the question of why bacteria evolved multiple DGCs and
PDEs to control a small signaling molecule that likely shows rapid
diffusion within bacterial cells, thereby providing limited options
for signaling specificity. One possible explanation for this phe-
nomenon is that individual representatives are expressed under
specific environmental conditions or are specialized for specific
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cellular tasks which normally are kept separate from each other in
either time or space (2). In the case of temporal sequestration, one
would expect that only a subset of these enzymes is expressed at
any given time or environmental situation. The other possibility is
that cells express and display multiple members of this enzyme
family to be able to rapidly respond to a diverse range of signaling
inputs. In this case, one would expect that most or possibly all
enzymes are expressed at any given time but that the majority of
them are not active due to the absence of an input signal. In the
past few years, the amount of information about biochemical and
structural characteristics of DGCs and PDEs has increased rapidly
(13–18). Despite such rapid progress, in vivo results often remain
controversial. Considering that specific components of this sig-
naling network might not be expressed or might not receive the
appropriate stimuli to be active, genetic studies relying solely on
mutant phenotypes will not give conclusive answers.

Here we address these questions by analyzing the expression
and activities of multiple PDEs in E. coli K-12. This organism has
a total of 16 EAL domain proteins, only 3 of which show obvious
degeneration of consensus amino acid motifs required for cata-
lytic activity (Fig. 1a and b). Among the other 13 proteins, only 7
have been characterized in detail and identified as PDEs (19–25).
The functions of the other members of this family that potentially
are able to catalyze c-di-GMP hydrolysis remain unclear. To iden-
tify additional candidate PDEs, we made use of a genetic approach
by sequentially isolating activating gain-of-function mutations in
specific members of the EAL domain proteins. Our analysis is
based on some recent reports demonstrating that PdeH (YhjH), a
highly active PDE that globally controls c-di-GMP levels in E. coli,
is primarily responsible for motility control in this organism (19,
26, 27). The pdeH gene is coregulated with flagellar genes, and
mutants lacking PdeH show increased c-di-GMP levels and poor
motility. PdeH licenses flagellar motility in the exponential and
early postexponential phases by keeping c-di-GMP levels low.
Upon entry into stationary phase, c-di-GMP levels increase par-
tially due to FlhDC-dependent downregulation of pdeH (28),
leading to activation of the c-di-GMP effector protein YcgR,
which interacts with the flagellar motor to curb its activity (27,
29). Thus, in growing E. coli cells, PdeH has a central role in main-
taining cell motility by keeping the cellular concentration of c-di-
GMP below a threshold level that is able to activate YcgR. The
observation that pdeH mutants showed poor motility also sug-
gested that under these conditions, no other PDE was expressed or
active (enough) to functionally substitute for this PDE. We thus
hypothesized that mutations activating any of the other PDEs
would be able to restore the motility of the pdeH mutant. If so, this
would then allow us to identify silent PDEs by genetically uncou-
pling their activities from the unknown signals that are normally
required for their activation. We present genetic and biochemical
evidence that a large fraction of the remaining potential PDEs can
indeed be activated genetically to substitute for the function of
PdeH. This argues in favor of the idea that these proteins are bona
fide PDEs that are able to interfere with the general cellular pool of
c-di-GMP and that, under laboratory conditions, these proteins
lack the appropriate signal(s) to become active.

Please note that throughout this report we use the systematic
nomenclature for E. coli DGCs and PDEs that was recently pro-
posed by Hengge et al. (30). To make it easier for the expert reader
to adopt the new nomenclature, the corresponding traditional

designations are listed in Fig. 1a and are highlighted in parentheses
in the text.

MATERIALS AND METHODS
Bacterial strains, plasmids, and growth conditions. The bacterial strains
and plasmids used in this study are listed in Table S1 in the supplemental
material. E. coli K-12 MG1655, obtained from Blattner et al. (31), and its
derivatives were grown as indicated in the relevant sections. When
needed, antibiotics were included at the following concentrations: 30
�g/ml chloramphenicol for plasmids, 20 �g/ml chloramphenicol for
chromosomal chloramphenicol resistance cassettes, 12.5 �g/ml tetracy-
cline, 50 �g/ml kanamycin, 100 �g/ml ampicillin for plasmids, and 30
�g/ml ampicillin for chromosomal ampicillin resistance cassettes.

DNA work. (i) PCR amplification. Each PCR mixture contained the
following: 1� polymerase buffer (NEB), a mix containing a 0.1 mM con-
centration of each deoxynucleoside triphosphate (dNTP), 0.3 �M for-
ward primer, 0.3 �M reverse primer, 10.20 pg template DNA, and 0.7 �l
Taq polymerase (NEB). For colony PCR, a single colony was picked up
with a pipette tip and resuspended in the PCR mixture.

(ii) Gel electrophoresis. Five microliters of PCR product was mixed
with DNA loading dye, loaded into a 1% agarose gel supplemented with a
1:20,000 dilution of RedSafe DNA stain (iNtRON), and separated using
1� Tris-borate-EDTA (TBE) buffer. DNA was analyzed under UV light.

(iii) Sequencing. Linear DNA was purified using NucleoSpin extract II
(Macherey-Nagel). Sequencing reactions were carried out by Microsynth
AG (Balgach, Switzerland). The sequences obtained were assembled and
analyzed using 4Peaks.

(iv) Plasmid preparation. Plasmid DNA was purified using a Gen-
Elute plasmid miniprep kit (Sigma) according to the commercial proto-
col.

(v) TSS transformation. Transcription start site (TSS) transformation
of plasmid DNA was carried out as previously described (32).

(vi) Electroporation. For electroporation of purified linear DNA with
a Bio-Rad GenPulser cuvette (1-mm diameter), the following electropo-
ration settings were applied: 400 �, 1.75 kV, and 25 �F.

P1 phage lysate preparation and transduction. P1 phage lysate prep-
arations and transductions were carried out essentially as described by
Miller (33).

�-RED recombineering. (i) Chromosomal gene deletions and mod-
ifications. Gene deletions were carried out essentially as described by
Datsenko and Wanner (34), with the use of a comprehensive mutant
library (Keio collection [35]) and P1-mediated transduction. Chromo-
somal 3�Flag tags were constructed according to the published method
of Uzzau et al. (36). For unmodified strains, AB330 was used (see Table S1
in the supplemental material), whereas pKD46 was used for construction
of 3�Flag-tagged versions of the motile suppressor mutants. Kanamycin
resistance markers used for selection during strain construction were re-
moved by site-specific recombination using pCP20, generating a short,
“Frt” scar sequence which replaced the deleted gene or cotransduced ka-
namycin resistance marker (34).

(ii) Construction of lacZ promoter fusions. The construction of
chromosomal lacZ promoter fusions was constructed via �-RED-medi-
ated recombination essentially as described above. AB989 (see Table S1)
was used as a template for construction of the reporter fusion. AB989
contains Prha-ccdB and a flanking kanamycin resistance cassette which is
inserted upstream of the native lacZ locus. The donor PCR fragment har-
boring the promoter of interest was designed to site-specifically excise
Prha-ccdB and integrate upstream of the lacZ open reading frame (ORF),
generating a merodiploid translational fusion. Selection of successful in-
tegration events was achieved through growth at 30°C on minimal me-
dium plates provided with 0.2% rhamnose supplemented with 0.5 �g/ml
biotin. The fusion was transduced into strains of interest via P1 transduc-
tion.

Immunoblotting. Cells were grown with shaking in tryptone broth
(TB) at 37°C until an optical density at 600 nm (OD600) of 0.8. An equiv-
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alent of 1 ml of cells at an OD600 of 1.0 was pelleted and resuspended in 100
�l SDS Laemmli buffer. For detection of 3�Flag-tagged PdeA and its
derivatives, the cells were resuspended in 30 �l SDS loading dye. Cells
were lysed by boiling the sample at 98°C for 15 min. Eight microliters of
the total cell extract was loaded onto a 12.5% SDS-polyacrylamide gel, and
proteins were transferred by use of a Bio-Rad wet blot system. Proteins
were detected with a 1:10,000 dilution of mouse anti-Flag monoclonal
antibody (Sigma) and a 1:10,000 dilution of horseradish peroxidase

(HRP)-conjugated rabbit anti-mouse secondary antibody (DakoCytoma-
tion, Denmark). Proteins were visualized by use of an enhanced chemilu-
minescence (ECL) detection reagent (PerkinElmer Life Sciences) on a
photo film (Fuji) or gel imager (GE ImageQuant LAS 4000).

Suppressor screen. The strains used for the genetic forward screen of
individual PDEs are listed in Table S1 in the supplemental material. Each
strain was transformed with pwspR. For each screen, 300 TB swarm plates
supplemented with tetracycline were prepared, among which 100 were

FIG 1 Conservation of c-di-GMP-specific phosphodiesterases. (a) ClustalW alignment of PdeL with endogenous and exogenous phosphodiesterases and
noncatalytic EAL domains. Regions containing residues involved in substrate binding (open triangles) and catalysis (closed triangle) are highlighted. Amino acid
numbering refers to the numbering for PdeL. The double-aspartic-acid motif (DD) is displayed in purple, in analogy to panel b. (b) Atomic organization of the
catalytic site of a PdeL monomer. The two essential metals are displayed as gray spheres. Conserved residues involved in metal coordination or catalysis are
displayed in red. The double-aspartic-acid motif (Asp262 and Asp263; shown in purple) is involved in metal ion coordination as well as coordination of the
catalytic water (small blue spheres). The same is true for the glutamic acid at position E141, which is part of the conserved E(A/V)L motif. (c) Immunoblot
analysis of PDEs in E. coli wild-type and �pdeH mutant strains. PDEs were tagged at their C termini with a 3�Flag tag and were analyzed with an anti-Flag
antibody. Cells were grown in tryptone broth (TB) at 37°C and harvested at an OD600 of 0.8. Note that in both strain backgrounds, all pde genes were expressed,
with the exception of pdeF. PdeG levels were low in the wild type, and the protein seemed to be absent in the �pdeH mutant.
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supplemented with 5 �M isopropyl-�-D-thiogalactopyranoside (IPTG)
and 100 were supplemented with 20 �M IPTG. Single colonies of the
screening strain harboring pwspR were applied to screening plates. The
screening plates were incubated at 37°C. Over the course of a week, all
plates displaying motile suppressor mutants showed visible flares spread-
ing from the center of inoculation. The motile suppressor mutants were
isolated and pooled in a liquid LB culture. A pool lysate was prepared and
transduced into AB607 (�pdeH). Transductants were picked up and
placed on TB swarm plates supplemented with kanamycin and 20 mM
sodium citrate. After incubation at 37°C for 3 to 4 h, the motile suppressor
mutants that appeared were restreaked, and the ORF of the PDE of inter-
est was sequenced.

Video tracking. Bacterial swimming speed measurements were car-
ried out essentially as described by Boehm et al. (27). Briefly, bacteria were
grown in TB at 37°C to an OD600 of 0.8. Cells were diluted 1:100 into fresh
TB and applied to a coverslip that was attached to a glass slide with two-
sided adhesive tape. Two videos of 30 s each were recorded at 15 frames
per s with a video microscope and dark-field optics at a magnification
of �40. The acquired videos were imported into ImageJ 1.43 (NIH), and
trajectories were calculated with the “2D particle tracker” plug-in. Veloc-
ities and statistical data were computed via a custom-made R script.

c-di-GMP measurements. c-di-GMP measurements were performed
according to the published procedure of Spangler et al. (37). Briefly, E. coli
cells were grown in 5 ml TB at 37°C until an OD600 of 0.8. The culture was
pelleted and washed in 300 �l ice-cold distilled H2O. After washing, the
cell pellet was resuspended in 300 �l ice-cold extraction solvent (acetoni-
trile/methanol/distilled H2O, 40/20/20 [vol/vol/vol]). After incubating on
ice for 15 min, the samples were boiled at 100°C for 15 min. After pellet-
ing, the supernatant was transferred to a safe-lock tube, and the extraction
procedure was repeated twice with 200 �l extraction solvent. Biological
triplicates were performed for each tested bacterial strain. Measurements
were performed in collaboration with the group of Volkhard Kaever (In-
stitute of Pharmacology, Hannover, Germany) via high-pressure liquid
chromatography–tandem mass spectrometry (HPLC-MS/MS). Mea-
sured values were mathematically converted into intracellular c-di-GMP
concentrations (micromolar) per CFU.

Attachment assay. Attachment assays were carried out as described by
Boehm et al. (38). Briefly, 5 �l of a shaking overnight culture grown in TB
at 37°C was used to inoculate 200 �l TB provided in a 96-well microtiter
plate (Falcon, NJ). The plate was incubated statically at 30°C for 24 h. For
quantification of cellulose-dependent attachment, cells were incubated
statically in TB at room temperature for 24 h. After recording of the OD600

of the total biomass, the planktonic phase of the culture was discarded and
the wells were washed with deionized water from a hose. The total at-
tached biomass was stained with 300 �l 0.3% crystal violet (0.3% [wt/vol]
in distilled H2O, 5% [vol/vol] 2-propanol, 5% [vol/vol] methanol) for 20
min. Subsequently, the plate was washed, and the remaining crystal violet-
stained biomass was dissolved in 20% acetic acid for 20 min and quanti-
fied by measuring the OD600. Attachment was normalized to the initially
measured total biomass.

Protein purification. (i) Strep II purification. C-terminally Strep II-
tagged wild-type and mutant variants of pdeL were cloned into a pET28a
vector (Novagen) between the NcoI and NotI restriction sites. Proteins
were overexpressed from plasmids in BL21-AI cells grown at 30°C in 2
liters of LB medium. At an OD600 of 0.6, the culture was induced with
0.1% L-arabinose. Cells were harvested at 4 h postinduction by centrifu-
gation at 3,500 rpm for 30 min at 4°C. The cell pellet was resuspended in
8 ml buffer A (100 mM Tris-HCl, pH 8.0, 250 mM NaCl, 5 mM MgCl2, 0.5
mM EDTA, 1 mM dithiothreitol [DTT]) including a tablet of Complete
mini EDTA-free protease inhibitor (Roche) and a spatula tip of DNase I
(Roche). Cells were lysed in a French press and the lysate cleared at 4°C in
a table-top centrifuge for 40 min at full speed. The cleared supernatant
was loaded onto 1 ml Strep-Tactin Superflow Plus resin (Qiagen). The
supernatant was reloaded another two times before washing with a total of
60 ml buffer A. Protein was eluted as 500-�l aliquots with a total of 10 ml

elution buffer A containing 2.5 mM D-desthiobiotin. Fractions with the
highest protein concentrations were pooled.

(ii) Heparin purification. A 1-ml HiTrap heparin HP column (GE
Healthcare) was washed with 10 ml distilled H2O followed by equilibra-
tion with 10 ml buffer A. The eluate from the Strep II purification was
loaded three times. After loading, the column was washed with 10 ml
buffer A followed by a washing step with 10 ml buffer B (100 mM Tris-
HCl, pH 8.0, 300 mM NaCl, 5 mM MgCl2, 0.5 mM EDTA, 1 mM DTT).
The protein was eluted in 500 �M fractions with a total of 10 ml buffer C
(100 mM Tris-HCl, pH 8.0, 1 M NaCl, 5 mM MgCl2, 0.5 mM EDTA, 1
mM DTT). The fractions containing the highest protein concentrations
were pooled and dialyzed overnight against 1.5 liters of dialysis buffer (100
mM Tris-HCl, pH 8.0, 250 mM NaCl, 5 mM MgCl2, 0.5 mM EDTA, 1 mM
DTT). The final protein concentration was recorded at 280 nm, and the
content of copurified nucleotides was determined through the 260/280
nm ratio.

c-di-GMP hydrolysis assay and data fitting (phosphate sensor as-
say). PdeL-catalyzed conversion of c-di-GMP to the linear pGpG dinu-
cleotide was measured indirectly by a novel alkaline phosphatase (AP)/
phosphate sensor online assay. In this assay, the terminal phosphate of the
pGpG product is cleaved by the coupling enzyme AP (20 U/�l; 5 U in assay
mixture; Roche), and the phosphate concentration is determined from
the fluorescence increase through binding of phosphate to the phosphate
sensor (0.5 �M in assay mixture; Life Technologies).

Dialysis buffer was used as the assay buffer. The assay was performed at
a protein concentration of 100 nM and substrate concentrations ranging
from 100 nM to 5 �M, in a final volume of 300 �l in a 5-mm by 5-mm
cuvette (Hellma Analytics). Progress curves were recorded with a Jasco
FP-6500 fluorescence spectrophotometer at 20°C. The instrument set-
tings were as follows: bandwidth (excitation), 5 nm; bandwidth (emis-
sion), 5 nm; excitation wavelength, 430 nm; emission wavelength, 468
nm; response, 1 s; sensitivity, low; and data pitch, 2 s.

The measured progress curves of fluorescence increases were fitted to
the following scheme:

c-di-GMP � PDE↔
KD PDE

c-di-GMP � PDE→
kcat

PDE � pGpG

(1)

pGpG � AP → AP � GpG � P (2)

P � PS↔
KD PS

P-PS (3)

with the measured relative fluorescence units (RFU) originating from the
uncomplexed (RFU1) and complexed (RFU2) sensors, as follows: RFU �
RFU1 	 RFU2 � sc � PS 	 sc � gain � P-PS, where sc is the scaling
factor.

By a sufficiently large concentration of AP, it was ensured that
reaction 2 was not rate limiting. The equilibrium dissociation constant
for PS (KD PS) was obtained by phosphate titration in the absence of
enzymes. Fitting of the data with this kinetic model was done with a
custom-built Python script using NumPy and SciPy libraries. The corre-
sponding differential equations were integrated with the assumption that
product formation is the rate-determining step. The kinetic parameters of
the PDE (KD PDE and kcat) as well as the scaling parameters (sc and gain)
were refined globally for each series of experiments measured with various
substrate concentrations. An observed slight background increase with
time was taken into account by addition of a linear term with locally
refined parameters. Fitted progress curves as well as individual KM and kcat

values are documented in Fig. S2 and Table S2 in the supplemental mate-
rial.

Electrophoretic mobility shift assay (EMSA). Cy3-labeled DNA
probes were generated via either oligonucleotide annealing or PCR, using
E. coli MG1655 as the template. Oligonucleotides used are indicated in the
oligonucleotide list in Table S1 in the supplemental material. DNA (10
nM) was incubated with purified PdeL-Strep II (0, 200, 400, or 600 nM)
for 10 min at room temperature in 10 �l buffer (50 mM Tris-HCl, pH 8.0,
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50 mM NaCl, 10 mM MgCl2, 10% glycerol, 1 mM DTT, 0.01% Triton
X-100, 0.1 mg/ml bovine serum albumin [BSA], and 25 �g/ml �-DNA).
After electrophoresis on 8% polyacrylamide gels, DNA-protein com-
plexes were analyzed using a Typhoon FLA 7000 imager (GE Healthcare).

�-Galactosidase assay. Strains were grown in TB overnight at 37°C.
The next day, cultures were diluted 1:1,000 in fresh medium and grown
with shaking at 37°C to an OD600 of 0.8. An equivalent of 1 ml of culture
at an OD600 of 1.0 was pelleted and resuspended in 1 ml Z buffer (75 mM
Na2HPO4, 40 mM NaH2PO4, 1 mM KCl, 1 mM MgSO4; pH 7.0). One
hundred microliters of 0.1% SDS was added together with 20 �l chloro-
form. The samples were vortexed for 20 s and then left on the bench to
sediment until samples cleared up. Two hundred microliters of each sam-
ple was transferred to a 96-well plate. Twenty-five microliters of a
4-mg/ml o-nitrophenyl-�-D-galactopyranoside (ONPG) solution (dis-
solved in Z buffer) was added as the substrate. The �-galactosidase activity
was measured in a plate reader at 405 nm (20 reads; fastest interval) and
determined as the initial slope of the curve in the linear range. Experi-
ments were carried out as biological triplicates.

RESULTS
Expression of PDEs in growing E. coli cells. High levels of c-di-
GMP generally obstruct flagellar motility in various microbes (27,
28, 39–41). As a consequence, PDEs play key roles in regulating
cell motility (42, 43). In E. coli, the PDE PdeH appears to be the
sole contributor to the maintenance of cell motility under labora-
tory conditions (27). This is surprising since the genomes of E. coli
K-12 strains encode more than a dozen additional potential PDEs
(6). One possibility is that most of these components are not ex-
pressed during growth under these conditions. Previous studies
used microarrays and �-galactosidase reporter assays to demon-
strate that, with the exception of pdeF (yfgF) and pdeG (ycgG), all
genes encoding potential PDEs are actively transcribed (44, 45).
To confirm this and to demonstrate that active transcription in-
deed results in the production of PDEs, chromosomal 3�Flag-
tagged constructs were engineered for all potential pde genes in the
E. coli strain MG1655. These were introduced into the wild type
and a �pdeH mutant background, and protein levels were moni-
tored in exponentially growing cells (OD600 of 0.5 to 0.8). As
shown in Fig. 1c, most PDEs were readily detected. The only ex-
ceptions were PdeF and PdeG, the latter of which was present at
low levels in the wild-type background but absent in the �pdeH
strain. This confirmed previous results and indicated that these
proteins failed to contribute to cell motility as a result of a lack of
expression under these conditions. Rather, most of these PDEs
may be present in the cell at high enough concentrations but may
not interfere with motility control because of a lack of enzyme
activity.

Motile suppressor mutants of a pdeH mutant identify acti-
vating mutations in alternative PDEs. A �pdeH mutant is unable
to swim effectively toward higher nutrient concentrations in mo-
tility plates. To isolate spontaneous motile suppressor mutants,
the �pdeH mutant was inoculated onto the center of motility
plates and incubated for an extended period, until visible “flares”
were arising and spreading on the plates (Fig. 2a). It was shown
previously that mutations in the gene encoding the motility regu-
lator YcgR can restore motility under these conditions (27). Like-
wise, mutations in several genes encoding DGCs required for
YcgR activation alleviate the motility block. We reasoned that ac-
tivating mutations in “alternative” PDEs could also restore motil-
ity by countering high levels of c-di-GMP in the pdeH mutant. In
order to enrich for such rare pde gain-of-function mutations, we

first designed a tailored screening strain that reduced the likeli-
hood of isolating mutations in known components of c-di-GMP-
mediated motility control. To reduce the frequency of loss-of-
function mutations in ycgR, a second chromosomal copy of ycgR
was introduced into the �pdeH screening strain. In addition, the
screening strain was equipped with a plasmid carrying a copy of
wspR, the gene encoding the diguanylate cyclase WspR from Pseu-
domonas fluorescens. Expression of wspR from the Plac promoter
maintains a threshold level of c-di-GMP that prevents motility
even if one of the four active native DGCs is inactivated.

With this strain, a continuous genetic forward screen was set
up. First, activating mutations in one of the pde genes were iso-
lated from a pool of spontaneous suppressor mutants. A kanamy-
cin resistance cassette was introduced next to the corresponding
pde gene on the chromosome. Suppressor mutations linked to this
marker were then identified by cotransduction into a clean �pdeH
background and by subsequent sequencing of the neighboring
DNA regions. Second, the pde gene for which motility suppressor
mutants were isolated was deleted from the chromosome. With
the resulting mutant strain, a new round of selection for motile
suppressor mutants was initiated to isolate mutations in one of the
remaining pde genes. Successive rounds of selection resulted in the
isolation of a total of 16 suppressor mutations in six individual
PDEs (Fig. 2b and c). Closer examination revealed gene fusion
events in both pdeB and pdeC. In the case of pdeB, a 5,846-bp
deletion between two direct repeats (TTGATGTCATT) resulted
in an in-frame fusion of pdeB with its upstream gene, acrB, encod-
ing a subunit of the Acr multidrug efflux pump. The resulting
protein was fused at amino acid 205 of AcrB and position 168 of
PdeB, giving rise to a fusion protein of a size similar to that of
PdeB. As shown in Fig. 3a, the overall level of the resulting fusion
protein was strongly increased compared to that of the PdeB wild
type. This increase likely resulted from the direct coupling of the
truncated pdeB gene with the promoter of the acr operon. We
reasoned that motility suppression results either from strong
overexpression or from uncoupling of the respective catalytic do-
main of PdeB from its N-terminal regulatory region. Similarly, an
IS element (ins mobile element) inserted into the promoter region
of pdeC (28 bp upstream of the putative transcriptional start site of
pdeC). As in the case of PdeB, this resulted in a strong upregula-
tion of the overall level of PdeC (Fig. 3b), indicating a suppression
mechanism similar to that described above.

Mutations resulting in single amino acid substitutions were
identified in pdeL, pdeA, pdeI, and pdeN, arguing that the encoded
proteins can be activated genetically (Fig. 2c). While substitutions
in the pdeA-, pdeI-, and pdeN-encoded proteins localized to the
EAL domain, to transmembrane regions, or to uncharacterized
regions of the protein neighboring the EAL domain, mutations in
the pdeL-encoded protein localized exclusively within the catalytic
domain. This is in line with the observation that the soluble PdeL
protein lacks a potential signal input domain and instead harbors
a LuxR-type DNA binding domain. Levels of PdeA, PdeI, and
PdeN proteins harboring suppressor mutations were unaltered
compared to that of the wild type. Also, the cellular concentrations
of these enzymes were similar in strains with different levels of
c-di-GMP (Fig. 3c to e and 4). In contrast, levels of several PDEs
were different in E. coli wild-type, �pdeH, and csrA mutant strains,
indicating that their expression might be regulated by c-di-GMP
itself (Fig. 3b and f). In line with this, a subset of the isolated PdeL
suppressors revealed higher PdeL protein levels in all genetic back-
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grounds tested (Fig. 3f). This was not due to increased protein
stability, as suppressor variants and wild-type PdeL showed very
similar stabilities upon translation inhibition (see Fig. S1 in the
supplemental material). Together with the finding that all muta-
tions in PdeL mapped to the catalytic domain, this suggested that
pdeL expression is autoregulated and possibly controlled by the
overall cellular level of c-di-GMP.

Together, these results indicate that E. coli possesses several
PDEs that under normal conditions do not contribute to motility
control but can be activated genetically to substitute for the role of
the primary cellular PDE, PdeH.

Pde suppressor alleles restore motility by reducing intracel-
lular c-di-GMP levels. High levels of c-di-GMP interfere with
flagellar motility via the YcgR effector protein. To demonstrate
that the pde suppressor alleles do indeed reinstate the flagellar

motor behavior of a �pdeH mutant by reducing levels of c-di-
GMP, both single-cell trajectories and c-di-GMP concentrations
were recorded for a selection of the isolated mutants. Dark-field
microscopy tracking and subsequent computational analysis of
the recorded trajectories determined the behavior of swimming
bacteria. Measured trajectories of an exponentially growing
�pdeH strain revealed swimming velocities of 3.4 to 6.1 �m/s
(median, 4.1 �m/s), whereas a pdeH	 strain displayed velocities of
6.0 to 12.2 �m/s (median, 8.9 �m/s) (Fig. 4). Importantly, swim-
ming velocities of all motile suppressor mutants were significantly
higher than that of their isogenic �pdeH strain and were similar to
velocities measured for the wild type. To complement these sin-
gle-cell measurements, cellular c-di-GMP concentrations in cell
populations of the same strains were quantified using LC-MS/MS
technology (37). In accordance with earlier observations (27), lev-

FIG 2 Isolation of alleles activating E. coli phosphodiesterases. (a) Selection for motile suppressor mutants of a nonmotile �pdeH mutant strain on a low-
percentage agar plate. Independent suppressors were recovered from motile flares (arrows) after incubation on motility plates for several days at 37°C. (b)
Mutations in pdeL restore the motility of a �pdeH mutant. Mutant alleles of pdeL are indicated. Motility was examined as described for panel a. wt, wild type. (c)
Graphical representation of isolated pde suppressor variants. Vertical black bars represent transmembrane helices, c-di-GMP-specific phosphodiesterase do-
mains (EAL) are depicted in blue, the LuxR-like DNA binding domain of PdeL is shown in yellow (HTH), and the degenerate cyclase domain (xGGDEF) of PdeA
is shown in red. The positions of single amino acid substitutions are marked with black triangles.
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els of c-di-GMP were increased 
10-fold in the �pdeH mutant
(3.5 �M) compared to the wild type (0.31 �M). Importantly, all
strains harboring mutations in PDEs showed a significant reduc-
tion of the intracellular c-di-GMP pool compared to their isogenic
�pdeH mutant strain. While the reduction of c-di-GMP was mod-
erate in some suppressor mutants, c-di-GMP levels were reduced

to levels comparable to that of the wild type or, for one mutant,
even below the detection limit (Fig. 4). Importantly, we observed
a strong overall correlation between the reduction of the intracel-
lular c-di-GMP levels and the measured swimming velocities
(Fig. 4).

Together, these findings support the notion that the pde sup-

FIG 3 Expression of mutant phosphodiesterases in E. coli. Immunoblot analysis was performed on the wild type and on strains with suppressor variants for
detection of PdeB (a), PdeC (b), PdeN (c), PdeA (d), PdeI (e), and PdeL (f) carrying 3�Flag tags at their C termini. Proteins were analyzed in the following strains
grown to exponential phase: wild type, �pdeH mutant (AB607), and csrA mutant (AB958). Suppressor variants of PdeB (a) and PdeC (b) showed strongly
increased protein levels indicating derepression of their expression. In contrast, suppressor variants of PdeN, PdeA, and PdeI showed unaltered protein levels in
all strain backgrounds tested. Of the 10 PdeL suppressor variants isolated, three were analyzed (G299S, F206S, and F249L). All variants showed increased protein
levels in all genetic backgrounds tested. Note that protein levels of PdeC and PdeL differed in different genetic backgrounds.

FIG 4 Swimming velocities of E. coli wild-type and phosphodiesterase mutant strains. Velocities of individual cells of the E. coli wild type (white), the �pdeH
mutant (gray), and motile suppressor mutants of the �pdeH mutant (green) were scored. For statistical analysis, the Kruskal-Wallis rank sum test was applied.
Swimming velocities of at least 76 single cells are shown as box plots. Boxes show the lower and upper quartiles. Black horizontal lines represent the median
velocities. Dashed lines show extreme values, whereas small black squares represent individual outliers. Comparisons of motile suppressor mutants with the
parental �pdeH strain all showed statistically significant differences (P � 0.05). Motile suppressor mutants showed swimming velocities restored to the levels
observed for the wild type. Black bars represent intracellular c-di-GMP concentrations as measured by LC-MS/MS. A mutant lacking PdeH displayed a
10-fold-increased cellular c-di-GMP concentration (3.5 �M) compared to that of the wild type (0.31 �M). Motile suppressor mutants showed reduced
intracellular c-di-GMP concentrations compared to their parental strain (�pdeH).
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pressor alleles increase the level and/or enzymatic activity of their
respective PDE products, lowering the cellular concentration of
c-di-GMP in the original �pdeH mutant and thereby restoring
flagellar motor function.

Pde suppressor alleles reduce poly-GlcNAc levels and cellu-
lose-dependent attachment. The observation that the pde sup-
pressor alleles restored motility in a �pdeH background by reduc-
ing the intracellular c-di-GMP concentration prompted us to test
if this represents a general cellular response that can also interfere
with other c-di-GMP-mediated processes. We have shown previ-
ously that poly-GlcNAc (PGA)-dependent biofilm formation is
regulated posttranslationally by c-di-GMP (46). The pga operon
encoding the poly-GlcNAc biosynthesis machinery is controlled
by the carbon storage regulator CsrA. Inactivation of csrA leads to
derepression of the pga genes and two genes encoding DGCs: dgcT
(ycdT) and dgcZ (ydeH) (47, 48). As a consequence, a csrA mutant
strain not only shows constitutive expression of PGA components
but also displays a strong increase of the c-di-GMP level (5.35
�M) compared to that of the wild type (0.31 �M) (Fig. 5a). A
mutant lacking both CsrA and DgcZ produces significantly less
c-di-GMP and shows strongly reduced PGA-dependent attach-
ment (46) (Fig. 5a). To assay the effect of the pde suppressor mu-
tations on PGA-mediated attachment, mutant alleles were intro-
duced into a csrA single mutant and a csrA �dgcZ double mutant.
As shown in Fig. 5a, only pdeC and two of the pdeL alleles were able
to effectively reduce attachment in the high-c-di-GMP back-
ground (csrA mutant). Apparently, in accordance with the capac-
ity of restoring motility, only the most active PDE variants are able
to reduce the level of c-di-GMP in this strain to a concentration
range below the activation constant (Kact) of the PGA biosynthesis
machinery (62 nM) (46). In contrast, when biofilm formation was
assayed in the low-c-di-GMP background (csrA �dgcZ), all pde
alleles showed a significant reduction of biofilm formation. The
only suppressor allele that was not able to reduce PGA-dependent
biofilm formation was PdeI(G412S) (Fig. 5b). However, because
motile suppressor mutants were isolated at 37°C and biofilm as-
says were routinely carried out at 30°C, we tested if pdeI expression
was temperature controlled. As shown in Fig. 5c, PdeI protein
levels were indeed strongly temperature dependent, with the high-
est concentration reached at 42°C (Fig. 5c). In line with this ob-
servation, the pdeI(G412S) allele significantly reduced attachment
of the csrA �dgcZ mutant at 37°C (Fig. 5c).

While E. coli forms poly-GlcNAc biofilms in the host and at
higher temperatures (49–51), it can form cellulose-based biofilms
in the environment and at lower temperatures. Like that of poly-
GlcNAc, production of cellulose is also stimulated by c-di-GMP
(52). Many lab-adapted E. coli strains, including E. coli K-12
MG1655, are deficient in cellulose production. This is due to a
single point mutation in the bcsQ gene, encoding cellulose syn-
thase. Restoration of the bcsQ wild-type sequence results in profi-
cient cellulose production (53). Introduction of a bcsQ wild-type
allele into the cellulose-deficient strain MG1655 increased attach-
ment about 2-fold. Deletion of pdeH in a bcsQ	 background
increased attachment about 4-fold compared to that of the
isogenic bcsQ	 strain (Fig. 5d). Deletion of pdeH in the cellu-
lose-deficient MG1655 strain also led to a 4-fold increase in
attachment compared to that of the wild type, arguing that
other c-di-GMP-dependent systems contribute to biofilm for-
mation in this strain. Importantly, when the three pdeL sup-
pressor alleles (encoding G299S, F206S, and F249L mutations)

were introduced into the bcsQ	 �pdeH background, cellulose-
dependent attachment was strongly reduced, similar to the pat-
tern observed for poly-GlcNAc-dependent biofilm formation
(Fig. 5d).

These results strongly suggest that genetically activated vari-
ants of several PDEs have a profound effect on the cellular c-di-
GMP concentration, which eventually becomes manifested in dif-
ferent c-di-GMP-responsive output systems.

PdeL suppressors show increased enzymatic activity. To gain
further insight into the suppression mechanisms that caused re-
duced levels of c-di-GMP, we investigated the specific in vitro
activity of mutant phosphodiesterases. We chose three represen-
tative suppressor mutants of PdeL, since this is the only soluble
cytoplasmic enzyme and because it was previously shown to be an
active c-di-GMP-specific phosphodiesterase (18, 19). We overex-
pressed and purified PdeL wild-type and G299S, F206S, and
F249L mutant proteins that carried a Strep II tag at the C termi-
nus. To determine their activities, we developed a novel enzyme-
coupled phosphate sensor-based assay that allows for sensitive
real-time determination of c-di-GMP-specific phosphodiesterase
activity (see the legend to Fig. 6 and Materials and Methods for
details). PDE activity was determined at an enzyme concentration
of 500 nM, with substrate concentrations ranging from 100 nM to
5 �M. While wild-type PdeL had a specific PDE activity (kcat/KM)
of 0.14 �M�1 s�1, all three PdeL variants showed significantly
increased turnover rates, ranging from 0.21 to 0.26 �M�1 s�1

(Fig. 6a).
PdeL suppressors enhance pdeL transcription. Strikingly,

strains expressing pdeL(G299S), pdeL(F206S), and pdeL(F249L)
showed significantly higher PdeL protein levels than that of the
isogenic pdeL wild-type strain (Fig. 3f). The observation that PdeL
harbors an N-terminal LuxR-type DNA binding domain fused to
its catalytic EAL domain led us to investigate whether pdeL expres-
sion is subject to autoregulation. To test this, we constructed a
chromosomal reporter, fusing the entire intergenic region up-
stream of pdeL and downstream of betT to the lacZ gene. The
fusion was engineered in the lacZ locus of the chromosome, leav-
ing the original pdeL locus intact (Fig. 6b, inset). �-Galactosidase
activity was then determined to compare pdeL promoter strengths
in �pdeH strains harboring the pdeL alleles encoding the G299S,
F206S, and F249L substitutions. All strains expressing activated
mutant forms showed similar, about 5-fold increases of pdeL tran-
scription compared to that in their isogenic strain (Fig. 6b). This
suggested that pdeL transcription is autoregulated and that PdeL
enzyme activity is coupled to the transcription of its own gene.

PdeL directly regulates its own expression in a c-di-GMP-
dependent manner. Promoter activity of pdeL could be linked
directly to the enzymatic activity of PdeL, possibly through its
DNA binding domain. Alternatively, the enzymatic activity of
PdeL might influence pdeL transcription indirectly by modulating
the cellular level of c-di-GMP. To distinguish between these two
possibilities, we compared pdeL promoter activities in strains ex-
pressing a wild-type copy of PdeL but harboring distinct c-di-
GMP concentrations. To this end, we used the MG1655 wild-type
strain, the �pdeH mutant strain, and a strain [referred to as the
�dgc(4) strain] lacking four DGCs: DgcE (yegE), DgcN (yfiN),
DgcO (yddV), and DgcQ (yedQ) (27). While wild-type MG1655
harbored intermediate cellular levels of c-di-GMP (0.31 �M), the
�pdeH mutant showed high levels (
3 �M), and the �dgc(4)
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FIG 5 Surface attachment of E. coli wild-type and phosphodiesterase mutant strains. (a) Relative surface attachment of E. coli csrA and csrA �dgcZ mutant strains
harboring individual pde suppressor mutations, as indicated. Levels of c-di-GMP (cdG) in both mutant backgrounds are indicated (n.d., not detectable). A
schematic of the regulatory network of PGA control is shown above the graph. Gray bars and white bars indicate relative levels of biofilm formation in the csrA
and csrA �dgcZ strain backgrounds, respectively. Biofilm formation was examined at 30°C (b) and 37°C (c) for strains carrying wild-type pdeI and the
pdeI(G412S) suppressor allele. Temperature-dependent expression of pdeI as measured by immunoblot analysis is shown in the inset of panel c. (d) Relative
attachment of pdeL suppressor alleles (G299S, F206S, and F249L) in a cellulose-producing bcsQ	 �pdeH background. Black bars indicate strains harboring a
single nucleotide polymorphism (SNP) in the bcsQ gene, and gray bars represent a “repaired” bcsQ gene (bcsQ	). Attachment is shown relative to that of the
cellulose-deficient lab-adapted strain E. coli K-12 MG1655 of Blattner et al. (31). The assay was performed at room temperature.
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mutant had very low levels of c-di-GMP as measured by LC-
MS/MS (65 nM) (Fig. 6c).

Similar to that in strains harboring PdeL suppressors, pdeL
promoter activity was increased in a strain lacking the four DGCs.

In contrast, a strain lacking PdeH showed strongly reduced pdeL
transcription. Together, these observations argued that pdeL tran-
scription is controlled negatively by c-di-GMP and that the pdeL
promoter is highly active when the cellular c-di-GMP concentra-

FIG 6 Enzyme activities and autoregulation of PdeL suppressor variants. (a) Specific phosphodiesterase activities of purified wild-type PdeL and mutant PdeL variants.
The specific activities (kcat/KM [�M�1 s�1]) of PDEs were determined using an enzyme-coupled phosphate sensor assay (see Materials and Methods). In our assay, we
applied an enzyme concentration of 100 nM and substrate concentrations ranging from 100 nM to 5 �M. All three PdeL mutants showed an increased turnover rate
compared to that of the wild type (0.15 �M�1 s�1). (b) Relative �-galactosidase activities of �pdeH mutant strains carrying translational PpdeL-lacZ fusions at the native
lacZ locus. A schematic of the reporter strain is shown at the top. The presence of pdeL suppressor alleles increased pdeL promoter activity about 5-fold. (c) The inset
shows a partial alignment of the HTH domain sequence of E. coli PdeL and NarL. Lysine 192 of NarL (black arrow) is involved in DNA binding. EMSAs were
performed with purified PdeL-Strep II (left panel) and PdeL(K60A)-Strep II (right panel) by using oligonucleotide 4991-7, containing the minimal PdeL binding
region. (d) c-di-GMP regulates pdeL transcription in a PdeL-dependent manner. The promoter activity of pdeL was determined for the wild type, a strain
exhibiting low levels of c-di-GMP [�dgc(4)], and a strain with high levels of c-di-GMP (�pdeH). c-di-GMP levels of the respective strains are shown as green
diamonds. The graph includes the pdeL promoter activity of a strain harboring the pdeL(K60A) allele. (e) Model of c-di-GMP-dependent pdeL transcription
control. Enzymatic activity is depicted with a dashed arrow. c-di-GMP negatively regulates pdeL transcription through an unknown mechanism. The enhanced
enzymatic activity of PdeL suppressor variants (PdeLmut) lowers the cellular levels of c-di-GMP and leads to pdeL transcription stimulation.
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tion is very low. In principle, there are two possibilities to explain
this regulatory behavior. Internal c-di-GMP levels could be sensed
through an unknown transcription factor that modulates pdeL
promoter strength accordingly. In this case, the role of PdeL and
its enzyme activity in autoregulation would be entirely indirect,
through the modulation of the cellular c-di-GMP pool. Alterna-
tively, the role of PdeL could be more direct in that it not only is
involved in c-di-GMP homeostasis but also acts as a sensor for the
prevailing c-di-GMP concentration and, in response, directly reg-
ulates pdeL promoter strength, involving its DNA binding do-
main. To distinguish between these two possibilities, we per-
formed EMSAs to test for binding of purified PdeL to its own
promoter region. Due to the exceptional size of the region be-
tween pdeL and its upstream gene betT (874 bp), binding of PdeL
to this region had to be tested by using a series of Cy3-labeled DNA
probes of various lengths. This analysis yielded a minimal PdeL
binding region of 24 bp, located 679 nucleotides upstream of pdeL,
harboring an imperfect palindromic sequence (5=-TTC AAT AAG
TTT AGT CTT ATT TAA) (Fig. 6c).

To corroborate these results, we aimed to construct a DNA
binding-deficient mutant of PdeL which harbors an N-terminal
LuxR-like helix-turn-helix (HTH) domain. Based on structural
information of the LuxR-like domain of the response regulator
NarL (54), we identified a conserved lysine at position 60 of PdeL,
which in NarL interacts with DNA (Fig. 6c, inset). As shown in Fig.
6c, purified PdeL(K60A) failed to bind to the PdeL box as indi-
cated above. Next, we determined pdeL promoter activity as a
function of c-di-GMP levels in strains lacking PdeL. As shown in
Fig. 6d, pdeL promoter activity was strongly reduced in the ab-
sence of PdeL, irrespective of the cellular concentration of c-di-
GMP. Similarly, when the pdeL gene was replaced in the chromo-
some with a pdeL allele encoding the K60A mutation, pdeL
promoter activity was abolished (Fig. 6d). Taken together, these
experiments strongly argue that PdeL is an enzyme and a tran-
scription factor stimulating its own expression in response to the
prevailing c-di-GMP regimen in the cell.

DISCUSSION

A large variety of cellular processes in bacteria are dependent on
c-di-GMP and are tuned during growth or behavioral processes by
accurately regulated cellular levels of this second messenger. This
requires tight and coordinated control of the enzymes producing
or degrading c-di-GMP. Many of these enzymes contain N-termi-
nal signal input domains to sense and integrate environmental
cues. While some of these signals have been identified and include
oxygen, NO, redox, light, and the availability of nutrients (15, 21,
55–58), the vast majority of input signals are unknown. It is thus
not surprising that under controlled laboratory conditions, only a
subset of these enzymes shows activity and contributes to known
c-di-GMP-dependent cellular processes. We showed previously
that from a total of 25 potential enzymes involved in c-di-GMP
turnover, only four DGCs, DgcO (YddV), DgcQ (YedQ), DgcN
(YfiN), and DgcE (YegE), and one PDE, PdeH (YhjH), contribute
to the regulation of E. coli motility (27). A major player of this
regulation is PdeH (YhjH), a soluble PDE that lacks a signal input
domain and is coregulated with other flagellar genes to license cell
motility and planktonic cell behavior (26). In contrast, deletions
of any of the remaining 12 candidate PDEs encoded in the ge-
nomes of E. coli K-12 strains showed no effect on motility control
(A. Boehm and U. Jenal, unpublished results). Several possibilities

exist to explain this observation. Some of these proteins might not
be expressed under laboratory conditions. If present, they might
be sequestered to control specific cellular processes, or they might
simply lack catalytic activity. Finally, they might require an appro-
priate stimulus to become operative.

Here we showed that most potential pde genes are expressed in
E. coli, resulting in readily detectable protein levels. This indicated
that these PDEs are present in an inactive state. This was corrob-
orated by our findings that several of these components could be
activated genetically to interfere with motility and biofilm control
by lowering the overall levels of c-di-GMP in the cell. These ex-
periments support the view that bacteria are equipped with an
arsenal of sensors that allows bacteria to rapidly integrate a range
of environmental signals to modulate the general c-di-GMP pool
and thus to optimally adapt to their variable environments. This
does not exclude the possibility that bacteria also tune the levels of
these enzymes by altering transcriptional or translational control
or as a result of differential protein stability. Also, bacteria likely
express distinct sets of such sensory components for specific
growth phases or environmental niches. This view is supported by
the observation that in E. coli, several DGCs and PDEs are regu-
lated by the stationary-phase sigma factor, 
S (44). Similarly, we
found that pdeI (yliE) expression is strongly temperature con-
trolled and present at high concentrations only at temperatures
well above 30°C. This argues that PdeI is part of an enzyme cock-
tail that is used primarily in the host environment. Finally, we
were unable to isolate activating mutations in several of the re-
maining PDEs, including PdeK (YhjK), PdeR (YciR), PdeO
(DosP), and PdeD (YoaD), despite applying strong selective pres-
sure. It is possible that activating mutations in the relevant genes
can be isolated in principle and that our genetic screen was not
saturated. Likewise, the activities of some of these enzymes might
simply be too weak, even in an activated state, to counter the
relatively high cellular c-di-GMP levels of the �pdeH mutant
strain. Alternatively, some of these components might be part of a
specific spatial or structural organization that confines them to
acting in a functionally restricted manner. This was recently pro-
posed for PdeR (YciR). This enzyme was shown to form a signal-
ing complex together with the diguanylate cyclase DgcM (YdaM)
and the transcription factor MlrA. In this complex, PdeR seems to
act both as an enzyme and as a local trigger of the transcriptional
activity of MlrA, which drives the expression of CsgD, a central
biofilm regulator activating the genes for cellulose matrix and
curli fibers (20). While the mechanistic details of the PdeR tran-
scription complex need to be worked out, this regulatory arrange-
ment is consistent with a (locally) limited catalytic function of
PdeR, thus offering a plausible explanation for why it was not
picked up in our motility screen. Similarly, PdeO (DosP) was re-
cently shown to be part of an RNA degradation complex, in which
it seems to locally control RNA turnover in response to oxygen
availability (59).

In this study, we used suppression analysis to identify PDE
variants in E. coli that can substitute for the major PDE PdeH
(YhjH). Using this genetic trick allowed us to bypass the require-
ment of individual input signals that are normally required to
unleash the putative PDE activity. The fact that it is possible to
isolate activating mutations in PDEs strongly argues that these
enzymes exist in two distinct forms, an active and an inactive
conformation, and that their activities are tightly controlled, pos-
sibly by switching between these two states. The nature of the
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mutations that lead to enhanced catalytic PDE activity thus reveals
details about the specific mechanisms which these enzymes em-
ploy to control their own activity. In principle, several mecha-
nisms to activate a PDE are conceivable. (i) Because PDEs are
generally active as dimers (15, 18), an increase of the protein con-
centration by overexpression will shift the equilibrium toward the
active dimeric state. Consistent with this, overexpression of PDEs
(or DGCs) can indeed affect the global c-di-GMP pool of bacterial
cells, regardless of their activation state (44, 55). (ii) Signal input
domains might obstruct the substrate binding site of the catalytic
domain or stabilize the enzyme in an inactive conformation. In
this case, enzyme activation could result from a functional uncou-
pling of the two domains. (iii) Mutations within the enzymatic

EAL domain may directly enhance specific catalytic PDE activity
or change the equilibrium between putative inactive and active
conformations toward the latter. In agreement with such a mech-
anism, we isolated several suppressor alleles encoding single
amino acid changes within the EAL domain in PdeL and PdeN.
These mutations likely represent true activating mutations.

Of the PDEs that were able to substitute for PdeH activity,
PdeL is the best-characterized enzyme. In our study, we isolated 10
mutations affecting eight individual amino acid residues. Three of
these were analyzed in detail and were shown to result in enhanced
catalytic activity in vitro as well as enhanced pdeL expression. In
principle, both properties could contribute to the observed sup-
pression phenotype. At low substrate concentrations, i.e., below

FIG 7 Model for PdeL phosphodiesterase activation by suppressor mutations. (a and b) Two distinct EAL dimer structures are shown as obtained recently
by X-ray crystallography (18). The sites of suppressor mutations are shown in full. The relative orientations of the dimers have been adjusted such that
in each panel the left monomer is seen in the same orientation and position. In each case, the two monomers are distinguished by different colors. Purple
and magenta coloring highlights the loop 6 region. (a) Structure of the canonical “open” PdeL EAL dimer as determined in the presence of magnesium
(PDB code 4LYK). (b) Structure of the “closed” PdeL EAL dimer as determined in the presence of c-di-GMP/Ca2	 (PDB code 4LJ3). (c) Comparison of
the PdeL EAL monomer structures of the “open” and “closed” dimers. Colors are the same as those shown in panels a and b (green with loop 6 in purple,
“open” dimer; gold with magenta loop, “closed” dimer). In addition to the mutation sites (dark gray residues), the substrate c-di-GMP, the calcium ions
M1 and M2, and metal-coordinating aspartates 262 and 263 at the end of �-strand 5 are highlighted. The latter precedes loop 6 and has been implicated
in catalysis regulation (18).
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the observed KM of about 1 �M, the cellular turnover of c-di-GMP
(catalyzed by PdeL) would be increased by a factor of about 10 for
the suppressor mutants, as a consequence of a 2-fold increase in
specific PDE activity and a 5-fold increase in expression. The in-
crease in specific PDE activity of PdeL mutants is intriguing and
warrants a closer analysis. Figure 7 shows the locations of all iden-
tified mutations that map to the two known wild-type PdeL EAL
crystal structures (18). It is striking that none of the mutated sites
are part of the active site that is located at the C-terminal end of the
central �-barrel. This enforces the notion that it is not trivial to
optimize the catalytic properties of an enzyme through a directed-
evolution approach. Rather, the increase in activity may be due to
subtle second- or higher-shell effects that are difficult to predict.
Alternatively, the mutations may change the thermodynamic
equilibrium between (at least) two global conformational states
with distinct catalytic activities.

We favor the second scenario, since it was recently shown that
the EAL domain of PdeL exhibits exquisite inherent regulatory
properties (18). The domain can adopt two states that differ dras-
tically in their catalytic activity: a virtually inactive monomeric
state and a catalytically competent dimeric state. Coupling of a
quaternary state to the precise geometry of the active site, and thus
to catalytic activity, appears to be mediated by the �5-�5 loop
(loop 6) that constitutes a major part of the dimerization interface
(Fig. 7), as also observed in other EAL structures (60). Intrigu-
ingly, it was also shown that the EAL domain of PdeL can adopt
two distinct dimer conformations, both involving similar
dimerization interfaces (formed mainly by loop 6 and helices �5
and �6) but showing drastically different relative monomer ar-
rangements (“open” [Fig. 7a] and “closed” [Fig. 7b] dimers) (18).
It has not yet been studied whether both kinds of dimers also exist
in solution and, if so, what their relative catalytic activities and the
equilibrium constant between them would be.

In light of this structural information, we propose that the fully
characterized suppressor mutations (G299S, F206S, and F249L)
shift the thermodynamic equilibrium of PdeL from an inactive or
lowly active state (EAL domain monomer or dimer of low activity)
toward the active state (highly active dimer). Structurally, the shift
of the equilibrium would be due to different effects of the suppres-
sor mutations on the two alternative dimerization interfaces (Fig.
7a and b). Indeed, amino acid 299 is part of dimerization helix �6,
though the added side chain would not project directly toward the
interface. The two phenylalanines, residues 206 and 249, are part
of the hydrophobic core that is formed by the packing of helices �4
and �5 onto the central �-barrel. Upon mutation at these sites, the
two helices may well shift relative to the �-barrel, causing a per-
turbation of that part of the interface, which is formed by the N
terminus of �5 and the preceding �5-�5 loop (loop 6). Reassur-
ingly, suppressor mutations F207W/F and L261Q map to the same
hydrophobic core, and an increase of activity due to a similar
mechanism is predicted. Residues T266 and T270 are part of loop
6 (Fig. 7c), the part of the structure that changes most between the
two PdeL conformations. Thus, differential stabilization of the
possibly more active conformation (or destabilization of the inac-
tive conformation) is conceivable.

Our findings suggest that in addition to its enzymatic function,
PdeL can also be a transcription factor and a sensor for c-di-GMP.
We showed that increased activities of PdeL variants containing
suppressor mutations result in increased levels of the respective
proteins. The observation that the stability of these activated mu-

tant variants was unaltered, together with the finding that the
activity of the pdeL promoter was increased in the suppressor
strains, strongly argued that PdeL exhibits autoregulation. Tran-
scription of pdeL could respond directly to PdeL activity or con-
formation or could be controlled indirectly through cellular levels
of c-di-GMP, which drop as a consequence of increased PdeL
activity. The finding that the pdeL promoter is strongly upregu-
lated in cells harboring low levels of c-di-GMP but inhibited at
high c-di-GMP concentrations strongly argued for the latter. Fi-
nally, the observation that c-di-GMP-mediated regulation of pdeL
promoter strength strictly depended on PdeL itself and on its in-
tact DNA binding domain suggested that PdeL is able to sense
cellular levels of c-di-GMP and, in response, tune its own expres-
sion. Considering the domain architecture of PdeL, it seems plau-
sible that the EAL domain is involved in sensing c-di-GMP con-
centrations, while the LuxR-type DNA binding domain is likely
required for transcriptional autoregulation. While the exact
mechanism and physiological significance of this feedback control
remain to be elucidated, it is notable that a similar mechanism was
described recently, in which PdeR plays a role both as an enzyme
and as a sensor for c-di-GMP (20). This example illustrates that an
active phosphodiesterase can adopt additional functions to con-
trol gene expression in response to substrate availability. Thus,
PdeL and PdeR are conceptually very similar in that both proteins
“measure” c-di-GMP via an unknown mechanism and in turn
regulate gene expression. But while PdeR engages in a signaling
complex together with an independent transcription factor, PdeL
apparently has evolved more independence by recruiting and di-
rectly coupling a DNA binding domain to its catalytic domain.
Proteins coupling metabolite availability to gene expression con-
trol are common in bacteria and were termed trigger enzymes
(61). It will be interesting to clarify the regulatory details and sim-
ilarities of these systems and to analyze how widespread this phe-
nomenon is among phosphodiesterases.
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