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Class I terpene synthases generate the structural core of bioactive
terpenoids. Deciphering structure–function relationships in the reac-
tive closed complex and targeted engineering is hampered by highly
dynamic carbocation rearrangements during catalysis. Available crys-
tal structures, however, represent the open, catalytically inactive
form or harbor nonproductive substrate analogs. Here, we present
a catalytically relevant, closed conformation of taxadiene synthase
(TXS), the model class I terpene synthase, which simulates the initial
catalytic time point. In silico modeling of subsequent catalytic steps
allowed unprecedented insights into the dynamic reaction cascades
and promiscuity mechanisms of class I terpene synthases. This gen-
erally applicable methodology enables the active-site localization of
carbocations and demonstrates the presence of an active-site base
motif and its dominating role during catalysis. It additionally allowed
in silico-designed targeted protein engineering that unlocked the
path to alternate monocyclic and bicyclic synthons representing the
basis of a myriad of bioactive terpenoids.
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Terpene synthases transform aliphatic allylic diphosphate
precursors to complex macrocycles, which represent the

structural core of numerous bioactive terpenoids (1). Despite
their low primary sequence identity, terpene synthases share
highly conserved tertiary and quaternary structural features,
which are dominated by α-helical barrel folds (1, 2). Taxadiene
synthase (TXS/Taxus brevifolia) catalyzes the cyclization of the
universal diterpene precursor (E,E,E)-geranylgeranyl diphosphate
(GGPP, C20) to taxa-4,11-diene (taxadiene, T) (Fig. 1), the first
committed biosynthetic step toward the clinically important tumor
therapeutic Taxol (3–6). TXS, a class I diterpene synthase, uses a
trinuclear Mg2+ ion cluster coordinated by two conserved binding
motifs [DDXXD and (N,D)DXX(S,T)XXXE] to initiate catalysis.
The Mg2+ ion cluster facilitates orientation of the GGPP pyro-
phosphate moiety (PPi) in the active site, followed by active-site
closure and GGPP ionization (7, 8). Although native GGPP-derived
carbocation intermediates could hitherto not be trapped experi-
mentally, mechanistic studies using GGPP analogs and quantum
chemical calculations [quantum mechanics (QM)] allowed de-
lineation of several potential carbocation intermediates (Fig. 1)
(9–15). However, the nature of the deprotonating base directing
formation of T remains elusive. Monocyclic and bicyclic carbocations
postulated to form during taxadiene formation, structurally re-
semble the macrocyclic core of other bioactive diterpenoids (16–
20). The molecular mechanism of TXS, which can be considered
as template for all class I terpene synthases, may therefore improve
a general understanding of terpene synthase mechanisms. TXS and
other class I terpene synthases produce side-products [e.g., taxa-
4(20),11-diene, T1] (Fig. 1). However, structural data and mecha-

nistic considerations explaining this promiscuity on the molecular
level are very limited (8, 21–25). The role of the protein scaffold has
been widely thought to chaperone the cyclization cascade by merely
conformational control (22, 26). Very recently, a hypothesis point-
ing to a possible involvement of electrostatic effects during the
carbocation cascade of other terpene synthases has been proposed.
These effects are thought to be mediated by the PPi anion co-
product that may be retained in the active site (21, 24, 26–32).
A crystal structure of the open, catalytically inactive TXS

conformation containing an unproductive fluorinated substrate
analog (2-F-GGPP) in the active site is available [Protein Data
Bank (PDB) ID code 3P5R] (8, 15). This dataset, however, only
provides limited information on the dynamic carbocation pro-
cesses involved in the cyclization cascade. At present, none of the
reported mechanistic or structural studies on class I terpene
synthases do consider detailed structure–function relationships
of the catalytically active enzyme conformation. This situation
arises as the use of substrate analogs and crystal structures of
open conformations do not reflect the concerted, dynamic events
inside the closed, catalytically active enzyme complex. In fact, the
closed enzyme complex containing a native GGPP substrate has
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not been considered to decipher native structure–function cor-
relations and catalytic mechanisms of terpene synthases.
In this study, we constructed a closed, active TXS conforma-

tion harboring native GGPP in its productive conformation. To
elucidate the catalytically relevant complexes, reflecting the
carbocation cascade in the active site as well as structure–func-
tion relationships, we further applied a molecular mechanic
(MM)-based modeling approach combined with site-directed
mutagenesis-guided experimental verification. The data provide
new, unprecedented insights into the control of the cyclization
mechanism and the product promiscuity of class I terpene syn-
thases. Application of in silico-guided protein engineering enabled
selective attenuation of the carbocation cascade at several in-
termediate steps. The methodology allowed experimental confir-
mation of native GGPP and carbocation structures and delineation
of a unified reaction pathway. The targeted quenching gave rise to
monocyclic and bicyclic diterpene macrocycles that represent the
hydrocarbon basis of a myriad of known bioactive compounds.
Beyond the TXS model, we have examined the here-modeled
closed conformation of the bacterial diterpene synthase cylooctat-
9-en-7-ol synthase (CotB2) in detail and examined several other
class I terpene synthases. Therefore, the applied methodology
combined with the mechanistic insights into TXS structure–func-
tion relationships enables the identification of universal structural
motifs, productive GGPP folding patterns, localizations of carbo-
cationic intermediates in the active site, prime candidates for the
active-site bases, and mechanisms that cause product formation
and promiscuity in any other class I terpene synthase.

Results
TXS•GGPP Complex: Evolutionarily Conserved Motifs Initiate the
Carbocation Cascade. The reported crystal structure of TXS,
representing the open, catalytically inactive enzyme, contains
2-F-GGPP in an unproductive orientation leading to subsequent
intermediates in which several stereocenters are inverted (Fig.
2A) (15). Using molecular mechanics, we constructed a model of
the closed TXS•GGPP complex. This complex is considered to
be the catalytically active conformation of the enzyme and rep-
resents the initial step of the catalytic carbocation cascade (Fig.
2B and SI Appendix, Fig. S1A). The model omits the 80-residue
N-terminal transit sequence. To provide for correct substrate
folding, we manually docked a geometry-optimized GGPP struc-
ture, derived from gas phase QM calculations of cation A into the
TXS active site. This ensures that T can be produced in the correct
configuration. Examination of the closed TXS•GGPP complex
indicated an extended hydrogen bond network of bound GGPP
compared with the open conformation. In addition to the reported
hydrogen bonds formed by R754, R768, and Y835 (15), PPi ac-
cepts water-mediated hydrogen (H) bonds extending from R580
and N-terminal Y89 in the closed complex (Fig. 2B). Water- and
amino acid-mediated bonding of productive GGPP resembles
that of the closed conformation of bornyl diphosphate synthase
(BPPS), a monoterpene synthase (SI Appendix, Fig. S1 B–D)
(26). In closed complexes of TXS and BBPS, PPi accepts water-
mediated H bonds from a network of H-bond donors composed
of Y89/60 (TXS/BPPS), R580/316, R768/507, R754/493, and
Y835/572 and water molecules. Structural alignments of TXS with
prokaryotic and eukaryotic monoterpene, sesquiterpene, and

Fig. 1. Cascade pathway, carbocation rearrangements, and deprotonated intermediates. The black box depicts the postulated carbocationic intermediates
during the cascade pathway from GGPP→T and the numbering of the carbocation cascade steps. The red boxes depict the found deprotonated intermediates,
whereby the red arrows indicate the cationic intermediate from which the deprotonated intermediate is derived. The structure in the middle depicts the
conformation of productive GGPP (blue, double bonds in yellow) and the localization of the trinuclear Mg2+ cluster (green) in the active site of the closed TXS
conformation. Note that numbering of cationic and deprotonated intermediates differs from previous reports (9, 11, 12, 15).
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diterpene synthases demonstrated a common H-bond network (SI
Appendix, Fig. S1 D and E) (27, 29, 33–41). This suggests that a
conserved basic amino acid-rich triad sets and holds PPi in place
during the complete catalytic cascade. Based on these data, we
suggest to expand the proposed PPi-triggered active-site closure
and charge stabilization mechanism onto the whole family of
terpene synthases. Most notably, the R580-PPi motif resulting
from active-site closure is a promising candidate for the active site
base in TXS (see below). These data are consistent with the ob-
servation in the Streptomyces pristinaespiralis-derived selinadiene
synthase, where single arginine substitutions of the corresponding
network lead to inactive enzyme variants (37). Furthermore, in
TXS, a conserved amino acid-mediated H-bond network including
both Y residues seems to be mandatory to bind bulk water
remaining in substrate vicinity after active-site closure, and thus
prevent premature carbocation quenching (Fig. 2B). This notion is
supported by analyzing the supplementary modeled closed com-
plex of cembratriene-ol synthase (CBTS), a class I diterpene
synthase from Nicotiana tabacum, which produces two epimeric
alcohols and contains the three-arginine network, but lacks both
tyrosine residues (SI Appendix, Fig. S1 F and G) (41). Additional
analysis also substantiates the recently suggested induced-fit
mechanism leading to ionization via an effector triad comprising
the PPi sensor R754 on helix H, the linker S713, and the effector
V714-O in the G1/2 helix-break motif (SI Appendix, Fig. S2) (37).
Here, we experimentally verified the necessity of the H-bond
donor amino acid network as well as the linker and effector res-
idues via single-disruptive amino acids (aliphatic, aromatic, and
charged residues) substitutions, resulting in catalytically inactive or
significantly impaired TXS variants (SI Appendix, Table S4).

Acyclic Cation A: PPi Stabilization and Conformational Control Imposed
by the Active Site. TXS initiates catalysis by Mg2+-mediated GGPP
ionization forming the transient, acyclic carbocation A and PPi as
a coproduct (Figs. 1 and 2 C and D). Initial molecular docking
experiments indicate that cation A adopts a productive geometry
in the closed TXS active site before cyclization to cation B. The
docked QM-derived cation A exists in two distinct conformations.
With respect to the TXS active-site localization of unionized
GGPP, only one conformational cluster represents a catalytically
relevant cation A structure (Fig. 2C and SI Appendix, Fig. S3A and
Table S3). Interestingly, the manually built cation A spontane-
ously folds to a structure that is highly similar to that of the cat-
alytically relevant cation A, strongly supporting the MM-based
manual building approach (Fig. 2D). As a negative control, the
cyclization mechanism of a GGPP was examined that adopts the
cocrystallized 2-F-GGPP conformation (8, 15). Energy mini-
mizations yielded a verticillen-12-yl cation with an inverted con-
figuration of C11 that prevents the productive cyclization to T (SI
Appendix, Fig. S3B). This strongly supports the model that terpene
synthases mainly dictate reaction outcome by sterically restricting
their substrate and discrete reaction intermediates to a subset of
possible productive conformations (template model) (22, 24).
Moreover, it demonstrates differing binding modes followed
by nonnative cyclization characteristics for substrate analogs that
hamper the correct prediction of important structure–function
relationships in class I terpene synthases.

Monocyclic Cation B: Native Existence of a Monocyclic Intermediate
in the Carbocation Cascade. The second step in the carbocation
cascade is the conversion of the acyclic cation A to a monocyclic
cation B (Fig. 1), resembling the general first cyclization step in
class I terpene synthase catalysis. Using the TXS complex har-
boring the docked QM-derived cation A template, the C1–C2
bond was manually built followed by energy minimization. The
resulting monocyclic cation B is structurally similar to the QM-
derived transition state (TS) between cations B and C rather
than to the QM-derived cation B (Fig. 3 A and B) (15).
The active site of the enzyme left enough space for rotation of

the C1–C15 bond that is spanned between W753 and the aro-
matic network consisting of Y835, F834, and Y841. During
binding of GGPP, the C15–C17 isopropyl group folds into this
space as a preorganizational event. Docking of QM-derived TS
B-C into the corresponding transient TXS complex further cor-
roborates its fitting into the active site and specifies its confor-
mation as distinctly derived from the catalytically relevant
docked cation A structure (Fig. 3B and SI Appendix, Fig. S6 and
Table S3).
Although it has previously been speculated that TXS mutants

could form cembranoid-type isomers by deprotonation of cation
B (11), use of the closed TXS conformation model harboring the
monocyclic cation enabled identification of potential “hot-spot”
amino acid residues for production of monocyclic cembranoids
in contrast to an open conformation structure. Analysis of the
TXS•cation B complex suggests that S587, C830, Y835, and
Y841 represent polar groups in proximity to cationic C15 and
C16/C17 methyl-hydrogens. However, none of them can act as a
deprotonating base as the carbocation cascade does not stop at
cation B in native TXS.
The experimental data demonstrate that Y835A/W substitu-

tions result in inactive TXS variants. Additionally, C830S/A
substitutions had no effect on product spectra and yield (SI
Appendix, Table S4). The model further shows that W753 is di-
rectly adjacent to the C16/17 methyl groups of cation B (Fig. 3A).
Therefore, we suggested that a substitution to histidine may act
as a proton acceptor, resulting in cembranoid formation by
premature deprotonation of cation B (Fig. 3C). Experimental
in vitro and in vivo data demonstrate that substitution of TXS-
W753H, indeed, converts GGPP to a monocyclic product with no

Fig. 2. Closed- and open-conformation TXS model, productive cation A
complex. (A) TXS harboring the cocrystallized unproductive 2-F-GGPP
(8) (PDB ID code 3RP5) (C01, C02: magenta; O01 of PPi: yellow; Mg2+: green).
(B) TXS harboring manually built productive GGPP and the closed-confor-
mation specific H-bond donor network: Y89, R580, R754, R768, and Y835.
Additionally, D614 and N757 are labeled. Coordinated waters: cyan; H-bonds:
black; Mg2+-coordinating dative bonds: gray lines. (C) TXS harboring docked
QM-derived productive cation A. (D) Superposition of TXS harboring docked
cation A (blue) with TXS harboring manually built cation A (red).
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further cyclization to cation C (Table 1 and SI Appendix, Fig.
S8A). Consequently, we could assign the monocyclic W753H
product to (−)-(R)-cembrene A (CM) (SI Appendix). Alterna-
tively, H753 may act in deprotonating proximal C830, which
leads to a reactive anionic sulfur acting as deprotonating base
comparable to the catalytic diad mechanism in cysteine proteases
(Fig. 3C) (42). The double-mutant W753H/C830A yields the
same product distribution as W753H. Thus, it seems likely that
the histidine residue acts as a deprotonating base. Additional
substitutions of W753L/V/E/C/A resulted in inactive TXS vari-
ants, demonstrating the necessity for an aromatic residue at this
position in the wild-type enzyme (see below) (SI Appendix,
Table S4).

Bicyclic and Tricyclic Cations C–E: Steric and Electrostatic Control of
the Carbocation Cascade. The next step in the catalytic cascade
involves formation of a bicyclic verticillen-12-yl cation (cation C)
(Fig. 1) (10, 12, 15). Analogous to the process applied to cation B
above, the TXS•cation C complex was modeled using the pre-
vious TXS•cation B complex as a template. Interestingly, a
verticillen-12-yl cation formed spontaneously in TXS with an
equivalent structure to the QM-derived cation C (Fig. 4A) (15).
To our knowledge, this is the first experimental confirmation of
this intermediate using the native substrate.
Furthermore, docking studies confirmed the localization of

cation C as distinctly derived from the catalytically relevant TS
B-C structure (SI Appendix, Figs. S3C and S6, and Table S3).
Subsequent analysis of this complex indicates that residues V584
and V610 are close to the positively charged C12 atom of cation
C. Although V610H/S/F/A mutations resulted in inactive TXS
variants, V584M/L yielded a product mixture in in vitro experi-
ments including T (13.8%) and three bicyclic verticillene-type
structures (84%, 1.4%, and 0.8%) (Table 1 and SI Appendix, Fig.
S8A). Notably, we detected the same product profile in in vitro
experiments using native TXS, albeit with different product
variant percentages (Table 1 and SI Appendix, Fig. S8A). In vivo
experiments followed by detailed NMR analysis allowed assign-
ment of the major verticillene-type structure (84%) to (+)-(R,R)-
verticilla- 3,7,12(13)-triene (V) (SI Appendix). The absolute
configuration of V was derived by comparison of its CD spec-
trum with the spectra of the 7-fluoro-verticillene analogs (SI
Appendix) (10).
To unravel the deprotonation events leading to V, we con-

ducted in silico comparisons of TXS-V584M/L•cation C com-
plexes with its corresponding wild-type equivalent. Although
cations A and B exhibit identical shapes in the TXS–V584M/L
complex, cation C is localized closer to the R580-PPi moiety due
to steric restraints imposed by M and L. As a consequence, C13
hydrogens are shifted 0.8 Å toward the R580-PPi motif in com-

parison with native TXS, which likely mediates premature cation
C deprotonation (Fig. 4B and SI Appendix, Fig. S3D). In addition
to V, we examined the formation of the minor bicyclic products
V1 and V2 using MS-based analyses. We also observed these
products in spectra affiliated with TXS [V1 (0.2%), V2 (1.1%)]
(Table 1 and SI Appendix, Fig. S8A). Interestingly, the V1 MS
spectrum is identical to the spectrum reported for verticillia-
4(20),7,11-triene extracted from Boswellia carterii (SI Appendix)
(43). This analogy not only confirms the presence of cation F but
also designates V1 as its intermediate quenching product. Our
confirmation of cation F linked to the observation of V and V1
now allows a tentative assignment of the V2 mass spectrum to
the formation of verticillia-3,7,11(12)-triene (SI Appendix), as in
silico studies indicated that V1 and V2 formation could be in-
duced through variable, time-resolved positioning of cation F
(Fig. 1), accompanied by deprotonation of C3 or C20, re-
spectively. Due to the positioning of cation F in TXS, deproto-
nation by the bifunctional R580-PPi motif seems likely (SI
Appendix, Fig. S3E).
Single amino acid switches, able to “short-circuit” the cycli-

zation cascade by electrostatic stabilization, have previously been
reported for other terpene synthases (44–46). Analysis of the
closed complex indicates that the TXS dipole network is shielded
or spatially too far removed from cationic intermediates, thereby
preventing a direct electrostatic interaction with the cyclization
cascade. The TXS model further suggests that S587 and Y841,
which are spatially connected via an OH-mediated H bond, are
in proximity to the cationic positive charge (Fig. 3C). Interest-
ingly, in silico-guided substitution of S587A and Y841F resulted
in deprotonated intermediates (see below). Subsequent in vitro

Fig. 3. Wild-type and mutant cation B complexes. (A) TXS harboring manually built cation B, which resembles the QM-derived TS B-C (C01, C02, C11, and C15:
magenta). (B) Structural overlay of TXS harboring the manually built cation B (blue; C15: magenta) with docked QM-derived TS B-C (red; C15: yellow). (C) TXS-
W753H harboring manually built cation B. Deprotonation of C17 (closest H17: magenta) results in formation of monocyclic CM. The shielded dipolic network
(S587, Y841) that does not interfere with the cyclization cascade due to hydrogen bonding and spatial separation is further shown.

Table 1. Product distributions of wild-type TXS and
important variants

Target Mutation Activity* T† T1 CM V V1 V2

TXS 100.0 93.2 4.7 N.D. 0.8 0.2 1.1
V584 V584M 92.3 13.8 0.6 N.D. 83.4 0.8 1.4
V584 V584L 92.1 13.8 0.6 N.D. 83.4 0.8 1.4
S587 S587A 21.8 8.9 N.D. 58.9 32.2 N.D. N.D.
W753 W753H 51.3 N.D. N.D. 100.0 N.D. N.D. N.D.
Y841 Y841F 41.3 N.D. N.D. 56.4 43.6 N.D. N.D.

*Enzyme activities of mutants (in percentage) in comparison with TXS
(=100%). The activities were determined by peak integration of the enzyme
products in relation to the peak area of the internal standard α-humulene
(Materials and Methods).
†Compound numbers CM–T1 refer to compound numbers in Fig. 1 and SI
Appendix, Fig. S8A. The tabulated values represent the product distribu-
tions in percentage for TXS and each mutant (sum = 100%). N.D., not
detectable.
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and in vivo experiments allowed structural assignment of Y841F
reaction products as CM and V, indicating complete catalysis
termination at cation C (Table 1 and SI Appendix, Fig. S8A).
Complementary, the S587A mutant resulted in formation of CM
and V as well as minor amounts of T (Table 1 and SI Appendix,
Fig. S8A).

Carbocation Cascade Mechanism: Steering Effect of R580-PPi Determines
Promiscuity. Formation of tricyclic T proceeds from cation C via F,
D, and E in the gas phase (Fig. 1), although the direct route of
cation C→D→E cannot be excluded (15). Transition to cation D,
which adopts two different conformations D1 (cation D1) and D2
(cation D2) in the gas phase represents the fifth step in the car-
bocation cascade (15). MM-based modeling and docking of cations
F, D1, D2, and E into TXS demonstrate that each adopts a con-
formation that is distinctly derived from the respective former
catalytically relevant cascade cation structure (Fig. 5A and SI Ap-
pendix, Figs. S3 E–G and S6, and Table S3). Complex models of
TXS•cations D1 and D2 indicate that the transition of cation
D1→D2, i.e., the movement of the D1-C8 methyl group toward an
aligned position with the C4 methyl group in –D2, is induced by an
electrostatic effect of R580-PPi. Direct spatial proximity of nega-
tively charged O atoms of R580-PPi and Δ3,4 of the substrate
suggest electrostatic repulsion forces resulting in D1→D2
transition (SI Appendix, Fig. S3F). Cumulative analyses of the
TXS•cation complexes and observed product distributions indicate
a pronounced electrostatic steering effect of R580-PPi as the cas-
cade enters the bicyclic carbocation stage.
In contrast to TXS•cations C–E complexes, TXS•cation A

and B complexes reveal a high degree of amino acid-assisted
stabilization. Specifically, π–π interactions between the aromatic
residues W753, F834, Y835, and Y841 and the substrate as well
as cation–π interactions between the positive charge and these
residues stabilize early- but not late-stage cations in TXS, which
is in line with previous reports of other terpene synthases (SI
Appendix, Fig. S4) (25, 47, 48) and further corroborated by
docking cluster analyses (SI Appendix, Table S3). Furthermore,
product distributions of V584M/L and S587A mutants show
ongoing cyclization to T compared with W753H and Y841F
(Table 1). This, in turn, suggests that the reduced π-interaction in
TXS•cations C–E complexes are not able to counteract a con-
tinuous R580-PPi–induced electrostatic attraction that promotes
the cascade to cation E. This steering effect further corroborates
the experimentally observed native existence of cation F, as

cation C→F transition would bring the positive charge into
proximity to R580-PPi (SI Appendix, Fig. S3E) (see above). This
implicates that this transition is thermodynamically favored due
to ion-pairing effects in contrast to the gas phase (15).
However, as the cascade does not stop at cation F, other ef-

fects must counteract those exerted by R580-PPi and provide the
driving force for reaction to T. The TXS•cation F complex
demonstrates that R580-PPi and C4 hydrogens of cation F are
still too far removed for a complete terminal deprotonation at
this stage in contrast to the TXS•cation E complex (Fig. 5B),
which allows the native hydride shift resulting in cation F→D1
transition (SI Appendix, Fig. S3E). This indicates that kinetic
control, i.e., spatial positioning and movement of cations re-
stricted by the active site, leads to the thermodynamically not
favored cation F→D1 transition, as the positive charge is located
distal to the R580-PPi in cations D1 and D2 compared with cation
F (SI Appendix, Fig. S3 E–G). In line with these data, it seems
feasible that R580-PPi–steered positive charge migration to-
ward itself induces the conformational change of D1→D2 and
the final transition of cation D2→E due to the observed lack of
π-stabilization. Concordantly, the TXS•cation E complex shows
the global distance minimum of the positive charge as well as
H5 and C20 hydrogens with respect to R580-PPi and exhibits no
substrate-induced electrostatic forces that counteract proton
abstraction (Fig. 5B). This, in turn, indicates that cation E is the
global energy minimum of the reaction in relation to cation A,
contrary to QM gas phase calculations (15). Docking cluster
analyses further corroborate this indication (SI Appendix,
Table S3).
The model further indicates that R580-PPi, in addition to its

oversized active-site cavity (8), may also be responsible for the
enzyme’s product promiscuity. Although initial excess of spatial
freedom allows GGPP misfolding, spatial freedom is shown to
lead to predominant carbocation tumbling and imprecise barrier
crossings at later stages of catalysis resulting in alternative
product formation (21, 22). Therefore, tumbling or imprecise
barrier crossing in an oversized active site cavity may also be the
reason for alternative products observed during the catalytic cas-
cade, as alternative products in TXS and mutants seem exclusively
to be derived from later catalytic stages, i.e., cations C–E (Fig. 1
and Table 1). These effects in combination with reduced
π-interactions in cations C–E and R580-PPi–induced effects, can thus
explain premature R580-PPi–mediated deprotonation in cation F

Fig. 4. Wild-type and mutant cation C complexes. (A) TXS harboring manually built cation C (H01equatorial, H11axial, and C03: magenta). (B) Superposition
of TXS-V584M harboring manually built cation C (blue) with manually built cation C of TXS (gray). C13 hydrogens abstracted during R580-PPi–assisted
deprotonation resulting in formation of V are shown (C13 hydrogens of TXS in red; C13 hydrogens of TXS-V584M in magenta). Distance between
H13equatorial (H13e) of TXS-V584M and NH2 of R580 is 3.05 Å (magenta line); distance between H13e of TXS and NH2 of R580 is 3.87 Å (red line). Distance
between H13axial (H13a) of TXS-V584M and O07 of PPi is 4.25 Å; distance between H13a of TXS and O07 of PPi is 4.83 Å.
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resulting in formation of V1 and V2 in TXS and V584M/L mu-
tants (Table 1 and SI Appendix, Fig. S8A). This view is supported
by the adjacent positioning of R580-PPi with respect to the C3 and
C20 hydrogens (SI Appendix, Fig. S3 E and H). Experimentally,
this is further corroborated by the active site enlarging F834G
substitution, which results in various verticillene and taxadiene
isomers derived from cations C, F, and E, but no monocyclic
structure derived from cation B (SI Appendix, Fig. S8A and Table
S4). By contrast, multiple product formation derived from cation
E in TXS [T (93.2%), T1 (4.7%)] cannot be explained by tumbling
or imprecise barrier crossing alone but may also involve R580-PPi–
induced electrostatic effects. Therefore, we suggest a simple ex-
planation for that observed product distribution. In fact, differing
relative distances of R580-PPi with respect to cation E H5β or C20
methyl hydrogens, seem to lead to selective deprotonation events
that govern the formation and distribution of T or T1, respectively
(Fig. 5B).

Biotechnological Implications: Production of Cembranoid- and Verticillene-
Type Synthons. We successfully used our in vivo terpene pro-
duction system in 30-L–scale fermentations, yielding CM
(W753H) and V (V584M) at concentrations of 8 and 11
mg·L−1, respectively, with glycerol as carbon source (SI Ap-
pendix, Fig. S10 A and B). To our knowledge, this is the first
time that these compounds were produced in recombinant micro-
bial production systems. Although cembranoid synthases have been
reported (49, 50), to our knowledge, this is the first report of a terpene
synthase capable of producing verticillene-type skeletons. The sus-
tainable fermentative microbial production of the macrocycle can be
combined with further chemical or enzymatic derivations. It therefore
represents a decisive step on the way to sustainable synthesis of bio-
active cembranoid- and verticillene-type diterpenoids (16–20).

Discussion
Studying the dynamic carbocation cascades and protein structure–
function correlations involved in terpene synthase catalysis is
challenging. In this study, we introduce an MM-based compu-
tational methodology that allows the elucidation of important
structure–function relationships in terpene synthases and the
identification of essential amino acids, whose substitution lead to
alternate terpene macrocycles. Moreover, a catalytically relevant,
closed complex model of a class I terpene synthase containing a
productive GGPP is introduced that can serve as a model for any

other eukaryotic class I terpene synthase comprising a functional
class I associated α-domain (1). GGPP can easily be substituted
by geranyl (GPP) or farnesyl (FPP) pyrophosphate (Fig. 6).
We successfully constructed MM-based models of the cata-

lytically relevant, closed TXS complex containing each reaction
intermediate. The predictive power of this in silico methodology
was corroborated by experimental site-directed mutagenesis data
and verified by docking of QM gas phase intermediates. The
methodologies described herein can be applied to identify cat-
alytically important residues and localization of carbocationic
intermediates for crystallized open-complex models, closed
complexes without productive substrate, and high-class homol-
ogy models of prokaryotic and eukaryotic class I terpene syn-
thases. We have verified our in silico tool kit using the
prokaryotic diterpene synthase CotB2, as its proposed carboca-
tionic intermediates and the open-form crystal structure have
recently been reported (SI Appendix, Fig. S7A) (36, 51, 52).
Using MM-based modeling, we were able to elucidate the lo-
calizations of productive GGPP and the cationic intermediates in
the active site as well as get insights into the structural basis for
the two 1,5-hydride shifts and the carbon rearrangement pro-
posed by NMR-based labeling experiments and QM gas phase
calculations (Fig. 7 A and B, and SI Appendix, Fig. S7 B–F) (51,
52). Analysis of the cyclization trajectories of closed CotB2 also
enabled the elucidation of the molecular basis for the generated
alternate macrocycles yielded upon mutagenesis that have re-
cently been reported (SI Appendix, Fig. S7 G and H) (36, 53).
The closed, catalytically active CotB2•GGPP complex could
therefore serve as a productive, catalytically relevant template
model for any other microbial class I terpene synthase com-
prising the class I-associated α-domain (Fig. 6).
The identification of a universal, H-bond donor amino acid

network in class I terpene synthases independent of their taxo-
nomic origin and function strongly argues for common mecha-
nistic features particularly in the initial stages of catalysis. PPi
charge stabilization in conjunction with carbocation shielding
from remaining solvent water through an H-bond donor amino
acid network constitutes a common catalytic trigger upon active-
site closure. Requirements for charge stabilization and separa-
tion argue that ionized PPi is retained in the active site during
the entire catalytic cascade suggested by previous reports (21,
26–32). The lack of essential Y residues results in hydroxyl-
ated products as in the case of CBTS, which suggests an amino

Fig. 5. Molecular docking of QM-derived cation E, product promiscuity in cation E. (A) Superposition of TXS harboring manually built cation E (blue) with the
docked QM gas phase-derived cation E (red). (B) TXS harboring cation E. Differing distances of H05 equatorial (deprotonation results in formation of T) and
closest H20 (deprotonation results in formation of T1) with respect to O07 of R580-PPi are shown as magenta lines. Distance of equatorial H5 of the newly
formed cyclohexane ring (twist-boat conformation) to O07 of R580-PPi is 2.75 Å; distance of closest H20 to O07 is 3.35 Å. The distance between the positively
charged C atom with respect to R580-PPi reaches its global minimum of the cascade at formation of cation E (3.71 Å).
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acid-assisted mechanism that provide control for water-assisted
quenching products. We could further demonstrate by molecular-
docking calculations that, in the initial reaction phase, the
acyclic cation A can only assume a single conformation, which
strongly argues for the template model (22). The data confirm
the existence of a monocyclic cation B, specifically as in TXS-
W753H deprotonation of C17 results in formation of CM. This
indicates a concerted, asynchronous cyclization reaction pro-
gressing via GGPP→cation A→B→C, involving cations A and B
as distinct short-lived intermediates. Our trajectories suggest
the route cation C→F→D as energetically more favorable
compared with the direct route cation C→D. This is demon-
strated by proximity between R580-PPi and the positive charge
in cation F in the closed-complex model. Together with the
finding of V1 and presumably V2 in chromatograms affiliated
with TXS and V584M/L, we present direct experimental evi-
dence for the native existence of cation F.
In silico-guided mutagenesis enabled identification of steric

effectors that allow formation of bicyclic verticillenes. These
deprotonation events seem to be assisted by the bifunctional
R580-PPi motif. Complementary, in silico studies with 7-fluoro-
GGPP as substrate corroborated this hypothesis, which is in line
with previous detection of an exo-7-fluoroverticillene and other
7-fluoroverticillene–type structures (SI Appendix, Fig. S5B) (10).
Electrostatic stabilization of the positive charge in cations C and
F induced by the adjacent 7-fluoro ligand permits perturbation of
the fine-tuned kinetics in transition to cations F and D, re-
spectively, whereas R580-PPi directs the carbocation toward
itself, resulting in subsequent deprotonation (SI Appendix, Fig.
S5A). Therefore, an R580-PPi–mediated deprotonation event in
conjunction with carbocation tumbling due to reduced π-interactions
is able to explain formation of V observed in the product
profile of TXS (Table 1). In addition to steric effectors mod-
ulating TXS product formation, electrostatic dipole-mediated
effects lead to alternative macrocycles. Based on in silico
studies, we generated S587A and Y841F mutants, thereby
perturbing the shielded active-site dipole network. These mu-
tant complexes indicated again that disruption of the fine-
tuned, R580-PPi–coordinated cyclization timeline is able to
result in premature deprotonation of cations C and B by R580-
PPi (Table 1 and SI Appendix, Fig. S3 I and J).

Interestingly, incomplete deprotonation and observed ongoing
cyclization to cation E in V584M/L and S587A indicate that
cations C–E exist in a well-defined equilibrium, with cation C
comprising the global energy minimum and formation of T being
promoted by site-specific deprotonation as previously suggested
(15). An alternative hypothesis would suggest cation E being
the global minimum as well as the cyclization of cations A–E as
electrostatically governed by R580-PPi and assisted by steric
control imposed by the active site.
Our cumulative data support the alternative hypothesis that is

generally applicable upon elucidation of class I terpene synthase
catalysis. The results suggest that (i) formation of olefinic mac-
rocycles in terpene synthases is a sequential event, which in TXS
comprises formation of monocyclic, bicyclic, and tricyclic inter-
mediates. (ii) After GGPP hydrolysis, the initial intermediate
(cation A) and PPi are spatially separated and stabilized in the
hydrophobic active-site cavity (25, 47). (iii) Acyclic cation A and
the monocyclic secondary intermediate are stabilized by π–π
and cation–π interactions imposed by the active site. (iv) Amino

Fig. 6. Workflow for the generation of catalytically relevant class I terpene synthase conformations. The workflow that can be used to generate catalytically
relevant, closed conformations of class I terpene synthase comprising a class I-associated α-domain is shown. (The detailed modeling procedure is depicted in
Materials and Methods.) Subsequent manual formation of respective catalytic cascade steps enables the prediction of important catalytic residues in the
active site.

Fig. 7. Closed complex of CotB2 harboring productive GGPP and cation A.
(A) Closed-complex conformation of CotB2 harboring productive GGPP and
the identified H-bond donor network consisting of Y77, R177, R227, R297,
and Y295 (C01 and C15 in magenta, O01 in yellow, Mg2+ ions in green, and
coordinated water molecules in cyan). (B) Closed-complex conformation of
CotB2 harboring cation A (SI Appendix, Fig. S7C).
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acid-assisted stabilization in early stages of catalysis prevents carbo-
cation tumbling and imprecise barrier crossings, thereby prohib-
iting premature deprotonation. (v) Upon progression of catalysis
to the bicyclic cation C stage, π-interaction is reduced, which re-
sults in increased cation tumbling and imprecise barrier crossing
while the R580-PPi mediated steering effect becomes significant.
(vi) This steering and cation-attracting role of R580-PPi leads to
direct premature deprotonation in cations C–F. (vii) It further
leads to direct or indirect premature deprotonation when the fine-
tuned and electrostatically balanced timeline of cyclization and
hydride shifts is perturbed. (viii) Instead, in the absence of coun-
teracting amino acid-assisted electrostatic effects, steric restriction
imposed by the active site and steering of R580-PPi provide for
cyclization from cation A→E, which corroborates the template
model and dominating kinetic instead of thermodynamic control
(24, 54). (ix) Due to proximity of the positively charged carboca-
tion to R580-PPi and in agreement with docking cluster analyses,
cations F and E comprise lower energy levels in TXS compared
with cation C in relation to cation A. (x) The R580-PPi bifunc-
tional motif, only present after active-site closure and arguably
characterized by an inverse protonation equilibrium, appears to
be the prime candidate for the active-site base in TXS and other
terpene synthases examined in this study.

Materials and Methods
Quantum Chemical Calculations (QM). All calculations were performed with
Gaussian 03 (55). All cationic intermediates A–E and GGPP in productive
conformation were optimized using the B3LYP/6-31+G(d,p) method as de-
scribed previously (15).

Model of TXS in Closed Conformation Harboring Productive GGPP. Molecular-
dynamics (MD) simulation and energy minimization steps were performed in
a periodic neutralized TIP3Pwater box at pH 6.8 of YASARA Structure (version
14.12.2; YASARA Biosciences) using the second-generation self-parametrizing
YASARA2 force field with default settings (56). Assigned hydrogens, bond
orders, and charges for GGPP and cations A–E were obtained using the
AutoSmiles force field parameter assignment that is part of YASARA Structure
(57, 58). Analysis of simulation and energy-minimized trajectories were per-
formed using YASARA Structure.

Preparation of Closed Conformation of TXS. Modeling of the N-terminal res-
idues (81–110) and the J–K loop (residues 834–849) in closed conformation
was performed with BPPS in complex with three Mg2+ ions and 3-azageranyl
diphosphate (PDB ID code 1N20) as template (26) and modeled as described
previously (8), followed by 10,000 steps of energy minimization and a 10-ns
MD simulation in water using YASARA Structure. During energy minimiza-
tion, all residues, heavy atoms, and 2-FGGPP were unconstrained. Non-
bonded cutoff were set to 7.5 Å. Particle mesh Ewald method was used for
long-range electrostatic forces (59).

Integration of GGPP in Productive Conformation. The geometry-optimized
GGPP in productive conformation obtained by B3LYP/6-31+G(d,p), as de-
scribed previously (15), was superposed onto the 2-FGGPP in the modeled
closed conformation (see 2.1), the 2-FGGPP deleted, and the bond between
O1 and C1 linked manually. The obtained complex was subsequently sub-
jected to 10,000 steps of energy minimization and a 10-ns MD simulation in
water using YASARA Structure.

Molecular Docking of QM-Derived Cations A–E. Molecular docking of QM-
derived cations A–E was performed using the AutoDockVina program en-
vironment of YASARA Structure (60). Cations were docked into a simulation
cell (size: X size = 14 Å, Y size = 14 Å, Z size = 14 Å; angles: α = 90°, β = 90°, γ =
90°) around the following eight residues: Y89, E583, F602, F612, S752, L827,
A764, and Y836. For each cation, 999 docking runs were performed while all
atoms of the corresponding cations were set as rigid. Cluster analysis was
performed in the AutoDockVina program environment, and clusters were
characterized by binding energy (in kilocalories per mole), dissociation
constant (in picomolar concentration), and binding energy spread (in kilo-
calories per mole) (SI Appendix, Table S3). Two enzyme–ligand complexes
belonged to different clusters if the ligand root-mean-square deviation
(RMSD) was larger than 2.0 Å.

Molecular Modeling of Cations in the Active Site of TXS. An approach of force
field-based MM modeling combined with molecular docking to derive lo-
calization of cations A–E was applied. First, using the AutoDockVina program
environment of YASARA Structure, the QM cation A was docked into the
active site of the closed conformation bearing the retained diphosphate
group bound to the trinuclear magnesium cluster and held in place by the
established H-bond donor amino acid network. From this initial structure,
the bonds that reflect cyclization and hydride shifts en route to cation,
following the path suggested by in vacuo geometry optimization (15), were
built manually. After construction of each closed conformation harboring its
corresponding cation (“transient enzyme complex”), the whole system was
subjected to several rounds of energy minimization and a 1-ns MD simulation
using the self-parametrizing YASARA2 force field of YASARA Structure. Sub-
sequently, the corresponding cations derived by quantum chemical calcula-
tions were docked into the active sites of these transient enzyme complexes to
elucidate the existence of additional conformations. Consecutively, localiza-
tion of docked cations were compared with the manually constructed corre-
sponding cations by structural superposition of Cα atoms using YASARA
Structure (5). Conformational clusters that are not derived from the confor-
mation of productive GGPP (Fig. 3B) or the respective former cascade carbo-
cation according to Fig. 1 were not considered in cluster analysis. Docking and
cluster calculations of QM-derived cations B–E were used to validate the MM-
based manual method. Note that simple docking of cationic intermediates
into the closed conformation technically harboring unionized GGPP would not
reflect the dynamic events during the carbocation cascade.

Homology Modeling of Terpene Synthases. Homology modeling was per-
formed by the homology-modeling module of YASARA Structure, according
to the manufacturer’s protocol (www.yasara.org/homologymodeling.htm).
For homology modeling of casbene synthase from Jatropha curcas, the GenBank
accession number AB687998 was used as template. For corresponding homology
modeling of isopimaradiene synthase from Picea abies, the GenBank accession
number AY473620.2 was used.

Model of Closed Conformation of CBTS from N. tabacum. A genomic truncation
of CBTS (GenBank accession number AAS46038.1) lacking the predicted
N-terminal transit sequence (amino acids 1–50) was subjected to the homology-
modeling module of YASARA Structure. The refined model was subsequently
subjected to a structural alignment with the closed conformation of TXS as
template. The structural alignment had a RMSD of 0.31 Å over 498 residues
with 26.78% primary sequence identity. The unfolded A–C and J–K loops
as well as the N terminus of CBTS were then replaced by its corresponding
secondary structure elements of TXS followed by “backmutating” to the
corresponding CBTS residues and subsequent 10,000 steps of energy
minimization and a 10-ns MD simulation in water using YASARA Structure.
A second structural alignment between closed conformation of TXS and
the “backmutated” and minimized CBTS were generated, and the pro-
ductive GGPP of TXS were integrated into this CBTS complex. Thereafter,
water molecules were transferred from TXS to CBTS and dative bonds
between PPi, water, and the corresponding amino acids were established.
A second energy minimization and MD simulation procedure yielded the
productive closed conformation of CBTS.

Model of Closed Conformation of CotB2 from Streptomyces melanosporofaciens.
The modeling approach was according to that of CBTS. The structural alignment
of chain D of selinadiene synthase in complex with dihydrofarnesyl pyrophos-
phate (PDB ID code 4OKZ_D) (37) and the open complex of CotB2 (PDB ID code
4OMG) (36) had a RMSD of 0.18 Å over 287 residues with 13.47% primary se-
quence identity. After replacement and backmutating of the corresponding
loops followed by energyminimization andMD simulation, the productive GGPP
from TXS was integrated into this CotB2 complex. Establishment of dative bonds
between PPi, water, and the corresponding amino acids followed by energy
minimization and MD simulation yielded the productive closed conformation of
CotB2. Localization of cations A–F in the active site of CotB2 were established by
manually breaking and linking the corresponding bonds according to the re-
cently published carbocation cascade mechanism (52) followed by energy mini-
mization using the YASARA2 force field of YASARA Structure.

General Experimental Procedures, Bacterial Strains, Genes, Vectors, and
Mutagenesis Procedures. See SI Appendix.

Expression of TXS and Mutants for in Vitro Screening. Single transformations
of pET28b(+) harboring wild-type txs or mutations were cultivated for 18 h at
37 °C in LB medium supplemented with 50 μg·mL−1 kanamycin. These pre-
inocula were used to seed fresh 500 mL of LB media containing 50 μg·mL−1
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kanamycin at a starting OD600 of 0.1. After reaching an OD600 of 0.6, the
cultures were cooled down to 16 °C, induced by 1 mM isopropyl β-D-1-thio-
galactopyranoside (IPTG), and grown at 16 °C for 24 h. Cells were harvested by
centrifugation at 6,000 × g for 15 min and suspended in buffer A [25 mM
3-(N-morpholino)propane sulfonic acid (Mops), pH 6.8, 1 mM MgCl2, and
1 mM DTT]. Cells were disrupted by sonification on ice four times (60 s on
and 90 s off) at medium power. Cell debris was cleared by centrifugation
at 30,000 × g for 1 h. The clear supernatant was applied to a preequilibrated
HisTrap HP 5-mL column (GE Healthcare) at a flow rate of 1 mL·min−1 with
an ÄKTA Purifier system (GE Healthcare). The loaded column was washed
one time with 5 column volumes of buffer A plus 20 mM imidazole and after
that eluted with a linear gradient of 20–500 mM imidazole at a flow rate of
2.5 mL·min−1. SDS/PAGE [12% (vol/vol)] analysis was used to evaluate ex-
pression. Selected fractions were combined and dialyzed overnight at 4 °C
against buffer A followed by another 6-h dialysis against fresh buffer A.
Subsequently, the solution was concentrated to 2 mL and subjected to iso-
cratic size-exclusion chromatography using a Superdex S75 10/300GL column
(GE Healthcare) with buffer A at a flow rate of 0.8 mL·min−1. Fractions were
combined and concentrated to 2.5 mL. Concentration was determined by
absorbance at 280 nm, and enzyme was stored in 100-μL aliquots at −20 °C
for further use.

In Vitro Assay Using Purified Enzymes. One hundred microliters of enzyme
solution (1 mg·mL−1) were added to 400 μL of buffer A. GGPP (Sigma-Aldrich)
(43.53 μM) was added to the solution. After gentle mixing, reaction solution
was incubated for 12 h at 28 °C and 500 × g. For extraction of products,
750 μL of n-hexane (VWR) was added to the reaction solution. After vigorous
vortexing (2 × 20 s), phases were separated by centrifugation for 10 min, 4 °C
and 16,000 × g. n-Hexane extraction was repeated twice, and organic phases
were combined and evaporated to dryness under continuous N2 stream. The
crude extract was resolved in 1 mL of n-hexane. One hundred microliters of
that resolved extract were evaporated to dryness under continuous N2

stream, solved in 90 μL, and 10 μL of the internal standard (α-humulene;
Sigma-Aldrich; final concentration, 0.889 mg·mL−1) was added. The samples
were analyzed by GC-MS.

In Vivo Production of Deprotonated Intermediates. The in vivo production
system was used to generate sufficient amount for NMR analyses. The in vivo
approach was based on a culture volume of 3 × 1-L LB medium in 5-L baffled
glass flasks. The vectors pColaDuet-1 (dxr, dxs), pCDFDuet-1 (ispD/ispF, idi),
and the vector pETDuet-1 (crte, txs) were introduced into Escherichia coli
BL21(DE3) by standard transformation procedures. For cultivation in shake
flasks, single transformants were grown in 3 × 1-L medium containing LB
media (10 g·L−1 tryptone, 5 g·L−1 yeast extract, and 10 g·L−1 NaCl) supple-
mented with 10 g·L−1 glycerol, 30 μg·mL−1 kanamycin, 50 μg·mL−1 strepto-
mycin, and 50 μg·mL−1 carbenicillin. The cultures were inoculated at OD600 of
0.1 from an overnight culture (8-h cultivation 37 °C supplemented with
30 μg·mL−1 kanamycin, 50 μg·mL−1 streptomycin, and 50 μg·mL−1 carbenicillin),
grown at 37 °C and 130 rpm (New Brunswick Innova 44/44R Incubator,
Eppendorf AG, Hamburg, Germany) until OD600 of 0.8 and then cooled
down to 25 °C. At 25 °C, 40 g·L−1 glycerol was added and the cultures were
induced by addition of 1 mM IPTG. Cells were grown on 25 °C for 3 d.

Extraction and Isolation of Diterpenes. For diterpene isolation, cells were
sedimented (15 min, 17,500 × g, 4 °C). Taxa-4,11-diene and its deprotonated
intermediates were extracted from E. coli cells and supernatants, separately.
The cell pellets were washed with water and then suspended in 5 mL of
water. Next, cells were lysed by sonification on a Sonoplus HD2070 device
(Bandelin Electronic) performing five repeats on ice (5 min on and 3 min off
at 80% power) and subsequently extracted three times with 25 mL of
n-hexane. Supernatants were extracted three times by 200 mL of n-hexane.
Organic phases were combined, dried with MgSO4, and evaporated under
vacuum to dryness. The crude extract was solved in 1 mL of n-hexane and
analyzed by GC-MS and -flame ionization detector (FID). Purification of
verticillia-3,7,12(13)-triene (absolute yield: 3.3 mg out of 3 × 1 LB cultures
using the in vivo system described in In Vivo Production of Deprotonated
Intermediates) was carried out by flash chromatography using an isocratic
90/10 n-hexane/ethyl acetate silica step (Silica gel 40; Sigma-Aldrich). Puri-
fication of cembrene A was carried out using the same procedure (absolute
yield: 2.4 mg out of 3 × 1 LB cultures using the in vivo system described in In
Vivo Production of Deprotonated Intermediates). The crude extract was
resolved in 1 mL of n-hexane; 100 μL of that resolved extract was evapo-
rated to dryness under continuous N2 stream, solved in 90 μL, and 10 μL of
the internal standard (α-humulene; Sigma-Aldrich; final concentration,
0.889 mg·mL−1) was added. The samples were analyzed by GC-MS.

Batch Bioprocess for the Production of Diterpenes. The 30-L fermentations
were performed in a 75-L bioreactor (LP351; Bioengineering AG) using LB
media (10 g·L−1 tryptone, 5 g·L−1 yeast extract, and 10 g·L−1 NaCl) supple-
mented with 10 g·L−1 glycerol, 30 μg·mL−1 kanamycin, 50 μg·mL−1 strepto-
mycin, and 50 μg·mL−1 carbenicillin. The pH was controlled at 6.8 with 4 M
NH4OH and 5 M H3PO4. Oxygen saturation was constantly adjusted to 80%.
The 1 mg·mL−1 Antifoam B (Sigma-Aldrich) was automatically added when
necessary. The bioprocess was started by inoculation from 4 × 1-L overnight
cultures (8-h cultivation 37 °C supplemented with 50 μg·mL−1 kanamycin,
50 μg·mL−1 streptomycin, and 50 μg·mL−1 carbenicillin) at OD600 of 0.25 and
run 3.5 h at 37 °C. At OD600 of 3.8, 40 g·L−1 glycerol and 1 mM ITPG were
added aseptically, and the culture was cooled down to 25 °C and grown for
another 5 d. To determine optical densities and glycerol contents, 10-mL
aliquots were taken as triplicates. One milliliter of each triplicate was used
for determination of OD600, and 1 mL was used for determination of glycerol
content by HPLC analysis. After the bioprocess, 500 mL of culture was used
for determination of diterpene contents using n-hexane extraction of the
supernatant as described in Extraction and Isolation of Diterpenes. The
crude extract was resolved in 1 mL of n-hexane; 100 μL of that resolved
extract was evaporated to dryness under continuous N2 stream, solved in
90 μL, and 10 μL of the internal standard (α-humulene; Sigma-Aldrich; final
concentration, 0.889 mg·mL−1) was added. The absolute yield of cembrene A
in the 500-mL bioprocess supernatant was 4 mg; the yield of verticillia-3,7,12
(13)-triene was 5.6 mg. The samples were analyzed by GC-MS and GC-FID.
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