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Abstract

Due to the significance of protein phosphorylation in various biological processes and signaling 

events, new analytical techniques for enhanced phosphoproteomics have been rapidly introduced 

in recent years. The combinatorial use of the phospho-specific enrichment techniques and 

prefractionation methods prior to MS analysis enables comprehensive profiling of the 

phosphoproteome and facilitates deciphering the critical roles that phosphorylation plays in 

signaling pathways in various biological systems. This review places special emphasis on the 

recent five-year (2009–2013) advances for enrichment and separation techniques that have been 

utilized for phosphopeptides prior to MS analysis.

Keywords

Enrichment; separation; phosphopeptides; phosphoproteomics; mass spectrometry

1. Introduction

Protein phosphorylation is one of the most common post-translational modifications (PTMs) 

in various organisms. One-third of proteins in eukaryotic cells are estimated to be 

phosphorylated at any time [1]. The reversible phosphorylation of proteins plays critical 

roles in the regulation of intracellular biological processes, such as signal transduction, 

transcription and translation regulation, and metabolism [2]. Aberrant phosphorylation can 

result in diseases including cancer [3] and cardiovascular disease [4]. Due to the significance 

of protein phosphorylation in biological processes, tremendous efforts have been made to 

investigate protein phosphorylation for decades [5]. Mass spectrometry (MS) as a promising 

tool to analyze protein phosphorylation has gained a great deal of attention due to its ability 

to profile thousands of proteins in a single analysis [1, 6]. However, investigation of protein 

phosphorylation is not straightforward. The low stoichiometry, wide dynamic range, and 

various isoforms of phosphorylated proteins present in the biological systems pose 

significant challenges to current analytical techniques. Fortunately, these challenges can be 
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alleviated to some extent by enriching phosphoproteins or phosphopeptides prior to MS 

analysis [7, 8].

To increase the number of identified proteins from a biological sample, multidimensional 

separation strategies are commonly utilized in current MS analysis in order to reduce the 

complexity of samples [9]. In a typical MS-based phosphoproteomic analysis, 

prefractionation and enrichment steps are often employed before MS analysis [10]. 

Although some prefractionation methods can partially enrich phosphopeptides or 

phosphoproteins from biological samples, such as ion-exchange based chromatography, we 

categorize those techniques as separation strategies. Herein, we will focus on the advances in 

enrichment and separation techniques for MS-based phosphoproteomics that have been 

published in recent years during 2009–2013. The citations are not comprehensive due to vast 

amount of literature and explosive rate of growth in the field. Rather, we attempt to highlight 

some representative examples from recent work and advances.

2. General workflow for MS-based phosphoproteomics

In a general “bottom-up” phosphoproteomic workflow (Figure 1), protein mixtures are 

usually extracted from cells or tissues and digested. The generated peptides are separated 

into tens of fractions. Phosphopeptides in each fraction are isolated, and subjected to LC-

MS/MS (tandem mass spectrometry) analysis. Finally, phosphopeptides are identified by a 

database search, and phosphorylation sites are confidently assigned by a site localization 

algorithm.

In a biological system, signaling pathways are usually activated or inactivated by 

phosphorylation or dephosphorylation of major proteins [5]. It is, therefore, very important 

to maintain the original biological state during sample preparation for a phosphoproteomic 

analysis. These phosphorylation dynamics are achieved by the interplay between protein 

kinases and protein phosphatases [11, 12]. Thus, adding protease and phosphatase inhibitors 

into cell lysis is required to avoid dephosphorylation of proteins during sample preparation. 

The choice of phosphatase inhibitors is also important as each has its unique specificity for 

inhibition [13]. Furthermore, storing cell pellets at −80°C before protein extraction and 

performing cell lysis at 4°C are also necessary since low temperatures reduce the activities 

of those enzymes. Trypsin is the most widely used enzyme in phosphoproteomic workflow. 

Glu-C, Lys-C, Asp-N or other enzymes are also used alone or with trypsin to achieve in-

depth phosphoproteomic analysis [14, 15]. Different enrichment and LC methods are 

performed after digestion to facilitate the detection of phosphopeptides in subsequent MS 

analysis. Details on enrichment and separation techniques for phosphoproteomics will be 

covered in later sections.

During MS analysis, ions will be fragmented into small pieces in order to obtain sequence 

information. Although collision-induced dissociation (CID) is the most widely used 

fragmentation methods for peptide sequencing, phosphopeptides are often preferentially 

fragmented at the phosphate group. This gives rise to nonsequence neutral and charged 

losses from the precursor and sequence-specific product ions [16], limiting the identification 

of phosphopeptides and phosphorylation site localization. One way to deal with the loss of 
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phosphate groups in CID is by performing MS3 or multi-stage activation in an ion trap [17–

19]. In MS3, a neutral loss from phosphopeptides will trigger another stage of fragmentation 

for the neutral loss ions, providing more sequence information with the cost of reduced scan 

speed [17, 18]. Multi-stage activation, also called pseudo-MS3, operates in the same 

principle as MS3 except that it combines the precursor and the neutral loss reaction products 

in one spectrum without additional isolation of the neutral loss ions as in MS3 [19]. In 

comparison to CID, high-energy collision dissociation (HCD) was shown to identify more 

phosphopeptides and phosphorylation sites as it produces less abundant neutral loss and 

more interpretable sequence informative product ions [20, 21]. Electron capture dissociation 

(ECD) and electron transfer dissociation (ETD), unlike CID or HCD, fragment peptide ions 

independently of the sequence of peptides. As a result, labile PTMs, such as phosphate 

groups, will stay intact using these two approaches [22], however, these electron-based 

fragmentation techniques require the presence of multiply charged peptide ions [23]. 

Furthermore, ECD requires the use of FT-ICR instrumentation. These limitations prevent 

their broader usage in large-scale phosphoproteomics.

With thousands of tandem MS spectra identified by database searches, phosphorylation sites 

on each identified peptide need to be verified. Unfortunately, it is impossible to validate the 

assignments of phosphorylation sites by manual inspection of thousands of MS/MS spectra. 

To address this challenge, site localization algorithms, such as A score [24], PhosphoRS 

[25], and mascot delta score [26], are introduced in the field of phosphoproteomics to 

facilitate the validation process. Because of the biological significance of phosphorylation 

dynamics in signaling events, quantitative phosphoproteomics utilizing label-free or labeling 

approaches has gained increasing attention. Labeling approaches include SILAC (stable 

isotope labeling by metabolic incorporation of amino acids), and chemical labeling (such as 

isobaric tag and dimethylation), whereas label-free approaches include spectral counting and 

ion-intensity based quantitation [27]. Extreme caution is required when interpreting 

quantitative data in phosphoproteomics as the majority of dynamic variations can be caused 

by the abundance changes of the corresponding proteins. Thus, it is necessary to normalize 

the abundances of phosphopeptides to their corresponding protein abundances in order to 

extract phosphorylation-regulated dynamic information [28].

3. Advances in enrichment techniques

A variety of enrichment techniques, including immunoprecipitation (IP), chemical 

modification, immobilized metal affinity chromatography (IMAC), and metal oxide affinity 

chromatography (MOAC), have been developed and applied to study the phosphoproteome 

in different biological samples [3, 29]. Among these techniques, chemical modifications, 

such as β-elimination coupled with a Michael addition [30], often suffer from incomplete 

reactions resulting in significant sample loss and increased sample complexity. Despite 

being an effective enrichment strategy, IP is mainly used for enrichment of phosphotyrosine-

containing proteins due to a lack of highly specific phosphoserine or phosphothreonine 

antibodies [31]. Thus, we will focus our discussion primarily on IMAC and MOAC in the 

following sections.
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3.1. Immobilized metal affinity chromatography

Currently, IMAC is one of the most widely used enrichment techniques for phosphopeptides 

prior to MS analysis. It enriches phosphopeptides by utilizing the affinity of the positively 

charged metal ions for negatively charged phosphate. In IMAC, metal ions, such as Fe3+, 

Al3+, Ga3+, Zr4+ and Ti4+ [32–35], are chelated to a support, such as magnetic beads, 

stationary phase in a chromatographic column or MALDI plate, via a chelating group. To 

minimize the interference from the non-phosphorylated peptides with acidic residues, the pH 

of the loading and washing buffers should be in a range that keeps the carboxyl groups on 

the peptides protonated and phosphate groups on the phosphopeptides deprotonated. Thus, 

negatively-charged phosphopeptides will be retained by IMAC resins while non-

phosphorylated peptides will be washed off [36, 37]. But complete protonation of all acidic 

residues can only be achieved in highly acidic pH (pH=1 to 1.5) and such low pH conditions 

could result in metal ions leaching from supports and contaminating phosphopeptides 

because the functional groups in IMAC materials frequently contain carboxyl groups [38]. 

One way to overcome this weakness is esterification of the phosphopeptides, which converts 

the carboxyl groups of amino acid residues into methyl esters [39]. However, sample loss 

and increased sample complexity caused by incomplete reactions and side reactions prevent 

the wide spread usage of esterification [40]. Significant efforts have been made to address 

these problems by optimization of the IMAC materials and enrichment protocols. Herein, we 

will highlight recent advances in IMAC in both of these aspects.

3.1.1 Advances in materials for immobilized metal affinity chromatography—
Improvements in IMAC materials include selection of different metal ions, chelating groups 

and supports. Stationary phases of LC columns are the common supports for IMAC. 

Recently, various metal ions have been immobilized onto monolithic columns [41–43]. 

Because of the porous structure, a monolith provides a larger surface area to bind more 

metal ions with high specificity and enable rapid mass transport for phosphopeptides. A 

Ti4+-based IMAC monolith was used to perform a phosphoproteomic study of rat liver 

mitochondrion [41]. With tetraethoxysilane and 3-aminopropyltriethoxysilane as precursors, 

the sol-gel method was used to prepare the monolithic support, onto which Ti4+ ions were 

chelated by further functionalizing amine groups, in a 250 μm i.d. capillary. A total of 224 

phosphopeptides were identified in comparison with 28 and 72 phosphopeptides that were 

identified by commercial Fe3+-IMAC and TiO2, respectively.

Enriching phosphopeptides in an LC column usually requires multiple sample-handling 

steps and a LC system to achieve sample loading, washing, and eluting. These limitations 

motivated researchers to design new supports to simplify the procedure of phosphopeptide 

enrichment. Magnetic beads have attracted a great deal of interest due to the simplicity for 

isolating phosphopeptides from a sample solution by an external magnetic field and provide 

a high throughput platform for automated enrichment processes [44]. Although magnetic 

non-porous beads with different metal ions immobilized have been successfully used for 

various biological samples and are commercially available [45], magnetic mesoporous beads 

with high density pores and large surface areas have gained increasing attention in the past 

five years [46, 47]. Zirconium-containing magnetic mesoporous beads have been 

synthesized and applied for enriching phosphopeptides by directly coating mesoporous silica 
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on to Fe3O4 magnetic microspheres following addition of phosphate to chelate with Zr4+ 

ions [47]. The Zr4+-functionalized materials facilitated identification of 218 

phosphopeptides in 100 μg rat brain which showed excellent potential for selective 

enrichment of phosphopeptides.

Directly enriching phosphopeptides on a modified MALDI plate has also been developed 

and successfully applied to enable rapid enrichment of a small amount of sample [34, 48–

50]. Phosphopeptides in 20 fmol purified β-casein digests were successfully enriched by a 

functionalized MALDI plate with a phosphonate self-assembled monolayer immobilized to 

Zr4+ ions [50]. The sensitivity is significantly higher than TiO2 or Fe-IMAC microcolumns 

or magnetic beads due to reduced sample loss caused by additional sample transfer steps. 

Recently, Si wafers with a micro-array of functionalized microspots were fabricated as a 

MALDI plate [48]. In each microspot, Fe3+ ions were immobilized onto the Si wafers via 

nitrilotriacetate (NTA), which provides a potential platform for high throughput parallel 

enrichment of phosphopeptides.

Furthermore, to immobilize metal ions onto a solid support, a polymer-based metal ion 

affinity capture (PolyMAC), which immobilizes metal ions to soluble nanopolymers, was 

recently introduced [51]. This technique allows for enrichment of limited amounts of 

phosphopeptides in a homogeneous, aqueous solution, which overcomes the inconsistent 

enrichment resulting from the heterogeneity of solid phase extraction-based isolation 

methods. Phosphopeptides are typically bound to PolyMAC-Ti agents and isolated from 

solution through coupling to hydrazide-agarose gels. The entire enrichment process, 

including capture of phosphopeptides in solution, recovery of PolyMAC-phosphopeptide 

complexes on agarose beads, washing off non-phosphorylated peptides, and elution of 

phosphopeptides, requires less than 30 min and provides higher selectivity, reproducibility 

and greater yields than the commonly used TiO2 methods.

In addition to the improvements in IMAC supports, an increasing number of studies have 

focused on the improvements of chelating groups [41, 47, 50, 52–55]. The phosphate group 

has recently been employed in IMAC as a promising metal ion chelator. Unlike in NTA-

IMAC or imidodiacetic acid-IMAC method where each metal ion only coordinates to one 

ligand, each metal ion binds to more than one phosphate group, producing strong binding 

between metal ions and ligands [56]. Ti or Zr ions immobilized on the phosphate materials 

have been reported to be coated onto various supports, including MALDI plates, magnetic 

beads, celluloses, and monolithic columns [41, 47, 50, 52].Moreover, many new types of 

complexes have also been utilized in IMAC, such as dinuclear zinc (II) complex Phos-tag, 

and polydopamine [53–55].

3.1.2 Advances in protocol for immobilized metal affinity chromatography—A 

recent study discovered that IMAC not only can enrich phosphopeptides, but also can bind 

to non-phosphorylated peptides with deamidation or carbamylation [57]. Therefore, it is 

recommended to avoid using urea, a commonly used denaturant, in phosphoprotemic studies 

due to its tendency to induce these modifications (deamidation and carbamylation) in 

peptides. Additionally, because interfering nucleic acids contain abundant phosphate groups 

that have strong affinities for IMAC beads, acetonitrile (ACN) precipitation has been 
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employed for protein extraction to efficiently remove nucleic acids before the IMAC 

enrichment step [58]. To improve phosphopeptide enrichment, the loading, washing and 

elution buffers all need to be carefully adjusted. This topic has been extensively reviewed 

[37], and therefore is not covered here in detail.

To comprehensively map the heterogeneous types of phosphopeptides, different strategies 

have been developed for IMAC enrichment [59–61]. These strategies have included the 

improvements on enrichment steps and combinatorial use of different metal ion-based 

IMAC. For example, a tandem IMAC-IMAC strategy (Figure 2) was utilized to address the 

problem of the relatively low number of monophosphorylated peptides identified in IMAC 

enrichment, which is known for weak interactions with monophosphorylated peptides [59]. 

To recover the monophosphorylated peptides in the washing fractions from the first IMAC 

enrichment, a second IMAC enrichment step was performed to capture these unbound 

phosphopeptides. This tandem IMAC strategy yielded about a 60% increase in the number 

of phosphopeptides identified in comparison to one-step IMAC enrichment. Furthermore, 

more than 90% of the identified phosphopeptides in the second IMAC fractions were 

monophosphorylated peptides. Another strategy, which combined use of different metal ions 

for enriching phosphopeptides in a single experiment, has also been demonstrated [60, 61]. 

The Fe3+-IMAC and Ti4+-IMAC methods could complementarily enrich phosphopeptides in 

Raji cell lysate with only 10% overlapping [60]. Furthermore, sequential enrichment of 

phosphopeptides from Raji cell lysate by Ga3+-Fe3+IMAC also resulted in more than 1.5-

fold greater coverage of phosphoproteome compared to that of single IMAC (Fe3+, Ti4+, 

Ga3+ and Al3+) [61].

3.2. Metal oxide affinity chromatography

In comparison with IMAC, which often involves chelation by proximal carboxyl groups, 

MOAC has a better tolerance for low pH loading and washing buffers that efficiently 

protonate carboxyl group while keeping the negative charges on phosphorylated 

residues[38]. This technique is based on the affinity of oxygen in the phosphate groups for 

metal atoms in the MOAC resin. Peptide mixtures are usually loaded onto the column under 

acidic conditions and the phosphopeptides are eluted by addition of basic solutions. Various 

metal oxides including TiO2, ZrO2, Fe3O4, SnO2, HfO2 and CeO2 have been used for 

enrichment and exhibit different affinity and specificity for phosphopeptides [48, 62–67]. 

The Turecek and Ge groups independently demonstrated that ZrO2 outperforms TiO2 [68, 

69], however, the variations in phosphopeptide enrichment capabilities are highly dependent 

on the preparation techniques of metal oxide as the morphological properties of the solid 

coating, in addition to the differences in metal centers, can also significantly contribute to 

the enrichment capability of metal oxide. Enrichment of phosphopeptides is also influenced 

by the physical characteristics of the MOAC resin. For example, nanoparticles generate 

superior enrichment compared with microparticles due to larger surface area with high 

specificity to provide more ligand binding sites [70]. Herein, we will also cover recent 

advances in MOAC in terms of materials and enrichment protocols.

3.2.1 Advances in materials for metal oxide affinity chromatography—In the last 

five years, substrates with various structures and compositions were synthesized to improve 
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the enrichment performance of MOAC [71, 72]. For example, TiO2 and iron oxide were 

coated onto a monolithic capillary column to enrich phosphopeptides from casein or human 

serum [73, 74]. Additionally, mesoporous TiO2 and ZrO2 aerogels were recently designed 

for selective enrichment of phosphopeptides in rat liver mitochondrion [75, 76], where the 

binding capacity of mesoporous TiO2 aerogel was shown to be six times higher than that of 

conventional TiO2 microparticles for a single phosphopeptide standard. A total of 216 

phosphoprotein groups were identified by the mesoporous TiO2 aerogel from rat liver 

mitochondrion compared to less than 150 phosphoprotein groups identified by TiO2 

nanoparticles or microparticles [76]. Magnetic particles decorated with metal oxide have 

also been widely applied for enriching phosphopeptides [77–79]. Carbon-encapsulated 

magnetic iron nanoparticles were functionalized with poly (acrylic acid) to produce a 

carboxyl-rich polymer surface which greatly facilitated the immobilization of TiO2 [79]. 

These nanoparticles enabled identification of 1415 unique phosphopeptides and 1093 

phosphorylation sites from 200 μg of HeLa cell lysates, a performance significantly superior 

to that of commercial magnetic TiO2 beads.

Although metallic MALDI plates are the main supports used for on-plate enrichment of 

phosphopeptides, the high cost of these metallic plates make alternative substrates attractive, 

such as glass slides. A mesoporous TiO2 stripe coated microscope glass slide not only 

provided a platform for on-target enrichment but also enabled separation of phosphopeptides 

based on the number of phosphate groups on the peptides [80], for which ammonium 

dihydrogen phosphate solution was used to elute the phosphopeptides. In a similar way to 

thin layer chromatography, the stripe was placed in a chamber containing elution buffer, and 

the mono- and multiphosphorylated peptides of β-casein were clearly separated. TiO2 arrays 

were also fabricated on a gold-covered glass slide via photocatalysis and provided the 

capability for high-throughput processing [81]. Furthermore, single-use TiO2-coated 

aluminum foil was introduced for on-plate enrichment of phosphopeptides as an economical 

disposable layer attached to MALDI plates [82]. This platform avoided the time-consuming 

polishing and washing steps to regenerate MALDI plates and was used for matrix-free laser 

desorption/ionization of peptides with sample amounts down to several hundred femtomoles.

3.2.2 Advances in protocol for metal oxide affinity chromatography—To 

improve the enrichment performance of MOAC, considerable efforts have focused on the 

optimization of sample loading and elution buffers, which have been covered by other 

reviews [33]. In addition to conventional additives, including 2,5-dihydroxybenzoic acid 

(DHB) [83], glutamic acid [84] and lactic acid [85], which contain carboxyl groups, glycerol 

was demonstrated to improve the phosphopeptide selectivity of TiO2 [86]. It is speculated 

that glycerol added into loading and washing buffers could reduce the binding of acidic 

peptides to TiO2 by disruption of the carboxy group-based bidentate chelation. It was also 

demonstrated that NH4OH, a common elution solution, tended to elute shorter 

phosphopeptides (1000–1500 Da), while bis-Tris propane was suitable for elution of longer 

phosphopeptides (1000–4000 Da), which in some cases contained more hydrophilic and/or 

more acidic residues. Accordingly, an optimized method, which combined the glycerol 

additive and two-step elution (NH4OH and bis-Tris propane) was applied to enrich 

phosphopeptides in PC2 cell lysate. In comparison to the conventional method, a 1.4-fold 

Yang et al. Page 7

Electrophoresis. Author manuscript; available in PMC 2016 April 28.

A
uthor M

anuscript
A

uthor M
anuscript

A
uthor M

anuscript
A

uthor M
anuscript



increase in the number of identified phosphopeptides was obtained (Figure 3). In addition to 

these results, the glycerol additive enabled recovery of more monophosphorylated peptides 

than commonly used lactic acid [86]. Recently, asparagine (N) or glutamine (Q)-rich 

peptides, which did not show a propensity to binding to IMAC beads, were proven to exhibit 

non-specific binding to TiO2 beads [87]. Furthermore, phosphopeptide enrichment was 

particularly low for yeast cells compared to flies and human due to the relative higher 

abundance of N/Q-rich proteins in yeast (2.7%) than that in flies (1.5%) and human (1.3%). 

A mixture of asparagine and glutamine amino acids as decoy amino acids were added into 

washing buffers to reduce the extent of non-specific peptide binding and improve the 

recovery and detection of low abundance phosphopeptides. A 30% increase in the 

enrichment of phosphopeptides was observed compared to that of washing buffers without 

decoy amino acids.

The peptide-to-metal oxide beads ratio is also a significant factor for phosphopeptide 

enrichment (Figure 4) [88]. Insufficient or excessive TiO2 beads could decrease the 

selectivity. While excessive TiO2 beads could increase non-specific binding, insufficient 

TiO2 beads favor enrichment of multiphosphorylated peptides due to higher affinity 

compared to monophosphorylated peptides. Therefore, optimization of peptide-to-beads 

ratio is recommended when handling different biological samples. It is also suggested that 

incubation of samples with insufficient beads could be utilized as a strategy to separate 

multiphosphorylated peptides from monophosphorylated peptides, which can enhance the 

detection of multiphosphorylated peptides as monophosphorylated peptides can suppress the 

signal of the multiphosphorylated peptides. A pre-separation of mono- and 

multiphosphorylated peptides could also be achieved by eluting phosphopeptides at different 

high pH conditions [89]. Moreover, citric acid could be used for stepwise separation of 

phosphopeptides since the concentration of citric acid can greatly affect the binding of 

mono- and multiphosphorylated peptides with TiO2 [90]. In one example, 1 mg of HeLa cell 

digest was loaded onto TiO2 beads in loading buffer containing 1 M citric acid. The flow-

through fraction was then diluted to a final concentration of 50 mM citric acid and enriched 

by another aliquot of TiO2 beads. The results showed that 69% of phosphopeptides in the 

first enrichment were multiphosphorylated and 92% of them in the second enrichment were 

monophosphorylated. In comparison to the commonly used DHB/TiO2 enrichment strategy, 

a 37% increase in the total number of identified phosphopeptides and 2.6-fold increase in the 

number of identified multiphosphorylated peptides was observed.

4. Advances in separation techniques

Although IMAC or MOAC can effectively enrich thousands of phosphopeptides from tissue 

extract or cell lysate samples, single step affinity purification is often not adequate for a 

successful in-depth analysis of the phosphoproteome. Thus, prefractionation with different 

LC methods before routine RPLC-MS/MS analysis is essential to reduce sample complexity. 

In these prefractionation methods, strong cation exchange chromatography (SCX) is the 

most frequently used strategy prior to affinity purification. Hydrophilic interaction 

chromatography (HILIC), electrostatic repulsion-hydrophilic interaction chromatography 

(ERLIC), and high pH RPLC have also been used for fractionation of phosphopeptides 

before routine RPLC-MS/MS. Furthermore, capillary electrophoresis (CE) is also applied to 
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separation of phosphopeptides or phosphoproteins prior to MS analysis. Each method has its 

own merits to provide optimal fractionation for different physicochemical properties of 

phosphopeptides. Herein, we will highlight advances from the past five years in separation 

methods for phosphoproteomics including ion exchange based chromatography, HILIC, 

ERLIC, RP and CE.

4.1. Ion exchange based chromatography

SCX separates phosphopeptides from non-phosphorylated peptides based on their net 

positive charge under acidic conditions. In an acidic condition (pH=3), phosphopeptides 

usually possess a lower net charge compared to non-phosphopeptides because of the 

protonation of acidic residues and deprotonation of phosphate groups. Thus, 

phosphopeptides have poor retention on the SCX column leading to multiphosphorylated 

peptides eluting first, followed by N-acetylated peptides, monophosphorylated peptides and 

finally regular peptides with a differing number of basic residues. However, some 

phosphopeptides with multiple basic residues will coelute with non-phosphorylated peptides 

because the net positive charge is similar. Instead of subsequent affinity enrichments, a 

successive SCX separation at a more acidic condition (pH=1) was recently used to address 

this problem by protonation of the phosphate groups [91]. The neutralization of phosphate 

groups results in increasing the net charge for phosphopeptides, whereas the net charge of 

regular peptides remains unchanged, causing the unaffected non-phosphopeptides to elute 

first followed by the “basic” phosphopeptides. This tandem SCX at different pH conditions 

approach enabled identification of over 10,000 unique “basic” phosphopeptides in HeLa 

cells. Unfortunately, this approach requires LC equipment and SCX columns to operate at 

pH=1, which is not compatible with the majority of chromatographic systems and columns.

Unlike the poor retention in SCX, phosphopeptides are eluted later compared to non-

phosphorylated peptides during an anion exchange chromatography separation. It has been 

demonstrated that strong anion exchange chromatography (SAX)-TiO2 enabled 

identification of more acidic and multiphosphorylated peptides in comparison with SCX-

TiO2 [92]. This difference in performance can be attributed to the fact that phosphopeptides 

with or without multiple acidic residues elute simultaneously from the SCX column due to 

their similar net charge at low pH conditions. Thus, the acidic phosphopeptides are not 

effectively separated by SCX. However, acidic phosphopeptides can be separated according 

to the number of acidic amino acid residues they have by SAX due to deprotonation of 

acidic residues under high pH condition. In contrast, phosphopeptides with multiple basic 

residues, which can be separated by SCX, cannot be distinguished from phosphopeptides 

without multiple basic residues in SAX. To take advantage of their varying properties, Dong 

et al. further separated basic phosphopeptides from the early-eluted fractions of SAX by 

SCX to improve the coverage for detection of basic phosphopeptides [93]. Based on similar 

principles, weak anion exchange chromatography, using a low concentration of salt to elute 

phosphopeptides compared to SAX, was applied to further separate a SCX fraction that was 

dominated by phosphopeptides with one basic amino acid and a free N-terminus [94].
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4.2. Hydrophilic interaction chromatography

HILIC is chosen as a fractionation method for phosphopeptides due to its orthogonality to 

the subsequent routinely used low pH RPLC-MS/MS analysis [95]. In HILIC, samples are 

loaded at high organic solvent concentration and eluted by increasing the polarity of the 

mobile phase, which is opposite to the operation mode for RPLC [96]. Because of their 

considerable hydrophilicity, multiphosphorylated peptides and peptides with multiple acidic 

residues are strongly retained in HILIC and are more likely to elute in the same fractions. An 

increased selectivity for subsequent IMAC enrichment is obtained since 

multiphosphorylated peptides will compete more effectively for IMAC binding sites 

compared to monophosphorylated peptides in the presence of acidic peptides of high 

abundance [97]. Recently, HILIC was implemented into the workflow of sequential elution 

from IMAC (SIMAC) to improve the selectivity of downstream TiO2 enrichment [98]. A 

total of 400 μg protein digests from HeLa cells were first subjected to IMAC enrichment, 

and three fractions were generated: a flow-through fraction, an acidic elution and a basic 

elution. The flow-through fraction and acidic elution, which mainly contained non- and 

monophosphorylated peptides, were loaded onto the HILIC column. Phosphopeptides in 

each HILIC fraction were further enriched by TiO2. In most of the HILIC fractions, more 

than 90% of the identified peptides were phosphorylated.

4.3. Electrostatic repulsion-hydrophilic interaction chromatography

Recently, ERLIC, which involves both hydrophilic interaction and anion-exchange, has been 

introduced as a novel separation method for phosphopeptides [99]. In the low pH and high 

organic content mobile phase, the majority of peptides with acidic residues and carboxyl 

groups at the C terminus are largely protonated, thus poorly retained on an ERLIC column, 

whereas phosphopeptides will be retained due to electrostatic attraction by the deprotonated 

phosphate groups and their considerable hydrophilic interaction. Because of the 

characteristics of ERLIC, multiphosphorylated peptides possessing more negative charges 

are eluted later and separated with a relatively high resolution. As mentioned above, SCX 

usually generates more complex fractions for multiphosphorylated peptides but produces 

better resolution for monophosphorylated peptides. Therefore, combinatorial use of SCX 

and ERLIC to further separate their respective complex fractions has been investigated 

[100]. In this study, a peptide mixture was fractionated by SCX, and the flow-through 

fraction from SCX was further separated by ERLIC. Afterwards, phosphopeptides in each 

fraction were enriched by IMAC. In parallel experiments, ERLIC was used to fractionate 

peptide mixture first and the ERLIC-generated flow-through fractions were further separated 

by SCX. The number of identified nonredundant phosphopeptides from HeLa cell was 

increased by about 48% with the use of combinatorial strategies (SCX-ERLIC-TiO2 and 

ERLIC-SCX-TiO2) as compared to single step fractionation by SCX. A significant increase 

in the number of multiphosphorylated peptides was also noted when using combinatorial 

strategies that overcome the weakness of single SCX fractionation methods (Figure 5). 

These combination approaches have been further simplified by performing solid-phase 

extraction for both SCX and ERLIC [101]. In this simplified workflow, a total of 9952 

unique phosphopeptides was identified for HeLa cells from 13 fractions. Of 9952 unique 

phosphopeptides, 2137 were multiphosphorylated.
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4.4. Reversed phase liquid chromatography

RPLC is also widely used for fractionation of phosphopeptides due to its high resolution of 

peptides in general and capability to provide orthogonal separation in different pH 

conditions. A high pH RPLC separation is sometimes utilized as the first dimension 

separation followed by routine on-line low pH RPLC in a phosphoproteomic analysis [95, 

102]. Complex peptide mixtures are usually fractionated into tens of fractions, but, to reduce 

the instrument analysis time, the convention is to pool adjacent fractions together, thus 

reducing the total number of fractions required to be analyzed. Recently, a new pooling 

strategy was applied to 2D RPLC in phosphoproteomic analysis resulting in a significantly 

increased number of phosphopeptides identified [103]. Phosphopeptides were firstly 

enriched by IMAC and loaded onto the high pH RPLC. The fractions were collected every 

minute over a 90 min gradient of the high pH RPLC separation. The fractions eluted in the 

first 45 min were labeled as early group and the last 45 min eluted fractions were called later 

eluted group. Next, every two fractions from each group with equal time intervals were 

mixed for the subsequent on-line low pH RPLC separation. This new strategy of pooling 

nonadjacent fractions yielded a 33% increase in the number of uniquely identified 

phosphopeptides for mouse liver lysate compared with that obtained by the conventional 

approach. This increase was likely due to a more random distribution of phosphopeptides in 

one pooled fraction. It reduced the probability of coelution of phosphopeptides in the second 

separation dimension since phosphopeptides with similar physiochemical properties were 

more likely to be pooled together in the conventional pooling approach. A combinatorial use 

of multistep IMAC and high pH reversed phase fractionation from solid-phase extraction 

was also introduced to simplify the RP-RP workflow for phosphoproteomics [104]. 

Phosphopeptides from MCF-10A cell lysate were firstly enriched by IMAC, and then 

fractionated by a hydrophilic−lipophilic-balanced reversed-phase cartridge using a serial 

mixed ratio of ACN/NH4HCO3 buffers. 3 mg of starting materials was used compared to 15 

mg in a typical SCX-IMAC workflow and enabled the identification of 8969 unique 

phosphopeptides [104, 105].

4.5. Capillary electrophoresis

As the phosphate group introduces negative charges and modifies the pIs of peptides or 

proteins, capillary electrophoresis, which resolves analytes based on their different charge-

to-size ratio, offers distinct advantages for separation of phosphorylated peptides or proteins. 

Both ESI and MALDI MS have been frequently employed in the CE-MS coupling for 

proteomic analysis [106]. Heemskerk et al. have explored the potential of sheathless ultra-

low flow CE-ESI-MS in phosphoproteomics [107]. By using the high sensitivity porous 

sprayer (HSPS) for direct infusion of multiphosphorylated peptides, the authors 

demonstrated that a near equimolar ESI response could be approached when the flow rate 

was reduced below 15 nL/min, which might overcome the ionization bias against the 

phosphorylated peptides at conventional flow rates (> 50 nL/min). Although achieving this 

ultra-low flow by conventional nanoLC is difficult, it is possible to operate sheathless CE-

ESI-MS at this low flow rate with the HSPS and a neutrally coated capillary that eliminates 

electroosmotic flow (EOF). Combined with an in-line preconcentration technique, transient 

isotachophoresis (t-ITP) was demonstrated to improve sensitivity of phosphopeptides from 

milk digest by CE-ESI-MS in comparison with RP nanoLC-MS under conditions of equal 
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sample loading and equal sample concentrations. This sheathless nanospray CE-ESI-MS 

setup was also implemented for the characterization of post-translationally modified H1 

histones isolated from rat testis by Sarg et al. [108]. With IMAC enrichment prior to MS 

analysis, a total of 55 phosphopeptides were identified by combining the results of RP 

nanoLC-MS and CE-MS, 22 of which were uniquely identified by CE-MS and 19 were 

uniquely identified by RPLC-MS, showing the complementarity of the two techniques. A 

major drawback of CE analysis is the small sample volume that could be injected onto the 

column. In addition to the t-ITP mentioned above, pH-mediated stacking strategies were also 

adopted to increase the loading amount of phosphopeptides [109, 110]. Dong et al. applied 

this method in CE-ESI-MS analysis of phosphopeptide isomers which have the same amino 

acid sequence but with phosphate group on different residues [110].

For MALDI-MS detection, the selection of background electrolytes (BGE) for CE analysis 

is more versatile compared to CE-ESI-MS. Bachmann et al. employed a latex-coated 

capillary and a BGE containing 80 mM of phosphoric acid, 40 mM of triethylamine and 

20% ACN for CE-MALDI-TOF analysis of tryptic digests of phosphoproteins [109]. With 

pH-mediated stacking and pressure assisted sample deposition, even tetra- and penta-

phosphorylated peptides (pI<2) from tryptic digests of α-casein and β-casein could be 

detected by MALDI-TOF MS.

5. Selected applications

Recently, Zhou et al. demonstrated that extensive fractionation in phosphoproteomics can 

boost the number of identified phosphopeptides in human cancer cells from 3700 to 22,000 

by a three-dimensional LC-MS setup [111]. The increasing depth in the coverage of 

phosphoproteomes has led to advances in biology [3, 29, 112]. Herein, we highlight a few 

recent examples of phosphoproteomic applications with improved enrichment and separation 

strategies that enabled better understanding of biological processes. A recent study 

employed SCX and TiO2 to fractionate and enrich phosphopeptides from AT1R (angiotensin 

II type 1 receptor) stable transfected HEK293 (AT1R-HEK293) cells as AT1R is an 

important drug target in cardiovascular diseases [113]. A comprehensive understanding of 

the AT1R signaling pathways is critical to the development of effective treatments for 

cardiovascular diseases. A total of 10,965 unique phosphopeptides were identified and led to 

the discovery of protein kinase D as a critical mediator in the AT1R signaling pathways by 

comparing differential phosphoproteomes in AT1R-HEK293 cells treated with two different 

agonists. IMAC or MOAC combined with HILIC have also been implemented in a 

phosphoproteomic workflow to elucidate molecular pathways involved in biological 

processes [114, 115]. TiO2 and HILIC were utilized to facilitate monitoring cell signaling 

changes during mouse brain development [114], during which a total of 7682 unique 

phosphopeptides and 3246 unique formerly sialylated glycopeptides was identified. IMAC-

HILIC was also used in conjunction to study 17β-Estradiol (E2)-modulated phosphorylation 

in order to investigate transcriptional activity regulated by E2 [115]. A collection of 2857 

unique phosphorylation sites were quantified and E2 was found to modulate gene 

transcription through a HSP90 phosphorylation-mediated chaperoning process. Another 

work used ERLIC to enrich and separate phosphopeptides in partner of PIX 2 (POPX2) 

over-expressing cells in order to reveal the regulatory mechanism of cancer cell motility and 
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invasiveness [116]. POPX2 is a serine/threonine phosphatase and is found in many cancer 

types, regulating cancer cell motility and invasiveness. After ERLIC enrichment and LC-

MS/MS analysis, 3700 phosphopeptides were identified, from which POPX2 was found to 

exert its cellular function through the regulation of the activity of glycogen synthase 

kinase-3.

6. Concluding Remarks and Future Prospects

As we presented in this review, new materials and improved sample processing protocols 

have been rapidly developed for IMAC and MOAC strategies that enable phosphopeptide 

enrichment with high sensitivity and specificity. Furthermore, different separation methods 

with high resolution and efficiency have been utilized for enhanced separation of different 

types of phosphopeptides. Integrated use of enrichment techniques and multiple separation 

methods provides a powerful platform, enabling in-depth coverage of the phosphoproteome. 

Although MS-based phosphoproteomics have attained significant success in revealing the 

roles of phosphorylation in various biological systems [3, 29], several limitations still hinder 

the broader applications of MS-based phosphoproteomics. Non-specific binding of non-

phosphorylated peptides and preferential enrichment of certain types of phosphopeptides 

still challenge the current enrichment techniques. Furthermore, although incorporating 

multidimensional separation strategies into phosphoproteomic workflow increases the 

phosphoproteome coverage, the workflow with increased complexity results in more 

sample-handling steps and greater sample losses. Therefore, the continuing development of 

simplified and integrated phosphoproteomic workflow that offer high selectivity for 

phosphopeptides and provide improved coverage and sensitivity would be in great demand. 

To better decipher biological processes under diseased and healthy conditions, quantitative 

approaches with multiplexing capability and reduced experimental cost are also highly 

attractive with great promise for systems phosphoproteomics.
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Figure 1. 
A general “bottom-up” phosphoproteomic workflow depicting the major steps, which 

consists of protein extraction from cells, enzymatic digestion, and fractionation of the 

resulting peptide mixtures. Phosphopeptides in each fraction are then enriched and subjected 

to LC-MS/MS analysis. Finally, phosphopeptides are identified by a database search and 

phosphorylation sites are confidently assigned by a site localization algorithm.
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Figure 2. 
IMAC-IMAC strategy for enrichment of phosphopeptides from complex biological samples. 

Reprinted with permission from Ref [59]. Copyright American Chemical Society 2010.
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Figure 3. 
Comparison of the number of identified phosphopeptides obtained from PC3 cell lysate 

digest using different elution conditions for the TiO2 enrichment. LC-MS/MS measurement 

was performed in duplicate. Reprinted with permission from Ref [86]. Copyright American 

Chemical Society 2013.
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Figure 4. 
Profiles of phosphopeptides identified from 500 μg of HeLa cell lysate digest when different 

peptide-to-TiO2 bead ratios were used during the enrichment. The phosphopeptide ratio for 

each fraction is calculated by the number of phosphopeptides identified divided by the total 

identified peptides. A1 to A8 represent 125, 250, 500, 1000, 2000, 4000, 10 000, and 20 000 

μg TiO2 beads respectively, and “−1” and “−2” correspond to duplicates of each experiment. 

Reprinted with permission from Ref [88]. Copyright American Chemical Society 2009.
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Figure 5. 
Distributions of identified phosphopeptides from HeLa cell lysate by combinatorial ERLIC–

SCX fractionation. The number and percentage of nonredundant identified mono- and 

multiphosphorylated peptides by ERLIC-SCX-TiO2 (A). (B) The number and percentage of 

nonredundant identified mono- and multiphosphorylated peptides by ERLIC. (C) The 

number and percentage of nonredundant identified mono- and multiphosphorylated peptides 

from further separation of flow-through fractions of ERLIC by SCX. (D) Distribution of 

identified mono- and multiphosphorylated peptides in each SCX fraction. (E) Venn diagram 

for nonredundant identified phosphopeptides in both methods. Different colors represent the 

number of phosphate groups (1p–4,5p) carried by each phosphopeptide. Reprinted with 

permission from Ref [100]. Copyright American Chemical Society 2012.
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