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Abstract

Although skeletal muscle is one of the most regenerative organs in our body, various genetic 

defects, alterations in extrinsic signaling, or substantial tissue damage can impair muscle function 

and the capacity for self-repair. The diversity and complexity of muscle disorders have attracted 

much interest from both cell biologists and, more recently, bioengineers, leading to concentrated 

efforts to better understand muscle pathology and develop more efficient therapies. This review 

describes the biological underpinnings of muscle development, repair, and disease, and discusses 

recent bioengineering efforts to design and control myomimetic environments, both to study 

muscle biology and function and to aid in the development of new drug, cell, and gene therapies 

for muscle disorders. The synergy between engineering-aided biological discovery and biology-

inspired engineering solutions will be the path forward for translating laboratory results into 

clinical practice.
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1. INTRODUCTION

Skeletal muscle is the largest organ in the human body and of central importance to our daily 

activities, including all voluntary movements and respiration. Healthy muscle tissue consists 

of aligned bundles of multinucleated, striated contractile muscle cells, known as myofibers, 

and an intricate network of nerves, blood vessels, and the extracellular matrix (ECM). Upon 

neuronal activation and the release of acetylcholine at neuromuscular junctions (NMJs), the 

myofiber membrane, referred to as the sarcolemma, alters its polarization state and ion flow, 
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eventually leading to the release of calcium ions from intracellular stores. Intracellular 

calcium, among other molecules in the cytoplasm [troponins, adenosine triphosphate (ATP)], 

regulates the binding and sliding of the filamentous proteins myosin and actin that result in 

myofiber contraction. During contraction, the generated force is transmitted through 

membrane-bound proteins, such as dystrophin, that transfer the energy generated by 

cytoskeletal motion to the ECM, tendons, and bones. Whole muscle is composed of multiple 

groups of myofibers (muscle fascicles) sheathed in connective tissue and the accompanying 

vasculature and nerves that support tissue viability and controlled movements (1).

A unique feature of healthy, adult skeletal muscle is its ability to fully recover the 

architecture and contractile function following small, everyday injuries or acute damage (2). 

This regenerative capacity is brought about by the orchestrated action of a diverse set of 

endogenous and exogenous (both local and systemic) factors, which enable the muscle to 

maintain its homeostasis and volume throughout most of a person’s lifetime. However, 

various genetic alterations in sarcolemmal, contractile, or ECM proteins; traumatic or 

surgical tissue loss; alterations in endocrine or metabolic signaling; cancer; starvation; or 

aging can all yield conditions in which muscle function and regeneration are severely 

impaired (2). The large size and distributed nature of skeletal muscle, as well as the variety 

of complex mechanisms contributing to its pathology, have made the development of 

efficient therapies for muscle-related disorders extremely challenging.

Over the past several decades, intensive efforts by biologists and physicians have unraveled 

the important contributions of molecular signaling, systemic and cellular factors, cell–matrix 

interactions, and stem cell niches to skeletal muscle function, regeneration, and disease (2–

4). Although these studies have led to the discovery of various therapeutic targets and 

improved clinical outcomes, muscle-related diseases still impose significant health and 

economic burdens on society. To continue to make advances toward efficient clinical 

therapies, especially those involving the use of human stem cells, it will be essential to 

develop methods to better control in vitro and in vivo environments to enable accurate 

studies of cellular functions and interactions, re-create stem cell niches, and encourage the 

survival and integration of implanted cells. The integration of bioengineering principles and 

technologies into the field of muscle biology will help address these challenges and create 

new opportunities for improving the care of patients.

The utilization of engineering techniques in biological research has already shown promise 

by providing the ability to create and precisely manipulate 3D cellular environments, 

perform sophisticated in vitro and in situ imaging of live cells and their function, utilize 

microfluidic devices to isolate and analyze rare cell types, apply high-throughput platforms 

to study cell–cell and cell–material interactions, control cell responses using biomaterial-

based delivery of therapeutic molecules, use body-on-a-chip platforms to model organ–

organ interactions, and perform computer modeling to understand tissue growth and 

mechanics (5). Further, tissue-engineering technologies have been applied to re-create the 

structural complexity and functionality of native tissues in a dish (5) for use both in 

regenerative therapies and as a bridge between traditional studies of muscle biology in 

individual cells or groups of cells and physiological tests at the organ or whole-body level.
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In this review, we first discuss the mechanisms and pathways involved in muscle 

development and regeneration, and the effects of various congenital and traumatic disorders 

on muscle function and repair. The application of tissue engineering to skeletal muscle 

replacement in vivo and the development of therapeutic screening platforms in vitro are 

reviewed in detail, followed by descriptions of recent progress made using human cells. 

Finally, we provide an overview of the current challenges facing the field and discuss how 

the synergy between traditional biological research and cutting-edge bioengineering can 

further advance our knowledge of skeletal muscle function and diseases, and lead to 

improved therapies.

2. SKELETAL MUSCLE DEVELOPMENT, REGENERATION, AND DISEASE

2.1. Muscle Development

During development, skeletal muscle is formed from myogenic progenitor cells in two major 

phases, referred to as primary and secondary myogenesis (6, 7). Primary myogenesis occurs 

during the late embryonic stages of development, when embryonic myoblasts fuse to form 

primary myofibers. The primary myofibers serve as founder scaffolds for the formation of 

the secondary myofibers that arise during fetal development, when most of secondary 

myogenesis occurs. Once the secondary myofibers have formed, they begin to grow by the 

continued fusion of fetal myoblasts. Multiple signaling pathways have been implicated in 

regulating proliferation and differentiation during development. Although members of the 

transforming growth factor-β (TGF-β) and bone morphogenetic protein (BMP) families 

maintain fetal myoblasts in an undifferentiated state, embryonic myoblasts appear to be 

insensitive to this inhibition and can differentiate into primary myofibers even in the 

presence of these factors (8). The formed primary myofibers may, in turn, secrete factors, 

such as the fibroblast growth factor and platelet-derived growth factor (PDGF) family 

members, to induce proliferation of embryonic myoblasts and to maintain a pool of future 

stem cells (7). Notch signaling has also been implicated in multiple stages of developmental 

myogenesis. Early in the development of somites, Notch ligands and receptors are expressed 

and play a part in the process of segmentation (9). Later in development, Notch signaling has 

a role in muscle hypertrophy, as evidenced by the premature depletion of myogenic 

progenitors and by muscle hypotrophy when Notch signaling is reduced as a result of 

mutation of the ligand Delta-1 (10). Notch signaling has also been implicated in regulating 

the differentiation of both embryonic and fetal myoblasts, either directly, by inhibiting 

myogenic differentiation, or indirectly, via its crosstalk with the BMP pathway (11, 12). All 

of these developmental pathways are also important for maintaining and regenerating adult 

muscle (13–15).

2.2. Muscle Regeneration

In adult muscle, the normal process of muscle regeneration (Figure 1) in response to injury 

is complex, and this complexity is further increased in the setting of systemic or genetic 

disease. In response to various experimental injuries that lead to the degeneration of muscle 

fibers, there is a stereotypical pattern of tissue regeneration that is mediated by the stem cells 

resident in muscle, or the satellite cells (SCs), usually identified by their close apposition to 

muscle fibers and expression of the transcription factor Pax7. The SC response to injury is 
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highly integrated with both the innate immune response and the responses of other resident 

cellular populations that contribute to the coordinated process of tissue repair. 

Unsurprisingly, the efficacy of the regenerative response declines with the severity of the 

injury. In particular, injuries that destroy or disrupt the ECM are more likely to lead to 

aberrant regeneration, in which muscle is replaced by adipose and connective tissue.

If there is a hierarchy of importance of cell types that are essential for normal regeneration, 

SCs are at the pinnacle. Depletion of SCs leads to a complete absence of muscle 

regeneration (16). SCs exist in a quiescent state, a state that is actively regulated and 

maintained (17), and disruption of SC quiescence impairs their regenerative potential (18). 

In particular, Notch signaling is essential for maintaining SC quiescence (19, 20), and in the 

quiescent state, Notch signaling itself may be regulated by the actions of the FoxO3 

transcription factor (21). In response to stimuli such as injury, fiber degeneration from 

genetic diseases, or eccentric muscle contractions, SCs respond to local cues to activate, 

enter the cell cycle, proliferate to generate sufficient progeny to regenerate the damaged 

tissue, and, ultimately, align, fuse, and differentiate into multinucleated myotubes. During 

the ensuing days and weeks, those myotubes grow to achieve the approximate size of the 

original myofibers.

All of the stages noted above, from SC activation to myotube hypertrophy, are modulated by 

other cellular components of the regenerative milieu. In terms of resident cells, an important 

population of mesenchymal stem cells, known as fibroadipogenic progenitors, appears to 

regulate SC differentiation, and may also be the source of the ECM that characterizes 

fibrotic changes during impaired regenerative responses (22, 23). The prevention of muscle 

fibrosis by inhibition of PDGF-receptor-α signaling is likely mediated by the effects on 

fibroadipogenic progenitors (24). For nonresident cells, those involved in innate immune 

responses are of the highest importance for regulating effective muscle regeneration. In 

particular, infiltrating macrophages have a critical role, both in terms of their phagocytic 

activity in areas of muscle necrosis and in terms of their role as secretory cells (25, 26). The 

timing of the switch from M1 proinflammatory to M2 anti-inflammatory macrophages 

appears to be a key regulator of the temporal sequences of events that occur during SC 

activation, proliferation, and differentiation (26).

Finally, the importance of the vascular and neural components of muscle to a normal 

regenerative process cannot be overemphasized. Regeneration would not occur without the 

ingrowth of new blood vessels into damaged muscle to provide oxygen and nutrients. Thus, 

angiogenesis and myogenesis are tightly coupled. Likewise, even if the early events of 

myogenesis can proceed without neural innervation, the maturation of myotubes to 

myofibers cannot. Therefore, a hospitable environment for axonal ingrowth and patterning is 

an essential feature of effective muscle regeneration.

Microenvironmental control of SC homeostasis and function in skeletal muscle relies on the 

existence of stem cell niches. The notion that stem cells exist in specialized compartments, 

or niches, dates back to more than 40 years ago when it was proposed, by analogy to species 

existing in distinct ecological systems, that stem cells maintain their potential by existing in 

specialized tissue compartments (27). These niches are composed of local cellular and 

Bursac et al. Page 4

Annu Rev Biomed Eng. Author manuscript; available in PMC 2016 May 05.

A
uthor M

anuscript
A

uthor M
anuscript

A
uthor M

anuscript
A

uthor M
anuscript



extracellular support systems that are essential to allowing the stem cells that reside there to 

be held in reserve to support tissue homeostasis and repair over a lifetime. Niche 

components have been studied for a wide variety of stem cells. A common theme that has 

emerged is that niches tend to have a vascular component and local interstitial cells that are 

important for delivering homeostatic signals to stem cells, either by direct cellular contact or 

as secreted molecules (28). For SCs, the niche is only beginning to be understood. The 

muscle fiber is a major cellular component of the niche because each SC resides closely 

apposed to the sarcolemma of its parent myofiber (29). Given the importance of cell contact-

dependent Notch signaling in maintaining SC quiescence (19, 20), it has been proposed, but 

not yet proven, that the relevant Notch ligand is expressed by the adjacent myofiber. 

Moreover, SCs lie beneath a basal lamina matrix that consists of laminin and collagen IV, 

among other ECM proteins. In addition, it is clear that SCs have a very close relationship 

with the capillary network that exists in muscles. Each quiescent SC tends to reside close to 

one of the few capillaries that run parallel to the myofiber’s longitudinal axis, and direct 

contact between SCs and capillary endothelial cells has been demonstrated (30). Since 2005, 

the concept of the stem cell niche has been broadened to include the systemic milieu. As 

exemplified by studies of stem cell aging and the decline in the regenerative potential of 

tissue with age, it became clear, first from the use of heterochronic parabiosis, and, more 

recently, by heterochronic plasma transfer, that stem cell function can be markedly affected 

by circulatory factors (31, 32). Using these approaches, it has been possible to enhance the 

function of aged stem cells by exposing them to factors present in the blood of young 

animals, and to suppress the function of young stem cells by exposing them to factors 

present in the blood of old animals (33–35).

2.3. Muscle Disorders

The majority of human muscular disorders have been shown to result from genetic 

abnormalities in muscle cells, neurological disorders, systemic diseases, or muscle trauma. 

Muscular dystrophies, for example, are rare genetic diseases that are more common in 

childhood but affect people of all ages. These diseases result from mutations in various 

genes that encode proteins ranging from ECM to nuclear proteins. They are commonly 

associated with muscle-fiber necrosis and fibrous and fatty infiltration and lead to weakness, 

loss of mobility or selective muscle group function, and, in severe cases, early death. The 

most common form of muscular dystrophy is Duchenne’s muscular dystrophy (DMD), 

which is an X-linked recessive disorder that occurs almost exclusively in males (36). The 

onset of symptoms typically occurs during the first 5 years of life, and boys with DMD are 

typically wheelchair-dependent by age 12. The numerous other forms of limb-girdle 

muscular dystrophy also typically have the onset of symptoms in childhood, but are less 

common and, generally, less severe than DMD. Common forms of muscular dystrophy with 

onset of symptoms in adulthood include the myotonic muscular dystrophies and 

facioscapulohumeral muscular dystrophy (FSHD). FSHD is notable for its characteristic 

pattern of weakness, reflected in the disease’s name. There are no cures for any of the 

dystrophies, although there is a burgeoning field of experimental therapeutics moving into 

clinical trials, with approaches ranging from pharmacological to viral gene therapies (37, 

38). Stem cell therapies have been long envisioned, but are only in their infancy (39). The 

major therapeutic modalities for most of the dystrophies are limited to physical medicine 
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approaches and surgical correction of consequences such as scoliosis and contractures. For 

DMD, the standard of care in the United States is the use of corticosteroids that improve 

function, but this is limited by the numerous adverse reactions that occur when they are 

administered chronically.

For muscle trauma, a major focus is on the acute loss of a large mass of muscle, referred to 

as volumetric muscle loss (VML). VML is associated with significant functional impairment 

and is a major source of disability among injured veterans who have experienced blast 

injuries. In addition to injuries among military combatants (40), muscle trauma can occur in 

civilians in a number of situations, ranging from automobile accidents to shark bites and 

surgical interventions. In general in VML, because of the significant loss of ECM, and nerve 

and vascular supply, the ensuing self-repair process does not yield sufficient new muscle in 

time to prevent an excessive fibrotic response (41). Excessive fibrosis, in turn, may prevent 

adequate revascularization and reinnervation at the injury site, thus posing additional 

challenges to the successful delivery of pharmacological, genetic, or cellular therapeutics. 

Overall, there is general agreement that the successful treatment of VML will likely involve 

timely surgical delivery of a large-volume implant to rapidly add or recruit new muscle 

before a chronic scar is formed (5). This may be a major challenge to treating VML in 

combatants, where more serious life-threatening conditions usually take precedence at the 

time of the injury.

A separate category of muscle disorders involves conditions that result in muscle atrophy 

and wasting. Examples include cachexia associated with chronic diseases, especially cancer, 

chronic obstructive pulmonary disease, chronic renal disease, and chronic infections such as 

AIDS. Muscle atrophy occurs in the setting of injury and diseases of the peripheral nerves 

and of motor neurons, such as amyotrophic lateral sclerosis, and there is prominent muscle 

wasting in the paralyzed limbs of patients with spinal cord injuries. Finally, age-related 

muscle loss, or sarcopenia, is a major source of disability in the elderly. In addition to the 

loss of strength and mobility, there are also the systemic effects of muscle loss related to the 

role of muscle as an endocrine tissue, a feature that is increasingly being recognized and 

studied (42). It is becoming clear that healthy muscle contributes to proper metabolic 

activity and the functional homeostatic maintenance of a large number of tissues, ranging 

from bone to brain. Although some of these benefits may be related to the biomechanical 

properties of healthy muscle, others appear to be related to the contraction-dependent 

secretion of anti-inflammatory molecules, referred to as myokines (42), that can have 

beneficial systemic effects. Therefore, the maintenance of muscle bulk in conditions of 

wasting and atrophy would be likely to have wide-ranging therapeutic effects.

3. BIOENGINEERING METHODS FOR SKELETAL MUSCLE RESEARCH AND 

REPAIR

For more than two decades, bioengineering efforts in the field have focused on developing 

biomimetic 3D cultures of skeletal muscle cells for studies of muscle physiology and 

disease. The functionality, complexity, and physiological accuracy of these in vitro models 

of native muscle have progressed with the development of advanced biomaterials that can 
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act as cell-carrying scaffolds, 3D culturing techniques, and bioreactors for applying 

biophysical and biochemical stimulation. Recent progress in human pluripotent stem cell 

technologies and in vitro maintenance of muscle stem cells has presented the field with new 

opportunities for developing contractile human muscle tissues for use in disease-modeling 

and drug-discovery studies. Engineered muscle constructs have also been considered for use 

in regenerative therapy, prompting the development of methods to promote implant 

engraftment and vascular and neuronal integration into the host muscle.

3.1. Methods for Engineering Functional Skeletal Muscle

The traditional method of fabricating 3D muscle constructs, first developed more than 25 

years ago (43), involves casting myogenic cells within a cylindrically shaped collagen-I gel 

that is anchored at the ends to porous felts (44). In this system, cell-mediated gel compaction 

and remodeling result in the generation of uniaxial passive stress within the gel, which, in 

turn, promotes the fusion of myoblasts into myotubes and also myotube alignment. 

Alternatively, myoblasts, or mixtures of myogenic precursors and fibroblasts, can be 

cultured on laminin- or hydrogel-coated dishes until spontaneous contractions of formed 

myotubes detach the entire cell layer, allowing it to self-assemble into a cylindrical tissue 

construct attached at the ends to premade suture anchors (45–47). Although cell alignment 

within 3D constructs is not required for the formation of contractile myotubes, it increases 

fusion efficiency (48), while passive stress promotes both cell survival and myogenesis (49). 

In addition to collagen I, different natural hydrogels (50, 51) and their chemically modified 

derivatives (52, 53) can support the 3D growth and fusion of myogenic cells; the most 

functional results have been achieved using fibrin-based gels. Carefully optimizing the 

composition of the fibrin gel to enhance cell–matrix interactions (54), as well as optimizing 

the starting cell population to improve myogenic fusion and SC maintenance (55), and 

providing dynamic culture conditions to improve cell survival and maturation (55), have 

enabled rodent skeletal muscle tissues to be engineered with contractile properties 

comparable to those of native muscle (e.g., twitch and tetanus-force amplitudes) (56). Rapid-

prototyping techniques for hydrogel molding (57) can be further used to vary local myofiber 

alignment and to design complex muscle structures (58), and advanced biomaterials can 

deliver angiogenic, myogenic, and prosurvival factors to cells in a spatiotemporally 

controlled fashion (59–62). In addition to using biomaterial scaffolds, scaffold-free muscle 

tissue constructs have been generated using magnetic fields that allow the controlled 

assembly of magnetically labeled cells (63), as well as thermoresponsive polymers that 

allow controlled cell detachment from culture surfaces (64). Although hydrogels have been 

the dominant muscle-engineering scaffold in vitro, in vivo studies of muscle repair have 

mainly utilized acellular natural scaffolds (65–67), porous matrices made of degradable 

polymeric materials (68–70), or scaffold-free myoblast sheets (71).

In addition to using myogenic progenitors, nonmyogenic cells known to play important parts 

in muscle homeostasis and function can be included in engineered muscle tissues to further 

augment structural and contractile properties. Adding tissue-engineered tendons or motor 

neurons to muscle constructs results in the formation of, respectively, myotendinous 

junctions (72, 73) or NMJs (74–76); incorporating fibroblasts (77) or supplementing their 

paracrine factors (78) has been shown to augment engineered muscle density and protein 
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expression. These and other studies in the field have led to the development of optimized 

culture conditions for engineering muscle constructs that mimic native muscle structure and 

function (55, 56, 79), and have enabled the initial success of tissue-engineering strategies for 

repairing muscle damage in rodents (79–83).

In addition to using rodent cells, a number of studies have shown that primary human 

myogenic cells can be isolated from muscle biopsies, expanded in vitro, and fused into 

multinucleated myotubes. When cultured in complex media, single human myotubes can 

contract in response to electrical stimulation (84). However, such a system is limited by the 

lack of native muscle architecture and the inability to study physiological cell–cell and cell–

matrix interactions important for normal muscle function, as well their alterations in various 

pathologies, including dystrophies and muscle-wasting disorders (85). Tissue-engineering 

methods have been applied to generate 3D cultures of human myogenic cells (86–89), yet 

only recently have researchers been able to develop human muscle constructs with the 

ability to contract in response to electrical and chemical stimuli (90). These engineered 

tissues consist of aligned and striated myofibers, and they exhibit functional acetylcholine 

and β-adrenergic receptors, intact calcium handling, and physiological force–length and 

force–frequency relationships (90). Further optimization of myogenic cell expansion and 

differentiation by modifying substrate stiffness (91), cell-adhesion proteins (92), or 

biochemical factors (93, 94) are expected to enhance the contractile and regenerative 

properties of muscle constructs (Figure 2).

3.2. Methods for In Vitro Maintenance and Expansion of Functional Satellite Cells

It has been well established that the in vitro expansion of muscle stem cells results in the 

rapid loss of their self-renewing and regenerative properties due to the lack of niche 

signaling that is present in vivo (95, 96). Thus, the ability to re-create a niche environment in 

vitro may enable robust expansion of SCs while maintaining their stemness, which would be 

expected to increase their therapeutic capacity compared with the use of more committed 

myogenic cells (97, 98). Furthermore, systematic studies of the in vitro, reconstructed SC 

niche could help dissect how specific cellular and ECM components of the niche regulate 

myogenesis and self-repair of healthy, diseased, and aged muscle (97). During the past 

several years, the use of biomaterials and engineered muscle tissues has shown promise in 

re-creating important aspects of the SC niche in vitro to allow therapeutic expansion of SCs 

and study of their roles in muscle formation and regeneration.

In particular, soft, mechanically tunable polyethylene glycol hydrogel substrates, mimicking 

the stiffness of native muscle and crosslinked with the ECM protein laminin, a prominent 

niche constituent, have been used to enhance the self-renewal of mouse muscle stem cells in 

vitro, which enhanced the engraftment and therapeutic efficacy of these cells in vivo (99). 

The use of the same soft substrates combined with the pharmacological inhibition of the 

p38α/β mitogen-activated kinase pathway restored the potential of aged muscle stem cells to 

self-renew in vitro and repair muscle injury in vivo (100). The SC niche environment has 

been also been re-created in vitro using 3D-engineered muscle tissues made of a 

heterogeneous population of neonatal rat myogenic cells encapsulated in a fibrin-based 

hydrogel (55, 56). Within the engineered muscle, the rapid formation of myofibers after cell 
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encapsulation provided a homing environment for SCs that abutted the myofiber membrane 

underneath a laminin- and collagen-IV-rich layer, and enabled the SCs to attain a quiescent 

Pax7+/MyoD− phenotype (55, 56). Upon injury of engineered muscle by cardiotoxin, the 

quiescent SCs underwent robust activation and myogenesis to support the regrowth of 

striated muscle fibers and recovery of their contractile function (56). Such a model may 

facilitate future in vitro studies of SC fate and function during simulated injury, exercise, or 

disease.

Despite the progress that has been made with rodent cells, the current methods used to 

expand primary, human muscle stem cells in vitro remain inefficient and, thus, the use of 

human induced pluripotent stem cells (iPSCs) holds the promise of providing unlimited 

numbers of patient-specific myogenic cells for disease modeling and autologous cell 

therapies (101). During the past 3 years, myogenic cells have been derived from human 

iPSCs from normal individuals and those with different congenital muscle diseases by 

forcing expression of muscle transcription factors PAX7 (102, 103) or MYOD (104–107) 

using doxycycline-inducible lentiviral and transposon vectors. These cells can be 

successfully expanded in vitro and induced to fuse into multinucleated myotubes; however, 

despite attaining the structural and calcium-handling properties of immature human muscle 

(103), the formed myotubes have small numbers of nuclei and do not appear capable of 

generating electrically induced contractions. Importantly, the human iPSC-derived myogenic 

cells can engraft in immunocompromised healthy and dystrophic mice, and, for cells 

obtained by Pax7+ overexpression, can incorporate into the host SC niche and participate in 

muscle regeneration (102). Nongenetic methods used to differentiate human iPSCs to 

myogenic cells have also been reported (108–112), but they are much less efficient 

compared with viral-based methods. This is to be expected because skeletal muscle cells, in 

contrast to other mesoderm-derived cells, such as cardiomyocytes or endothelial cells, are 

virtually absent from spontaneously differentiating embryonic stem cell and iPSC systems in 

vitro, a surprising observation considering that skeletal muscle is the single largest tissue in 

the body. In addition to iPSC technology, recent advances in generating immortalized 

myoblast lines from human muscle biopsies (113) hold promise for developing low-cost 

highly reproducible human myogenic cell sources for disease modeling and drug discovery.

3.3. Methods for Vascularizing Engineered Muscle

Creating thick, viable tissue implants that can readily connect to the host vasculature to 

ensure continued cell survival and function has been a long-standing goal of tissue 

engineering (114). In the muscle-engineering field, two general vascularization strategies 

have been pursued, either individually or in combination, the first involving in vitro tissue 

vasculogenesis (i.e., the formation of vascular structures within the construct during cell 

culture and prior to implantation), and the second involving in vivo tissue angiogenesis (i.e., 

the stimulation of rapid ingrowth of host vessels into the construct after implantation) (115). 

The vasculogenesis-based methods usually involve 3D coculture of myogenic and different 

types of vasculogenic cells to establish branched vascular structures within the engineered 

muscle. Compared with the biculture of endothelial cells and myoblasts, the triculture of 

endothelial cells, myoblasts, and embryonic fibroblasts has been shown to enhance the 

formation of lumen structures in vitro as the fibroblasts act to stabilize vessel networks, 
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which, in turn, promotes cell survival and construct perfusion in vivo (69). The application 

of long-term construct culture to form well-developed vessel networks can further enhance 

the final density of the vessels in implants, and accelerate implant perfusion through 

inosculated host and donor vessels (83).

Methods for in vivo vascularization through angiogenesis rely on stimulating the host 

vascular system to rapidly invade an initially avascular muscle implant and establish 

perfusion. Without the need for coculture with vasculogenic cells, which may impede 

myoblast fusion, this method allows for the creation and implantation of highly dense 

muscle tissues with greater contractile strength (56). As recently shown, such avascular, 

engineered muscle implants undergo initial hypoxia and functional decline upon 

implantation; however, with the ingrowth of host blood vessels, their contractile function is 

rescued and further improved compared with preimplantation levels (56). Although 

promising, the use of this approach without further modifications may be limited to small 

implant sizes because large implants may undergo excessive and irreversible hypoxic 

damage after transition from the in vitro to in vivo environment. For larger muscle implants, 

vascular ingrowth in vivo can be accelerated by using biodegradable polymeric scaffolds that 

release proangiogenic growth factors such as vascular endothelial growth factor (VEGF) (59, 

82, 116). Although sustained delivery of VEGF from a cell-free scaffold has been shown to 

enable full recovery of perfusion in an ischemic mouse muscle within 3 weeks (82), the 

addition of myoblasts and the release of insulin-like growth factor-1 (IGF-1) can further 

augment muscle mass and contractile function (59, 117). Similarly, the transient transfection 

of myoblasts with VEGF165 and stromal cell-derived factor-1 (SDF-1) before implantation 

has been shown to enhance vascularization and muscle repair (118). Alternatively, 

vascularization strategies involving the growth of 3D muscle constructs around larger 

arteries and veins shunted into an arteriovenous loop can provide means to enhance the 

perfusion of muscle tissues in vivo (119–121). Such vascularized tissues can then be excised 

along with the arteriovenous loop and surgically anastomosed to host vasculature at the site 

of muscle injury, as has been demonstrated for a tricultured muscle construct used to repair a 

full-thickness abdominal wall defect in mice (120).

3.4. Methods for Innervating Engineered Muscle

For efficient muscle repair, the restoration of functioning muscle and vascular tissue must be 

accompanied by successful innervation of the implant to promote its survival, synchronized 

contractions with the host muscle, and further functional maturation through the action of 

neurotrophic factors (122, 123). The formation of NMJs and improved force generation have 

been reported for engineered muscles that were implanted around a femoral nerve (123), and 

motor function in denervated muscle has been recovered through transplantation of a 

peroneal nerve (124) or stem cell–derived motor neurons (125). Although in vitro coculture 

of engineered rodent muscle and motor neurons can yield the formation of functional NMJs 

and enhance force production (74–76, 126), it is not clear that composite muscle–nerve 

constructs, although more complicated to produce, would add any benefit in vivo compared 

with the use of muscle-only constructs. Thus, recent studies have focused on treating 

engineered muscle in vitro with neuronal paracrine factors under the premise that such 

preconditioning may enhance myofiber expression of acetylcholine receptors (AChRs), the 
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postsynaptic component of the NMJ (127), thereby facilitating the implant’s integration in 

vivo. In particular, treatment with agrin, a factor known to have a critical role in forming and 

stabilizing AChRs (128), has been shown to increase both contractile function (129) and the 

density or clustering of AChRs in engineered muscle in vitro (129, 130). Additionally, 

treatment with agrin has been shown to accelerate implant innervation in vivo (130). In an 

alternative or complementary approach, sustained delivery of VEGF from an implanted, 

biodegradable scaffold has been used to upregulate the expression of nerve growth factor 

and glial-derived neurotrophic factor to stimulate axonal regeneration and reinnervate 

ischemic muscle (116).

4. BIOENGINEERING STRATEGIES FOR CREATING CLINICALLY RELEVANT 

THERAPIES

Different types of muscle diseases and injuries present as diverse combinations of 

pathological changes in systemic factors, local niches, the ECM, and muscle and nonmuscle 

cells, all of which are involved in regulating muscle function, metabolism, and repair (2–4). 

Thus, efficient remedies for skeletal muscle disorders will have to be disease-specific and 

will require multidisciplinary approaches to address their high degree of complexity. Strong 

synergism between the understanding of the biology of cellular behaviors and the niche 

milieu, and the use of engineering solutions to re-create and control muscle environments in 

vitro and in vivo, will provide the foundation for developing new therapies for muscle 

diseases. In particular, the concept of merging bioengineering and stem cell biology for 

therapeutic purposes has been pursued experimentally primarily in two areas: hereditary, 

degenerative disorders of muscle and in muscle trauma.

4.1. Bioengineering for Hereditary Muscle Disorders

The direct utility of bioengineering technologies for treating hereditary diseases that affect 

all muscles in the body may be limited by the total tissue volume requiring treatment. 

However, localized repair of the most severely affected muscles (e.g., the diaphragm in 

DMD or facial muscles in FSHD) with engineered tissue grafts or gene-delivering 

biomaterials may still hold therapeutic promise. Additionally, the use of bioengineering 

techniques to re-create niche environments (99, 100) in vitro and to significantly expand 

muscle stem cells while maintaining their regenerative capacity could enable the generation 

of large numbers of autologous cells for use in cell-based therapies. In such an approach, 

SCs would, first, either be isolated from muscle biopsies or derived from patients’ iPSCs, 

then genetically or pharmacologically corrected, expanded in an engineered in vitro 

environment with maintained regenerative potential, and transplanted back into the diseased 

tissue. In recent proof-of-concept studies, similar strategies have been utilized to enhance 

aged mouse SCs (100) or to treat mice with DMD (131) or limb-girdle muscular dystrophy 

(132). During the past several years, rapid progress in genome-editing technologies (133, 

134) has provided additional tools to genetically modify mouse and human iPSCs, but 

further advances will be needed to enable efficient genetic correction of postnatal somatic 

cells (135). Furthermore, the survival, migration, and differentiation of implanted cells may 

be hampered by host inflammatory and immune responses (136), important issues that could 

be addressed by engineering biomaterials to have immunomodulatory functions (137). In 
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general, an improved understanding of the local and systemic pathological milieux is 

expected to yield more efficient cell-based therapies for congenital muscle diseases.

Currently, the most immediate utility of bioengineering methods for treating hereditary 

muscle diseases may lay in the further development of human in vitro assays that could be 

used for preclinical testing of candidate drug, gene, and cell therapeutics. In particular, 

tissue-engineered models of contractile human muscle hold potential for use as clinical trials 

in a dish to evaluate the safety and efficacy of candidate therapies in a patient-specific 

manner. Recently, constructs of contractile, human muscle tissue have been shown to exhibit 

functional and biochemical responses to statins, chloroquine, and clenbuterol that are similar 

to those that have been reported in vivo (90). Furthermore, the iPSC-based models of 

contractile, human engineered muscle are of particular interest for research into congenital 

muscle disorders where conventional mouse models [e.g., DMD (138, 139), glycogen 

storage disease type II (Pompe’s disease) (140), and others] are unable to re-create the 

severity of the human pathologies. The predictability and utility of these human-muscle 

platforms can be further enhanced by adding the relevant pathological features (e.g., a 

fibrotic environment with increased stiffness, ischemic or metabolic changes, inflammatory 

factors, aberrant vascular or neuronal components) or by integrating them with other human 

in vitro systems (e.g., liver, fat, heart) (141). In addition to measuring contractile force, the 

ability to tissue-engineer an in vitro, functional, human SC niche would allow the screening 

of therapies aimed at reducing human muscle weakness (142) and enhancing self-repair. 

Finally, controlling the cellular components of biomimetic, human engineered muscle would 

enable mechanistic and comparative studies of different candidate cell therapies for 

hereditary muscle diseases, including those utilizing circulating CD133+ cells (143) or 

iPSC-derived mesoangioblasts (132).

4.2. Bioengineering for Volumetric Muscle Loss

In addition to providing in vitro platforms for modeling and studies of hereditary muscle 

diseases, bioengineering methods hold promise for repairing large VML due to trauma. The 

main advantage of preformed, engineered muscle constructs as therapeutics for VML is their 

potential to provide rapid structural and functional repair of large areas of tissue damage. In 

theory, such a treatment would add new, functional muscle to a region in which the natural 

repair process is unable to generate sufficient muscle mass following trauma. In the case of 

chronic VML, successful treatment is likely to require more complex therapeutic approaches 

to also overcome the fibrotic and other degenerative changes that may accrue over time. 

VML therapies using contractile self-regenerating engineered muscle tissues or biomaterial 

scaffolds that are able to stimulate the growth of implanted or endogenous myogenic 

precursors, nerves, and blood vessels, are becoming increasingly closer to reality (56, 66, 

120). Still, before potential clinical use in humans, a number of challenges need to be 

addressed, including the ability to produce large quantities of human myogenic cells and to 

promote their structural and functional maturation in vitro, as well as the development of 

biomaterials with adequate degradation times and growth factor-release profiles to support 

long-term survival and functional integration of implanted cells and tissues in vivo.
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Defining the molecular and biophysical factors that can significantly advance the structural 

and functional maturation of engineered muscles in vitro (Figure 3) will be the key to 

facilitating efficient cell-based therapies for VML. Despite significant efforts in the field, in 

vitro engineered muscle constructs do not surpass neonatal levels of maturation (56), as 

reflected in their small myofiber size; lack of t-tubules; reduced expression of adult 

contractile protein isoforms; low levels of the primary glucose transporter, GLUT4; 

immature calcium handling; and weak contractile strength (144–146). Although longer 

culture times may result in some functional improvements, these changes progress at a much 

slower rate compared with normal postnatal maturation (56). During development, muscle 

contractions are required for the proper growth and maturation of muscle fibers and 

stabilization of NMJs (147, 148). In adult muscle, exercise has been shown to induce 

upregulation of endogenous IGF-1 (149) and stimulate autocrine-induced myofiber 

hypertrophy (150) by downstream activation of the mammalian target of rapamycin 

(mTOR), the controller of muscle mass (145). Exercise has been also shown to induce 

increased membrane expression of GLUT4 (151, 152), which, in turn, can enhance nutrient 

intake, a key determinant of muscle growth (153, 154). Consistent with the development of 

native muscle (146), the application of electrical stimulation to rodent engineered muscles, 

aimed at simulating neuronal input and muscle exercise, has been shown to cause a shift 

from fetal to adult isoforms of myosin heavy chain (MyHC), resulting in increased 

contractile strength (155–157). Similarly, applying progressive mechanical stretch to model 

muscle growth during development enhanced the alignment and fusion of myoblasts and 

elongation of myotubes (158, 159); conditioning by cyclic stretch stimulated myogenesis, 

hypertrophy, and the generation of contractile force in engineered muscle (86, 88).

Although biophysical stimulation is the most obvious strategy for promoting in vitro 

maturation of engineered muscle, the in vivo development of skeletal muscle is additionally 

enabled by the presence of the SC niche and neuronal and vascular inputs. Specifically, the 

differentiation of SCs and fusion to myofibers are required to increase the number of 

myonuclei and to support enhanced protein production and the growth of young muscle 

(153, 160, 161). The formation and maintenance of a functional SC niche, and its ability to 

support myogenesis within engineered muscle, have been shown for rodent cells (56) but not 

for human cells. In addition to the SC niche, neuronal influence, both direct and paracrine, 

could promote the maturation and plasticity of engineered muscle. During development, the 

formation of mature NMJs on individual myofibers and the loss of polyneuronal innervation 

have been shown to stimulate expression of adult MyHC isoforms (148, 162). Similarly, 

initial expression of embryonic MyHC in regenerating myofibers is known to shift toward 

more mature isoforms upon initiation of muscle reinnervation (148, 163). In addition to 

neuronal input, in vitro prevascularization of engineered muscle, even if it is unable to 

provide perfusion, can still promote myofiber hypertrophy and maturation: VEGF expressed 

by endothelial cells has been shown to stimulate the expression of myogenic markers, and 

the proliferation, fusion, and survival of myoblasts (164). Similarly, nitric oxide released by 

endothelial cells has been known to stimulate mitochondrial biogenesis, SC activation, 

myoblast fusion, and myogenic differentiation in skeletal muscle, but may require the 

presence of flow and shear stress (165). Proven biochemical stimulators of myogenic 

differentiation (2), such as IGF-1 and TGF-β, can further promote maturation and enhance 
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the contractile function of engineered muscle tissues (166, 167). In addition, it is likely that 

various combinations of biophysical, biochemical, and heterocellular cues act synergistically 

to enhance the function and maturation of engineered muscle. The main progress, however, 

is expected to arise from improved understanding of the biological factors controlling 

postnatal muscle development, which, in turn, will enable the use of biomimetic rather than 

heuristic approaches for in vitro engineering of mature adult-like muscle tissues. Still, for all 

practical purposes, the design of engineered muscle should be made as simple as possible for 

a given application (in vitro or in vivo) to prevent logistical, financial, and regulatory hurdles 

from arising during subsequent translation or commercialization.

The road from bench to bedside use of engineered muscle technology to treat VML faces 

many additional challenges. Scaling up is one of the major obstacles when translating any 

drug, cell, or gene therapy from rodent to human systems. For adequate tissue replacement, 

constructs of human engineered muscle will need to provide tissue volume that is orders of 

magnitude larger than is currently achievable; the constructs will also need to rely on 

successful prevascularization to prevent hypoxia-induced cell death and neurotization to 

ensure rapid innervation in vivo (Figure 4). A robustly functioning SC pool within large 

constructs will be required to aid recovery from any hypoxia-induced cell death that could 

occur upon the transition from an in vitro to an in vivo environment. Because off-the-shelf 

availability is likely the only financially and logistically viable strategy for widespread 

clinical use in the future, methods to successfully preserve engineered muscle tissues over 

the long term will need to be developed for use in VML repair (168). The current techniques 

used to maintain cell or tissue viability in vitro and ex vivo suffer from numerous 

limitations. Hypothermic storage in optimal liquid environments or in circulation systems 

with oxygenation capability have limited shelf life and are prohibitively expensive (169). 

Tissue cryopreservation using traditional freeze–thaw techniques or vitrification are 

associated with a high risk of cell death, are less effective for larger tissue constructs, and are 

unproven in their ability to recover cellular function (170). Cellular desiccation and dry 

storage require additional research to ensure tolerance to oxidative damage, and have not yet 

been attempted on large tissue samples (169).

In addition to tissue preservation, methods for successful transplantation of engineered 

muscle will require surgical procedures to ensure that the implant initially remains under 

tension to promote cell survival and alignment (171); this may require additional 

engineering of tendon-like structures. Injecting muscle cells within photo- (172) or 

temperature-sensitive hydrogels (173) could avoid some of the issues; however, the ability to 

successfully reconstruct large, aligned muscle structures using these approaches remains to 

be proven. Until these daunting obstacles are overcome, the most promising therapeutic 

application of human engineered muscle would involve repairing small muscles, such as 

those affected by craniofacial injury or disease. For VML, a more feasible and simpler 

strategy would be to use cell-free scaffolds to stimulate muscle growth in situ. Specifically, 

smart biodegradable materials capable of controlling the release of antifibrotic, 

promyogenic, angiogenic, and neurotrophic factors could stimulate functional recovery of 

relatively large defects by preventing fibrotic response and promoting infiltration of the host 

cells needed to rebuild new muscle (66, 116, 117, 174). Recently, decellularized, porcine, 

urinary bladder scaffolds have been used to improve the functional capability of damaged 
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muscle in patients (66), thus providing a foundation for future biomaterial-based treatments 

of VML.

Compared with traumatic muscle loss, the prospect of stem cell or bioengineering 

approaches for treating chronic muscle wasting and atrophy is much less clear. There is little 

evidence that SCs or transplanted muscle stem- or progenitor cells would have any beneficial 

effects as countermeasures to the processes leading to muscle loss. Rather, the evidence 

points to a central role for processes within the myofiber that underlie the pathogenesis of 

these diseases: SCs appear to be innocent and helpless bystanders at best and unwitting 

contributors at worst (175). Most importantly, there is little evidence that enhancing the 

function or activity of SCs, or transplanting exogenous muscle stem or progenitor cells, has 

any significant beneficial effect on the progression of muscle loss in these conditions. 

Although there has been little research into applying bioengineering approaches to the 

treatment of these disorders, the use of in vitro, human engineered muscle models could 

enhance our understanding of disease and provide a platform for discovering safe and 

efficient therapeutics.

5. SUMMARY

In this review, we have described the basic biological mechanisms underlying skeletal 

muscle homeostasis, repair, and disease; this was followed by an overview of the 

bioengineering approaches that have been used to replicate these processes in vitro and to 

develop cell- and biomaterial-based remedies for muscle disorders in vivo. The two main 

areas where bioengineering-aided strategies hold promise to significantly impact human 

muscle research and treatment include: (a) basic and preclinical studies in 3D-engineered 

muscle models, and (b) nonpharmacological therapies for VML.

In particular, the development of accurate, in vitro models of skeletal muscle is expected to 

promote systematic studies of the roles that the extracellular environment and cell–cell and 

cell–matrix interactions have in muscle function, regeneration, and disease. Importantly, 3D 

cultures of human myogenic cells could be utilized in disease modeling, drug discovery, and 

toxicology screening (90, 176), both to aid the development of new therapies and to help 

alleviate ethical, monetary, and predictability concerns associated with animal studies (177). 

Of particular interest is the modeling of human congenital muscle diseases that often lack 

clinically relevant large animal models beyond an often-inadequate mouse transgenic model. 

The need for predictive preclinical models of human skeletal muscle was signified by the 

market withdrawal of cerivastatin, which was well tolerated in mice but caused fatal 

myopathies in humans (178, 179). Furthermore, the in vitro integration of engineered muscle 

with other microtissue systems, such as liver or heart, may enable more predictive body-on-

chip pharmacological studies (141, 176) and provide improved understanding of myokine-

dependent interactions between muscle and other tissues and organs (42). Overall, the utility 

of such in vitro systems, designed from primary or stem cell-derived myogenic cells, will be 

highly dependent on their ability to faithfully replicate the cellular organization and 

contractile activity of native human muscle. Simulating exercise by using electrical or 

mechanical stimulation is one strategy to promote the functional output and maturation of 

human engineered muscle (180, 181). Mechanical stimulation, in particular, can additionally 
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upregulate myotube expression of proangiogenic factors, including VEGF (182), to promote 

vascularization of the engineered muscle. The application of selected regimes of electrical 

stimulation (183, 184) to control the fraction of slow (type I) and fast (type II) fibers in 

engineered muscle can additionally allow study of fiber type-specific drug responses 

relevant to various muscle pathologies (85, 185, 186).

Moving toward therapies for VML, bioengineers have made progress in enhancing the 

maturation and functional output of 3D muscle constructs in vitro, and in stimulating their 

vascular and neuronal integration into the host muscle in vivo. The proof-of-concept studies 

in rodent models have been particularly encouraging. However, it remains to be seen 

whether similar results can be reproduced using human cell sources, considering that the 

expansion of cells in vitro and the generation of large volumes of functional muscle tissues, 

will be critical to the success of cell-based therapies in humans. As we move toward this 

goal, a large body of ongoing tissue-engineering work revolves around establishing 

perfusable capillary networks in vitro and inducing the ingrowth of functional vasculature in 

vivo (114, 187). Additionally, complex bidirectional interactions between myogenic and 

vascular cells are increasingly recognized as being critical for muscle function, disease, and 

regeneration (188–190). As such, the ability to engineer 3D skeletal muscle tissues with 

native-like architecture, mature contractile function, and a vascular bed—feats not yet 

accomplished—would promote both basic studies of muscle biology and the development of 

improved cell- and material-based therapies for VML. Conditioning with neurotrophic 

factors is expected to further enhance in vitro function and in vivo integration of engineered 

muscle. Currently, however, the most promising bioengineering therapies for VML involve 

the use of cell-free implantable biomaterials designed to rapidly stimulate antifibrotic, 

myogenic, vasculogenic, and neurogenic responses at the site of muscle damage.

6. CONCLUSIONS

Recent progress in the fields of muscle biology and bioengineering has increased our 

understanding of muscle development and disease, and improved our ability to model and 

control physiological and pathological tissue environments, and deliver therapeutic 

molecules and cells. Hypothesis-driven research, along with high-throughput technologies, 

are expected to drive future studies in the field, while the growing synergism between 

fundamental discovery and applied, biologically inspired solutions will create new 

therapeutic opportunities (Figure 5). The development of sophisticated, in vitro platforms to 

modify and study heterocellular interactions and the extracellular milieu will lead to 

advances beyond those achievable solely by the use of animals and traditional cell culture. 

As the field progresses, it may be essential that basic and applied research transition toward 

clinically relevant platforms involving the use of human cells and large-animal models. 

Critical to successful translation will be the development of methods to derive large numbers 

of human muscle progenitors and to efficiently deliver therapeutic molecules and cells. 

Technologies that allow real-time monitoring and active alteration of the in vitro culture 

environment based on developmental clues may address some of these challenges, along 

with the design of smart, environmentally responsive biomaterials. Continued work at the 

interface of bioengineering and biology holds exciting prospects for advancing basic 

knowledge and ameliorating human muscle disease.
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Figure 1. 
Regenerative response of injured skeletal muscle. A simplified schematic of the satellite cell 

(SC) niche at homeostasis and following an acute injury. Niche quiescence that is 

maintained via local juxtacrine and paracrine signaling is disturbed following injury. In 

response to injury-induced myofiber debris, M1 and M2 macrophages (MΦ) secrete factors 

that lead to SC activation, asymmetric division, and the formation of myogenic precursors 

primed for fusion that repair damaged myofibers and create new myofibers. After 

regeneration, the SC niche is reestablished along with its extracellular matrix (ECM) and 

vascular components.
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Figure 2. 
Methods for, and expected outcomes of, engineering functional, human skeletal muscle. 

Strategies are shown for (❶a) purifying, (❶b) deriving, and (❷) expanding functional 

satellite cells (SCs) or induced pluripotent stem cell (iPSC)-derived myogenic progenitors 

(MPs), and (❸) their use within 3D-engineered environments to form functional and self-

regenerating human muscle tissues. Abbreviations: ACh, acetylcholine; ECM, extracellular 

matrix.
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Figure 3. 
Methods to stimulate myogenic maturation in vitro. Bioengineering strategies to induce 

formation of the satellite cell niche and induce structural and functional maturation of 

myogenic cells in vitro, including creation of myomimetic 3D cell microenvironments, 

biophysical and biochemical stimulation, and coculture with other cell types. Abbreviations: 

EC, endothelial cell; IGF-1, insulin-like growth factor-1; mTOR, mammalian target of 

rapamycin; MyHC, myosin heavy chain.
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Figure 4. 
Strategies to enhance muscle repair following volumetric muscle loss. (❶) In vitro 

engineered muscles primed by coculture with vascular and neuronal cells, or biophysical or 

biochemical stimulation, and (❷) biomaterials tethered with myogenic, vasculogenic, and 

neurotrophic growth factors are used to accelerate muscle growth and neurovascular 

integration after implantation in vivo.
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Figure 5. 
The synergy of biology and bioengineering for skeletal muscle research and repair. A large 

number of feedforward and feedback interactions between biology and bioengineering may 

lead to important scientific and therapeutic applications, including the ability to more 

efficiently study muscle development, physiology, and disease, as well as to develop new 

cell, gene, and biomaterial-based treatments for muscle disorders. Abbreviation: iPSC, 

induced pluripotent stem cell.
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