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Abstract

Clinical-grade manufacturing of a functional retinal pigment epithelium (RPE) monolayer requires reproducing,
as closely as possible, the natural environment in which RPE grows. In vitro, this can be achieved by a tissue
engineering approach, in which the RPE is grown on a nanofibrous biological or synthetic scaffold. Recent
research has shown that nanofiber scaffolds perform better for cell growth and transplantability compared with
their membrane counterparts and that the success of the scaffold in promoting cell growth/function is not heavily
material dependent. With these strides, the field has advanced enough to begin to consider implementation of one,
or a combination, of the tissue engineering strategies discussed herein. In this study, we review the current state of
tissue engineering research for in vitro culture of RPE/scaffolds and the parameters for optimal scaffold design
that have been uncovered during this research. Next, we discuss production methods and manufacturers that are
capable of producing the nanofiber scaffolds in such a way that would be biologically, regulatory, clinically, and
commercially viable. Then, a discussion of how the scaffolds could be characterized, both morphologically and
mechanically, to develop a testing process that is viable for regulatory screening is performed. Finally, an example
of a tissue-engineered RPE/scaffold construct is given to provide the reader a framework for understanding how
these pieces could fit together to develop a tissue-engineered RPE/scaffold construct that could pass regulatory
scrutiny and can be commercially successful.

Introduction

The retinal pigment epithelium (RPE) is a light-
absorbing monolayer of cells in the back of the eye that

is crucial for retinal function. RPE cells interact with light-
sensing photoreceptor outer segments, providing ion, nutri-
ent, fluid, and metabolite transport, polarized secretion of
cytokines, and promote homeostasis between the photore-
ceptor and the choroid.1–3 RPE also recycles the visual pig-
ment, retinal, which is a key intermediary in the visual cycle.4

Due to this extensive interaction between the RPE and the
photoreceptors, deficits in RPE function often manifest as
problems with vision. For example, in age-related macular
degeneration, a regional atrophy of RPE precedes vision loss5

or forms of retinitis pigmentosa where RPE pathology leads
to vision loss.6

In healthy eyes, RPE cells are found on a dense layer of
proteins, glycosaminoglycans, and signaling molecules
known as Bruch’s membrane. The backbone structure of this

membrane primarily comprises collagen I–V, laminin, and
fibronectin.7 The fibers of Bruch’s membrane range from
*50 to 500 nm in diameter and the membrane is <5mm
thick.7 Over the lifetime, an individual Bruch’s membrane is
maintained by RPE cells.8 The membrane is thought to help
RPE cells maintain their monolayer structure and maintain
sufficient hydraulic conductivity for free-flow of nutrients
and metabolites to and from the choriocapillaris that is si-
tuated on the other side of Bruch’s membrane.8–11 In addi-
tion, a basal support membrane has been shown to be critical
to long-term RPE survival after implantation.12 Thus, it is
thought that tissue engineering strategies that enable RPE to
grow on a fibrous/permeable supporting scaffold that is
similar to Bruch’s membrane while also enabling the RPE to
grow and develop in a mechanically robust monolayer for
transplantation will likely provide a successful therapy for
RPE-associated retinal degenerative disorders.12,13

Multiple approaches are being tested for growth of an
RPE monolayer.14,15 A popular approach is to use scaffolds
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as a substrate for RPE culture. Scaffold substrate culture of
RPE can be divided along natural,16–18 synthetic,19–21 or
hybrid16 fiber formulations ( Jha and Bharti15 provide a
comprehensive list of different kinds of scaffold approaches
that have been tested in preclinical and clinical studies). In
this study, natural scaffolds22 are defined as scaffolds whose
components are derived from biological sources, synthetic
nondegradable23 and synthetic degradable poly-L-lactic
acid (PLLA), poly(lactic-co-glycolic acid) (PLGA), poly-
caprolactone (PCL), etc.] scaffolds24–26 are defined as those
whose constituents are inorganic in derivation, and hybrid
scaffolds are defined as those that contain elements of both
natural and synthetic scaffolds.

In comparisons between membrane and fibrous scaffolds,
it has been found that fibrous substrates are more similar in
3-dimensional (3D) structure to Bruch’s membrane and
enhance RPE function and viability regardless of formula-
tion.14,24,27 Thus, the focus of this review is on nanofiber
scaffolds and recent developments that indicate specific
design requirements for either natural or synthetic scaffolds,
which dramatically improve translational likelihood of RPE
on nanofibrous scaffolds. In this review, we focus on na-
nofibrous scaffolds for RPE transplantation. However, sev-
eral recent publications have shown promising results using
nonfibrous membrane approaches.12,13,23,28,29 For example,
Lu et al. created submicron parylene-C membranes and
found that 0.15–0.30 mm membranes had similar perme-
ability to healthy human Bruch’s membranes and that RPE
cells grown on them were able to form tight junctions and
become well polarized with microvilli.23 These membrane
studies have shown promising results, but are outside the
scope of this review.

In the first part of this review, we focus on character-
ization of RPE, natural, and hybrid scaffolds. We note that
both natural and hybrid scaffolds are limited in their po-
tential to provide a commercially scaled-up, consistently
manufactured, regulatory approved product. In the second
part of this review, we review manufacturing, character-
ization, and scale-up challenges associated with synthetic
polymer-based nanofiber scaffolds and compare them with
natural and hybrid scaffolds. In the last part of the review,
we provide data on our efforts to grow and characterize
induced pluripotent stem cell (iPSC)-derived RPE on na-
nofiber scaffolds and discuss the relevance of nanofiber
scaffolds for clinical application.

Generation and Characterization of RPE Cells

In the case of degenerative diseases, cell replacement
therapy that leads to replacement of diseased cells by healthy
cells is an attractive treatment option. This approach is par-
ticularly intriguing for degenerative eye diseases that involve
the RPE because it has been shown that replacement of
damaged/diseased RPE can mitigate vision loss.30,31 Recent
advances in the differentiation of RPE cells from embryonic
stem (ES) cells and iPSCs have opened up the possibility for a
commercial-grade cell replacement therapy for these degen-
erative eye diseases.32,33 Although both ES and iPSC sources
can be used for the cell replacement therapy, iPSCs provide
an autologous and immune-compatible source of cells for
patients without ethical concerns.34

iPSCs can be reproducibly differentiated into RPE cells
using a previously described protocol.35 To drive neural

induction of iPSCs, they are transferred to knockout serum
replacement (KSR) medium supplemented with NOGGIN
and SB431542, 2 inhibitors of the TGF-beta pathways.36

After 5 days of neural induction, RPE fate is specified by
adding nicotinamide and Activin A to the KSR medium.
Characteristic RPE colonies with hexagonal cell shape and
pigmentation appear between 3 and 5 weeks. Figure 1 shows
several steps of the differentiation process starting with
iPSCs aggregated into embryoid bodies (Fig. 1A). An in-
termediate stage of committed, but not yet functional, RPE
can be seen in Fig. 1B after a week of differentiation. After
maturation and differentiation are complete, RPE cells
demonstrate specific expression of tight junction marker
ZO-1 (green), hexagonal morphology (Fig. 1C, D), and
abundant apical processes (Fig. 1D). The enriched RPE
monolayer can then be maintained for long periods in RPE
medium.37

To be considered for cell therapy, iPSC-derived RPE
must recapitulate native RPE functionality. Native RPE is
characterized by a variety of molecular and physiological
traits, including abundant apical processes, hexagonal cell
shape, mature tight junctions, basal enfoldings, and apical
localization of the melanosomes,38 as seen by a scanning
electron microscope (SEM)/transmission electron micro-
scope. Additionally, RPE shows high expression of func-
tional markers, such as TTR, RPE65, E-CADHERIN,
CLAUDIN 19, EZRIN, ZO-1, MERTK, BEST1, and
CHI3L137,39–41; polarized secretion of vascular endothelial
growth factor (VEGF), pigment epithelium-derived factor
(PEDF), and other cytokines11; a transmembrane resistance
>400 W$cm2;11 a transmembrane potential of 3–5 mV,
ability to phagocytose photoreceptor outer segments; and
ability to pump fluid transepithelially at a rate of *5 mL/h
per cm2.11

The above protocols and cell characteristics are a brief
summary of typical traits of RPE. However, a full descrip-
tion of the body of work that has been completed toward the
generation and characterization of RPE is outside the pur-
view of this report and has been covered in more detail in
several publications15,42 and thus will not be discussed in
further detail here.

RPE Culture on Nanofibrous Scaffolds

Natural scaffolds

Natural RPE scaffolds such as native Bruch’s membrane
explants, amniotic membrane, and collagen nanofibers have
the advantage of being as close to native tissue as is cur-
rently possible to achieve. These scaffolds have nanofibers
that closely match the natural physiological properties of
Bruch’s membrane in several key areas: concentration of
protein, mechanical properties, morphological properties,
and biocompatibility. These fibrous membranes’ similarity
to native Bruch’s membrane makes them promising candi-
dates for clinical translation.

In earlier studies, RPE cells were cultured on explants of
human Bruch’s membrane or its constituent layers.22,43–47

These studies found that the basal layer of Bruch’s mem-
brane, which consists of mostly collagen IV a3-5 and la-
minins,7 was critical to RPE survival, proliferation, and
function.44,47 Other layers of human Bruch’s membrane
were also found to support RPE growth, but the level of
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support decreased in direct relation to the distance of the
layer from the basal lamina of the RPE.44,47 Similarly, in
explants of aged Bruch’s membrane, it was found that RPE
had impaired survival that was correlated with decreased
prevalence of typical basal layer proteins.43,45,46 Later, it
was found that some of the RPE’s natural functionality
could be recovered by either reengineering the lower layers
of Bruch’s membrane or aged Bruch’s membrane to include
more laminin and other extracellular matrix (ECM) pro-
teins46,48,49 or to give cells seeded on these membranes a
soluble factor derived from conditioned media by bovine
corneal endothelial cells to aid in the resurfacing of Bruch’s
membrane.50 However, due to the limited supply of Bruch’s
membrane available for transplantation and its impaired
ability to support RPE growth when derived from elderly
donors,44 it has not been pursued as a possible source for
clinical-grade applications.

Human amniotic membrane is another fibrous tissue that
has been used as a replacement for Bruch’s membrane.51–54

Human amniotic membrane has been shown to support RPE
growth and functionality.51,53 Akrami et al. showed that
RPE grown on amniotic membranes expresses higher levels
of the RPE genes, RPE65, CRALBP, BESTROPHIN, and
tyrosinase-related protein (TRP)-2, compared with cells
cultured in traditional tissue culture plates.52,55 Additionally,
protein production of commonly secreted RPE proteins,
VEGF, thrombospondin-1, and PEDF, increased in cells

cultivated on amniotic membranes.53 In another study, the
transepithelial electrical resistance (TER) of the RPE cells
cultured on human amniotic membrane was measured and
found to be significantly higher at 4 weeks of culture
compared with cells not grown on the amniotic membrane.55

Similarly, another naturally derived tissue, porcine lens
capsule, has been shown to promote RPE growth leading to
pigmented hexagonal morphology.14,56

Nanofiber scaffolds have also been fabricated from colla-
gen18 and bacterial cellulose17 for use with RPE cells. While
these scaffolds were not natural, in that both the collagen and
bacterial cellulose scaffolds were created from monomeric
proteins and not direct explants of tissues, the base material
for these scaffolds was biologically derived and thus consid-
ered natural here. Acetylated bacterial cellulose showed high
initial RPE adhesion and supported RPE growth and pro-
liferation.17 Similarly, collagen fiber films supported the
growth, maturation, and viability of human embryonic stem
cell-derived RPE (hESC-RPE) cells.18 Collagen I and IV were
used in this study and it was found that transepithelial resis-
tance, surface protein expression, growth factor secretion, and
phagocytic activity of the hESC-RPE cells matched more
closely to that of native RPE than of cells grown on tissue
cultured polystyrene.18 Collagen I/IV films used by Sorkio
et al. were created using Langmuir–Schaefer deposition, an
industrial scalable technique in which multilaminar films can
be produced through creation of thin films on immiscible

FIG. 1. Derivation of RPE cells from iPSCs. iPSCs aggregated into embryoid bodies (arrows show a few embryoid bodies
of the many in the image) at the start of differentiation (A). Committed RPE cells that have not yet developed RPE
morphology after 1 week of culture (B). Mature iPSC-derived RPE cells demonstrate hexagonal morphology similar to that
of native tissue after 5 weeks in culture transwell membrane, expressing the tight junction marker ZO-1 (green) with the
nucleus of the RPE stained with DAPI (blue) (C). Scanning electron micrograph of mature iPSC-RPE cells after 5 weeks in
culture on the scaffold with each cell projecting abundant apical processes as shown by the small rods and tongues
protruding from each cell surface (D). iPSC, induced pluripotent stem cell; RPE, retinal pigment epithelium.
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liquid surfaces.18 Therefore, these films are considered
translatable to a commercial-scale industrial process. How-
ever, there is significant variability in sources for collagen57

compared with fully synthetic scaffolds and thus the latter
would be preferable for clinical applications.

Hybrid scaffolds

Hybrid scaffolds have the potential to combine the
properties of both natural and synthetic nanofibers, creating
a scaffold with all of the advantages of a natural scaffold in
terms of protein composition and native appearance and the
tailorability of synthetic scaffolds. However, the use of bi-
ologically derived proteins/structures could lead to potential
hurdles for ultimate regulatory approval as variability of
bulk biologically derived materials is known to vary based
on the source and the time postisolation.57 Xiang et al.
created a hybrid scaffold that was a combination of An-
theraea pernyi silk fibroin (RWSF), PCL, and gelatin (Gt).16

The fibers were engineered to have a mean diameter of
165 – 85 nm, which is the approximate size that Liu et al.58

found to be optimal for RPE cell growth. Human RPE cells
seeded on the RWSF/PCL/Gt nanofiber scaffolds showed a
higher cell growth rate than did tissue culture plastic or PCL
fibers alone. Additionally, cells grown on these hybrid fibers
showed a typical expression pattern of RPE signature genes
(CRALBP, PEDF, VEGF, MITF, and PMEL 17 among
others), enhanced expression of secreted factors, and re-
duced expression of inflammatory mediators.16 In addition,
within 12 weeks of cultivation, the RPE on the hybrid
scaffolds had polygonal morphology, was able to phago-
cytose porcine photoreceptor outer segments, and had de-
veloped apical microvilli.16 Finally, the hybrid scaffolds
were implanted into the subsclera intraocular space and the
membranes were well tolerated without inflammation of the
choroid or the retina.16 This study shows the promise of
hybrid scaffolds, but future work remains in characterization
of the cells and scaffolds to ensure reproducibility of the
approach to achieve optimal clinical and commercial-scale
manufacturing.

Synthetic nanofibrous scaffolds

Synthetic nanofiber scaffolds have the advantage of being
able to have characteristics such as well-defined and xeno-
free constituents, tailorable fiber diameter, porosity, and
hydrophilicity. Additionally, synthetic fibers have the ad-
vantage that the nanofiber surface properties can be easily
modified in a defined and controlled way. The consistency
and tailorability of synthetic materials are perhaps the 2 key
factors that make them a promising candidate for clinical
translation. Multiple different types of synthetic scaffolds
(fibrous and nonfibrous polymeric) have been used for RPE
culture and are being tested as potential scaffolds for
transplantation in patients. In this study, we briefly sum-
marize previous and ongoing work using RPE and synthetic
scaffolds and review in depth the manufacturing, charac-
terization, and use of nanofibrous scaffolds for RPE culture.

Unmodified nanofiber surfaces have been shown to pro-
mote RPE growth over that of smooth, plastic nonpo-
rous membranes or glass culture surfaces.27,58 Unmodified
poly(D-L-lactic acid) (PDLLA) nanofibers supported by a
poly(4-dioxanone) frame were shown to improve RPE tight

junction formation, promote a hexagonal morphology of the
RPE, and increase expression of RPE65 over that of PDLLA
films.25 When transplanted into the subretinal space of a
porcine eye and then removed, the construct was shown to
maintain cell viability and could be easily implanted as an
unfolded monolayer.25 However, cells grown on the PDLLA
nanofibrous membranes were only able to produce relatively
low TER of 179 – 59 W$cm2 after 1 month in culture.
Thus, physiological functionality of these tissue-engineered
constructs is unclear. Liu et al. also showed that either
polyethylene terephthalate (PET) or poly(L-lactide-co-e-
caprolactone) (PLCL)-uncoated nanofiber scaffolds were
able to promote functional RPE growth over that of films.58

RPE was assessed for attachment, growth, pigmentation, and
tight junction formation. In all measured outputs, RPE on
nanofibers with a mean diameter of 200 nm had the highest
performance, regardless of starting material.58 However, the
nanofiber scaffolds studied by Liu et al. were not rigid enough
to transplant into the subretinal space without a mechanical
support and thus transplantations into rabbit eyes were per-
formed with the scaffolds attached to porous PET membranes.
The PET membranes, while showing good initial incorpora-
tion into native tissue,58 are not biodegradable and have
limited porosity, which could eventually inhibit functionality
of the tissue-engineered construct.

To address this concern, Warnke et al. chose scaffolds
that were only made from PLGA or type I collagen.24 RPE
attachment, proliferation, phagocytosis of latex beads, and
surface marker expression were measured on both scaffolds
and compared with PLGA and collagen films. It was found
that either fiber formulation supported RPE attachment,
growth, and the ability of the RPE to phagocytose latex
beads. Furthermore, polygonal morphology of the cells was
higher on either of the nanofiber samples than on the films.
However, no in vivo transplantation of these cell/scaffolds
was performed and thus the mechanical robustness of the
scaffolds and the viability of the cells post-transplantation
are unknown.

Surface modification of nanofibers has been shown to have
larger synergistic benefits compared with seeding RPE onto
nanofibers alone.19,20,26 For example, polytetrafluoroethylene
fibrous membranes were modified with ammonia gas plasma
treatments, which were shown to enhance protein adhesion
and improve RPE attachment, formation of tight junctions,
and increase phagocytosis of photoreceptor outer segments.20

In a similar study, in which cell attachment molecules, RGD
and YIGSR, were attached to the backbone of polyamide fi-
bers, RPE was shown to improve viability and proliferation
over that of polyamide fibers alone and to a similar degree to
that of Laminin-coated fibers.19

Plasma treatment of fibers and the adsorption of ECM
protein collagen IV onto PLCL were also shown to enhance
RPE growth and maturation.59 Cell proliferation assays, RT-
PCR, immunostaining of RPE-specific markers, MITF,
BESTROPHIN, CRALBP, and ZO-1, and TER measure-
ments, as well as in vitro phagocytosis assay, clearly dem-
onstrated that the plasma-treated PLCL scaffolds supported
the adherence, proliferation, maturation, and functionality of
hESC-RPE cells in serum-free culture conditions to a
greater extent than untreated fibers.59 The trend of enhanced
RPE functionality with the adsorption of ECM proteins was
further confirmed by Thomson et al. who showed that ad-
sorption of laminin onto PLLA/PLGA polymer blend

NANOFIBER SCAFFOLD-BASED TISSUE-ENGINEERED RPE REVIEW 275



nanofiber scaffolds enhanced cell viability and prolifera-
tion.26 The advantage of these coating techniques is that the
bulk size and mechanical properties of the nanofiber scaf-
folds are not altered and thus including them, assuming the
coating agents are good manufacturing processing (GMP)-
grade and xeno-free materials, only enhances scaffold
properties without detracting from the scaffolds’ translat-
ability to the clinic.

Clinically Viable, Synthetic Nanofiber Scaffold
Fabrication

To implement any of the above discussed nanofiber
scaffold technologies, researchers would need to be able to
produce nanofiber scaffolds in a reproducible, scalable,
regulatory approved manner. The combination of these
factors is not trivial, but to meet this need, bioengineers
have recently developed manufacturing processes60,61 that
can recapitulate a fibrous ECM-like structure similar to
Bruch’s membrane, matching fiber size, scale, and approx-
imate mechanical properties at industrial scales. However,
even as production has scaled challenges for how to assess
batch consistency, a necessity for clinical therapies has
arisen and only recently have automated solutions62,63 be-
gun to be robust enough for feasible studies to be conducted.
In this study, we review the production techniques of na-
nofiber scaffolds that are both industrially and clinically
viable, assessment methodologies for nanofiber morphol-
ogy, and scaffold mechanical properties.

Nanofibers have been created using a variety of methods,
including electrospinning,64,65 melt spinning,66,67 blow
spinning,68 template synthesis,69,70 rotary jet spinning,71 and
self-assembly.72,73 The first and most pervasive technique of
nanofiber creation is electrospinning.74 Traditionally, elec-
trospinning devices contain a high voltage source, which has
1 terminal connected to a single metallic needle through
which a polymer dissolved in a solvent is extruded at a
constant rate. The ground of the voltage source is then con-
nected to a conductive collector plate, which is placed a set
distance from the needle. Figure 2 shows a diagram of an
electrospinning device with labels for appropriate equipment
and Fig. 3A shows electrospun PLGA fibers that were made

using clinical-grade PLGA (50:50; 50% lactide to 50% gly-
colide composition; Durect Corporation) and an in-house-
developed electrospinning device identical to that shown in
Fig. 2. Fibers were spun using a PLGA 50:50 polymer with a
molecular weight of 119.3 relative molecular mass units
dissolved in hexafluoroisopropanol, at a 28 weight percent
concentration, using a 21-gauge needle, 12.5 kV potential
difference, 0.65 mL/h flow rate, and an 18-cm needle to
collector plate distance. All spinning was performed at room
temperature with 30% humidity. The large voltage potential
difference between the needle and the ground causes the
polymer to form a conical body, called a Taylor cone, at the
needle tip from which a nanofiber is pulled onto the collector
plate through the electromotive force generated by the po-
tential difference.75 The diameter and rate of formation of the
nanofiber depend on a variety of environmental and device-
dependent factors, such as humidity, temperature, polymer
molecular weight, voltage, and solvent.75–79 Many in-depth
reviews have covered the factors that influence electrospun
nanofiber formation and morphology and thus will not be
further discussed here.75–79

Multineedle and high surface area needleless
electrospinning

Classic single-needle electrospinning is not suited for in-
dustrial scale production of nanofiber scaffolds due to the
small needle gauge necessary to create nanofibers, relatively
slow flow rates of polymer extrusion from the needle, and
sensitivity of the system to environmental factors. Multi-
needle spinning is one method that has been used to improve
the production efficiency of nanofiber scaffolds. To this end,
Tomaszewski and Szadkowski80 showed that by altering the
configuration of needles and the distance between needles,
researchers could drastically affect the nanofiber scaffold
produced. Linear, elliptic, and concentric needle configura-
tions were used and it was shown that both elliptic and
concentric needle layouts were able to produce nanofibers
efficiently and that nanofiber production scaled linearly with
the number of needles used in the system. These findings
have led to commercial systems in which 1,000 nozzle arrays
are able to produce industrial-scale nanofiber scaffolds.81

FIG. 2. Schematics of electrospinning workflow. A syringe pump pushes polymer from the syringe out through the
needle. The needle is connected to a high voltage source whose ground is attached to a metallic collector plate. While
extruding the polymer, the high voltage source is turned on. The electromotive force generated between the needle tip and
the collector plate causes a Taylor cone to form at the needle tip, from which a nanofiber is extruded. The nanofiber whips
around in a roughly helical pattern until it connects with the collector plate. Nanofibers are collected on the collector plate
until the nanofiber mat has reached the desired thickness.
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These studies have led to a commercial company, known as
Inovenso,61 which produces both research and industrial-
scale nanofiber production equipment.

Needleless electrospinning involves the formation of
multiple Taylor cones over a surface without the need for
the creation of specific needles or Taylor cone sites.82–84

Two industrial manufacturers of needleless electrospun
scaffolds are SNC Nanofiber Company and Elmarco In-
corporated. SNC Nanofiber Company uses a charged rotat-
ing electrode sphere, the bottom of which is immersed in a
polymer solution, to spin nanofibers. When the sphere is
rotated, a thin polymer layer forms on the surface of the
sphere and numerous Taylor cones are formed when a
strong electrostatic field is placed on the sphere.85 Similarly,
Elmarco developed a system that uses a wire and fluid
handler to coat the wire with dissolved polymer before ap-
plication of an electrostatic field. After the field is applied,
Taylor cones form ad hoc along the length of the wire and
nanofiber production is increased exponentially over single-
needle arrays. Morphologically, scaffolds produced by
classic single-needle electrospinning look very similar to
scaffolds commercially produced through needleless elec-
trospinning as can be seen in Fig. 3B, in which PLGA na-
nofibers were spun by SNC Nanofiber Company and their
needleless electrospinning apparatus.

Rotary jet melt spinning

Using electrostatic potential differences to drive the for-
mation of nanofibers has limitations if the solvent used to
dissolve the polymer is cytotoxic. Rotary jet melt spinning
was developed to help address this concern. In this method, a
polymer is brought to just above its melting temperature and
while in this melt state is extruded through a spinneret—
similar to how cotton candy is manufactured. The diameter of
the extruded fibers is reduced by increasing the shear forces
applied per unit area on the extruded polymer jet, which is
achieved by increasing the speed that the rotary jet is spun or

by reducing the size of the hole from which polymer is ex-
truded.71,86 Once extruded out of the spinner, the polymer
solution solidifies because of rapid cooling from air flow
around the fiber.87 FibeRio Technology Corporation88 uses
centrifugal forces and multiple configurations of porous ex-
trusion surfaces to spin polymer melts and solutions89 and
produces both research and industrial-grade equipment. The
main industrial advantage of melt spinning technology relies
on the capability to easily spin multicomponent systems and
on the absence of solvents during processing, improving en-
vironmental safety and enabling a wider variety of biomed-
ical applications.61 Polylactic acid fibers produced using
rotary jet melt spinning can be seen in Fig. 3C. These fibers
are morphologically similar, although not identical, to elec-
trospun fibers as can be seen by comparing Fig. 3A, B with C.

Solution spinning

Solution spinning is based on the same principles of melt
spinning, but uses polymers dissolved in solvents rather than
melting the polymer. Solution spinning can be divided into 2
main fields: dry and wet. In dry spinning, fibers are formed by
using air or other inert gases to evaporate the solvent from a
stock polymer solution that is being rapidly extruded from an
orifice. One of the most important parameters affecting the
morphology of dry-spun fibers is the solvent composition.
Generally, for solution-spun fibers to form, solvents must
have high volatility and low vapor pressure.90–92 Solution
spinning of polymer fibers has been scaled to industrial levels
for several materials, including cellulose acetate, acrylic/Or-
lon, polyvinylchloride, and polyurethane/Lycra.93 The scaf-
fold shown in Fig. 3D was produced using an in-house-
developed solution blow spinning device as outlined by Tutak
et al.94 These fibers were created using a solution of 12% (w/
w) PDLLA (Resomer; Sigma Aldrich) in acetone with an air
pressure of *15 psi air at 30 SCFH, with a nozzle diameter
of 0.55 mm and a 22-gauge needle to extrude the polymer
solution. Solution blow spun scaffold morphology appears to

FIG. 3. Comparison of
PLGA nanofibers spun using
traditional single-needle elec-
trospinning (A), needleless
electrospinning (B), rotary jet
melt spinning (C), and solu-
tion blow spinning (D). PLGA,
poly(lactic-co-glycolic acid).
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have less fiber orientation than do the other spinning meth-
ods; however, the 3D spatial orientation and density of fibers
have not been assessed for any of these methodologies and
thus quantitative statements about fiber distribution and ori-
entation cannot be made.

In wet spinning, the polymer solution is extruded in a vis-
cous fluid medium in which the polymer is insoluble, but which
is miscible with the spinning solvent. Exchange between sol-
vent and nonsolvent causes phase separation, rapidly removing
solvent from the spun filaments and causing fibers to form
through precipitation. The solidification involves mass transfer
through the polymeric solution–nonsolvent interface, which
can lead to defects, such as voids and cross-shape irregulari-
ties.95,96 However, with careful design, this can also lead to
creation of defined lengths of polymeric nanofibers.97,98 Har-
nessing this strength, Xanofi has created polymer filaments,
which have tightly dispersed lengths and diameters ranging
from 100 nm to 5 mm.99

Nanofiber Scaffold Characterization

Nanofiber scaffolds can be tested for reproducibility using
2 different classes of analysis: morphological and mechani-
cal. Traditionally, measurement of both these elements is less
straightforward in nanofiber scaffolds compared with the
traditional woven or fiber-based materials because nanofiber
diameter is too small for traditional light microscopic tech-
niques; there is inherent variability in nanofiber diameter;
fiber orientation is random and nonwoven; mechanical tests at
the size scale that the scaffolds would be used in (<10 mm2)
are not standardized; and those tests that are used on samples
of this size are typically laborious. However, recently, soft-
ware and equipment have been developed that can expedite
the morphological characterization of scaffolds to offer a
more precise description of their structure63; and mechanical
tests for medical meshes have been adapted for nonwoven
nanofiber scaffold testing.100–102

Morphological characterization

Typically, assessment of nanofiber morphology has been
performed manually with people measuring fiber diameter,
orientation, and pore sizes in SEM images using online tools
in image analysis software such as ImageJ/FIJI (National
Institutes of Health, MD).103–105 To facilitate this analysis,
several laboratories have developed additional tools that
allow assessment of nanofiber orientation,106–109 mesh hole
size,104 and nanofiber diameter109–111 from SEM images.
Several of the tools to assess nanofiber orientation and pore
size have been validated106–109,112–115 and are available to
the community for free on ImageJ/FIJI. However, only one
validated open source tool to assess nanofiber diameter,
DiameterJ, has been made available to the community.63

Several other laboratories have developed tools to assess
nanofiber diameter using edge detection algorithms,110 Ra-
don Transforms,109 Euclidean distance,116 or principle
component analysis111 and there are 2 commercially avail-
able pieces of software: FiberMetric (Phenom World) and
FibreQuant (NanoScaffold Technologies, LLC.).

Both DiameterJ and the commercial software are total
analysis packages, in that they assess fiber diameter, pore size,
and fiber orientation. Currently, due to the submicron scale of
nanofibers, no software packages, open source or commercial,

have been developed to assess the 3D structure of nanofiber
scaffolds. However, tools are emerging that can assess the 3D
structure of nanofiber scaffolds117 and so it is hoped that soon
quantitative 3D data on scaffold morphology will be available.

Pore structures of nanofiber scaffolds cannot be techni-
cally defined as pores because they do not have discreet
boundaries. Instead, these structures are large, inter-
connected 3D void spaces. Due to the lack of 3D charac-
terization techniques for nanofiber scaffolds and because
these voids have extremely heterogeneous sizes/shapes
within 2D slices, 2 bulk characterization techniques are
commonly used to assess nanofiber porosity: mercury por-
osimetry and Brunauer, Emmett, and Teller (BET) surface
area measurements.118–121 In principle, these techniques are
able to characterize the void space of nanofiber scaffolds;
however, because scaffolds are deformable bodies and
polymeric surfaces can adsorb and absorb gasses, the above
techniques are approximations of the ground truth and have
not yet been validated with 3D microscopy techniques. The
techniques and their caveats have been covered in detail in
other publications and thus will not be discussed in further
detail here.118–121

In the laboratory

Characterization of the morphological features of scaf-
folds can be used to validate a production lot, demonstrate
reproducibility in industrial settings, and create guidelines
for nanofiber scaffold use in a clinical setting. One example
is the morphological characterization of biodegradable na-
nofibers as they are degraded in a physiologically relevant
solution. Figure 4 shows SEM micrographs of PLGA na-
nofibers that have been degraded for 63 days in a medium
used for growth and culture of RPE cells.

To degrade scaffolds, triplicate 1.5 mm in diameter
scaffold cutouts were each placed in 1 mL of RPE growth
medium and the media were changed every other day on the
scaffolds for 63 days. Triplicate samples were used at each
time point to ensure uniformity of degradation. Cells were
not cultured with these scaffolds and thus in vitro effects of
pH change were not assessed. These micrographs were an-
alyzed for key morphological features of scaffolds using
DiameterJ with the goal to ensure lot/batch consistency and
to generate degradation kinetic data for feasibility studies of
an Investigational New Drug application for the use of RPE
cells in a phase I clinical trial.

The fibers shown in Fig. 4A–F were analyzed and the
results can be seen in Fig. 4G–I. Analysis of the fibers was
not performed after day 28 because fiber morphology had
collapsed to such an extent that accurate measures of fiber
diameter and porosity were no longer possible. Figure 4G–I
shows a trend of fibers increasing in diameter as they de-
grade, and both the void size and total percent porosity of
the scaffolds shrinks. This is to be expected as PLGA is a
bulk degrading polymer and this trend of fiber swelling and
void size decreasing has been published previously.122

Mechanical characterization

Mechanical characterization of nanofiber scaffolds has 2
different levels of specificity: bulk scaffold properties and
single fiber mechanics. First, the bulk characterization of
the nanofiber scaffold mechanical properties. These bulk
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characterization techniques involve measuring a complete na-
nofibrous scaffold’s tensile yield strength,123–128 toughness,
ultimate tensile strength, tensile modulus,123–128 burst pres-
sure,124–126 tearing strength, flexural strength,124 and bending
modulus.129 Second, individual nanofiber mechanical proper-
ties can be measured using techniques such as atomic force
microscopy and microstrain devices.130 Differences between
bulk and single nanofiber properties have been shown to vary
by orders of magnitude.128,131 Single nanofiber mechanical
properties have been shown to be critical in governing cell
growth, morphology, and viability.132 However, virtually all
biodegradable polyester nanofibers can be formulated to fall
within the physiological range of Bruch’s membrane’s me-
chanical properties and thus will not be discussed in detail
here.133 Furthermore, for clinical applications, only bulk
properties of the scaffold ultimately determine scaffold utility
for handling and implantation.

Mechanical properties of nanofiber scaffolds required for
optimal growth of RPE monolayer and for transplantation in
the eye to the subretinal space have received little attention.
A few reports have shown limited mechanical tests of
scaffolds25,133 used for growing RPE and no studies have
been done to determine which mechanical properties cor-
relate with successful cell growth, viability, functionality,
and scaffold implantation. However, to expedite scaffold
development, the creation of a comprehensive predictive
model indicating which of these properties highly correlates

with implantation success and what the minimum threshold
for each of these properties for handling and implantation of
the scaffolds is would be invaluable.

Cell Replacement Therapy Using an RPE Patch
on a Synthetic Nanofiber Scaffold

Using the knowledge gained from the studies discussed in
the Synthetic nanofibrous scaffolds section of this report and
extensive experience with iPSC-derived RPE, a cell re-
placement therapy using a nanofiber/RPE patch was devel-
oped. During the development of this patch, several of the
production techniques discussed above were compared us-
ing the testing procedures outlined in the Nanofiber Scaffold
Characterization section of this report. Direct comparisons
between scaffolds with different properties and these prop-
erties’ relationship with cell performance were able to be
assessed using the quantitative testing procedures/software
discussed above. The specific outcome of these results is
outside the scope of this review and is yet to be published.
However, the general procedure that was used is highlighted
here to provide the reader with a framework for developing
their own nanofiber tissue-engineered construct.

First, biological screening tests were performed on a va-
riety of nanofibrous materials to determine which materials
supported RPE growth and function. For each of these
scaffolds, the morphological properties of the scaffold were

FIG. 4. Assessment of a PLGA nanofiber scaffold’s morphological features as a function of time. Scanning electron
micrographs of the PLGA scaffold at day 0 (before any degradation), and after 7, 21, 35, 49, and 63 days of degradation (A–F,
respectively). Assessment of mean fiber diameter (G), pore size (H), and percent pore (I) as a function of degradation time
was performed using visual analysis. No assessment after 28 days could be made due to degradation being so great that
scaffold fibers could no longer be delineated.
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determined using the techniques discussed in the Nanofiber
Scaffold Characterization section of this article. Scaffolds
that showed good RPE viability and produced RPE that was
hexagonal, pigmented, and in a monolayer were then com-
pared to determine scaffold properties that led to successful
RPE formulation. Next, mechanical properties of the scaf-
folds were assessed (as discussed in the Mechanical char-
acterization section of this article) after degradation to

determine which had the mechanical robustness to be im-
planted. After completing mechanical testing and eliminat-
ing scaffolds that were not mechanically robust enough,
properties of scaffolds were iterated and an in-depth char-
acterization of RPE phenotype was performed on each to
fully optimize the system for maximal mechanical stability
of the scaffolds with the minimum thickness necessary to
promote a fully mature RPE phenotype.

FIG. 5. iPSC-RPE cells on scaffolds. Representative figures of mature RPE monolayers on biodegradable PLGA scaf-
folds. Image of cell-laden implant ready for transplantation (A). Transepithelial fluid transport by RPE cells in response to
ATP application (B). Transmission electron microscope image of RPE cells on PLGA scaffold demonstrating apical
processes, apical melanosome localization, and basal infoldings in RPE cells (C). Intracellular microelectrode recordings
(Üssing chamber) measured RPE apical and basolateral membrane potential (VA, VB), TEP, total epithelial resistance (Rt),
and apical-to-basal membrane resistance ratio (RA/RB) (D). The responses to the perfusion of apical 1 mM K+ (mimicking
the transition from dark to light) and ATP (candidate for light peak substrate) were recorded. All these responses of hfRPE
cultured on scaffold are highly analogous to that occurring in native human RPE. TEP, transepithelial potential.

Table 1. Summary Table of Scaffold Properties, Reference Sources, and Key Findings

Fiber category Subcategory References Key findings

Material type Natural 14,16,17,22,45–56,59 Natural or synthetic fibers support RPE
growth to a statistically indistin-
guishable amount.

Hybrid 15
Synthetic 18–20,25–27,58,59

Scaffold structure Nonporous membrane 15,24,25,27,58 Nanofiber scaffolds cause RPE to de-
velop a more physiologically func-
tional phenotype over that of
nonporous membranes

Porous membrane 12,13,28–30
Nanofiber scaffold 14–20,22,25–27,45–56,58,59

Diameter <200 nm 15,27 Nanofibers between 150 and 400 nm
optimally support RPE growth and
function. No direct comparisons be-
tween 150 and 400 nm scaffolds
have been performed.

200–400 nm 24,56
400–1,000 nm 25,56
>1,000 nm 18,56,57

Surface
Modification

Peptide 18 Enhancing cell adhesion through pep-
tides, proteins, or plasma treatment
increases RPE viability and func-
tionality.

Polymer composition 26
Protein 18,57
Plasma (O2, N2) 19,57

RPE, retinal pigment epithelium.
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As discussed above, coating scaffolds with biological
adhesion molecules naturally found in the cell ECM (col-
lagen, fibrinogen, vitronectin, etc.) improves RPE survival
and differentiation. Thus, scaffolds were coated with
xenogeneic-free human ECM proteins. These coated porous
scaffolds were placed onto nondegradable porous mem-
branes to enable substrate support on the basal side of the
RPE monolayer and to allow the medium to perfuse on both
the apical and basal sides of the developing monolayer. This
culture system allowed the monolayer to grow in a polarized
manner with prominent, apically located tight junctions that
allow distinct membrane protein compartmentalization to-
ward apical and basal sides. Additionally, the porous
membrane relieved the hydrostatic pressure generated by a
functional RPE, preventing fluid from accumulating in the
sub-RPE space and producing unwanted liftoff of the tissue.

Validation of RPE grown in vitro on these nanofiber
scaffolds was imperative to ensure safety and efficacy of the
implanted tissue. Thus, before implantation, iPSC-derived
RPE cultured on nanofibrous scaffolds was evaluated for its
ability to recapitulate native RPE characteristics as dis-
cussed in the Generation and Characterization of RPE Cells
section of this report. Figure 5 shows the final implantation
product as well as the results of physiological tests of the
RPE grown on these nanofibrous scaffolds, including mor-
phological characteristics (Fig. 5B), fluid pumping ( Jv) in
response to 100 mM ATP (Fig. 5C), and transepithelial po-
tential (TEP) (Fig. 5D). iPSC-RPE (Fig. 5B) grown on
scaffolds showed an increase in fluid transport when stim-
ulated by ATP. The ATP-induced increase in fluid transport
is known to be due to the activation of P2Y2 receptors,
which have been shown to respond to endogenous nucleo-
tides. Intracellular microelectrode recordings (Ussing
chamber) were used to measure iPSC-RPE TEP and total
epithelial resistance (Rt) and can be seen in Fig. 5D. The
responses to the perfusion of apical 1 mM K+ (mimicking
the transition from dark to light) and ATP (candidate for
light peak substrate) are shown. The fluid transport, cell
morphology, TEP, and Rt results shown in Fig. 5C and D
mimic the known characteristics of native RPE in vivo.
Thus, RPE grown on PLGA nanofibers was deemed as a
promising candidate for clinical applications.

Conclusion

The production of tissue-engineered scaffolds has seen
major strides in the past 5 years. Several desirable charac-
teristics of synthetic or naturally derived scaffolds have been
identified, including 150–400 nm fiber diameter, a fiber
density that is high enough to not allow cells to migrate into
the scaffold so that a cell monolayer is formed on top of the
scaffold, and modified fiber surface (either chemically al-
tered or functionalized with bioadhesive proteins/peptides)
to enhance cell adhesion. Table 1 shows a summary of these
findings and the works from which the conclusions were
drawn. Additionally, both production and assessment tech-
niques are available to compare nanofiber scaffolds between
lot-to-lot and therapy-to-therapy. These techniques have
formed the framework for reproducibly generating a well-
characterized, mechanically robust scaffold made from
GMP-grade and xeno-free material. These kinds of scaffolds
are being combined with GMP-grade and reproducible RPE
differentiation protocols that generate well-characterized

and functional RPE. An example was provided of a cell/
scaffold construct that is currently in the process of being
developed for a clinical trial, in which the above listed
scaffold production and assessment techniques are being
used. Moreover, recent progress from several groups15 in the
field appears to show that the development of an ideal
scaffold is on the horizon and that soon a commercially
viable cell replacement therapy for retinal degenerative
diseases will be available.
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