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Abstract

A laser-based hydrogel degradation technique was developed that allowed for local control over 

hydrogel porosity; fabrication of 3D vascular-derived, biomimetic, hydrogel-embedded 

microfluidic networks; and generation of two intertwining, yet independent microfluidic networks 

in a single construct.
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The ability to fabricate multiple, high density, three-dimensional (3D) microfluidic networks 

in a small volume could significantly aid development of lab-on-a-chip,[1] organ-on-a-

chip,[2–5] and human-on-a-chip devices.[3] Utilizing 3D microfluidic systems to generate 

vascularized tissue constructs has garnered significant interest, as these constructs have 

enormous potential in enhancing the use of in vitro models for drug screening;[1,4,6] 

elucidating disease mechanisms such as cancer metastasis;[7–10] and aiding the study, 

diagnosis, and treatment of cardiovascular disease.[11] Development of functional 

microtissues for use in on-a-chip devices necessitates microfluidics for transport of nutrients, 

oxygen, and waste to support cell function.[12] Two generalized methods exist to produce 

vasculature in hydrogels: self-assembly of pericyte-supported endothelial cell (EC) networks 

via angiogenic[13–16] or de novo vasculogenic[16–18] processes and implementation of 

microfabrication techniques to predefine vascular architecture followed by 

endothelialization.[19–23] While self-assembly methods are capable of forming dense 

vascular networks throughout large volume s, they often result in vessels with 

architecture[24] and permeability[9,15] characteristic of tumor vasculature; which may or may 

not be beneficial depending on the application. Additionally, as network formation relies on 

cell-mediated self-assembly, the vascular architecture cannot be controlled.

Conversely, microfabrication techniques allow for direct control over microfluidic 

architecture, but in general lack the resolution to recapitulate the highly tortuous and dense 

vascular networks formed in vivo. Lithographic molding,[25] computer-aided laser 

micromachining,[26,27] and direct-write assembly[28] have been used to create geometrically 

simple microfluidic systems consisting of planar, 3-sided channels on the surface of a 

matrix. Planar microfluidic networks completely embedded in polymer have been fabricated 

using advanced lithographic molding,[17] injection molding,[20,29] strategic placement and 

removal of needles,[19,22] and printing of sacrificial materials[21] in self-healing 

hydrogels.[30] While these approaches allow for fabrication of planar microfluidic systems, 

they do not provide a means to fabricate complex 3D networks.

A number of techniques to generate non-planar, 3D microfluidic networks have been 

developed including electrostatic discharge,[31] modular assembly,[32] molding to spring 

structures,[33] direct-write assembly,[34] 3D printing of sacrificial materials,[23] and 

omnidirectional printing.[35] While much progress has been made in fabricating 3D 

microfluidic networks, there are still a number of limitations with existing methods 

including the inability to: create capillary -sized structures; replicate the dense, tortuous 

architecture of in vivo vasculature; and generate multiple microfluidic networks within a 
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single construct to mimic the close interaction and transport between lymphatic and 

cardiovascular systems for example.[10,36–38]

To overcome many of the limitations with existing microfluidic fabrication strategies, we 

combined laser-based hydrogel degradation[39–42] with image-guided laser control to 

generate complex 3D, highly tortuous, and dense biomimetic microfluidic networks 

embedded in poly(ethylene glycol) diacrylate (PEGDA) hydrogels. We demonstrate that 

these vascular-derived microfluidic systems accurately recapitulate the architecture, size, 

and density of in vivo microvasculature and that they can be lined with ECs to generate 

capillary-like networks. We also demonstrate the ability to generate two independent, yet 

closely intertwining networks that fill the same PEGDA volume. The two microfluidic 

networks never directly connect, yet allow for inter-network transport via their close 

proximity. The ability to generate 3D microfluidic networks that accurately recapitulate in 
vivo vascular architecture, as well as transport between independent networks, has the 

potential to open new avenues for the implementation of vascularized tissue constructs for a 

multitude of in vitro applications.

Figure 1 demonstrates the laser-based degradation process. A 790 nm, 140 fs pulsed Ti:S 

laser operating at a fluence of 37.7 nJ μm−2, focused through a 20X(NA1.0) water 

immersion objective, was raster scanned in desired geometric volumes in a PEGDA 

hydrogel to induce localized degradation (Figure 1A). The volume of PEGDA degraded was 

defined by digital, virtual masks that contained tens to thousands of single pixel wide 

regions-of-interest (ROIs) that guided the position of the laser.[18,43–45] Simple 

microchannel geometries, rectangular (Figure 1C and 2A) or cylindrical (Figure 3D), 

utilized ROIs manually defined in Zeiss Zen software. ROIs derived from more complex 3D 

geometries generated using computer aided design (CAD) software (Figure 4), or derived 

from confocal image stacks (Figure 3A,C), were produced using a MatLab algorithm.[18] 

The use of virtual masks eliminates the need for physical masters utilized for 

photolithographic techniques and provides the ability to quickly change network design “on-

the-fly” through digital manipulation.

Laser-based hydrogel degradation has previously been implemented to create microchannels 

to guide neuronal outgrowth in PEGylated fibrinogen[39,40] or silk protein hydrogels[42] and 

to direct cancer cell migration in collagen,[41] but has not been utilized to create perfusable 

3D, biomimetic microfluidic networks as demonstrated here. Hydrogels composed entirely 

of protein (silk[42] or collagen[41]) are degraded via multiphoton absorption.[42] The 

presence of proteins with large multiphoton cross-sections allows for laser-based 

degradation through multiphoton absorption induced chemical breakage.[42] In this study, 

PEGDA hydrogels free of protein were utilized. We speculate that localized degradation of 

PEGDA is mediated by laser-induced optical breakdown of water which generates localized 

plasma formation leading to a rapid thermoelastic expansion of water.[46] Rapid 

thermoelastic expansion can induce high levels of stress on the surrounding polymer leading 

to breakage of covalent bonds and the formation of open voids.[46] PEGDA degradation only 

occurred when enough energy was delivered to induce cavitation (Figure 1B); if 

microbubbles did not form, then polymer breakage did not occur. This supports the idea that 
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thermoelastic expansion induced breakage of covalent bonds is the primary mechanism of 

degradation for hydrogels without a large multiphoton cross-section.

After degradation, the hydrogel was functionalized with a PEGylated, fluorophore-labeled 

cell adhesive ligand, RGDS, via photocoupling (Figure 1A), for both hydrogel visualization 

(Figure 1B,C and 2A) and for cell adhesion (Figure 3D). The resulting microfluidic channels 

were visualized by perfusing a fluorescent species (dextran, bovine serum albumin (BSA), 

or spheres) into the channels (Figure 1A,C). In Figure 1C, the degraded microchannels were 

filled with fluorescent spheres up to 2 μm in diameter. The spheres were able to enter the 

degraded microchannels, but unable to enter the bulk hydrogel, indicating extensive 

degradation in the desired volume defining the channels. To better understand the 

degradative process, we investigated the influence of laser energy on the extent of PEGDA 

degradation (Figure 2).

In addition to fabricating microfluidic channels that are completely void of hydrogel (Figure 

1C and 2A), the total energy delivered to a chosen volume can be reduced by decreasing the 

laser fluence and/or increasing the laser scan speed, thus reducing the exposure time, 

resulting in partial degradation (Figure 2). To demonstrate the ability to locally control the 

extent of hydrogel degradation, eight microchannels were fabricated by scanning the laser at 

a constant fluence, 21.7 nJ μm−2, with eight different scan speeds ranging from 0.005–0.409 

μm μs−1 (left to right in Figure 2A,B). The extent of PEGDA degradation was quantified by 

measuring the intensity of the hydrogel autofluorescence provided by the eosin Y 

photoinitiator (Figure 2A,B: 1st row). A clear trend relating eosin Y intensity to scan speed 

was observed, with higher eosin Y intensity correlating to a faster scan speed, indicating that 

more hydrogel remained in the scanned volume when less energy was delivered (Figure 

2A,B: 1st row). To verify that eosin Y intensity differences were not due to photobleaching 

during degradation, a fluorescently labeled, monoacrylate PEG-RGDS was photocoupled 

into the hydrogel after degradation, and its intensity measured (Figure 2A,B: 2nd row). The 

monoacrylate PEG-RGDS will only couple to free acrylates, acting as a fluorescent reporter 

for the amount of PEGDA present after degradation. The eosin Y and fluorescent PEG-

RGDS signals corroborated each other, verifying that the hydrogel was fully degraded at 

slow laser scan speeds and partially degraded at faster speeds (Figure 2A,B: 1st and 2nd 

rows).

The ability to regulate the extent of hydrogel degradation was further verified by quantifying 

the intensity of two molecular weight dextrans, 10 and 2000 kDa, with Stokes radii of 2.36 

nm and 27 nm, respectively, that were perfused into the microchannels (Figure 2A,B: 3rd and 

4th rows). The smaller 10 kDa dextran was able to fill all of the channels, as indicated by the 

intensity profile, but displayed a gradual decrease in intensity as the laser scan speed 

increased (Figure 2A,B: 3rd row). This indicated that the concentration of the 10 kDa 

dextran in the microchannels decreased as more hydrogel was left in the degraded volumes 

using faster scan speeds (Figure 2A,B: 3rd row), corroborating what was observed for the 

eosin Y and PEG-RGDS measurements (Figure 2A,B: 1st and 2nd rows). Similarly, the 

larger 2000 kDa dextran was able to fill microchannels totally devoid of hydrogel that were 

fabricated at slow laser scan speeds (<0.010 μm μs−1) and the fluorescence intensity tapered 

off as the extent of degradation decreased (Figure 2A,B: 4th row). A clear cut-off where 
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perfusion of the 2000 kDa dextran into microchannels no longer occurred was observed, 

indicating that when the laser was scanned at faster speeds (> 0.082 μm μs−1), the hydrogel 

was not degraded enough to increase the local porosity to facilitate perfusion of the 2000 

kDa dextran into the channels (Figure 2A,B: 4th row). This data demonstrates that the extent 

of hydrogel degradation in a desired volume can be tuned by controlling the energy 

delivered.

To demonstrate an application of controlled degradation, we performed size-based 

separation of fluorescent biomolecules in a microchannel (Figure 2C). A PEGDA hydrogel 

was photopolymerized within a microfluidic device. The scan speeds used to create the eight 

differentially degraded microchannels in Figure 2A were applied in a gradient fashion to 

generate a long microchannel that contained a gradual increase in polymer density from left 

to right. A solution of 2 μm spheres, and 2000 and 10 kDa dextran, was perfused through the 

hydrogel at a flowrate of 10 μL min−1. The movement of varying molecular weight 

fluorescent species, in the direction of flow through the microchannel, was halted at different 

positions along the flow axis resulting in size-based separation (Figure 2C). While the 10 

kDa dextran was able to perfuse the entire channel (Figure 2C: 1st row, blue in 4th row and 

intensity plot), the 2 μm spheres were clustered 125–250 μm from the channel entrance 

(Figure 2C: 3rd row, red in 4th row and intensity plot), while the 2000 kDa dextran was able 

to travel further down the channel, due to its smaller size, until being halted approximately 

300 μm from the channel entrance (Figure 2C: 2nd row, green in 4th row and intensity plot). 

The ability to separate biomolecules based on size indicates that the polymer density 

increased, and thus porosity decreased, from left to right along the channel length (Figure 

2C).

While many methods exist for adjusting bulk porosity of photopolymerized hydrogels pre-

synthesis (monomer/macromer length, weight percent, photoinitiator type and concentration, 

light intensity and exposure time),[47] or mechanically during synthesis,[48] few exist for 

locally adjusting porosity post-synthesis, especially in specific 3D geometries. Laser-based 

hydrogel degradation provides enhanced control over local porosity within desired 3D 

geometries, which could be useful in directing transport within on-a-chip devices.

In vivo, for vascularized tissue, cells are rarely more than 50 to 100 μm from a blood vessel, 

as proximity to vasculature is necessary for oxygen and nutrient delivery.[49] The ability to 

replicate dense, tortuous vasculature in vitro is important in creating engineered tissue 

constructs that recapitulate transport of oxygen and nutrients essential to cell function. While 

many fabrication techniques exist for creating 3D microfluidic networks, no current 

technology is able to recapitulate the native architecture of in vivo vasculature. To address 

this limitation, we demonstrate the ability to recapitulate the native architecture, size, 

tortuosity, and density of in vivo blood vessels in a hydrogel using image-guided,[18,43–45] 

laser-based degradation of vascular -derived microfluidic networks (Figure 3A–C).

A confocal image stack of a microvascular network in the cerebral cortex of a mouse 

injected with fluorescent dextran (Figure 3A,C: 1st row) was converted to a series of virtual 

masks using a MatLab algorithm.[18] The virtual masks guided the position of the 

laser[18,43–45] during feature formation, resulting in highly localized PEGDA degradation in 
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the vascular-derived configuration. The resulting biomimetic microfluidic network was 

perfused with 2000 kDa dextran and imaged (Figure 3A,C: 2nd row). Visual comparison of 

the 3D renderings (Figure 3A: 1st column) and volumes (Figure 3A: 2nd column) indicate a 

high level of fidelity between the in vivo and in vitro microfluidic architectures. For further 

validation, a volume of the network was chosen as indicated by the dashed yellow lines 

(Figure 3A: 2nd column), colored red for the in vivo vasculature (Figure 3C1), and green for 

the vascular-derived microfluidic network (Figure 3C2), and the two renderings merged 

(Figure 3C: 1st column, 3rd row). The dominate yellow in the merged image (Figure 3C: 1st 

column, 3rd row) visually verifies the ability to generate highly tortuous, biomimetic 

microfluidic networks that closely match the complex architecture of in vivo vasculature. To 

quantify the visual observation, the image stacks were skeletonized (Figure 3A: 3rd column 

and 3C: 2nd column) and analyzed to measure the number of branching and terminal nodes, 

network length, and vessel diameter (Figure 3B). Visual inspection of the 3D renderings 

displaying the skeletonized structures (Figure 3A: 3rd column and 3C: 2nd column) with 

branching and terminal nodes (Figure 3A: 3rd column and 3C: 2nd and 3rd columns) 

indicates a high degree of alignment.

The vessel diameters were quantitatively compared by acquiring measurements at the same 

125 locations for both the in vivo and in vitro networks (Figure 3B). The in vivo network 

had an average diameter of 6.0 ± 1.3 μm, while the vascular-derived, in vitro networks were 

slightly larger at 8.1 ± 2.2 μm (Figure 3B). A t-test for populations with unknown variance 

was performed and the difference between the in vivo and in vitro diameters was not 

significant within 95% confidence. However, the mean diameters of the in vitro networks 

were slightly larger, occasionally resulting in merging of vessels in close proximity in high 

density regions. This prompted us to investigate the resolution achievable with laser-based 

PEGDA degradation. Using a 790 nm laser focused through a 20X(NA1.0) water immersion 

objective operating at 37.7 nJ μm−2 with a scan speed of 0.010 μm μs−1, microchannels with 

widths as small as 3.28 μm were achieved (Supplemental Figure 1). The corresponding 

height, in the z-direction along the axis of the focused beam, was 8.86 μm (Supplemental 

Figure 1). Elongation of channel features in the z-direction is a consequence of the shape of 

the focal volume of the focused laser[50] and also from the use of at least two z-planes to 

define the channel. Microchannels fabricated using a single z-plain were not able to support 

flow and therefore two z-planes spaced by 1 μm were implemented resulting in elongation of 

channel features in the z-direction. Elongatoin induced occasional merging of vessels in 

close proximity, and thus a reduction in the number of branching nodes and terminal nodes, 

and total network length for the in vitro architecture leading to significant differences 

compared to the in vivo network.

Occasional merging of two vessels in consolidated branching segments decreased the 

number of branching nodes and segments contributing to the total vessel length. 

Consequently, the number of branching nodes decreased by 8% from 246 to 226 and 

network length by 2% from 18,901 to 18,484 μm from the in vivo to the in vitro networks 

respectively (Figure 3B). The slightly increased diameter also consolidated terminal 

segments resulting in less defined surface protrusions, reducing the number by 14% from 

158 to 136 (Figure 3B). Despite these small discrepancies, the vascular-derived, biomimetic 

microfluidic networks more accurately recapitulate the architecture of native in vivo 
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vasculature than networks fabricated with any existing method. This data demonstrates the 

ability to recapitulate the complex architecture of in vivo vasculature in vitro with high 

resolution and accuracy.

While the ability to generate biomimetic microfluidic structures overcomes many of the 

limitations of existing fabrication methods, it is important to create EC linings in these 

microchannels. After degradation, monoacrylate PEG-RGDS was photocoupled into the 

hydrogel to enable cell adhesion to the channel surfaces. ECs were perfused into the 

microchannels and cultured for 11 days, after which the ECs were fixed, fluorescently 

labeled to visualize the nuclei (Figure 3D: 2nd row, blue in 1st row) and tight junctions (zona 

occludens protein-1: (ZO-1)) (Figure 3D: 3rd row, green in 1st row), and imaged. A 3D 

rendering of the fluorescently labeled ECs demonstrates complete coverage of the channel 

surface and formation of tight junctions (ZO-1) between adjacent ECs (Figure 3D: 4th row). 

The ability to generate 3D, biomimetic microfluidic networks that recapitulate in vivo 
vascular architecture, and that can be endothelialized, opens new avenues for generating 

vascularized engineered microtissues.

Most research concerning the formation of 3D microfluidic networks has focused on 

generation of single networks. In vivo, tissues contain multiple microfluidic networks in 

close proximity: lymphatic, cardiovascular, and biliary, for example. Interstitial flow 

facilitates cell function via transport of soluble factors,[10,36] and incorporation of mimetic 

lymphatic systems, 9 along with cardiovasculature, stabilizes vascular structures.[22] Using 

multiple microfluidic networks, one can begin to impart interstitial flow within in vitro 
constructs and begin mimicking in vivo-like transport. Toward this goal, we demonstrate the 

ability to fabricate two independent and closely intertwining microfluidic networks that 

never directly connect, yet allow for inter-network communication via transport through the 

hydrogel (Figure 4). While there is a long way to go to recapitulate in vivo transport in vitro, 

the data presented here is a first attempt demonstrating feasibility.

Two independent microfluidic networks filling the same hydrogel volume by intertwining, 

without directly connecting, were fabricated (Figure 4B), and the inter-network transport of 

fluorescent biomolecules quantified (Figure 4C,D). In vivo, lymphatic and cardiovascular 

networks come within 10–20 μm of each other.[51] To mimic this distance, the two 

intertwining networks were designed to be separated by 15 μm at their closest point (Figure 

4A,B). The microchannel volumes were converted to a series of virtual masks[18] and 

formed using laser-based hydrogel degradation. Each microchannel connected to its own 

reservoir to allow perfusion of two different fluorescent biomolecules, BSA and 2000 kDa 

dextran, into each microchannel independently (Figure 4C,D). Each fluorescent species was 

added to one of the reservoirs and the perfusion of these species into their own channels and 

inter-network transport to the adjacent microchannel was monitored (Figure 4C). Intensity 

measurements were collected in the area delineated by the dashed white boxes in Figure 4C. 

The intensity data for each species within its own channel and in the adjacent microchannel 

was normalized and plotted as a function of time (Figure 4D). The intensity profiles show 

that both microchannels filled quickly, reaching ~75% of their maximum intensity within 20 

min, and transport of the BSA into the dextran channel, and vice versa, occured (Figure 4D). 

The BSA, 68 kDa, was able to diffuse through the hydrogel into the adjacent microchannel 
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more readily than the 2000 kDa dextran (Figure 4D), as expected based on size. The 

transport of BSA into the adjacent dextran channel reached 46% of its maximum in-channel 

value, while the larger dextran only reached 15% intensity in the BSA channel (Figure 4D). 

While this is a simple proof-of-principle demonstration, it is the first, to our knowledge, 

observing transport between adjacent, 3D microfluidic networks in a hydrogel. Expanding 

upon this idea may provide the capability of recapitulating in vivo-like interstitial transport 

in in vitro tissue constructs.

We developed a new approach to fabricate 3D, hydrogel-embedded, biomimetic microfluidic 

networks by combining laser-based degradation with image-guided laser control and 

demonstrated that it can be used to: locally control the concentration and porosity of 

hydrogels in desired 3D geometries; fabricate truly 3D, biomimetic, capillary-like 

microfluidic networks; and generate two independent, yet interacting, microfluidic networks 

in close proximity. Using these unique hydrogel modification properties, we demonstrated: 

size-based separation of varying molecular weight biomolecules in a single microchannel; 

vascular-derived microfluidic networks that recapitulate the dense, tortuous architecture of 

in vivo vasculature; and interstitial transport between intertwining, yet independent, 

microfluidic systems. Although we utilized PEGDA here, laser-based degradation of PEG-

fibrinogen[39,40] and collagen[41] hydrogels has been implemented for other applications, 

indicating the ability to generate microfluidic networks in many synthetic and natural 

hydrogels. Since this image-guided process relies on the use of virtual masks, design 

modifications are easily made through simple digital manipulation, removing the need to 

generate new masters for iterative design changes needed for photolithographic 

technologies. Furthermore, since virtual masks can be developed from both image- and 

CAD-derived architectures, this approach opens endless possibilities for microfluidic design. 

While photolithographic techniques usually require a cleanroom, the fabrication presented 

here was performed using a commercially available confocal microscope that is present on 

most university campuses, providing the possibility for virtually any academic researcher to 

apply this technology. As organ- and human-on-a-chip devices become more sophisticated 

and biomimetic, there is a need to transport nutrients and oxygen to, and waste away from 

cells via different microfluidic networks. The data presented here demonstrates proof-of-

principle that recapitulating in vivo-like transport using multiple, high density microfluidic 

networks, that mimic the architecture of native tissues, may prove advantageous in 

fabricating advanced on -a-chip devices.

Experimental Section

See Supporting Information for experimental details.

Supplementary Material

Refer to Web version on PubMed Central for supplementary material.
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Figure 1. Fabrication of Microfluidic Channels in PEGDA Hydrogels
(A) A 5% 3.4 kDa PEGDA hydrogel is photopolymerized against a PDMS master to create 

reservoirs. A 790 nm, 140 fs pulsed laser focused through a 20X(NA1.0) water immersion 

objective is raster scanned in desired 3D configurations to locally degrade the hydrogel. The 

hydrogel is fluorescently labeled via photocoupling of a monoacrylate fluorescent PEG-

RGDS to visualize degraded volumes. The reservoirs are filled with a fluorescent species 

(dextran (Dex), bovine serum albumin (BSA), nano- or microspheres) and the microchannels 

imaged via confocal microscopy. (B: left column) Time-lapse images of PEGDA during 

laser-induced degradation of a 500×100×100 μm (x,y,z) channel. (B: right column) As 

microbubbles form they migrate to the reservoir and coalesce to form a large bubble. The 

microchannel walls are depicted by dashed black lines. (C) 3D renderings of a micromolded 

hydrogel and microchannels filled with 10, 500, and 2000 kDa fluorescent dextran and 200 

nm and 2 μm fluorescent spheres. (B) SB=50 μm.
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Figure 2. Controlled Local Hydrogel Porosity and Size-Based Separation of Fluorescent Species
(A) The local hydrogel porosity was controlled by altering the laser scan speed while 

degrading at a constant fluence of 21.73 nJ μm−2. (A: top two rows) Z-projections of a 3D 

image stack depicting the eosin Y and fluorescent PEG-RGDS show where the hydrogel 

(lighter regions) was degraded to form microchannels (darker regions). (A: bottom two 

rows) Z-projections of fluorescent 10 and 2000 kDa dextran perfused into the microchannels 

are also shown. (A,B: channel on far left side) A slow scan speed, 0.005 μm μs−1, induced 

total hydrogel degradation resulting in a completely open microchannel as observed in the 

eosin Y and fluorescent PEG-RGDS (A) images and (B) intensity profiles. (A,B: channels 

from left to right) Increasing the scan speed induced partial hydrogel degradation resulting 

in microchannels containing some polymer but with an increased pore size relative to the 

unmodified base hydrogel as indicated by the (A,B: 4th row) inability for 2000 kDa dextran 

to perfuse into these channels and (A,B: 3rd row) decreased intensity of 10 kDa dextran. (A: 

4th row) The white box (389×37.4 μm) indicates where the (B) intensity measurements were 

acquired for each z-projection. (A,B) The vertical dashed lines, indicated by the black 

arrows, are in the same location for orientation purposes. (C) The degradation parameters 

used to create the microchannels in (A) were applied in a gradient fashion by increasing the 

scan speed from left to right to create a long rectangular channel (white lines indicate 

channel walls) that allowed for size-based separation of fluorescent species (2000 kDa 

dextran and 2 μm spheres) during flow; Q = 10 μL min−1. Normalized intensity profiles 

measured for each fluorescent species were plotted as a function of distance from the 

channel entrance. (A,C) SB=50 μm.
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Figure 3. 3D Vascular -Derived Microfluidic Networks
(A) A confocal image stack of (red) cerebral cortex vasculature was used to fabricate a 

(green) biomimetic microfluidic network in a PEGDA hydrogel. The in vivo and in vitro 
microfluidic networks were skeletonized for quantitative analysis. (B) Four metrics were 

used to quantity the microfluidic networks. (C) The insets in (A) are expanded to 

demonstrate the ability to recapitulate the dense, tortuous in vivo vascular network in 

PEGDA. (D) Microchannels were seeded with mouse brain endothelial cells, fluorescently 

labeled with DAPI (blue: nucleus) and ZO-1 (green: tight junctions), and imaged via 

confocal microscopy. (D) SB=50 μm.
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Figure 4. Transport Between 3D Intertwining Microchannels
(A) A 3D model containing two independent yet intertwining microchannels (20×20 μm: 

x,y) was designed in SolidWorks; the white arrows in the 2D projection indicate the flow 

direction. (B) The 3D model was used to fabricate two microfluidic networks in PEGDA and 

the microchannels were exposed to (red) 70 kDa dextran and (green) BSA. Orange in the 3D 

renderings indicates transport of the two fluorescent species from their respective 

microchannel, through the hydrogel, into the adjacent channel. (B: right panel) Looking 

down the central axis of the intertwining channels shows that the two networks come within 

15 μm of each other but never directly connect. (C) Time-lapse confocal images of species 

movement show (green) 2000 kDa dextran and (red) BSA filling their respective 

microchannel and transport through the hydrogel into the adjacent channel. (D) White dotted 

boxes in (C) indicate where intensities of 2000 kDa dextran and BSA were measured over 

time. (D: left graph) Normalized intensity of 2000 kDa dextran in its own channel and 

diffusion into the BSA channel (D: right graph). Normalized intensity of BSA in its own 

channel and diffusion into the 2000 kDa channel. (C) SB=20 μm.
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