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Gold nanoparticles (AuNPs) have been increasingly integrated in biological systems, making it

imperative to understand their interactions with cell membranes, the first barriers to be crossed to

enter cells. Herein, liposomes composed of 1,2-dimyristoyl-sn-glycero-3-phosphocholine (DMPC)

as a model membrane system were treated with citrate stabilized AuNPs from 5 to 30 nm at various

concentrations. The fluorescence shifts of Laurdan probes reveal that AuNPs in general made

liposomes more fluidic. The increased fluidity is expected to result in an increased surface area, and

thus liposome shape changes from circular to less circular, which was further confirmed with

fluorescence microscopy. The localized stress in lipids induced by electrostatically adsorbed AuNPs

was hypothesized to cause the dominant long-range effect of fluidization of unbound lipid

membranes. A secondary effect of the AuNP-induced lateral pressure is the membrane rupture or

formation of pores, which was probed by AFM under fluid. We found in this study a nanoparticle-

mediated approach of modulating the stiffness of lipid membranes: by adsorption of AuNPs,

lipids at the binding sites are stiffened whereas lipids afar are fluidized. Understanding the

factors that modulate lipid packing is important for the discovery of alternative therapeutic

methods for diseases linked to membrane integrity such as high blood pressure and cancer

metastasis. Published by AIP Publishing. [http://dx.doi.org/10.1063/1.4972868]

The size resemblance of nanoparticles (NPs) to biologi-

cal macromolecules coupled with the NPs’ high surface

energy leads to intricate interactions between the two enti-

ties. Myriads of study have been conducted to gain insights

into the bio-nano interface for biomedical applications.1,2

Gold nanoparticles (AuNPs) are the most extensively studied

NPs owing to their tunable sizes, well-defined surface chem-

istry, and the quantum size effects.3,4 Being biocompatible

and inert,4,5 AuNPs are very attractive for biomedical and

pharmaceutical applications,6,7 such as drug and gene deliv-

ery,8–10 medical diagnostics,11,12 and therapeutics.13,14 The

increasing integration of AuNPs in the biological systems

makes it imperative to understand how they interact with cell

membranes, the first barriers to be crossed to enter cells. We

show in this paper how unmodified AuNPs of various sizes

affect the lipid packing in a simplified model membrane sys-

tem. The extent of lipid packing is one of the key physico-

chemical features of biological membranes and plays an

important role in providing anchorage platform for the

orchestrated function of receptors and enzymes in cell sig-

naling.15 Some drugs, e.g., Losartan, are known to take effect

by altering membrane viscosity.16 The goal of this study is to

identify key factors on how AuNPs affect the lipid packing.

Lipid vesicles, or liposomes, are spherical constructs of

lipid bilayers and provide a simplified, repeatable, and stable

model for cell membranes. Devoid of the complexity of

embedded proteins and the large variability in different cellular

lines and culture media,17 liposomes allow for the physico-

chemical characterization of the AuNP-lipid interaction.7,18–21

In this study, the sizes of AuNPs are chosen from 5 to 30 nm

to be comparable to those of bio-macromolecules and other

components of cell membranes.

We prepared liposomes by thin lipid film extraction (sup-

plementary material). A chloroform solution of DMPC (1,2-

dimyristoyl-sn-glycero-3-phosphocholine, Sigma-Aldrich,

Figure 1(b)) and Laurdan (6-dodecanoyl-2-dimethylamino-

naphthalene, Invitrogen) was first dried and then hydrated in

phosphate buffered saline (1� PBS). Repeated incubation at

37 �C and vortexing were applied followed by sonication. A

room temperature (�22 �C) incubation for 48 h led to a sus-

pension of large unilamellar vesicles (LUVs) and giant unila-

mellar vesicles (GUVs). Then, 25 ll of DMPC liposomes

(2 mg/ml) was mixed with AuNPs (citrate stabilized in

0.1 mM PBS, Sigma-Aldrich) of various sizes (5, 10, 20, and

30 nm) and different amounts (25, 50, 75, and 100 ll) into

1 ml of 1� PBS. Spectrofluorometry (K2 Spectrofluorometer,

ISS, Inc.) was later performed at 22 (61) �C with excitation

at 340 nm and emission recorded from 360 to 500 nm.

Laurdan, a hydrophobic fluorescent probe for evaluation

of lipid packing, is made up of a dimethylamino group, a car-

bonyl group, and a naphthalene moiety (Figure 1(b)).22
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When lodged between the acyl chains of a lipid bilayer,

Laurdan probes the polarity changes associated with the con-

centration and molecular dynamics of surrounding water

molecules, a direct measure of lipid packing or membrane

phases.23 The emission maximum of Laurdan is 440 nm for

lipids in the ordered gel phase and shifts to 490 nm in the dis-

ordered fluid phase (Figure 1(c)), a red shift caused by the

increased dipolar relaxation of the fluorescent naphthalene

moiety of Laurdan. In the gel phase (Figure 1(d)), the lipids

are tightly packed so the reorientation of water molecules

around the excited dipole of Laurdan can hardly occur.

Whereas in the liquid disordered phase (Figure 1(e)), the

increased concentration and mobility of water molecules

around increase Laurdan’s dipolar relaxation and therefore a

red shift in emission. The dual emission of Laurdan is quan-

tified by the generalized polarization (GP) function as GP

¼ I440�I490

I440þI490
, where I440 and I490 are the emission intensities at

440 and 490 nm, respectively.24,25 An increase in GP func-

tion suggests a transition toward the gel phase whereas a

decrease represents fluidization.26

Multiple fluorescence images (Olympus IX-71) of

Laurdan-labeled liposomes were recorded for size and circular-

ity analysis with ImageJ software package (National Institutes

of Health). Circularity, calculated as
4pðAreaÞ
ðPerimeterÞ2, is a measure of

how circular each particle is. Particles in ImageJ are modelled

as ellipses. An ellipse with a circularity of 0 is a straight line,

while a circularity of 1 represents a perfect circle.

A multimode AFM (Bruker, CA) study was carried out

in a fluid cell filled with 1� PBS. Supported DMPC bilayers

deposited on freshly cleaved mica surface incubated with

AuNPs (5 to 50 nm) were imaged (supplementary material).

The peak force quantitative nanomechanical (PF-QNM)

characterization, including thickness, deformation, and

Young’s modulus, was performed using soft calibrated

MSCT cantilever on bilayers spanning their break-through

strength.27 Multiple force curves were recorded to determine

the elastic limit, and the Young’s modulus was derived from

the Hertz model.

Figure 2(a) shows the size distribution of as-prepared lip-

osomes analyzed from fluorescence images. Approximately

44% of as-prepared liposomes are LUVs (diameter less than

1 lm) and 56% are GUVs (diameter larger than 1 lm).28

Note that the size was determined by fluorescing pixels, usu-

ally larger than the actual particle size. Therefore, this result

should be taken for the perception of an approximate size

range in the experiment. Given the wide size range and varied

polydispersity, more accurate size characterization technique

such as DLS (dynamic light scattering) is not suitable here as

the scattering from submicron liposomes will be over-

whelmed by that from larger liposomes.

The graphs of %GP changes of AuNP-treated liposomes

from the control are shown in Figures 2(b). The averages of

four independent experiments for each size and concentra-

tion combination were plotted in the graphs. Note that a

positive %GP change suggests a transition toward gel phase

whereas a negative change for a transition toward fluid

phase. Negative %GP changes are found for almost all cases

except for 5-nm AuNPs at 75 ll, suggesting that AuNPs tend

to make as-prepared liposomes more fluidic or disorderly

packed. In particular, the most pronounced GP change of

FIG. 1. The structural formula of DMPC (a) and Laurdan (b). Fluorescence

red shift (c) of Laurdan when partitioned between ordered (d) and disordered

(e) DMPC bilayers. In (d) and (e), the Laurdan naphthalene moieties anchor

at the glycerol backbone of DMPC but alignments differ. The purple

double-headed arrows next to bilayer diagrams represent the possible align-

ments of Laurdan dipole moments. Water molecules are represented as tiny

black double-headed arrows.

FIG. 2. (a) Size distribution of as-prepared liposomes from fluorescence

image analysis. (b) Percent changes in generalized polarization (% GP) of

control liposomes vs. treatment of various sizes and concentrations of

AuNPs. (c) Representative fluorescence images of liposomes under various

AuNP treatment (center). The mean values of circularity (left). The histo-

grams of percent populations for low (0–0.5), medium (0.5–0.8), and high

(0.8–1) circularities (right). (d) Size uniformity of 20-nm AuNPs imaged by

QNM AFM.
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�30% occurred with 30-nm AuNPs at 50 ll and the highest

positive %GP change of þ14% was found with 5-nm AuNPs

at 75ll. Given the variability in size distribution of lipo-

somes among different batch of preparations, conclusions

can be drawn here that AuNPs from 5 to 30 nm tend to make

as-prepared liposomes more fluidic and larger AuNPs

(greater than 5 nm) impact the lipid packing more effectively

than 5-nm AuNPs. Note that DMPC bilayers feature the

lipid-chain melting/disordering at 24 �C; therefore, our

experiments conducted at 22 �C may cause an enhanced

impact by AuNPs as seen in the data.29,30

The fluidization increases the liposome surface area

because the head groups of lipids lose the triangular lattice

order and adopt a more disordered arrangement with increased

inter-molecular spacing.31 An increased surface area with a

given volume should undergo a shape change from spheres to

oblongs because the volume-to-surface ratio decreases.32 To

test this hypothesis of fluidization-led-to shape changes, the

liposome circularity analysis was conducted at AuNP treat-

ment of 100 ll for different sizes. Figure 2(c) shows the repre-

sentative fluorescence images of Laurdan-labeled liposomes

treated with different size AuNPs juxtaposed with the histo-

grams of percent populations for liposomes of low (0–0.5),

medium (0.5–0.8), and high (0.8–1) circularities. The lipo-

somes without AuNPs have 86% high-circularity population,

the greatest among all analyzed. Rod-like liposomes were

found frequently with 10 and 30-nm AuNP treatment, as evi-

denced by much greater low-circularity population of 21% and

17%, respectively. Consequently, the mean circularities from

10 and 30-nm AuNPs registered the lowest values of 0.77 and

0.82. In Figure 2(b) at 100 ll, 10 and 30-nm AuNPs induced

greatest negative %GP changes of �19%, followed by 20-nm

AuNPs of �14% and 5-nm of �8%. The mean circularities

followed the exact same order of %GP changes with 10, 30,

20, 5-nm AuNPs and control, corresponding to 0.77, 0.82,

0.88, 0.90, and 0.92. The total agreement between %GP

changes and mean circularities supports the aforementioned

hypothesis that AuNP-induced membrane fluidization leads to

less circular liposomes.

The nonspecific adsorption of charged nanoparticles

onto the single-component phospholipid bilayer and the dis-

ruption of lipid bilayers have been observed previously.32–36

The AuNPs used in this work were prepared by citrate reduc-

tion of chloroauric acid (HAuCl4) and stabilized in 0.1 mM

PBS.37 The citrate capped AuNPs carry negative surface

charges. They show good size uniformity as confirmed with

AFM at 20 nm (Figure 2(d)). Previous studies have shown

both experimentally38 and theoretically18 that negatively

charged AuNPs can disrupt zwitterionic membranes and

form nanoscale “holes” or “pores” on lipid bilayers.39 The

formation of pores in supported lipid bilayers was previously

observed under AFM for various nanoparticles including

peptides, proteins, polymers, AuNPs, and silica nanopar-

ticles.35 In Figure 3(a), the AFM height image of supported

DMPC bilayers shows similar AuNP-induced pores. As

many as five pores can be seen on the large lipid patch,

whereas only one pore is found on the small patch. The

diameters of the pores range approximately from 170 to

310 nm. A sizable aggregate of AuNPs in pinkish hue can be

found adjoining the lower part of the large lipid patch. These

features are confirmed with the height profiles (Figure 3(a)):

the tall peak at 40 nm features AuNP aggregates; the single

lipid bilayer has an average thickness of 6 nm; the pores

level with the substrate. In Figure 3(b), an average of 3.5-nm

deformation was generated on the large lipid patch while

approximately 2 nm of deformation was generated on the

small lipid patch. The greater indentation generated on the

large patch than on the small one is likely a result from a

higher density of AuNPs on the large patch (Figure 3(a)).

This is yet another confirmation that AuNPs make lipid

bilayer more fluidic or more elastic. Similar conclusion can

be drawn from the Young’s modulus image and the section

profile in Figure 3(c), where the Young’s modulus of the

large lipid patch is �107.6 Pa versus �108.0 Pa for the small

FIG. 3. (a) The AFM height image of

supported DMPC bilayers incubated

with AuNPs and imaged under 1�
PBS at low QNM force of 3.3 nN. The

height profiles along two section lines

across the big (blue) and small (red)

bilayer patches respectively are shown

below. (b) The AFM mapping of

bilayer deformation under 1� PBS at

medium QNM force of 6.6 nN and the

deformation profile along the section

line. (c) Strain-dependent elastic mod-

ulus map and the section profile at low

QNM force at 0.33–1.5 nN. (d) AFM

topographic images of DMPC bilayer

disruption by high concentration

AuNPs under 1� PBS. (e) AFM topo-

graphic image of the DMPC bilayer

with a low concentration of AuNPs. (f)

AFM topographic image and height

section plot along the blue arrow of a

DMPC bilayer with few AuNP(s) under

1� PBS in the “ripple” phase.38 Scale

bars: 1 lm or otherwise specified.
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patch. In other words, the stiffness of the small lipid patch is

2.5 times that of the large patch. Higher density of AuNPs

has softened the large lipid patch. When the concentration of

AuNPs is high, multiple ruptures are found on lipid bilayers

(Figure 3(d)); when the concentration of AuNPs is low, the

lipid bilayers are round and continuous without holes or rup-

tures (Figure 3(e)). This comparison further confirms the

effect of pore formation induced by AuNPs on lipid bilayers.

A higher resolution of AFM in Figure 3(f) reveals the ripple

phase of a continuous lipid bilayer with few to none AuNP

adsorption.38

The adsorbed negatively charged AuNPs have been pre-

viously reported to stiffen phosphatidylcholine (PC) lipid

bilayers at molecular length scale and restructure the bound

lipid molecules into a raft-like phase.39 Combining this and

the results above, we hypothesize a localized stiffening and

long-range fluidization model. First, AuNPs adsorb onto

liposome surfaces through attractive Coulomb potential

(Figures 4(a) and 4(b)). Upon adsorption, the phosphocho-

line (PC) head group (Figure 1(a)) switch from a leaning

position to a stand-up position due to dipole-charge interac-

tion (Figure 4(c)). The electrostatic forces draw otherwise

loosely packed lipid molecules to tightly pack around the

AuNP binding sites, thereby forming raft-like domains

(Figure 4(b)). As the distance of lipids from adsorbed AuNPs

increases, the attractive force decreases. When the lipids are

far from the adsorbed AuNPs, the Coulomb attraction is neg-

ligible. However, a perturbation arising from stiffened

AuNP-adsorbed lipids affects the lipid packing far away. As

these lipids have to cover more surface area vacated by

AuNP-adsorbed lipids, the lipid-lipid spacing increases, and

therefore fluidity increases as observed in %GP and AFM

studies. The raft-like domains of AuNP-bound lipids, on the

other hand, should increase the GP value. However, this con-

tribution is rather small and only partially cancels out the GP

decrease due to the long-range lipid fluidization. Assuming

100% AuNP adsorption (the actual binding is lower), the

ratio of DMPC pairs per AuNP (supplementary material)

ranges from 4� 103 (5 nm at 100 ll) to 5� 106 (30 nm at

25 ll), translating into area of unbound lipid bilayer thou-

sands to millions times that of the raft-like AuNP-adsorbed

patches. The actual binding determined by adsorption iso-

therm will be lower than 100%. Therefore, fluidization domi-

nates gelation, leading to an overall increased fluidity as

observed. However, when liposomes are more densely

adsorbed with AuNPs, more rigidified lipid domains contrib-

ute to GP increase, therefore more likely counteracting the

long-range GP decrease. That explains one exception of

increased GP observed for 5-nm AuNP at 75 ll, the second

highest density of AuNP coverage among all tested. Given

the variations in AuNP binding and liposome size distribu-

tion from preparation to preparation, it is acceptable that the

experiment did not follow exactly the calculation-based

trend.

Another consequence induced by adsorbed AuNPs is the

membrane pore formation, which we consider as a secondary

effect of altered lipid packing. We argue that the pores are

ruptures resulting from the lateral pressure induced by multi-

ple AuNP adsorptions,16 rather than from the insertion of

AuNPs. A simulation has suggested that a hole is transiently

formed before AuNP entry and closed after AuNP transloca-

tion.40 Also, the insertion of charged AuNPs in this study is

not energetically favorable because of the hydrophobic

lipidic tails. In addition, the pore sizes found on the AFM

image (Figure 3(a)) range from 170 to 310 nm, much larger

than individual AuNPs, making penetration-caused pore

formation by single AuNPs unlikely but possible if AuNP

concentration is high enough.16 Figure 4(d) illustrates a pos-

sible top-view lipid head group arrangement of pore forma-

tion. Note that the ordered domains are stressed regions

induced by bound AuNPs; however, AuNPs are removed for

viewing purpose.

In summary, citrate stabilized AuNPs from 5 to 30 nm

generally increase the fluidity of as-prepared DMPC lipo-

somes as found in fluorescence shifts of Laurdan and AFM

nanomechanical characterization. The increased fluidity

leads to an increased surface area, which results in lipo-

some shape changes from circular to less circular, as con-

firmed in fluorescence images. The localized stress in lipids

induced by electrostatically adsorbed AuNPs was hypothe-

sized to cause the dominant long-range effect of fluidization

of unbound lipid membranes. A secondary effect of the

AuNP induced lateral pressure is the membrane rupture or

pore formation, as observed in multi-mode AFM under

fluid. What we found in this study supports the supposition

in an earlier article that “nanoparticle-induced reconstruc-

tion of the phase state offers a new mechanism to modulate

stiffness.”33 The rigid patches on cell membranes, or lipid

rafts, are traditionally held as liquid-ordered domains stiff-

ened by enrichment of cholesterol and sphingolipids.41 In

this study, the adsorption of AuNPs was found to offer an

FIG. 4. The electrostatic forces between lipid head groups and charged

AuNPs draw otherwise loosely packed liposome molecules (a) to tightly

pack around the binding sites and forming raft-like domains (b). (c) The head

group of a DMPC molecule switch from the leaning to the stand-up position

under the dipole-charge interaction with a citrate-capped AuNP. (d) A possi-

ble top-view of lipid head group arrangement of a pore formed by multiple

AuNP adsorptions. Note that the ordered domains (in dark shade) are stressed

regions with AuNPs sitting on top but removed for viewing convenience.
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alternative approach of modulating membrane packing:

they stiffen the lipids bound to them whereas fluidize lipids

far from the binding sites. Understanding the factors that

modulate lipid packing is important for the discovery of

alternative therapeutic methods for diseases that are linked

to membrane integrity such as high blood pressure and can-

cer metastasis.42

See supplementary material for liposome and AFM sam-

ple preparation, AFM force curves, and the calculations of

ratio of DMPC pairs per AuNP.
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