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Replication fork passage drives asymmetric
dynamics of a critical nucleoid-associated protein
in Caulobacter
Rodrigo Arias-Cartin1,2, Genevieve S Dobihal1,3,†, Manuel Campos1,2,3, Ivan V Surovtsev1,2,3, Bradley

Parry1,2 & Christine Jacobs-Wagner1,2,3,4,*

Abstract

In bacteria, chromosome dynamics and gene expression are modu-
lated by nucleoid-associated proteins (NAPs), but little is known
about how NAP activity is coupled to cell cycle progression. Using
genomic techniques, quantitative cell imaging, and mathematical
modeling, our study in Caulobacter crescentus identifies a novel
NAP (GapR) whose activity over the cell cycle is shaped by DNA
replication. GapR activity is critical for cellular function, as loss of
GapR causes severe, pleiotropic defects in growth, cell division, DNA
replication, and chromosome segregation. GapR also affects global
gene expression with a chromosomal bias from origin to terminus,
which is associated with a similar general bias in GapR binding
activity along the chromosome. Strikingly, this asymmetric localiza-
tion cannot be explained by the distribution of GapR binding sites
on the chromosome. Instead, we present a mechanistic model in
which the spatiotemporal dynamics of GapR are primarily driven by
the progression of the replication forks. This model represents a
simple mechanism of cell cycle regulation, in which DNA-binding
activity is intimately linked to the action of DNA replication.

Keywords Caulobacter; cell cycle; chromosome organization; DNA replication;

nucleoid-associated protein

Subject Categories Chromatin, Epigenetics, Genomics & Functional

Genomics; DNA Replication, Repair & Recombination; Microbiology, Virology

& Host Pathogen Interaction

DOI 10.15252/embj.201695513 | Received 16 August 2016 | Revised 29 November

2016 | Accepted 30 November 2016 | Published online 23 December 2016

The EMBO Journal (2017) 36: 301–318

Introduction

All cells must control chromosome dynamics and coordinate DNA

processes to achieve robust cellular replication. In bacteria, which

lack histones, DNA-binding proteins known as nucleoid-associated

proteins (NAPs) play important roles in chromosome organization,

DNA segregation, and gene expression at a global scale (Browning

et al, 2010; Dorman, 2014). There is a variety of NAPs, and their

cellular abundance can vary with the growth phase of the culture

(Ali Azam et al, 1999). They tend to have a promiscuous DNA-

binding activity, which results in broad association with the chro-

mosome (nucleoid).

In eukaryotic cells, histone activity is highly cell cycle-regulated,

including during the process of DNA replication when fork progres-

sion disrupts histone arrangement (Groth et al, 2007). NAP activity

is also suspected to be cell cycle-regulated in bacteria (Browning

et al, 2010), but how is usually not clear. Perhaps the best known

examples of coupling between NAP activity and the cell cycle come

from SeqA and the condensin protein Smc (MukB in Escherichia

coli). For example, in Bacillus subtilis, Smc is recruited close to the

origin of replication from which it is thought to help “zip up” the

chromosomal arms following DNA replication (Sullivan et al, 2009;

Su’etsugu & Errington, 2011; Marbouty et al, 2015; Wang et al,

2015). SeqA, a protein that controls the initiation of DNA replication

in enteric bacteria (Lu et al, 1994; Waldminghaus & Skarstad, 2009),

binds behind the moving replication machinery by preferentially

recognizing hemimethylated GATC sites that are transiently formed

following replication (Sanchez-Romero et al, 2010; Waldminghaus

et al, 2012; Helgesen et al, 2015). However, unlike other NAPs, Smc

has an ATPase activity and a specialized DNA clamping function.

SeqA is also unusual in having a well-defined DNA-binding sequence

that is modulated by DNA methylation. Since these proteins differ

substantially in their mechanisms of action from most NAPs, there

are likely to be other mechanisms that couple NAP activity to chro-

mosome dynamics and cell cycle progression.

We sought to examine this possibility in Caulobacter crescentus.

In this bacterium, the cell cycle starts at the so-called swarmer cell

stage, which corresponds to G1 phase. At this stage, the single chro-

mosome is oriented along the cell length such that the origin of
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replication (ori) is located near the “old” cell pole and the terminus

(ter) is near the “new” pole (Jensen & Shapiro, 1999a; Viollier et al,

2004). During the swarmer-to-stalked cell transition (entry of S

phase), DNA replication is initiated at ori following the assembly of

the replication machinery (replisome). One ori remains at the old

pole while the other segregates to the new pole (Jensen & Shapiro,

1999a). DNA replication is accompanied by the migration of the

replisomes toward midcell (Jensen et al, 2001). Chromosome segre-

gation occurs concomitantly, with the ter region moving from the

new pole toward the middle of the cell (Jensen & Shapiro, 1999a).

When replication completes at ter near midcell, the replisomes

disassemble until a new round of replication initiates at the next

division cycle. How NAPs fit into this sequence of events is not well

understood (Hong & McAdams, 2011; Schwartz & Shapiro, 2011; Le

et al, 2013).

The fitness cost associated with deletion of NAP-encoding genes

can vary between bacteria. For example, in Escherichia coli, loss of

HU through double deletion of its subunit genes results in severe

defects in cell growth, cell division, and chromosome segregation

(Huisman et al, 1989). In Bacillus subtilis, deletion of smc is condi-

tional, resulting in cell death under fast-growth conditions due to

defects in chromosome partitioning and organization (Britton et al,

1998; Moriya et al, 1998). In contrast, the corresponding

Dhup1Dhup2 and Dsmc mutations in C. crescentus display little to

no apparent defect in cell growth, cell size distribution, fitness, or

global chromosome organization (Christen et al, 2011; Le et al,

2013; Appendix Fig S1A–C). In fact, none of the other known (IHF)

or putative (Lrp) NAPs in C. crescentus appear critical for cellular

growth or general fitness, at least under standard laboratory condi-

tions (Siam et al, 2003; Christen et al, 2011). While redundancy

among known NAPs may contribute to the lack of dramatic pheno-

types associated with the loss of individual proteins, we initiated a

study with the premise that C. crescentus might have another NAP

that plays a crucial role in the cell. Here, we describe the identifi-

cation and characterization of a NAP whose activity is critical for

faithful cellular replication and whose asymmetric dynamics during

the cell cycle is shaped by the passage of the replication fork.

Results

Identification of a NAP critical for cell function

We initiated our search for a new NAP by screening C. crescentus

protein sequences for features characteristic of NAPs, including high

protein abundance, small protein size, and the presence of a puta-

tive DNA-binding domain. We focused our attention on proteins

that are associated with a severe fitness cost when their gene is inac-

tivated based on a genome-wide Tn-seq study (Christen et al, 2011).

This bioinformatics search led to CCNA_03428, an 89-amino acid

protein that largely consists of a conserved domain of unknown

function (DUF2312) carrying a putative DNA-binding domain and a

predicted coiled-coil domain (Rigden, 2011; Fig 1A). The Tn-seq

study identified this gene as essential for viability in PYE medium

(Christen et al, 2011). Based on the genome sequences available in

2015, we found that the DUF2312 domain is not only highly

conserved in a-proteobacteria, as reported before (Kainth & Gupta,

2005; Gupta & Mok, 2007), but also has representatives in

cyanobacteria, firmicutes, planctomycetes, actinobacteria, and even

archaea and eukaryotes (Fig EV1A), possibly through horizontal

gene transfer. Interestingly, CCNA_03428 homologs are also found

in phages. In these cases, the DUF2312-containing genes are gener-

ally located within the phage genomic regions allocated to genes

involved in DNA-related processes (Ely et al, 2015; Fig EV1B),

further hinting at the possibility that CCNA_03428 may have a

nucleoid-associated function. This protein was recently named GapR

(Ricci et al, 2016).

GapR binds to DNA

In C. crescentus, unlike in E. coli, DNA fluorophores that label the

nucleoid light up the entire cytoplasm when imaged by epifluores-

cence microscopy because the chromosome spreads from pole to

pole in this bacterium. As a result, cytoplasmic and nucleoid-

associated proteins cannot be easily distinguished in colocalization

experiments with DNA signal. Therefore, to test experimentally

whether GapR associates with the nucleoid, we examined the local-

ization of a GapR-Venus fusion (expressed from the gapR promoter

from an ectopic chromosomal locus) in a temperature-sensitive ftsA

parE C. crescentus mutant, which at the restrictive temperature

forms long, filamentous cells with large DNA-free regions (Ward &

Newton, 1997). In this mutant, GapR-Venus (which is a functional

fusion; see Appendix Fig S1C and D) colocalized with the DAPI

DNA signal and was absent in DNA-free regions (Fig 1B and C),

consistent with GapR’s predicted DNA-binding property. Further-

more, expression of C. crescentus GapR-Venus in E. coli, which

lacks a GapR homolog, also resulted in colocalization with the

nucleoid (Appendix Fig S2A and B).

Since the E. coli experiments did not exclude the unlikely possi-

bility of an E. coli factor mediating the interaction between GapR

and the DNA, we purified recombinant GapR from E. coli for in vitro

DNA-binding studies (Appendix Fig S2C). During purification, we

observed large amounts of DNA that co-eluted with GapR (see

Appendix Supplementary Methods). Unfortunately, GapR tended to

precipitate when the DNA was removed, even in the presence of

high concentrations of stabilizing salts and glycerol, indicating that

the protein concentration in our purified preparations does not

reflect the concentration of active protein. Regardless, an elec-

trophoretic mobility shift assay (EMSA) showed, at least qualita-

tively, that incubation of GapR with a 50-bp DNA fragment results

in the formation of shifted DNA–GapR complexes (Fig 1D). Alto-

gether, these data demonstrate a physical interaction between GapR

and DNA.

Loss of GapR causes severe pleiotropic defects in growth, cell
division, DNA replication, chromosome segregation, and
gene expression

GapR binds DNA, but does it affect DNA processes important for

cellular replication? We expected that we would not be able to

create a gapR deletion mutant under standard laboratory growth

conditions (30°C, PYE medium) given gapR’s essential-gene annota-

tion in the Tn-seq study (Christen et al, 2011). Indeed, we were

unable to obtain DgapR colonies at 30°C on PYE plates using the

traditional two-step knockout approach, unless a copy of a func-

tional gapR-venus fusion driven by the gapR promoter was
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integrated at an ectopic chromosomal locus (strain CJW5777;

Appendix Fig S1C and D). However, an in-frame deletion of gapR

(linked to oxytetracycline resistance) could be transduced into wild-

type cells if the plates were incubated at low temperatures (22–

25°C). Genome sequencing confirmed the presence of the DgapR
deletion and the absence of suppressive mutations. While the DgapR
mutant could replicate under slow-growth conditions, it was

severely incapacitated. It took about twice as long for DgapR
mutants to form colonies compared to DgapR mutants expressing a

copy of gapR from a plasmid (Fig 2A). Furthermore, even under the

slowest growth conditions tested (minimal medium M2G, 22–25°C),

DgapR cells displayed an aberrant size distribution (Fig 2B and C),

indicative of a cell division defect. When we inoculated DgapR cells

in liquid PYE medium at 30°C, we were able to obtain some weak

growth, but it was accompanied by a high frequency of cell

filamentation and cell lysis (Fig 2B and C). None of these pheno-

types were due to a polar effect on the downstream gene (Appendix

Fig S3).

We reasoned that if GapR affects chromosome organization or

the local structure of the DNA through its DNA-binding activity, we

may expect that its absence impacts various DNA-related processes,

even under our best growth conditions tested (minimal medium

M2G, 22–25°C). This was confirmed in a series of experiments.

First, DNA staining and microscopy revealed that the DgapR
mutation affects chromosome dynamics (Fig 2D). As mentioned

above, the DNA spreads throughout most of the cytoplasm in wild-

type C. crescentus cells such that DAPI staining is fairly uniform

(Jensen & Shapiro, 1999a). In contrast, some DgapR cells lacked

DAPI signal at a polar region, leading to the formation of DNA-free

minicells (Fig 2D). These phenotypes are consistent with a broad
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Figure 1. GapR binds to DNA in vivo and in vitro.

A Schematic of GapR protein domain organization. The predicted DNA-binding domain and coiled-coil regions were identified with the software BindN (Wang & Brown,
2006) and COILS (Lupas et al, 1991), respectively.

B Fluorescence images showing GapR-Venus colocalizing with DAPI-stained DNA in a Caulobacter crescentus temperature-sensitive parE and ftsA mutant (CJW5795)
that produces DNA-free regions. Cells were cultured at the restrictive temperature (37°C) for 6 h in M2G medium prior to DAPI staining and imaging. Scale
bar = 2 lm.

C Fluorescence intensity profiles of GapR-Venus and DAPI signals along the long axis of the cell shown in panel (B).
D EMSA showing recombinant GapR purified from Escherichia coli binding to a 50-bp DNA sequence. See Appendix Supplementary Methods for experimental details.
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defect in chromosome segregation or compaction (Huisman et al,

1989; Hiraga et al, 1991; Kaidow et al, 1995; Yamanaka et al, 1996).

Second, high coverage genome sequencing on DgapR and wild-

type cells cultured in M2G at 25°C showed an increase in DNA cover-

age around the origin of replication in the DgapR mutant (n = 3)

relative to wild type (n = 3; Fig 3A), indicating over-initiation and/

or considerable lengthening of the S phase relative to the cell cycle

(slowdown of DNA replication; Bremer & Churchward, 1977). Thus,

the DgapRmutant also displays a DNA replication defect.

Third, RNA-seq revealed that even under slow-growth conditions,

the DgapR deletion is associated with a modest but widespread effect

on gene expression (Dataset EV1). Among the top 30 most

upregulated genes in the DgapR mutant relative to wild type, 25 of

them were related to some form of stress (Fig 3B). Thus, when cells

experience a loss of GapR, they transcriptionally behave as stressed

cells even in the absence of external stress, which is consistent with

a critical NAP function (Oberto et al, 2009; Mangan et al, 2011).

Interestingly, 16 of the top 30 upregulated genes in the DgapRmutant

were specifically related to a DNA damage stress response (Fig 3B).

Eight of them were genes whose expression is under the control of

LexA, the major SOS response regulator (da Rocha et al, 2008;

Modell et al, 2014). These genes notably encode error prone DNA

repair proteins ImuA, ImuB, and ImuC, the cell division inhibitor

DidA, and the endonuclease BapE (Galhardo et al, 2005; Bos et al,
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Figure 2. Loss of GapR function leads to severe pleiotropic defects.

A Colony count of oxytetracycline-resistant (oxy) DgapR mutants generated by phage transduction of the DgapR::oxy mutation into the Caulobacter crescentus
wild-type strain (WT), a strain harboring an empty vector (CJW5789), or a strain harboring a vector carrying gapR (CJW5791). CFU = colony-forming units.

B Phase-contrast images of WT and DgapR (CJW5747) strains grown at room temperature in M2G or at 30°C in PYE. Yellow and red arrows indicate a minicell and cell
lysis, respectively. Scale bar = 2 lm.

C Cell-length distributions of exponentially growing populations of the DgapR (CJW5747) and WT strains in the indicated medium and temperature (n > 1,300 cells for
each condition).

D Representative images of minicells (right panels) and minicell formation (left panels) in the DgapR mutant. The red outlines identify the minicells or the minicelling
process from the yellow outlines. DNA was visualized by DAPI staining. Scale bars = 1 lm.
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Figure 3. Deletion of gapR affects chromosome replication and global gene expression.

A Bilinear fit of normalized coverage for three independent genome-wide DNA sequencing experiments of exponentially growing cells of the wild-type (black lines) and
DgapR (CJW5747, red lines) strains. Inset: Individual normalized DNA coverage (gray dots) of a single experiment for wild-type strain and DgapR, showing coverage in
read count per nucleotide for each gene.

B Differential transcription log2 ratio for the 30 most upregulated genes in the DgapR strain relative to the WT strain. Gene function is represented by the indicated
color code. Genes known to be under the transcriptional control of LexA (da Rocha et al, 2008; Modell et al, 2014) are represented with black bars. Gene function is
represented with the following color code: purple, DNA damage and repair (Galhardo et al, 2005; Modell et al, 2011, 2014; Bos et al, 2012); green, genes involved in
the heavy metal stress response (Hu et al, 2005); brown, genes involved in carbon starvation-stress response (McGrath et al, 2007; Britos et al, 2011; Le & Laub, 2016)
or nitrogen limitation (England et al, 2010); gray, poorly characterized genes.

C Genome-wide differential mRNA levels between DgapR and WT in log2 fold change for single genes (gray dots) and for a 200-gene sliding window average (red line).
The RNA-seq profile was shifted to set the average log2 fold change of the terminus region at 1 to show the relative difference in differential gene expression between
ori and ter regions.

D Gene-dosage-corrected differential mRNA levels between DgapR and WT in log2 fold change for a 200-gene sliding window average considering genes with different
P-value thresholds. To correct for the gene dosage difference between DgapR and WT, we multiplied the transcript ratio of DgapR/WT by the gene-copy-number ratio
WT/DgapR on a gene-by-gene basis (RNA-seq and DNA-seq were performed on the same samples). The values were then log2-transformed and normalized as in (C).
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2012; Modell et al, 2014), which are all activated upon DNA damage

by genotoxic agents (Galhardo et al, 2005; Modell et al, 2011, 2014).

It is possible that activation of the DNA damage response in DgapR
cells is linked to the DNA replication defect (Fig 3A), as an apparent

slowdown in DNA replication can result from replication forks stal-

ling, which often cause DNA lesions (Cox et al, 2000). The activation

of DidA and BapE expression in DgapR cells may account for the cell

filamentation and lysis phenotypes, respectively.

GapR affects global gene expression, with a chromosomal bias
from ori to ter

In addition to a transcriptional stress response, loss of GapR func-

tion under slow-growth conditions was associated with a modest,

but interestingly biased, effect on global gene expression along the

chromosome (Fig 3C). Genes located close to the origin displayed,

on average, a higher relative level of differential gene expression

than those at the terminus region (Fig 3C, red line). This could not

be simply explained by the difference in gene dosage between wild-

type and DgapR cells (Fig 3A), because a chromosomal asymmetry

in gene expression remained observable even after correcting for

this gene dosage difference (Fig 3D). Moreover, the apparent bias in

differential gene expression between ori and ter regions was not due

to read counts in the data, because the trend was even more notable

when we considered only the log2 fold change of genes that are

significantly differentially expressed (P-values < 0.01, n = 1,067

genes). For these genes, the (gene-dosage-corrected) log2 fold

change of genes close to ori was about 50% higher than that of

genes close to ter (Fig 3D). We concluded that GapR has a statisti-

cally significant global effect on gene expression, in a manner that

depends on gene location along the chromosome.

GapR displays an asymmetric distribution along the
chromosome, with preferential binding away from the
terminus region

To examine whether the chromosomal asymmetry in differential

gene expression is associated with a bias in GapR binding activity

along the chromosome, we performed ChIP-seq experiments on

both asynchronous and swarmer (G1-phase) cell populations using

a natively expressed GapR-Venus fusion (substituting the wild-type

copy at the gapR chromosomal locus). One of the largest ChIP peaks

corresponded to a DNA region encompassing the gapR locus

(Fig EV2A). Others matched with regions of highly expressed genes.

We suspected that these very wide peaks might result from technical

biases associated with the ChIP-seq method. This suspicion was

based on two reasons: First, highly expressed genes are known to

be artificially enriched in ChIP-seq experiments (Teytelman et al,

2013); second, ChIP-seq experiments using a mock protein (Venus)

pulled down some of the highly transcribed regions (Fig EV2B). In

addition, the mock protein Venus showed a high apparent “binding”

to the xylX locus from where it is expressed, even though this mock

protein does not bind DNA. We assumed that the coupling between

transcription and translation in bacteria increases the probability of

artificial cross-linking of Venus to the DNA region from which it is

expressed simply due to proximity. The same method bias may

explain the large apparent “binding” affinity of GapR to its chromo-

somal region.

To avoid interference from these potential technical biases and

an artificial increase in pairwise correlations, we excluded from

subsequent analyses the wide peaks associated with the gapR region

as well as those associated with highly transcribed regions found in

both the GapR and mock ChIP-seq experiments. The remaining

peaks showed low enrichment fold values, which is common among

NAPs (Prieto et al, 2012). The high reproducibility between inde-

pendent biological replicates gave us high confidence in our results,

as ~97% of chromosomal DNA detected in peaks from one GapR

ChIP-seq experiment were also present in peaks detected from a

second replicate harvested on a different day (Fig EV2A). Further-

more, even when considering the normalized read coverage at the

nucleotide level across the chromosome, the two biological GapR

ChIP-seq replicates were highly correlated (q = 0.91), in contrast to

their low correlation (q = 0.15) with the mock ChIP-seq experiment

(Fig EV2C). Note that we obtained a similarly high (q = 0.93) corre-

lation between experimental replicates if no peaks were excluded

from the analysis.

When mapping the ChIP peaks on the chromosome, we found

that, in asynchronous cell populations, the GapR fusion binds

broadly along the chromosome, but with a lower preference near

the ter region (Figs 4A and EV2A). This was also true in synchro-

nized swarmer cells, which have a single, unreplicated chromo-

some (1N DNA content), indicating that the biased distribution

was not due to gene dosage during DNA replication (Figs 4B and

EV2A). We reasoned that if the binding preference of GapR away

from the ter region is correct, it should also be observable by

imaging the localization of GapR in swarmer cells since in these

G1-phase cells, the chromosome is linearly organized along the

cell length, with ori at the old pole and ter at the new pole (Jensen

& Shapiro, 1999a; Viollier et al, 2004). To test this prediction, we

generated a strain (CJW5534) in which a gapR-venus fusion

replaces gapR at the native chromosomal locus. The resulting

GapR-Venus fusion was functional as the strain displayed no

apparent morphological defects. We then compared the signal

distribution of GapR-Venus with that of the DNA (DAPI signal)

across the length of synchronized swarmer cells (Fig 4C), using

FtsZ-CFP as a new-pole marker to orient the cells (Thanbichler &

Shapiro, 2006). The GapR-Venus signal was found to decrease near

the new pole relative to the DNA signal (Fig 4C), consistent with

the ChIP results showing a lower binding activity at the ter region

(Fig 4B).

Next, we sought to identify a DNA-binding motif for GapR from

the GapR ChIP-seq data. We submitted 100-nucleotide-long

sequences centered on the summit of identified peaks to the expec-

tation maximization-based algorithm MEME (Machanick & Bailey,

2011). After background correction to account for the C. crescentus

genome composition, MEME returned an AT-rich motif for the asyn-

chronous and swarmer cell population (Fig 4D and E). Note that we

obtained a similar MEME result if the peaks corresponding to the

gapR locus and highly expressed regions were included in the analy-

sis (Fig EV2D and E). A preference for AT-rich sequences has been

reported for E. coli NAPs HU and H-NS (Lang et al, 2007; Prieto

et al, 2012). Importantly, the distribution of GapR’s binding motif

was relatively uniform along the C. crescentus chromosome, regard-

less of the stringency threshold we applied to match the consensus

to the chromosome for asynchronous or swarmer populations

(Fig 4A and B). Thus, GapR displays an asymmetric binding along
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the chromosome, in a manner that cannot be explained by the

uniform distribution of its binding motif.

GapR localization changes during the cell cycle

In search of clues to explain GapR’s binding asymmetry, we turned

to microscopy. In an asynchronous population, the subcellular local-

ization of GapR-Venus appeared heterogeneous (Fig 5A); however,

demograph analysis—in which fluorescence profiles of individual

cells in a population are sorted by cell length (Hocking et al, 2012)

—revealed that the localization of GapR-Venus is vastly different

from that of a protein that uniformly binds to the whole nucleoid

throughout the cell cycle, as illustrated with HU2-mCherry (Fig 5A

and B). Time-lapse microscopy starting with synchronized swarmer

cells revealed that the GapR-Venus signal across the cell changes

during the cell cycle, condensing toward midcell during cell cycle

progression followed by a signal re-distribution near the end of the

cell cycle (Fig 5C). This is unlike HU2-mCherry (Fig 5C) whose
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localization mirrors that of the DNA. The localization dynamics of

GapR was independent of the Venus fusion, as we observed a simi-

lar localization profile with a GapR-mCherry fusion expressed from

the gapR promoter at an ectopic chromosomal locus (Fig EV3A).

The temporal pattern of GapR reflected a re-distribution of protein

inside the cells during the cell cycle since the GapR level remains

relatively constant throughout the cell cycle, as shown by quantita-

tive fluorescence microscopy (Fig EV3B), Western blot (Fig EV3C),

and ribosome profiling (Schrader et al, 2014).

GapR and replication dynamics are correlated

The most striking aspect of GapR’s cell cycle localization pattern

was how similar it was to the known cell cycle localization pattern

of unreplicated DNA in C. crescentus (Jensen et al, 2002). To exam-

ine a potential connection between the localization of GapR and

DNA replication, we imaged synchronized populations producing

GapR-Venus, together with an mCherry fusion to the b sliding clamp

DnaN to mark the position of the replisomes (Fig 6A). Remarkably,

the apparent “condensation” of the GapR-Venus signal toward the

midcell region correlated with replisome motion (Fig 6A). We note

that in current C. crescentus models, the two replisomes (one for

each chromosomal arm) are typically depicted as traveling next to

each other during replication (Fig 6B, “joined replisomes”; Jensen &

Shapiro, 1999b; Hong & McAdams, 2011; Wang et al, 2013).

However, we observed a significant proportion of cells with two

DnaN-mCherry spots (Appendix Fig S4), indicating that the two

replisomes frequently separate. When separated, the two replisomes

migrated bidirectionally toward midcell (Fig 6B and C, “bidirec-

tional replisome” mode). Replisome localization has been examined

previously using fluorescent fusions to replisome components

including DnaN (Jensen et al, 2001; Wang & Shapiro, 2004; Collier

& Shapiro, 2009; Hong & McAdams, 2011; Fernandez-Fernandez

et al, 2013). The presence of cells with two fluorescent foci has been

reported (Jensen et al, 2001; Collier & Shapiro, 2009; Hong &

McAdams, 2011), but this observation has been left out of models
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Figure 5. GapR localization changes during the cell cycle.

A Fluorescence images of an asynchronous population expressing GapR-Venus (CJW5800) or HU2-mCherry (CJW5806). Scale bar = 2 lm.
B Demographs of asynchronous populations (n = 2,700 cells) showing the cell cycle localization of GapR-Venus (strain CJW5800) or HU2-mCherry (strain CJW5806).

Each fluorescent profile across the cell was normalized by cell length. Cells were sorted by increasing cell length. Cell coordinates in the GapR-Venus demograph were
oriented using new-pole marker TipN-CFP.

C Kymographs of a time-lapse experiment showing a cell producing either GapR-Venus (strain CJW5535) or HU2-mCherry (strain CJW5960). The identity of the cell poles
was determined by using new-pole markers FtsZ-CFP (for the gapR-venus-expressing strain) or TipN-CFP (for the hu2-mcherry-expressing strain). The schematics
show cell outlines from the Oufti software.
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Figure 6. GapR localization during the cell cycle is correlated with replisome dynamics.

A Images showing GapR-Venus and DnaN-mCherry localization in a time-course experiment (CJW5744) following cell cycle synchronization. After synchronization, cells
were resuspended in M2G liquid medium and incubated at 30°C, and samples were taken for imaging every 20 min and imaged. Fluorescence intensity profiles along
the cell length are shown for cells marked with an asterisk. Scale bar = 2 lm.

B Schematic showing the organization of the unreplicated and replicated chromosomal DNA coordinated with replisome dynamics during the Caulobacter crescentus
cell cycle. The two replisomes move toward midcell, either in a joined fashion from the old pole or bidirectionally from opposite poles. The origin (ori) and terminus
(ter) of replication as well as the left (L) and right (R) arms of the chromosome are indicated.

C Relative locations of dim and bright DnaN-mCherry foci in cells exhibiting two foci. See Code EV1 information for details of focus detection algorithm.
D Kymographs of single-cell time-lapse microscopy experiment. After synchronization, swarmer cells (CJW5836) were spotted into a 1% agarose M2G pad at ~25° and
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ª 2016 The Authors The EMBO Journal Vol 36 | No 3 | 2017

Rodrigo Arias-Cartin et al Replication fork-driven NAP dynamics The EMBO Journal

309



because the occurrence of cells with two foci was very small. We

think that the discrepancy may simply come from signal detection,

as the replisome signal moving from the old pole was always much

brighter than the one migrating away from the new pole and a

second spot was not apparent in all cells (Appendix Fig S4). There-

fore, the second, dimmer spot could easily be missed depending on

the imaging conditions, especially when imaged with replisome

proteins that are in lower abundance than DnaN (Jensen et al,

2001). Furthermore, dim fluorescent spots are easier to distinguish

from noise in time-lapse kymographs compared to still images

because real spots persist over time, showing a relatively linear

pattern over multiple frames (Fig 6D, Appendix Fig S5). The dim

replisome signal was also intermittent (Fig 6D, Appendix Fig S5).

While the intermittent signal may be a detection issue (e.g., a dim

signal going in and out of the focal plane) or the product of multiple

rounds of DnaN dissociation and re-association with the replication

machinery, it may also reflect occasional re-joining of the two repli-

somes such that the “joined” and “bidirectional” modes of repli-

some migration (Fig 6B) may co-exist in the cell population. Both

modes are compatible with the known chromosome configuration

(Jensen & Shapiro, 1999b; Hong & McAdams, 2011; Wang et al,

2013) and the localization profile of unreplicated and newly repli-

cated DNA (Jensen et al, 2001); that is, in both joined and bidirec-

tional modes of replisome migration, the region of unreplicated

DNA shrinks bidirectionally from the ends (Fig 6B).

Importantly, the correlated dynamics between the replication

forks and GapR (and not HU2) were confirmed in time-lapse experi-

ments on single cells (Fig 6D and Appendix Figs S5 and S6). Our data

showed that replication fork progression flanked the gradual conden-

sation of the GapR-Venus area toward midcell, leaving zones of GapR

depletion behind, as if the replication forks were displacing GapR

from the DNA. We also noted that during condensation, the GapR-

Venus signal tended to display a higher concentration directly in front

of the moving bright DnaN-CFP focus (Fig 6D, Appendix Fig S5).

Analysis of the condensation of the GapR signal at the population

level was challenged by the variability in replisome dynamics (such

as timing of replisome assembly and speed of replisome motion)

among cells (Fig 6D and Appendix Fig S5). To minimize this cell-to-

cell variability, we developed an algorithm that computationally

synchronizes the time-lapse sequences of individual cells relative to

their replisome dynamics (see Appendix Supplementary Methods)

such that the time of replisome assembly becomes t = 0. From the

aligned sequences of each cell, we determined how non-random

(organized) a signal is by measuring how far the signal is from its

theoretical maximum entropy (corresponding to an organization

factor = 0). Consistent with a replisome-dependent condensation of

the GapR signal followed with re-dispersion, the spatial organization

of GapR in populations (n = 752 cells) started increasing dramati-

cally after replisome assembly, peaked, and then returned back to

its original level by the end of replication (Fig EV4). This is in strik-

ing contrast to HU2 whose organization factor remained low

throughout the cell cycle (Fig EV4, n = 579 cells).

Regulation of GapR localization is not mediated by
DNA methylation

Our results so far suggested that the condensation of the GapR

signal (Figs 6D and EV4, and Appendix Fig S5), which largely

mirrors the expected localization of unreplicated DNA during the

cell cycle (Fig 6B), is dictated by replication. A beautiful example of

replication-dependent regulation of NAP activity is illustrated by

SeqA in enteric bacteria. However, there are important differences

between what is known for SeqA and what we observed for GapR.

SeqA binds to freshly replicated DNA right behind the replisomes

(Helgesen et al, 2015) whereas GapR displays a reverse pattern,

with a relative accumulation on unreplicated DNA in front of the

replisomes. In the case of SeqA, the regulation by DNA replication

is achieved through SeqA’s affinity for hemimethylated GATC

sequences that are only present in freshly replicated DNA before the

Dam methylase fully methylates these sites (Helgesen et al, 2015).

DNA methylation has been assessed at the genome level in

C. crescentus, and the only example of cell cycle-regulated DNA

methylation is the methylation of GAnTC sites by the DNA methyl-

transferase CcrM (Kozdon et al, 2013). These GAnTC sites become

hemimethylated after replication and remain in that state until ccrM

is expressed prior to cell division (Zweiger et al, 1994). Thus, a logi-

cal hypothesis for the relative accumulation of GapR on unreplicated

DNA could be that GapR has a high affinity for fully methylated

GAnTC sites. This possibility is unlikely for two reasons. First, the

ChIP experiments showed no preferential binding to GAnTC sites

(Fig 4D and E). Second, the cell cycle localization of the GapR-

Venus signal was unaltered by constitutive expression of ccrM

(Appendix Fig S7), which causes GAnTC sites to remain fully

methylated throughout the cell cycle (Gonzalez et al, 2014).

GapR displays a very slow spontaneous dissociation from
the DNA

What could explain GapR dynamics if DNA methylation is not

involved? Perhaps other types of DNA modification or differences in

DNA structure (e.g., supercoiling state) between replicated and

unreplicated DNA underlie the differential binding of GapR. Such a

scenario would rely on the general assumption that the binding pro-

file of a DNA-binding protein reflects the distribution of binding

sites and that when the distribution of binding sites changes, the

protein quickly re-distributes. This scenario would make the implicit

assumption that the protein has a relatively fast spontaneous disso-

ciation from the DNA to achieve rapid protein re-distribution.

To examine the rate of spontaneous dissociation of GapR-Venus

from the DNA, we performed fluorescence recovery after photo-

bleaching (FRAP) microscopy. Here, we used filamentous (FtsZ-

depleted) cells to circumvent the small size of bacterial cells, as is

commonly done for bacterial FRAP experiments (Elowitz et al,

1999). Following photobleaching of a region of the cell, we

observed, to our surprise, little fluorescence recovery of GapR-

Venus signal over the entire length (20 min) of the experiment

(Fig 7A–C). Quantitative analysis of our FRAP data (Fig 7C)

suggests that the characteristic time of fluorescence recovery is

s = 110 � 28 min (mean � SD, n = 10). This value is likely an

underestimation of the dissociation time (soff) of GapR from the

DNA since both the spontaneous dissociation and the de novo

synthesis of GapR-Venus account for the observed fluorescence

recovery. The data indicate that the spontaneous dissociation is too

slow to account for the dynamic re-distribution of GapR on the time-

scale of minutes that we observed during replication (Fig 6D and

Appendix Fig S5).
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GapR dynamics is driven by replication fork passage

Given the striking correlated localization dynamics between repli-

somes and GapR (Fig 6 and Appendix Fig S5), we considered the

possibility that the GapR dynamics may be primarily driven by

the replication fork displacing GapR from the DNA during DNA

replication. To test this idea, we again turned to FtsZ-depleted

cells. These cells do not divide, but still replicate and segregate
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Figure 7. GapR forms long-lived complexes with DNA that are disrupted by replisome progression.

A Selected images of a FRAP experiment of GapR-Venus in a cell (CJW5808) following synchrony and FtsZ depletion (through removal of the xylose inducer of ftsZ
expression). The red arrows indicate photobleached area (left). Scale bar = 1 lm. See Appendix Supplementary Methods for FRAP experimental conditions and analysis.

B Evolution of GapR-Venus fluorescence profile for the cell represented in (A). For each time point, the signal was normalized to the total fluorescence per cell, except
for the signal before photobleaching (black line), which was rescaled according to the total fluorescence during bleaching.

C Plot showing the change in fluorescence signal in the photobleached region (red line) before and following photobleaching for the cell represented in (A). The black
dotted line is the best fit of exponential recovery, which gives s = 135 min.

D Kymographs of an FtsZ-depleted cell expressing GapR-Venus and DnaN-CFP (CJW5808). FtsZ depletion was initiated after synchronization by allowing cells to resume
cell cycle progression without xylose (ftsZ expression inducer).
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DNA, leading to multiple segregated chromosomes. However,

we and others have shown that only one chromosome fires

DNA replication at each replication cycle, and it is often the

chromosome located next to the old pole, leaving the other segre-

gated chromosomes silent (Chen et al, 2011; Sliusarenko et al,

2011). This leads to a situation in which replicating and non-

replicating chromosomes co-exist. We reasoned that if the depen-

dence of GapR dynamics on replication fork passage is correct,

we should expect that GapR will only be removed from the repli-

cating DNA, followed with re-distribution of the displaced GapR

on both the replicating and unreplicating DNA. Therefore, each

round of replication in FtsZ-depleted cells should lead to progres-

sive replisome-dependent depletion of GapR on the replicating

DNA. Consistent with this expectation, kymographs of GapR-

Venus and DnaN-CFP in FtsZ-depleted cells showed a step-wise

depletion of the GapR-Venus signal from the DNA-replicating

region with each passage of the DnaN-CFP-labeled replisome

(Fig 7D and Appendix Fig S8).

This striking localization pattern implies that the dissociation of

GapR from DNA primarily occurs when GapR encounters the repli-

cation fork. Note that the very slow spontaneous dissociation of

GapR from the DNA was confirmed by the presence of long

(> 100 min) horizontal “streaks” of GapR signal on the non-

replicating DNA in kymographs (Fig 7D and Appendix Fig S8),

which is consistent with long-lived GapR/DNA complexes (Fig 7A).

If spontaneous dissociation of a NAP was significant (e.g., in the

minute timescale), stochastic accumulation of signals along the

chromosome would not persist at the same location over time (see

didactic simulations, Appendix Fig S9).

The directionality in replisome activity from ori to ter is
sufficient to produce an asymmetric binding pattern of GapR

Collectively, our results suggest that GapR binds to the DNA tightly

and that its dissociation from the DNA primarily occurs through the

passage of the replication fork. Can this replication-dependent evic-

tion alone (i.e., without an asymmetry in binding sites) generate an

asymmetry in GapR binding activity along the chromosome? To

examine this question, we turned to mathematical modeling and

stochastic simulations. Our “replication-eviction” model made the

following assumptions grounded on experimental evidence: (i)

GapR binds uniformly along the chromosome (to reflect the uniform

distribution of GapR binding sites). (ii) GapR dissociates from the

DNA only when it encounters the replisome (to account for the

negligible spontaneous dissociation and the correlated dynamics

between GapR and replication forks). (iii) The replisome moves

from ori to ter to produce two copies of DNA (well-known fact). In

the model, the cell cycle phases were t = 0–0.3 (in cell cycle unit)

for G1 phase, t = 0.3–0.9 for S phase, and t = 0.9–1.0 for G2 phase.

For simplicity, only one arm of the chromosome (i.e., one repli-

some) was simulated, as the second arm would show the same

dynamics.

Stochastic simulations of the model (Fig 8A, Movie EV1) started

with uniform distribution of GapR due to random binding. In S

phase, the replisome displaced GapR during its progression, result-

ing in depletion of GapR on the replicated DNA (i.e., behind the

moving replisome). Displaced GapR re-bound anywhere on the

DNA (with uniform probability whether the DNA was replicated or

not). As a consequence, some GapR re-associated with the naked

DNA behind the replisome and some GapR was added to the already

existing pool of DNA-bound GapR in front of the replisome. This

resulted in a gradual increase in concentration of GapR on the

unreplicated DNA (Fig 8A). This process ultimately led to a linearly

decreasing gradient of GapR from ori to ter by the end of replication

(Fig 8, t = 1.0), simply because GapR had more time to accumulate

at the ori-proximal regions.

The next round of replication then started with this pre-existing

gradient of GapR distribution (Fig 8B, t = 0). Replisome progression

resulted in a similar pattern as described for the first round, except

that the distribution of GapR in front of the replisome was slanted

due to the asymmetric distribution of GapR at the start of replication

(Fig 8B). Thus, despite the uniform distribution in binding sites, this

simple model could recapitulate both the depletion of GapR behind

the replisome and the accumulation of GapR in front of replisome

observed in the GapR localization experiments (Fig 6D). The asym-

metry in GapR binding along the chromosome simply comes from

the inherently asymmetric motion of the replisome, always traveling

from ori to ter.

Simulating additional rounds of replication did not further

change the distribution of GapR (Movie EV1) such that before

(t = 0) and after replication (t = 1), GapR displayed a gradient

distribution linearly decreasing from ori to ter (Appendix Fig S10).

This theoretical curve of GapR distribution along the chromosome

coordinates (convolved with the point spread function (PSF) for our

optical setup; see Appendix Fig S10) is in qualitative agreement with

the GapR localization profile along the cell (Fig 4C) as well as the

GapR ChIP peak distribution along the chromosome during G1

phase (Fig 4B). In addition, we used the simulated profiles to calcu-

late the average GapR profile along the chromosome in an asyn-

chronous population. We found that the resulting GapR profile

remains asymmetric between ori and ter and that this asymmetry is

in good agreement with the ChIP data of asynchronous populations

(Appendix Fig S11).

We used the simulated data from the replication-eviction

model and the known spatial arrangement of replicated and

unreplicated chromosome regions (Jensen et al, 2001; Fig 6B) to

visualize the spatial distribution of GapR during the cell cycle in

kymograph form, before (Fig 8C) and after (Fig 8D) convolution

with a PSF corresponding to our optical setup. We found that the

simulated data (before and after convolution) reproduce the cell

cycle localization pattern of GapR, with the gradual “condensa-

tion” toward midcell and the flanking depletion zones (see Fig 6D

versus Fig 8C and D). In addition, the replication-eviction model

produced the accumulation of GapR in front of the replisome

migrating from the old pole (Fig 8B–D), similar to what we

observed experimentally (Fig 6D). This accumulation was due to

the slanted distribution of GapR in G1 phase caused by the previ-

ous replication round, as shown by our model (Fig 8A and B,

and Appendix Fig S10). We obtained similar results if the model

considered spontaneous dissociation of GapR from the DNA with

the characteristic time (soff = 100 min) corresponding to the

recovery timescale observed in FRAP experiments (Appendix

Fig S12).

The agreement between model and experiments suggests that a

simple replication-eviction mechanism alone can explain the major

features of the spatiotemporal dynamics of GapR.
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Figure 8. A replication-eviction model is sufficient to generate the binding asymmetry of GapR observed in vivo.

A One-dimensional simulation of the replication-eviction model showing the evolution of GapR distribution on replicated and unreplicated DNA during replisome
progression. GapR is synthesized throughout the cell cycle such that its amount (1,000 molecules) has doubled by the end of the cell cycle. At t = 0 (in cell cycle
unit), GapR binding along the chromosome is uniform. We assume that replication starts at t = 0.3 and ends at t = 0.9. The replisome moves at a constant speed
from ori to ter and leaves behind two copies of the replicated DNA region (sister chromatids). When the replisome encounters GapR, the replisome displaces GapR
from the DNA. The displaced GapR is then randomly re-distributed, with uniform probability over the two replicated regions and the unreplicated region. See text and
Appendix Supplementary Methods for Model Simulations.

B Same as in (A), but starting with the GapR distribution at t = 1 in panel (A) to show the effect of a second round of replisome progression on GapR distribution on
replicated and unreplicated DNA.

C Kymograph of simulated GapR distribution over cell cycle time in wild-type cells. The green dashed line indicates replisome progression. GapR distribution between
t = 0 and t = 0.2 is the same as between t = 0.2 and t = 0.3.

D Same as (C) but after convolution of the GapR signal with a PSF approximated by a Gaussian with a standard deviation of our optical setup (0.065 in relative cell-
length units).
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Discussion

Collectively, our data suggest that GapR and, by extension, the

conserved domain DUF2312 encode a NAP function critical for

cellular replication. While this manuscript was under revision, the

Shapiro group published an article describing the identification of

the same nucleoid-associated protein in C. crescentus (Ricci et al,

2016). The only overlap with our study is the DNA-binding prefer-

ence of the protein to AT-rich DNA sequences and its essential

function in cell cycle progression under standard laboratory condi-

tions (nutrient-rich PYE medium, 30°C). We show here that cells

can live without GapR under slow-growth conditions. However,

even under the most optimal conditions tested (nutrient-poor M2G

medium, 22–25°C), DgapR cells display significant defects in

growth, cell size, DNA replication, chromosome segregation/

condensation, and gene expression (Figs 2 and 3). The pleiotropic

phenotypes associated with the DgapR mutation are probably

linked. We envision that, like for other NAPs, GapR binding activity

affects local DNA structure. Loss of this activity along the chromo-

some could affect gene expression, DNA segregation, and the

progression of replication forks at a global scale. Stalled forks could

then result in DNA lesions, causing an activation of the DNA

damage stress response. These defects, which could be manageable

under slow-growth conditions, would be exacerbated under fast-

growth conditions when the DNA repair machinery may become

overwhelmed with DNA damage, leading to cell filamentation and

ultimately cell lysis. Consistent with this idea, transduction experi-

ments suggest that loss of gapR becomes lethal in the absence of

SOS induction, even under slow-growth conditions. Indeed, we were

able to consistently transduce the DgapR mutation into the wild-type

background, whereas we reproducibly could not get any DgapR
colonies in a DrecA or lexAK203A background. RecA is essential for

SOS induction in C. crescentus (Galhardo et al, 2005), and the

LexAK203A mutant is a constitutive inhibitor of SOS induction in this

bacterium (Modell et al, 2014). As a control, we confirmed that the

DrecA and lexAK203A mutants have no viability defect in a wild-type

background under slow- or fast-growth conditions, consistent with a

previous report (Modell et al, 2014).

Our results strongly suggest that GapR acts as a global regulator

of DNA processes through its broad, asymmetric DNA-binding activ-

ity on the chromosome. We note that GapR may also be involved in

specific regulatory functions. While this work focuses on under-

standing the overall asymmetric binding activity of GapR over the

chromosome, the ChIP experiments reveal binding enrichments at

specific chromosomal coordinates that cannot be explained by our

replication-eviction model, suggesting that other layers of regulation

exist. For example, it is intriguing that GapR binds to the AT-rich

parS and dif regions (Fig EV2E). Since these two regions have been

directly implicated in DNA segregation in C. crescentus (Mohl &

Gober, 1997; Jensen, 2006; Toro et al, 2008), it is possible that GapR

has a specific regulatory function in chromosome segregation. It is

also interesting that GapR is found in bacteriophages (Fig EV1B),

which suggests that these phages may use GapR to alter chromo-

some transactions in the host cells.

The observation that the density of GapR binding peaks

decreases from ori to ter in G1-phase cells (Fig 4B and C) indicates

that this chromosomal bias is independent of a gene dosage effect.

Biased binding on the chromosome has been reported for other

NAPs such as Noc in B. subtilis and SlmA, SeqA, and MatP in E. coli

(Mercier et al, 2008; Wu et al, 2009; Sanchez-Romero et al, 2010;

Tonthat et al, 2011; Waldminghaus et al, 2012). In these cases, the

asymmetric binding profile was due to asymmetrically distributed

recognition sequences (Lu et al, 1994; Mercier et al, 2008; Wu et al,

2009; Cho et al, 2011; Tonthat et al, 2011). Here, we show that

asymmetric patterning can also be achieved via another mechanism,

as we do not see any evidence of a chromosomal bias for the GapR

AT-rich binding motif (Fig 4) or evidence of regulation through cell

cycle-dependent DNA methylation (Appendix Fig S7). Furthermore,

the observation that GapR has a negligible rate of spontaneous

dissociation from the DNA (Fig 7) precludes any mechanism that

would rely on a quick equilibration of GapR binding in response to

a change in binding site affinity.

Instead, our experimental and modeling studies suggest that the

progression of replication forks shapes the dynamics of GapR

(Figs 6–8). The passage of the replication forks appears to be the

major factor that drives GapR dissociation from the DNA, much like

the replication fork ejects histones in eukaryotic cells. In our model,

the eviction process is considered phenomenologically. How it

occurs mechanistically—through a collision between the replisome

and GapR or through a local change in DNA structure (e.g., super-

coiling) in front of the replication fork—remains to be determined.

Regardless of these mechanistic details, our minimal replication-

eviction model demonstrates that the asymmetry in DNA replication

(from ori to ter), when combined with slow GapR dissociation from

DNA, leads to a biased distribution of GapR from ori to ter between

replication cycles (Fig 8, Movie EV1).

It is possible that other layers of regulation (e.g., supercoiling,

higher order DNA structures) affect GapR dynamics on the chromo-

some and during the cell cycle. However, we show that the most

parsimonious model (Fig 8), which only considers the role of DNA

replication (and does not evoke any asymmetry in binding sites), is

sufficient to reproduce the key spatiotemporal features of GapR

dynamics at the chromosome scale (Fig 6). To our knowledge, our

model describes a novel mechanism of cell cycle regulation in bacte-

ria. Since GapR affects several DNA processes (Fig 3), we speculate

that this simple cell cycle control mechanism may provide an impor-

tant means for the cell to exquisitely couple chromosome dynamics

and gene expression to the progress of DNA replication.

DNA replication is known to affect gene expression through gene

dosage (doubling gene copy number following replication) and

through replisome collisions with RNA polymerases. Our work

suggests another mechanism by which DNA replication can affect

gene expression. This proposed mechanism may be generalizable

beyond GapR homologs (Fig EV1). The replication-eviction model

shows that DNA-binding proteins with uniform distribution of bind-

ing sites along the chromosome will have their binding activity

shaped by DNA replication if their spontaneous dissociation is slow

relative to the cell cycle (Fig 8). If this is not observed, then it will

suggest that other characteristics of the system (e.g., saturation of

binding sites) or additional layers of regulation exist to cancel out

the asymmetry generated by the motion of the replication forks,

which invariably progress from ori to ter. Otherwise, if the asymme-

try is not somehow “corrected”, genes regulated by these DNA-

binding proteins will be differentially regulated whether they are in

front of or behind the replisome. In addition, gene expression will

be affected even when replication is not ongoing, as the asymmetry
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in replisome motion causes a biased distribution of DNA-binding

activity from ori to ter (Fig 8, Movie EV1), resulting in differential

regulation dependent on gene location. The effect of DNA replica-

tion on protein binding activity may therefore be a potential source

of selective pressure on gene location that, to our knowledge, has

not yet been considered.

Materials and Methods

Strains, plasmids, and oligonucleotides

The strains and plasmids used in this study are described in

Appendix Table S1. Construction of strains and plasmids is detailed

in Appendix Table S2. Oligonucleotides are listed in Appendix

Table S3.

Growth conditions

For cloning and imaging purposes, E. coli strains were cultured at

37°C in either LB medium or M9 supplemented medium unless indi-

cated otherwise. Genes under control of the arabinose-inducible

promoter were induced for expression with 0.2 or 0.02% arabinose

for 1.5–2 h. Constructs in C. crescentus were natively expressed, or

expressed under the control of xylose- or vanillate-inducible

promoters by adding 0.3% D-xylose or 0.5% vanillic acid

(Thanbichler et al, 2007). DNA staining with DAPI was performed

for 10 min at room temperature using a final concentration of

0.5 lg/ml for C. crescentus or 1–5 lg/ml for E. coli. Medium

composition is detailed in Appendix Supplementary Methods.

Electrophoretic mobility shift assay

GapR DNA-binding capacity was evaluated by incubation of purified

GapR with 1.6 pmol of double-stranded DNA (dsDNA) in the pres-

ence of EMSA buffer for 30 min at room temperature and subjected

to electrophoresis in a Novex� TBE DNA retardation gel 6% poly-

acrylamide (Thermo Fisher Scientific) at constant 100 mV for

90 min at 4°C in 0.5× TBE buffer. The protein concentrations were

150 nM, 300 nM, 600 nM, 1.2 lM, 1.5 lM and 3 lM (note that

these concentrations reflect measurements from a Bradford assay

and not the concentrations of active GapR). DNA–protein complexes

were stained with ethidium bromide and imaged with an Amersham

Imager 600 (GE Healthcare Bio-Sciences). The dsDNA probes were

generated by PCR amplification or hybridization of reverse comple-

mentary oligonucleotides (Appendix Table S3) at 98°C for 5 min

followed by cooling to room temperature. Hybridization efficiency

was assessed by electrophoresis in a polyacrylamide gel and ethid-

ium bromide staining. Probes were finally purified using a QIAEX II

Gel Extraction Kit (Qiagen, Hilden Germany). Buffer composition is

detailed in Appendix Supplementary Methods.

Microscopy and image post-processing analysis

Unless otherwise stated, C. crescentus cells were grown to exponen-

tial phase (OD660 nm < 0.3) and spotted on agarose pads containing

M2G prior to imaging. Escherichia coli cells were grown to exponen-

tial phase (OD600 nm < 0.3) and spotted on agarose pads containing

supplemented M9. Epifluorescence microscopy was performed on

either an Eclipse 80i microscope or an Eclipse Ti-E microscope (both

from Nikon, Tokyo, Japan). Both microscopes were equipped with

Perfect Focus System (Nikon), a phase-contrast objective Plan

Apochromat 100×/1.40 NA (Nikon), and an ORCA-Flash4.0 V2 Digi-

tal CMOS camera (Hamamatsu Photonics, Hamamatsu City, Japan).

All images were acquired using either MetaMorph software (Molec-

ular Devices, Sunnyvale, CA, USA) or NIS-Elements software (Nikon

Instruments Inc., Melville, NY USA). FRAP experiments were

performed using a Nikon E80i microscope equipped with 100×

phase-contrast objective and an Andor iXonEM+ DU-897 camera

(Hamamatsu Photonics) controlled by the MetaMorph software.

Fluorescence photobleaching was performed using a Photonic

Instruments Micropoint laser system at the 488 nm (Hamamatsu

Photonics). Images were analyzed with MetaMorph, Oufti (Paintdakhi

et al, 2016), ImageJ, or MATLAB software (MathWorks). Cell

outlines were generated from phase-contrast images using Oufti.

Figures 1C, 4C, 6A, 7C, and Appendix Fig S3B represent the normal-

ized fluorescence intensity per segment area of cell outlines for each

signal processed with Oufti.

RNA-seq

Caulobacter crescentus wild-type (NA1000) and DgapR (CJW5747)

cells were grown, in triplicate, at 25°C in M2G until the cultures

reached an OD660 nm 0.2–0.275. At this point, 30–40 ml of culture

was harvested by centrifugation at 4°C for 10 min at 7,181 × g.

Total RNA was isolated with TRIzol (Thermo Fisher Scientific) as

described below. Subsequent steps were performed according to the

manufacturer’s protocol, except that centrifugation was performed

at ~21,000 × g. RNA pellets were resuspended in 50 ll of DEPC

water and incubated for 5 min at 55°C. Size and integrity of the

extracted RNA were assessed by denaturing agarose gel elec-

trophoresis; rRNA bands appeared intact and no RNA smear was

apparent. Removal of DNA was completed by incubation of 1 lg of

RNA with TURBO DNA-freeTM Kit (Thermo Fisher Scientific) follow-

ing the manufacturer’s protocol. RNA quality was further evaluated

by absorbance ratio 260/280 nm and 260/230 nm using a Nano-

drop device (Thermo Fisher Scientific). Samples were considered

good if the ratio 260/280 nm was > 1.9. RNA samples were imme-

diately frozen and stored at �80°C. See Appendix Supplementary

Methods for details on library preparation, sequencing, and data

analysis.

ChIP-seq

ChIP-seq samples were obtained from cultures (OD660 nm � 0.4) of

CJW5534 producing GapR-Venus grown in PYE at 30°C. In parallel,

a mock ChIP sample was collected from a PYE culture of CJW5796

producing freely diffusing Venus after 1 h 30 min of induction with

0.3% xylose. Sample preparation was as described before (Fumeaux

et al, 2014) with the following modifications: PierceTM Protein A/G

Magnetic Beads (Thermo Fisher Scientific) and anti-GFP (JL-8)

Living Colors� Av Monoclonal Antibody (Clontech Laboratories)

were used for protein immunoprecipitation, SDS was excluded from

ChIP buffer, herring sperm DNA was not used to saturate beads,

and sonication was performed using a Digital Sonifier� S-250D on

ice with the 1/8” microtip (Branson Sonic Power Co.) with 45%
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output and 10 cycles of 30 s ON/30 s OFF. Quality and concentra-

tion of the ChIP-DNA were assessed by estimating the A260/A280

and A260/A230 ratios with a Nanodrop device (Thermo Scientific).

See Appendix Supplementary Methods for details on library prepara-

tion, sequencing, and data analysis.

Genome sequencing

See Appendix Supplementary Methods for details on culture prepa-

ration, DNA extraction, library preparation, sequencing, and data

analysis.

FRAP data acquisition and analysis

Strain CJW5808, which expresses gapR-venus, dnaN-mCherry, and

the cell division gene ftsZ under xylose control, was cultured in

M2G supplemented with 0.3% xylose until mid-log exponential

phase. At this point, cells were washed in M2G without xylose and

diluted to an approximate OD660 nm � 0.1 to resume growth and

allow cell filamentation at 30°C for ~2–6 h. Additionally, when indi-

cated, cells were grown with novobiocin (5 lg/ml) for 30 min prior

imaging. Then, cells were spotted on 2% agarose M2G pads supple-

mented with appropriate drugs. FRAP experiments in both cases

were performed at room temperature (~22°C) as described previ-

ously (Montero Llopis et al, 2012) with the following modifications.

Cells were imaged once before photobleaching and then bleached

(> 0.5 s, depending on the experiment). This was followed with

imaging in time series at 10s-ms or 20-s intervals for 600 or 1,200 s.

For analysis, we calculated the difference between pre-bleach and

after-bleach signals in the region of interest (i.e., bleached area) as a

function of time. To take into account photobleaching due to image

acquisition, the fluorescence signal was normalized to the total fluo-

rescence per cell. Generated fluorescence recovery curves, S(t),

were fitted by the exponential equation S(t) = S0 exp(�t/s) with

two free parameters S0 and s which are the amplitude of bleaching

and the characteristic recovery time, respectively.

Model simulations

We considered the following mechanism. GapR molecules bind to

DNA anywhere with the same probability, with no binding satura-

tion. We assumed that spontaneous unbinding from the DNA is

slow (relative to the cell cycle), such that GapR dissociates from the

DNA only when the moving replisome displaces it during the repli-

cation. Free GapR diffuses within the entire cytoplasm until it binds

DNA. To simulate the GapR dynamics in such a scenario, we consid-

ered a 1D model. In the model, the coordinates correspond to

genomic position, from ori to ter. We considered only one arm of

the chromosome, as the second arm would behave similarly. In

simulations, DNA replication spans 60% of the cell cycle, with the

replisome moving at a constant speed. Rebinding of GapR displaced

by the replisome was modeled as a random binding with uniform

probability at any genomic coordinate, including the second copy of

the replicated DNA. To ensure that the GapR amount is doubled at

the end of the cell cycle, simulations also included de novo synthesis

of GapR, which was modeled as a constant production (with a rate

R = nA/T; nA and T are number of GapR molecules and cell cycle

time, respectively) with a uniform random distribution throughout

the cell cycle. Similarly to the displaced GapR, all newly synthesized

GapR randomly associated with the DNA with the same probability

at any position. Additionally, we also carried out simulations in

which GapR can spontaneously (i.e., independently of replisome

progression) unbinds from DNA. In this case, GapR–DNA dissocia-

tion was considered as a stochastic process with exponentially

distributed times, with characteristic time soff = 1/koff.

At t = 0, all GapR were randomly distributed throughout the cell

(uniform distribution). Cell cycle periods were as follows: pre-

replication (G1) phase (with no replisome): t = 0.0–0.3; replication

(S) phase: t = 0.3–0.9; and post-replication (G2) phase: t = 0.9–1.0.

Time evolutions of the system were simulated with time step

Dt = 0.2 min. See Code EV2 information for algorithm details.

To simulate the average GapR distribution over the chromosome

in asynchronous populations, we used demograph data on DnaN-

CFP for an asynchronous culture to estimate the fraction of the cells

in G1 (before replication), S (replication), and G2 (after replication

but before division) phases of the cell cycle: 0.17, 0.79, and 0.04,

respectively. We considered 7,800 in silico cells and, for each indi-

vidual cell, we calculated the GapR profile as follows: (i) linear

descending gradient for cells in non-replicating phase (as in Fig 8B,

t = 1.0), and (ii) piece-wise descending linear gradient with a break

at the position of the replisome for replicating cells (e.g., as in

Fig 8B, t = 0.6). For the replicating cells, we considered that the

replisome moves linearly from ori to ter; that is, the probability of

finding a replisome at a given chromosomal coordinate is uniformly

distributed. Individual GapR distributions were averaged over all

cells.

Expanded View for this article is available online.
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