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Abstract

Helix–junction–helix (HJH) motifs are flexible building blocks of RNA architecture that help 

define the orientation and dynamics of helical domains. They are also frequently involved in 

adaptive recognition of proteins and small molecules and in the formation of tertiary contacts. 

Here, we use a battery of nuclear magnetic resonance techniques to examine how deleting a single 

bulge residue (C24) from the human immunodeficiency virus type 1 (HIV-1) transactivation 

response element (TAR) trinucleotide bulge (U23-C24-U25) affects dynamics over a broad range 

of time scales. Shortening the bulge has an effect on picosecond-to-nanosecond interhelical and 

local bulge dynamics similar to that casued by increasing the Mg2+ and Na+ concentration, 

whereby a preexisting two-state equilibrium in TAR is shifted away from a bent flexible 

conformation toward a coaxial conformation, in which all three bulge residues are flipped out and 

flexible. Surprisingly, the point deletion minimally affects microsecond-to-millisecond 

conformational exchange directed toward two low-populated and short-lived excited 

conformational states that form through reshuffling of bases pairs throughout TAR. The mutant 

does however, adopt a slightly different excited conformational state on the millisecond time scale, 

in which U23 is intrahelical, mimicking the expected conformation of residue C24 in the excited 

conformational state of wild-type TAR. Thus, minor changes in HJH topology preserve motional 

modes in RNA occurring over the picosecond-to-millisecond time scales but alter the relative 

populations of the sampled states or cause subtle changes in their conformational features.
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Many regulatory RNAs undergo large changes in conformation when performing biological 

functions. Such conformational changes can allow adaptive interactions with protein and 

ligand binding partners,1–3 ensure that ribonucleoprotein complexes assemble in a 

directional and hierarchical manner,4,5 allow riboswitches to regulate gene expression in 

response to an array of cellular signals,6–8 and allow catalytic ribozymes to adopt the 

multitude of conformations required to complete multistep catalytic cycles.9–11 The 

importance of dynamics to RNA folding and function has motivated studies that seek a 

detailed quantitative description of RNA flexibility with the goal of elucidating dynamic 

properties important for folding and function.12–15 Studying a broader RNA dynamic 

landscape is also important for rational structure-based design of RNA-targeting 

therapeutics.16–18

Helix–junction–helix (HJH) motifs, such as bulges and internal loops, are flexible building 

blocks of RNA architecture that adjoin helical domains.19–21 Because local flexibility within 

HJH motifs can allow helical domains to adopt different orientations, HJH motifs play an 

essential role in defining the global structure and dynamics of RNA. Additionally, HJH 

motifs frequently undergo conformational adaptation upon binding to proteins,1,22 ligands,23 

small molecule therapeutics,24,25 and catalytically essential metals26,27 and upon formation 

of tertiary contacts.19–21 Dynamic studies indicate that HJH motifs undergo motions over a 

broad range of time scales. These include rigid body interhelical motions and local 

fluctuations of junction residues on picosecond-to-microsecond time scales28–34 and 

conformational exchange directed toward low-populated (typically <5%) and short-lived 

(lifetime typically <2 ms) “excited conformational states” (ESs) that feature reshuffling of 

base pairs in and around the HJH motif on slower microsecond-to-millisecond time 

scales.35–41

Here, we use a battery of NMR techniques to examine how shortening a bulge HJH motif 

from three to two nucleotides affects motional modes occurring over picosecond-to-

millisecond time scales. We focus on the transactivation response element (TAR) from 

human immunodeficiency virus type 1 (HIV-1) (Figure 1A), which has served as a model 

system for studying HJH dynamics.28,42 Prior studies employing NMR,28,35,37,42–51 gel 

mobility,52 transient electric birefringence,53 fluorescence,30,54 X-ray crystallography,55 

electron paramagnetic resonance (EPR),32–34 molecular dynamics (MD) simulations,56 and 

combinations of NMR and molecular dynamics29 have shown that TAR undergoes complex 

dynamics over time scales spanning 12 orders of magnitude. These dynamics are proposed 
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to play important roles in the adaptive recognition of TAR by cognate proteins and small 

molecule ligands designed to inhibit TAR–protein interactions in the development of anti-

HIV therapeutics54,55,57–59 and may additionally play a crucial role in the dimerization of 

the HIV genome.60

In this study, we examined the consequence of deleting bulge residue C24 on HIV-1 TAR 

dynamics (Figure 1A). This TAR variant (hereafter termed ΔC24-TAR) is also of biological 

interest because it is a rare but naturally occurring variant of TAR in HIV-1mal and 

HIV-1U455 isolates.61 We previously used NMR residual dipolar couplings (RDCs)62,63 to 

characterize interhelical dynamics in a ΔC24-TAR variant in which the wild-type apical 

loop, which is involved in microsecond-to-millisecond conformational exchange, was 

replaced with a UUCG tetraloop (ΔC24-TARuucg).42 These studies showed that shortening 

the bulge leads to a significant restriction of interhelical dynamics.42,64 In this study, we 

used a broader set of NMR techniques to more comprehensively characterize motions in 

ΔC24-TAR containing the wild-type apical loop (ΔC24-wtTAR) over a wide range of time 

scales. Our results show that ΔC24-wtTAR retains the basic motional modes observed in 

HIV-1 TAR and that shortening the bulge causes subtle changes in the relative populations 

and structure of the sampled conformational states.

METHODS

Sample Preparation

In Vitro Transcription—HIV-1 wild-type TAR (wtTAR) and ΔC24-wtTAR samples were 

synthesized by in vitro transcription using T7 RNA polymerase (Fischer Scientific), 

uniformly 13C- and 15N-labeled nucleotides (Cambridge Isotope Laboratories, Inc.), and 

synthetic DNA templates (Integrated DNA Technologies) containing the T7 promoter 

sequence and RNA sequence. The reaction mixture was filtered and concentrated to 1 mL 

using a centrifugal concentrator (3 kDa molecular weight cutoff, EMD Millipore), mixed 

with a formamide denaturing RNA loading dye, and fully denatured by being heated at 

95 °C for 5 min. The mixture was loaded onto a 13 cm × 102 cm, 20% (w/v) polyacrylamide 

gel in 8 M urea and 1× Tris/borate/EDTA and run for 12 h. The target RNA was excised 

from the gel by briefly shadowing at 365 nm with a UV hand lamp, followed by electro-

elution (Whatmann, GE Healthcare) in 1× Tris/acetic acid/EDTA, and ethanol precipitation. 

The precipitate was dissolved in water, annealed by being heated at 95 °C for 5 min 

followed by rapid cooling on ice, and then buffer exchanged using a centrifugal concentrator 

(EMD Milipore) into NMR buffer [15 mM sodium phosphate, 25 mM sodium chloride, and 

0.1 mM EDTA (pH 6.4)]; 10% D2O was added to the sample before NMR data were 

collected. This buffer was used for all experiments in this study unless stated otherwise.

Solid-Phase Oligonucleotide Synthesis—ES2uucg-TAR and G28U-TAR were 

synthesized using the MerMade 6 DNA/RNA synthesizer (BioAutomation) with standard 

phosphoramidite RNA chemistry, and deprotection protocols for bases and the 2′-hydroxyl. 

Samples were purified using Glen-Pak RNA purification cartridges, following the product 

protocol, which can be found online (www.glenresearch.com). Once purified, the RNA was 

precipitated with ethanol, desalted using buffer exchange, and annealed as described earlier.
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NMR Experiments

Resonance Assignments—Chemical shift assignment experiments were conducted on 

an 800 MHz Agilent DirectDrive2 NMR spectrometer equipped with a triple-resonance 

HCN cold probe. NMR assignments for wtTAR, TARuucg, and ΔC24-wtTAR were obtained 

from prior studies42,44,65 (see Figure 1 and Figure S1). Resonance assignments for 

exchangeable and nonexchangeable protons in G28U-TAR-ΔC24-wtTAR, and ΔC24-

wtTAR-ES2uucg were obtained using two-dimensional (2D) 1H–1H nuclear Overhauser 

effect spectroscopy (NOESY) experiments with mixing times of 250 and 150 ms, 

respectively,66 along with conventional 2D HSQC of aliphatic [13C,1H] resonances and 

band-selective optimized flip angle short transient (SOFAST) 2D HMQC67 spectra of 

aromatic [13C,1H], and imino [15N,1H] resonances at 25 and 10 °C. wtTAR-ES2uucg 

assignment experiments were conducted on an 800 MHz Varian Inova spectrometer 

equipped with a HCN cyrogenic probe using 2D 1H–1H NOESY with a mixing time of 150 

ms, with aliphatic HSQC and aromatic and imino SOFAST-HMQC spectra at 25 and 10 °C 

to obtain assignments. All G28U and ES2uucg resonances were assigned as described 

previously,68 and all data were processed and analyzed using NMRPipe69 and SPARKY.70

Chemical Shift Perturbations—Chemical shift differences were computed using the 

equation

where Δδ is the change in chemical shift, X is carbon or nitrogen, and α = γH/γX, where γ 
is the gyromagnetic ratio. A chemical shift change was considered significant when Δδ ≥ 

0.25 ppm.

Estimating the Population of the Coaxial State Using Chemical Shifts—
Populations of the bent (pbent) and coaxial (pcoaxial) states at various Mg2+ concentrations in 

TARuucg were reported previously.46 Briefly, the populations for ΔC24-wtTAR were 

estimated from the observed chemical shifts (δobs) using the equation δobs = pbent(δbent) + 

pcoaxial(δcoaxial), where pbent + pcoaxial = 1 and δbent and δcoaxial are the chemical shifts of 

the bent and coaxial states, respectively. Here, we assume that the bent and coaxial states are 

in fast exchange on the NMR time scale, such that the observed chemical shift is a 

population-weighted average and that the chemical shift of the bent state is the same for all 

TAR variants. The chemical shift of U23 H6 was used to report on the relative populations 

of the bent and coaxial states of various TAR constructs. This resonance experiences linear 

and significant perturbations with Mg2+ and Na+ consistent with two-state exchange 

providing a sensitive probe of the bent–coaxial transition. δbent was estimated to be the 

observed U23 H6 chemical shift of TARuucg in the absence of Mg2+ at 25 mM NaCl, and 

δcoaxial was estimated to be the observed U23 H6 chemical shift at 4 mM Mg2+ for ΔC24-

wtTAR. Similar results were obtained when using the chemical shifts of U23 C6, A22 C8, 

and A22 H8 (data not shown).
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Measurement and Analysis of 13C Spin Relaxation—13C longitudinal (R1) and 

rotating frame (R1ρ) spin relaxation rates for aromatic (C8, C6, and C2) and sugar (C1′) 

resonances were measured on a 600 MHz Bruker NMR spectrometer equipped with an HCN 

cryogenic probe as previously described.71 Spectra were recorded in a pseudo-three-

dimensional manner using a transverse relaxation-optimized spectroscopy (TROSY)72 

detected experiment and five unique delay times (Table S1). Peaks in each spectrum were fit 

to a Gaussian shape using a NMRPipe autofit script, and R1 and R1ρ rates were determined 

by fitting resonance intensities at each delay to a monoexponential function using in-house 

python scripts. Standard jackknife resampling was used to estimate error. Transverse 

relaxation rates (R2) were derived from longitudinal and rotating frame relaxation rates by 

eq 1

(1)

where θ = arctan(ωSL/ΔΩ), ΔΩ = Ω − ωrf, Ω is the offset value in hertz, ωrf is the reference 

frequency in hertz, and ωSL is the spin-lock power set to 3.5 kHz to suppress chemical 

exchange during the experiment. R1 and R2 values for wtTAR and ΔC24-wtTAR are 

provided in Tables S2 and S3 of the Supporting Information.

A relative order parameter (Srel
2) for each residue was calculated as described previously.44 

Briefly, 2R2 –R1 values were computed for each site, and the values were normalized 

relative to the largest value measured in the A-form helix for each given spin type (C8, C2, 

C6, and C1′). Because of incomplete suppression of chemical exchange previously 

characterized35 at G34 C8, C30 C1′, U31 C1′, G34 C1′, A27 C1′, and A35 C1′, these sites 

have Srel
2 values of >1 and were not considered further.

Measurement of RDCs—One-bond C–H (1DCH) and N–H (1DNH) RDCs were measured 

at 800 MHz using 2D TROSY72 for C2 H2, C8 H8, C1′ H1′, and C6 H6, in which 

splittings are encoded along the 1H or 13C dimension and IPAP-SOFAST-HMQC73 for N1 

H1 and N3 H3 in which splittings are encoded along the 1H dimension. RDCs were 

calculated as the difference in splittings measured in the absence (J) and presence (J+D) of 

an alignment medium. Errors in RDCs were estimated on the basis of the rmsd of values 

measured along the 1H and 13C dimensions as described previously62,63[RDC rmsd = 3.7 Hz 

(Figure S5A)]. The final RDCs reported (Table S4) are the average of the 1H and 13C RDCs 

obtained in the two dimensions. The aligned sample was prepared by adding 25 mg/mL Pf1 

phage (Asla biotech, Ltd.) in NMR buffer to a 1 mM sample of uniformly 13C- and 15N-

labeled ΔC24-wtTAR in the same NMR buffer, resulting in a D2O splitting of 28 Hz. Careful 

inspection of HSQC overlays shows little to no change in the chemical shifts of ΔC24-

wtTAR in the absence and presence of Pf1 phage, consistent with previous studies that show 

that the addition of phage does not affect TAR RNA structure and/or dynamics42,44 (Figure 

S5B).

Order Tensor Analysis of RDC—RDCs measured in Watson–Crick base pairs in helices 

1 and 2 of ΔC24-wtTAR were subjected to an order tensor analysis using idealized A-form 
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helices generated by 3DNA,74 as described previously.75–77 RDCs measured in flexible 

residues in helix 1 (G17, C45, A22, and U40) and helix 2 (C29 and G36) were omitted from 

the analysis.78 The best-fit order tensor for each helix was determined by singular-value 

decomposition (SVD)75 as implemented in RAMAH.79 The uncertainty in order tensor 

elements due to RDC uncertainty and A-form structural noise was estimated using AFORM-

RDC.78 The average interhelical orientation was determined by rotating each input idealized 

A-form helix into the principal axis system (PAS) of the corresponding best-fit order tensor 

frame (Sxx Syy Szz) using an in-house C program based on Euler-RNA.77 All structures were 

visualized using PyMol.80 Degeneracies in possible helical orientations due to 180° rotation 

around the Sxx, Syy, and Szz axes of the PAS75 resulted in four degenerate solutions, three of 

which could be excluded as described previously.77 Specifically, 180° rotations about Sxx 

and Syy resulted in significant interhelical steric clashes, while 180° rotation about Szz 

resulted in a A22 (O3′)–G26 (P) distance that cannot be satisfactorily linked by two bulge 

residues (4.9 Å per nucleotide). RDCs measured in wtTAR and TARuucg were normalized to 

that of ΔC24-wtTAR to account for differences in the degree of alignment by multiplication 

of a scaling factor given by the ratio in the generalized degree of order (ϑ)76 measured in 

helix 2, which dominates overall molecular alignment.43 Scaling factors of 1.6 and 2.0 were 

applied to wtTAR and TARuucg RDCs, respectively.

13C and 15N R1ρ Relaxation Dispersion—15N and 13C R1ρ relaxation dispersion (RD) 

experiments were conducted on a 700 MHz Bruker Avance III spectrometer equipped with 

an HCN resonance cryogenic probe and a 600 MHz Bruker Avance III spectrometer 

equipped with an HCN resonance cryogenic probe.81–83 All data were measured on a 1 mM 

uniformly 13C- and 15N-labeled sample at 25 °C in NMR buffer unless otherwise noted. On- 

and off-resonance profiles were measured using various spin lock offsets (Ω) and spin lock 

powers (ωSL) for each spin of interest and 2–12 unique delay times. Data were processed 

using NMRPipe69 to determine peak intensities at each delay time, which were then fit to a 

monoexponential function using in-house python scripts to determine the rotating frame 

relaxation rate (R1ρ). Standard Monte Carlo simulations (500 iterations) were used to 

estimate error. Data points that meet the 13C–13C Hartmann–Hahn matching conditions were 

omitted from the analysis, as previously described.81 On- and off-resonance data were 

individually and globally fit to the two-state Laguerre equation82 by eq 2 using Origin 2015 

(OriginLab)

(2)

or by a three-state Laguerre equation35 with no minor exchange for a linear topology by eq 3 

using an in-house python code
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(3)

where R1 and R2 are the longitudinal and transverse relaxation rates (in inverse seconds), 

respectively, ω/2π is the strength of the spin lock in hertz, Ω/2π is an offset from a reference 

frequency (ωrf) in hertz, and kex is the exchange rate between the ground state (GS) and the 

excited state (ES) in inverse seconds. The tilt angle in the rotating frame θ = arctan(ωSL/

ΔΩ), where ωSL is the strength of the spin lock power for the carrier in hertz and 

 is the difference in the average spin lock offset  and the reference 

frequency (ωrf) in hertz. In addition, 

, where pGS and pES are the 

populations of the ground state and excited state, respectively, and ΩGS and ΩES are the 

resonance offsets from the spin lock carrier for the respective states in hertz. Finally, the spin 

lock strengths at the GS (ωGS) and ES (ωES) are defined as ωGS
2 =(ΩGS + ωrf)2 + ωSL

2 and 

ωES
2 = (ΩES + ωrf)2 + ωSL

2, respectively; the effective spin lock field strength is ωeff
2 = 

ΔΩ2 + ωSL
2, and the difference in the offset between the ES and the GS is ΔωES = ΩES − 

ΩGS. To clearly show exchange parameters, relaxation dispersion profiles are plotted as R2 + 

Rex to remove the contributions of R1 to R1ρ, which do not provide any information about 

chemical exchange.84

MC-Fold Predictions of RNA Secondary Structure—RNA secondary structure 

prediction was preformed using MC-Fold using standard input options returning the 20 best, 

15% suboptimal structures predicted.85

RESULTS AND DISCUSSION

Chemical Shift Mapping

To analyze the impact of deleting the C24 bulge residue, we initially compared NMR 2D 

HSQC spectra of uniformly 13C- and 15N-labeled ΔC24-wtTAR with those of wtTAR. The 

excellent overlay of 2D NH HSQC spectra indicates that ΔC24-wtTAR adopts the same 

secondary structure as wtTAR (Figure 1A). In both cases, we did not observe the imino 

resonance of U40, indicating that the A22-U40 base pair does not form a stable Watson–

Crick (WC) base pair in either ΔC24-wtTAR or wtTAR. In contrast, comparison of 2D CH 

HSQC spectra of base and sugar moieties reveals large changes in chemical shifts, 

particularly for bulge residues (U23 and U25) and surrounding WC base pairs A22-U40 and 

G26-C39 (Figure 1B and Figure S1A), which indicates a conformational change at these 
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sites. As expected, insignificant perturbations are observed for apical loop residues, which 

are separated from the mutation site by a 4 bp helix.

Interestingly, the changes in chemical shift arising from shortening the bulge are similar to 

those reported previously when adding Mg2+ or Na+ to HIV-1 TAR, using a slightly 

modified TAR construct that is capped by a more stable UUCG apical loop46 (TARuucg). 

These studies proposed that TAR exists in a rapid two-state equilibrium between a globally 

flexible, bent state and a globally rigid, coaxially stacked state (Figure 1C). In the bent state, 

bulge residues C24 and U25 are flipped out and highly flexible while U23 is intrahelically 

stacked on A22. In the linear state, all three bulge residues are flipped out and flexible, 

allowing the helices to coaxially stack46,48 (Figure 1C). The addition of Mg2+ or Na+ shifts 

this preexisting equilibrium toward the coaxial conformation.46

Therefore, chemical shift data indicate that shortening the TAR bulge shifts this equilibrium 

in favor of the coaxial state (Figure 1D and Figure S2). On the basis of the Mg2+−dependent 

chemical shift changes, a prior study46 estimated the population of the coaxial state of TAR 

in the absence of Mg2+ and 25 mM NaCl to be ≈10%. Using a similar approach (see 

Methods), we estimated the coaxial state of ΔC24-wtTAR in the absence of Mg2+ and 25 

mM NaCl to be >60%.

To examine whether Mg2+ can also shift the equilibrium toward the coaxial state, we titrated 

Mg2+ into ΔC24-wtTAR. As expected, the addition of Mg2+ to ΔC24-wtTAR results in 

similar perturbations as observed for wtTAR but required a lower Mg2+ concentration to 

reach saturation (≈2 and 4 mM for wtTAR and ΔC24-wtTAR, respectively) (Figure S3A). 

Additionally, spectra began to converge upon comparison of ΔC24-wtTAR and wtTAR in the 

presence of 4 mM Mg2+, indicating more similar populations of the bent and coaxial states 

in the presence of magnesium (Figure S3B). On the basis of the chemical shifts, we 

estimated that in the presence of 4 mM Mg2+, the coaxial state is >99 and 83% populated in 

ΔC24-wtTAR and wtTAR, respectively46 (see Methods).

Comparison of Picosecond-to-Nanosecond Dynamics Using Spin Relaxation

To further characterize the differences in dynamics between wtTAR and ΔC24-wtTAR in the 

absence of Mg2+, we compared 13C longitudinal (R1) and transverse (R2) spin relaxation 

rate constants for base (C8, C6, and C2) and sugar (C1′) nuclei in wtTAR and ΔC24-wtTAR 

at 25 °C (Figure S4 and Tables S2 and S3). Spin relaxation data provide information about 

both overall and internal motions occurring on picosecond-to-nanosecond time scales. As 

expected, because of their similar molecular size, similar R2/R1 ratios are measured for 

wtTAR and ΔC24-wtTAR (Figure 2A). To gain insights into differences in internal motions, 

we calculated the relative order parameter, Srel
2, for each site (see Methods), which ranges 

from 1 to 0 for minimal to maximal amplitude internal motions, respectively.44,86 Indeed, 

lower Srel
2 values were observed for bulge residues U23 and U25 in ΔC24-wtTAR as 

compared to wtTAR, consistent with increased picosecond-to-nanosecond dynamics and a 

flipped out flexible conformation for bulge residues (Figure 2B). Therefore, these data also 

support the idea that shortening of the TAR bulge favors a coaxial conformation with flipped 

out bulge residues.
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Structural and Dynamic Comparison Utilizing Residual Dipolar Couplings

To further characterize differences in interhelical structure and dynamics between wtTAR 

and ΔC24-wtTAR, we measured NMR residual dipolar couplings (RDCs)62,63 in the 

absence of Mg2+. RDCs provide information about the orientation and dynamics of bond 

vectors relative to a common alignment frame over time scales ranging from picoseconds to 

milliseconds.63 We measured 45 one-bond CH and NH RDCs in uniformly 13C- and 15N-

labeled ΔC24-wtTAR (1 mM) at 25 °C using the bacteriophage (Pf1) alignment medium75,76 

(Table S4). A comparison of RDCs measured in wtTAR44 and ΔC24-wtTAR (Figure 3A) 

revealed significant differences even after accounting for differences in the degree of overall 

alignment (Figure 3B). Once again, the largest differences are observed for bulge residues 

U23 and U25 where RDCs are near zero in ΔC24-wtTAR (Figure 3A), consistent with 

motional averaging and a flexible, extrahelical conformation of bulge residues. Strikingly, 

RDCs measured in ΔC24-wtTAR show improved agreement with those previously measured 

in TARuucg in the presence of 4 mM Mg2+, consistent with a larger population of the coaxial 

conformation for ΔC24-wtTAR in the absence of Mg2+ (Figure 3C).46

To characterize the average interhelical orientation and amplitude of interhelical dynamics, 

RDCs measured in A-form helices were subjected to an order tensor analysis as described 

previously (see Methods and Table 1).76–78,87,88 Excellent agreement between the measured 

and back-calculated RDCs using the best-fit order tensor indicates that like those in wtTAR, 

the helices in ΔC24-wtTAR adopt an idealized A-form geometry (Figure S5C). The average 

interhelical structure obtained by superimposing order tensor frames [Sxx, Syy, Szz (see 

Methods)] shows a significant reduction in the average interhelical bend angle (βh) for 

ΔC24-wtTAR (|βh| = 8 ± 3°) as compared to that of wtTAR (|βh| = 45 ± 7°). This is 

accompanied by a reduction in the amplitude of interhelical dynamics as judged by an 

increase in the internal generalized degree of order (ϑint = ϑi/ϑii;ϑi < ϑiv, where ϑint varies 

from 0 to 1 for maximal to minimal amplitude interhelical motions, respectively) from 

wtTAR (ϑint = 0.54 ± 0.07) to ΔC24-wtTAR (ϑint = 0.75 ± 0.06) (Figure 3D). The ϑint value 

measured for ΔC24-wtTAR agrees well with the previously reported value for domain-

elongated ΔC24-TARuucg (ϑint = 0.77 ± 0.04).42 These results provide further support that 

shortening the TAR bulge preserves interhelical motions but biases the ensemble of 

conformations toward the coaxially stacked state.

Impact of Mutation on Microsecond-to-Millisecond Conformational Exchange

Next, we used carbon and nitrogen spin relaxation dispersion (RD) in the rotating frame 

(R1ρ) to examine how deleting bulge residue C24 affects slower microsecond-to-millisecond 

conformational exchange directed toward two ESs35,37 [ES1 and ES2 (Figure 4A,B)]. To 

remain consistent with prior studies of wtTAR,35,37 RD data were measured for ΔC24-

wtTAR in the absence of Mg2+. In the RD experiment, the contribution to the transverse 

relaxation rate (R2) due to chemical exchange (Rex) is measured as a function of the power 

and offset frequency of a radiofrequency spin lock, which is applied during the relaxation 

period. The resulting dependence of R1ρ on spin lock power and offset can be fitted using 

algebraic expressions82 to extract exchange parameters of interest, including population of 

the ES, forward and backward exchange rates, and the difference in chemical shift between 

ES and GS (Δω = ωES − ωGS). Note that the RD experiment is not sensitive to interhelical 
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motions, which have been shown to occur on the nanosecond-to-microsecond time scales 

and fall outside the detection limits of this class of NMR experiments.42,71

The deletion of bulge nucleotide C24 was not expected to affect ES1 conformational 

exchange, which involves local reshuffling of base pairs within the wild-type apical loop 

(Figure 4A). Indeed, all apical loop sites that showed ES1 RD in wtTAR (C30 C1′, U31 

C1′, U31 C6, G34 C8, G34 C1′, and A35 C1′) showed similar RD in ΔC24-wtTAR (Figure 

4A and Figure S6A). A global two-state fit of the RD data yielded an ES1 population (pES1 

= 16 ± 4%) and exchange rate (kex = 27000 ± 1400 s−1) similar to those reported previously 

for wtTAR (pES1 = 13 ± 2%, and kex = 26000 ± 700 s−1).35

ES2 features a larger rearrangement of secondary structure, which reshuffles nucleotides in 

the bulge, upper helix, and apical loop (Figure 4B). In ES2 of wtTAR, C24 forms a weak 

C24-C39 mispair, while U23 is bulged out.37 Therefore, deletion of C24 was expected to 

impact ES2 exchange and structure. Surprisingly, RD data similar to those of ES2 in wtTAR 

were obtained for ΔC24-wtTAR for several sites in the bulge, upper helix, and apical loop 

(Figure 4B and Figure S6A). A global two-state fit of the RD data yielded exchange 

parameters similar to those obtained for ES2 in wtTAR. The ES2 ΔC24-wtTAR population 

is reduced by 2-fold (pES2 of 0.17 ± 0.02% compared to a value of 0.40 ± 0.05% in wtTAR), 

whereas the exchange rate remains the same within experimental error (kex of 541 ± 93 s−1 

compared to a kex value of 474 ± 69 s−1 in wtTAR). Additionally, sites that do not show RD 

in wtTAR also lack RD in ΔC24-wtTAR (Figure S6A). Therefore, deleting the bulge 

minimally affects the thermodynamics and kinetics of an exchange process that is 

experienced by residues in the bulge, upper helix, and apical loop. This suggests that for 

wtTAR, flipping out U23 contributes little to the overall thermodynamics and kinetics of the 

GS–ES2 transition. This is possible because any loss of stacking interactions between U23 

and A22 in the GS is partly compensated for by a favorable increase in entropy due to a 

flexible flipped out conformation in ES2.

Similar RD profiles were also observed for wtTAR and ΔC24-wtTAR in the presence of 5 

mM Mg2+. However, the addition of Mg2+ altered the populations, exchange rates, and 

possibly chemical shift differences between the GS and ESs (Figure S6B and Table S6). The 

effects of Mg2+ on exchange will be characterized more fully in future studies. It should be 

noted that during the course of these studies, we also obtained evidence of a third distinct ES 

(ES3) in the absence of Mg2+, for both wtTAR and ΔC24-wtTAR at residues G26 C8 and 

A27 C1′ with a population of ≈0.2% and a kex of ≈5000 s−1 in ΔC24-wtTAR at 25 °C and a 

population of ≈0.2% and a kex of ≈2300 s−1 in wtTAR at 10 °C (Figure S6C and Table S6). 

Furthermore, A27 C1′ has RD consistent with ES2 in wtTAR at 25 °C; thus, it is likely that 

this resonance experiences three-state exchange involving the GS, ES2, and ES3 at 25 °C in 

ΔC24-wtTAR. Although the A27 C1′ RD profile is dominated by exchange with ES3, 

fitting to a three-state linear model without minor exchange (eq 3) yields exchange 

parameters consistent with those obtained for ES2 and ES3 (Table S7 and Methods). This 

new ES3 will be more fully characterized in future studies.
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ΔC24-wtTAR Adopts an ES2 Conformation Different from That of wtTAR

The RD analysis yields the difference in chemical shift between ES2 and the GS (Δω = ωES 

−ωGS). With the exception of U23 C6 and A22 C1′, similar Δω values were determined for 

various ES2 sites in wtTAR and ΔC24-wtTAR, indicating that they adopt a similar ES2 

conformation (Table S6). However, the Δω values for U23 C6 and A22 C1′ in ΔC24-wtTAR 

were opposite in sign to those measured in wtTAR. In wtTAR, Δω(U23 C6) = +2.3 ppm and 

was attributed to loss of U23-A22 stacking in the GS to form a bulged out conformation in 

ES2. In contrast, in ΔC24-wtTAR, Δω(U23 C6) = −3.4 ppm, suggesting an opposite 

transition from a flipped out conformation in the GS to a flipped in conformation in ES2. 

Similarly, in wtTAR, a Δω(A22 C1′) of −2.2 ppm suggests sugar repuckering farther from 

C3′-endo in the GS toward C2′-endo in ES2, possibly due to the bulging out of U23, 

whereas in ΔC24-wtTAR, a Δω(A22 C1′) of +2.0 ppm indicates a shift toward a more 

helical C3′-endo conformation in ES2, consistent with a flipped in helical U23 

conformation. A simple explanation for these data is that, in ΔC24-TAR, U23 replaces C24 

to form an U23-C39 mispair (Figure 4B and Figure S7).

To test the proposed ΔC24-wtTAR ES2 secondary structure, we used a G28U point 

mutation, which was previously used to trap ES2 secondary structure in wtTAR.37 As 

expected, the G28U-ΔC24-wtTAR mutant adopts the proposed ES2 secondary structure 

based on imino 2D SOFAST-HMQC spectra and NOE connectivities (Figure S8). The 

differences in chemical shifts between G28U-ΔC24-wtTAR and the ground state ΔC24-

wtTAR are in excellent agreement with the differences in chemical shifts between the ES 

and GS measured by RD in ΔC24-wtTAR (Figure 5A). In addition, comparing spectra of 

ΔC24-wtTAR and wtTAR with those of their G28U mutant counterpart reveals that the 

G28U mutation recapitulates the opposite changes in the chemical shifts observed for U23 

C6 and A22 C1′ (Figure 5A). The NOE connectivity between A22 H1′ and U23 H6, which 

is not observed in G28U-wtTAR, also helps to establish that in G28U-ΔC24-wtTAR U23 is 

not flipped out but rather intrahelical, consistent with formation of an U23-C39 base pair 

(Figure 5B).

Stabilizing ES2 in wtTAR and ΔC24-wtTAR Using a UUCG Loop Mutation

As noted previously,37 nonexchangeable NOE connectivities were difficult to resolve for all 

residues in the G28U-wtTAR mutant, leading to ambiguous assignments for several 

resonances in base and sugar 2D HSQC spectra. To resolve these ambiguities and further 

confirm the observed differences in the ES2 secondary structure between wtTAR and ΔC24-

wtTAR, we designed a second ES2 mutant in which we replaced the ES2 apical loop with a 

stable UUCG tetraloop [ES2uucg (Figure 5C,D)]. We used this mutation to trap ES2 in both 

wtTAR (wtTAR-ES2uucg) and ΔC24-wtTAR (ΔC24-wtTAR-ES2uucg). Both mutants adopted 

the expected ES2 secondary structure with an UUCG apical loop as judged on the basis of 

imino 2D SOFAST-HMQC spectra and NOE connectivities (Figure S9).

The new mutants allowed us to resolve many ambiguous assignments and to correct a subset 

of assignments in G28U-wtTAR.37 Updated assignments do not affect any previous 

conclusions reached about wtTAR-ES2 (Supporting Discussion 1); in fact, better agreement 

is observed between the ES2 chemical shifts measured in wtTAR using RD and those 
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observed in the mutant G28U-wtTAR (Figure 5A) when using updated assignments. 

Comparison of wtTAR and ΔC24-wtTAR spectra with those of their ES2uucg trapped 

counterparts revealed opposite changes in the chemical shifts for U23 C6 and A22 C1′ 
(Figure 5C,D). We also observe excellent agreement between the ES2 and G28U-wtTAR 

chemical shifts for seven new resonances whose assignments could be resolved (Figure 5A). 

These data support our previously proposed ES2 structure of HIV-1 TAR and also confirm 

that ΔC24-wtTAR-ES2uucg adopts a slightly different conformation with flipped in U23 

(Figure 4B).

Chemical exchange to ES3 required the use of a three-state exchange equation for A27 C1′ 
to obtain Δω for both ES2 and ES3 (see Methods). The ES2 Δω(A27 C1′) value of −2.2 

ppm obtained from three-state fitting of the A27 C1′ RD data (Table S7) is in excellent 

agreement with the Δω based on ES2 mutants [Δω(A27 C1′) = −2.4 ppm (Figure 5A)]. 

Additionally, no RD was observed for U25 C6 (Figure S8), which is consistent with the 

relatively small chemical shift perturbations predicted by the ES2uucg mutant [Δω(U25 C6) 

= −0.9 ppm] and smaller population of ES2 in ΔC24-wtTAR compared to that in wtTAR.37

Impact of Mutation on the Dynamic RNA Energy Landscape

The RNA free energy landscape can be hierarchically organized into local energetic minima 

containing conformational states (CSs) separated by large kinetic barriers; each minimum is 

then, in turn, subdivided into a greater number of local energetic minima of conformational 

substates separated by lower kinetic barriers (Figure 6). These hierarchically organized 

energetic layers can be classified into different tiers of RNA dynamics (tier 0, tier 1, and tier 

2) that are organized in terms of transitions between CSs within each tier.89 Such a 

framework was first introduced by Frauenfelder et al.90 to describe protein dynamics. In 

RNA, tier 0 motions represent large-scale changes in secondary structure that can remodel 

entire hairpins occurring on the second time scale, tier 1 represents localized changes in base 

pairing occurring on the microsecond-to-millisecond time scale, and tier 2 represents 

librational and interhelical motions occurring on time scales faster than microseconds.89

In this study, we set out to characterize how deleting a single bulge residue in HIV-1 TAR 

affects motions on each tier and how each tier is then further affected by the addition of 

Mg2+. The results show that shortening the TAR bulge does not substantially reorganize the 

motional modes or alter sampled conformational substates. For example, in tier 2, we still 

observe a two-state equilibrium between a flexible bent state and coaxial state with 

extrahelical bulge residues. Shortening the bulge primarily shifts the two-state equilibrium 

toward the coaxial state. These differences in dynamics are diminished at high Mg2+ 

concentrations, which favors the coaxial state in both wtTAR and ΔC24-wtTAR. Shortening 

the bulge most likely favors the coaxial state due to both a reduction in the entropy of the 

bent state (and therefore reduction of the entropic penalty accompanying coaxial stacking) 

and a reduction in the degree of phosphate–backbone electrostatic charge repulsion due to 

loss of a bulge nucleotide. A dissection of these energetic contributions will require further 

studies.

Interestingly, the point deletion mutant had minimal effects on slower tier 1 microsecond-to-

millisecond exchange directed toward two ESs even in the absence of Mg2+. This was the 
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case even though ΔC24-wtTAR adopts a slightly different ES2 secondary structure. The 

addition of Mg2+ also affects microsecond-to-millisecond exchange, but the effects were 

similar for ΔC24-wtTAR and wtTAR (Figure S6B). The preservation of exchange directed to 

ES1 and ES2 in two distinct but naturally occurring TAR molecules provides additional 

support for the potential functional importance of these excited conformational states. One 

potential functional role for the TAR ES2 conformational state is in HIV genome 

dimerization. Prior studies have shown that deleting the TAR UCU bulge significantly 

impairs genomic dimerization, which is essential for viral infectivity.60 Deletion of the UCU 

bulge has also been shown to inhibit formation of ES2.37 Moreover, our results indicate that 

the G28U point mutant, which traps the ES2 state, has a strong propensity to form duplex or 

kissing dimers (see Supporting Discussion 1). Future studies will examine more deeply how 

Mg2+ and other physiologically important metals impact the tier 1 conformational landscape 

of wtTAR, how other mutations that have not been selected by the HIV virus affect these 

dynamics, and how the ES2 conformation could potentially play a role in HIV genomic 

dimerization.

Supplementary Material

Refer to Web version on PubMed Central for supplementary material.
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ABBREVIATIONS

HIV human immunodeficiency virus

TAR transactivation response element

HJH helix–junction–helix

NMR nuclear magnetic resonance

RD relaxation dispersion

RDC residual dipolar coupling

NOE nuclear Overhauser effect

HSQC heteronuclear single-quantum coherence

HMQC heteronuclear multiple-quantum coherence

TROSY transverse relaxation-optimized spectroscopy
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WC Watson–Crick

ES excited conformational state

CS conformational state

rmsd root-mean-square deviation
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Figure 1. 
Chemical shift comparison of wtTAR and ΔC24-wtTAR. (A) Secondary structure of HIV-1 

TAR and ΔC24-wtTAR where the deleted bulge residue is highlighted with a red X. 

Symbols on the secondary structure indicate sites with significant chemical shift 

perturbations [  > 0.25 ppm (see Methods)]: C6 H6 (circles), C8 

H8 (squares), C2 H2 (triangle), C5 H5 (left triangles), C1′ H1′ (diamonds), and N1 H1/N3 

H3 (inverse triangles). (B) Aromatic two-dimensional (2D) HSQC overlaid spectra for 

wtTAR (black) and ΔC24-wtTAR (red), with lines highlighting resonances showing 

significant chemical shift perturbations. (C) Two-state TAR equilibrium. (D) Overlay of 2D 

HSQC spectra of wtTAR (black), ΔC24-wtTAR (red), and wtTAR in the presence of 4 mM 

Mg2+ (orange),91 with lines highlighting resonances with significant chemical shift 

perturbations relative to those of wtTAR under low-salt conditions.
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Figure 2. 
Characterization of picosecond-to-nanoseconds motions using spin relaxation. Shown are 

comparisons of (A) 13C R2/R1 ratios and (B) the relative order parameter, Srel
2, measured in 

wtTAR and ΔC24-wtTAR. Data are colored according to helix 1 (red), helix 2 (blue), bulge 

(orange), and apical loop residues (green). Symbols represent spin type, C6 (circles), C2 

(triangles), C8 (squares), and C1′ (diamonds).
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Figure 3. 
Characterizing interhelical dynamics using residual dipolar couplings. (A) RDCs measured 

in wtTAR44 and ΔC24-wtTAR, where wtTAR RDCs have been scaled by 1.5 to account for 

differences in the degree of alignment (see Methods). Dotted lines represent the largest 

positive RDC measured in each region of the structure (helix 1, helix 2, bulge, and apical 

loop) to highlight variation in the degree of alignment and dynamics. Comparison of RDCs 

measured in ΔC24-wtTAR with values measured in (B) wtTAR in the absence of Mg2+44 

and (C) TARuucg in the presence of 4 mM Mg2+.46 RDCs are normalized to the degree of 

alignment (ϑ) measured in helix 2 of ΔC24-wtTAR. Error bars represent the experimental 

error (one standard deviation) in RDC measurements (see Methods). The notable outlier, 

G36, likely reflects differences in the apical loop. RDCs are colored according to helix 1 

(red), helix 2 (blue), bulge (orange), and apical loop (green) residues. See the inset of panel 

A for the legend. (D) Order tensor frame (Sxx, Syy, Szz) determined for helix 1 (red) and 

helix 2 (blue) shown on a Sanson–Flamsteed map projection obtained from the order tensor 

analysis of RDCs using RAMAH.79 Additionally shown are the average interhelical 

orientations of wtTAR (left) and ΔC24-wtTAR [right (see Methods)] obtained by 
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superimposing the order tensor frames for each helix. The errors in ϑint and |βh| were 

estimated using AFORM-RDC.78
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Figure 4. 
Measuring microsecond-to-millisecond motions using relaxation dispersion in the rotating 

frame. Secondary structure (left) and representative RD profiles for (A) ES1 and (B) ES2 in 

wtTAR35,37 (middle) and ΔC24-wtTAR (right). RD profiles show the dependence of R2 + 

Rex on spin lock power (ωeff/2π) and offset (Ω/2π) with global fits (—) and individual fits 

(–) to the two-state Laguerre equation (eq 2).82 Error bars represent experimental uncertainty 

[one standard deviation (see Methods)].
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Figure 5. 
Trapping ES2 in ΔC24-wtTAR using mutations. (A) Comparison of Δω between ES2 and 

the GS of wtTAR (circles) and ΔC24-wtTAR (diamonds) as determined by RD (red), and the 

G28U (blue) and ES2uucg (green) ES2 trapped mutants. Errors in RD chemical shifts were 

determined from the standard error from the global fit. (B) Nonexchangeable region of 

the 1H–1H NOESY spectrum for G28U-ΔC24-wtTAR, highlighting the sequential 

assignments from G17 to U23 (solid black lines). (C and D) Secondary structure of ES2uucg 

for (C) wtTAR and (D) ΔC24-wtTAR, highlighting the mutated apical loop residues in 

green, with 2D HSQC overlays of the wtTAR and ΔC24-wtTAR (blue) and their respective 

ES2uucg trap (red). Black arrows highlight the opposite sign of Δω between GS and ES2 for 

A22 C1′ and U23 C6 in wtTAR and ΔC24-wtTAR.
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Figure 6. 
Hierarchical energy landscape of wtTAR and ΔC24-wtTAR in the absence of Mg2+. Shown 

are the tiers of the energy landscape for wtTAR (top) and ΔC24-wtTAR (bottom). The 

dashed red lines denote stacking and black arrows flexibility. Residues involved in ES1 and 

ES2 exchange are colored red and green, respectively. Barrier heights were estimated as the 

activation energy calculated from the Arrhenius equation at 25 °C.
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