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On the Functional Role of Valve
Interstitial Cell Stress Fibers: A
Continuum Modeling Approach
The function of the heart valve interstitial cells (VICs) is intimately connected to heart
valve tissue remodeling and repair, as well as the onset and progression of valvular path-
ological processes. There is yet only very limited knowledge and extant models for the
complex three-dimensional VIC internal stress-bearing structures, the associated cell-
level biomechanical behaviors, and how they change under varying activation levels.
Importantly, VICs are known to exist and function within the highly dynamic valve tissue
environment, including very high physiological loading rates. Yet we have no knowledge
on how these factors affect VIC function. To this end, we extended our previous VIC com-
putational continuum mechanics model (Sakamoto, et al., 2016, “On Intrinsic Stress
Fiber Contractile Forces in Semilunar Heart Valve Interstitial Cells Using a Continuum
Mixture Model,” J. Mech. Behav. Biomed. Mater., 54(244–258)). to incorporate realistic
stress-fiber geometries, force-length relations (Hill model for active contraction), explicit
a-smooth muscle actin (a-SMA) and F-actin expression levels, and strain rate. Novel
micro-indentation measurements were then performed using cytochalasin D (CytoD),
variable KCl molar concentrations, both alone and with transforming growth factor b1
(TGF-b1) (which emulates certain valvular pathological processes) to explore how a-
SMA and F-actin expression levels influenced stress fiber responses under quasi-static
and physiological loading rates. Simulation results indicated that both F-actin and a-
SMA contributed substantially to stress fiber force generation, with the highest activation
state (90 mM KCLþ TGF-b1) inducing the largest a-SMA levels and associated force
generation. Validation was performed by comparisons to traction force microscopy stud-
ies, which showed very good agreement. Interestingly, only in the highest activation state
was strain rate sensitivity observed, which was captured successfully in the simulations.
These unique findings demonstrated that only VICs with high levels of aSMA expression
exhibited significant viscoelastic effects. Implications of this study include greater insight
into the functional role of a-SMA and F-actin in VIC stress fiber function, and the poten-
tial for strain rate-dependent effects in pathological states where high levels of a-SMA
occur, which appear to be unique to the valvular cellular in vivo microenvironment.
[DOI: 10.1115/1.4035557]

1 Introduction

Heart valves ensure unidirectional blood flow within the heart
and undergo 40� 106 cardiac cycles per year, totaling to at least
3� 109 times over an average lifetime [1]. Within all heart valve
tissues are a resident population of valve interstitial cells (VIC)
that play the essential role in tissue maintenance, with VIC
dysfunction implicated as the underlying cause of many heart
valve diseases [1,2]. VICs are myofibroblasts in that they have
characteristics of both fibroblasts and smooth-muscle cells, with
contractile activities mediated by stress fibers with high a-smooth
muscle actin (a-SMA) content. VICs are activated by mechanical
stimuli during tissue repair, development, and remodeling [3].

They are known to revert to an inactivated state [1,4] or are
removed by apoptosis [5] when there is a return to homeostasis.

Interestingly, VICs appear to be quite sensitive to their
surrounding microenvironment; excessive and persistent environ-
mental changes will cause the improper regulation of VICs [2]
that is linked to various pathological processes. These processes
include increased expression and release of profibrotic factors
such as transforming growth factor b1 (TGF-b1) and upregulation
of matrix metalloproteinases (MMPs), which leads to extracellular
matrix (ECM) degradation [6]. in vitro, cyclic tensile strain
induced the activation of the mitral VIC, with the degree of acti-
vation levels correlated with the peak strain [7]. It has been specu-
lated that once VICs initiate maladaptive tissue remodeling,
enhanced mechanotransductive signaling due to the remodeling of
the tissue itself causes a positive feedback loop and ultimately
heart valve failure [6]. Yet, it is not well understood that how the
VICs and surrounding tissues interact, especially in the highly
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dynamic valvular environment which includes extraordinarily
high strain rates [2,8].

In recent years, whole-cell VIC mechanical properties have
been studied using various experimental techniques, such as
micropipette aspiration (MA) [9–11], collagen-gel contraction
[12], and atomic force microscopy (AFM) [13]. These studies
have indicated that higher expression levels of a-SMA are closely
correlated with VIC increased stiffness and collagen biosynthesis.
Related studies of fibroblasts and myofibroblasts have also shown
that the incorporation of a-SMA into stress fibers enhances the
stiffness and contractility of these cells [14–19]. However, these
studies only measured the VIC total “effective” stiffness using lin-
ear elastic models under static, steady-state conditions. The time-
dependent, viscoelastic properties of the VICs have been studied
previously by Merryman et al. using micropipette aspiration [10].
However, VICs were treated as a homogenized standard linear
solid material, with the VIC internal structure ignored. Due to the
nature of experimental methodology, VICs were suspended in
fluid, inactivating the VIC stress fiber structure. Moreover, it is
well known that valvular tissues, and thus the imbedded VIC pop-
ulation, are subjected to very high strain rates in vivo [8]. Yet,
there exist no studies known to the authors that investigate VIC
strain rate sensitivity in either normal or pathological states. It
thus remains an open question whether the high loading rates
valve cells undergo in vivo affects their biosynthetic activities in
health or disease, or that they are simply “along for the ride.”

Advanced bio-chemo-mechanical models of nonmotile mecha-
nocytes, such as fibroblasts, chondrocytes, smooth muscle cells,
have been developed to understand their internal structures. Desh-
pande et al. [20] developed the general bio-chemo-mechanical
model framework and simulated the development of stress fibers,
contractile behaviors, formation of adhesion complexes, and
mechanical responses to external stimuli for various types of cells
such as smooth muscle cells, fibroblasts, mesenchymal stem cells
[21], chondrocytes [22], and osteoblast [23]. In particular, using
their bio-chemo-mechanical model, they analyzed the time-
dependent mechanical response of a spread human endothelial
cell under micropipette aspiration experiment [24]. They observed
creeplike increase of an aspiration length under constant pressure
over �300 s, where significantly lower steady-state length was
observed for untreated contractile cells compared to cells in which
actin polymerization was chemically inhibited by cytochalasin D
(CytoD). They showed that incorporates stress fiber remodeling
and contractility must be used in order to accurately simulate
micropipette aspiration of a contractile endothelial cell. Farsad
and Vernerey also developed a similar model using mixture
theory, with stress fibers with strain and strain rate-dependent con-
traction, remodeling of the stress fibers with actin monomer trans-
fer within a fluid cytosol, and adhesion complex formation [25].
They simulated the contraction of a fibroblast on a flat substrate
and reproduced the cell and stress fiber morphologies very similar
to the one observed in experiments.

These studies provide insight on how these mechanocytes
respond to external stimuli in long term, from 10 s to 100 s.
However, in order to capture the unique VIC contractile behav-
iors, especially in rapid loading condition, we need to develop a
comprehensive VIC-specific mechanical model compatible with
available experimental data. Thus, it is necessary to develop a
computational model of a VIC capable of capturing the effects
of different subcellular structures with more refined experimen-
tal methodology that mimic the native environment of VICs.
We previously developed a novel mathematical model of a VIC
that modeled different mechanical structures of the VICs such
as basal cytoskeleton, oriented stress fibers with passive elastic
response and active contractile response, and nucleus [26]. We
determined that the stress fibers within VICs indeed exhibited
significantly stronger intrinsic contractile force than the ones in
PVICs by a ratio of about 9:1, suggesting intrinsic differences
between these two VIC types at the subcellular component level.
However, in our first study, neither the stress fiber length-

tension relationship [27] nor the three-dimensional (3D) stress
geometry were considered. The model only considered the
expression levels of a-SMA, although stress fibers are composed
of actin bundles cross-linked by a-actinin with double-headed
myosin II motor protein [28].

In the present study, we thus sought to substantially extend
our VIC model to specifically gain insight into how F-actin and
a-SMA coordinate to modulate VIC cell-level biomechanical
function under both quasi-static and physiological loading rates.
Specifically, our objectives were to: (1) develop an improved VIC
computational model by incorporating a more realistic stress fiber
model, inspired by recent development in computational cell
mechanics [20,29] and micromechanical experimental observa-
tions [20,29], and (2) to derive the insight in how the stress fibers
in the VICs respond to different activation states and loading
rates. We developed an improved computational model of a VIC
that incorporated the passive elastic, active contractile (using an
explicit force-length relation), and viscous resistance responses of
the stress fibers. We then integrated novel data from microinden-
tation force–displacement, stress fiber orientation, and a-SMA
and F-actin expression level studies for different activation levels.
Simulations of the quantified mechanical responses under differ-
ent activation levels and loading rates provided us with unique
insight on how a-SMA and F-actin expression levels influenced
stress fiber passive elastic, active contractile, and viscous
responses.

2 Materials and Methods

2.1 Experimental Methods. Experimental groups. The
experimental design focused on modifying VIC activation states
biochemically to alter the biomechanical state of the stress fibers.
We chose the following five experimental conditions: cytochala-
sin D pretreated group (CytoD), control groups with 5 mM and
90 mM KCl treatments (C5 and C90 groups, respectively), and
Transforming growth factor-beta1 (TGF-b1) pretreated groups
with 5 mM and 90 mM KCl treatments (T5 and T90 groups,
respectively). The details of each group are provided in the
following:

(1) CytoD group. Cytochalasin D is a potent inhibitor of actin
polymerization. By disassembling the actin network of the
VICs, microindentation can be used to measure the baseline
global stiffness of the nucleus and cytoplasm and serve as a
negative control throughout the study. The resulting stiff-
ness is hypothesized to be similar to that which has been
measured using micropipette aspiration in previous studies
(0.45 kPa) [9].

(2) C5 and C90 groups. Testing in 5 mM KCl mimics a normal
physiological environment, creating a passive stiffness in
the VIC cytoskeleton. Addition of 90 mM KCl during
microindentation testing initiates active contraction within
the VIC cytoskeleton and mimics a hypertensive physiolog-
ical condition. VICs cultured in standard low serum (LS)
media also served as a second negative control for the
TGF-b1 treated VICs in the following.

(3) T5 and T90 groups. TGF-b1 is a prolific growth factor
and has been shown to initiate calcification in vitro and
accelerate valvular stenosis in vivo [30,31]. Immunohisto-
chemical studies revealed the presence of high levels of
TGF-b1 in calcified human aortic valves when compared
to noncalcified [32]. It has been shown to mediate differ-
entiation of VICs into active myofibroblasts in vitro,
determined by a significant increase in a-SMA, a gold
standard marker for identifying myofibroblasts, and aug-
mentation of stress fiber formation and alignment, and
increases VIC contractility [33]. Testing in 5 mM KCl
represents a normal physiological environment, enabling
the measurement of VIC biomechanical properties in
myofibroblastlike VICs under normal state, and the
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addition of 90 mM KCl will allow the measurement in
myofibroblastlike VICs under hyperactive state.

VIC pretreatment cell culture: Altering expression levels of
a-SMA and F-actins. Glass bottom culture dishes (MatTek,
Ashland, MA) were coated with collagen type 1 (BD Biosciences,
San Jose, CA) in 0.02 N acetic acid at a concentration of
10 lg/mL. The solubilized collagen solution was incubated on the
glass for 1 h at 37 �C. Excess solution was aspirated and coated
dishes were left to dry under UV overnight and then rinsed with
PBS. Aortic valve VICs were generously provided by Dr. Ferrari’s
group at University of Pennsylvania, where the isolation of VICs
was performed using a modification of the method described by
Branchetti et al. [34]. Primary VICs were thawed and cultured in
Dulbecco’s modified eagle medium (DMEM) with high glucose
and 10% fetal bovine serum) at 37 �C and 5% CO2 until reaching
80% confluence in monolayer. VICs (P2–P4) were lifted from
tissue culture-treated flasks and seeded on the collagen-coated
coverslips at a concentration of 7000/cm2 and cultured in Dulbec-
co’s modified eagle medium (DMEM) with high glucose and low-
serum (LS) medium (1% FBS supplemented). VICs were treated
for a period of 5 days with additional TGF-b1 (5 ng/mL) (Sigma-
Aldrich, St. Louis, MO) and control cells were cultured in plain
media (all conditions were LS). Cultures were replenished with
TGF-b1 and fresh media every 48 h.

Microindentation studies. An atomic force microscope
(MFP-3D, Asylum Research, Santa Barbara, CA) with cantilevers
with a borosilicate glass sphere (5 lm diameter, Novascan
Technologies, Ames, IA) was used for all testing (Fig. 1, top).
The cantilever spring constant (typically 0.027 N/m) was deter-
mined from the spectral density of the thermal noise fluctuation
prior to testing. Microindentation testing started by having the
cantilever probe positioned over each VIC nuclei to maintain con-
sistency of measurements due to varying cell shapes. Each VIC

was indented at a constant velocity of either 2.0 lm/s (slow inden-
tation) or 12.0 lm/s (fast indentation) until a trigger force (2.5 nN)
was reached. At that point the cantilever stopped and immediately
retracted at the same velocity as the approach. The resulting force
throughout the indentation protocol as well as the indenter posi-
tion was recorded. In order to calculate the actual indentation
depth from the indenter position, the indenter-cell contact point
was determined by method based on Guo and Akhremitchev [35].
The indenter position at which the force started rising was
identified by fitting the modified Hertz model [36] to the indenter
position versus force curve.

After 5 days of incubation, the TGF-b1 and nontreated VICs
were first tested under normal physiological levels of 5 mM KCl
at 37 �C. The same VICs were then incubated at 37 �C for 10 min
in hypertensive levels of KCl (90 mM) and retested. Finally, the
same VICs were treated with 20 lM cytochalasin-D (Sigma-
Aldrich, St. Louis, MO) for 10 min at 37 �C to cause complete
depolymerization of the actin network and tested using microin-
dentation a third time. To ensure CytoD concentration and incuba-
tion time was effective, samples were given CytoD supplemented
with 90 mM KCl and measured using microindentation. There
was no measured increase in stiffness between the 5 mM and
90 mM controls when delivered with CytoD (data not shown).
Immediately after the indentation on a VIC, the substrate very
next to the VIC was indented to determine the cell height from the
difference in the contact points.

Fluorescent microscopy. Immediately following microindenta-
tion measurements, VICs were washed twice with PBS to remove
excess media and then fixed in 4% paraformaldehyde (Electron
Microscopy Sciences, Hatfield, PA) in PBS for 15 min. Following
fixation, VICs were permeabilized using 0.1% Triton-X-100/PBS
and nonspecific binding was blocked using 1% BSA for 30 min.
VICs were incubated for 1 h with a-SMA monoclonal antibody
(1:125, mouse antiporcine, ThermoFisher Scientific, Waltham,
MA). The primary antibody was removed through PBS washes
and VICs were incubated with a fluorescein isothiocyanate conju-
gated secondary antibody (1:125 goat antimouse, Millipore) and
tetramethylrhodamine-conjugated Phalloidin (1:100, Millipore,
Billerica, MA) to stain for filamentous actin (F-actin). VIC nuclei
were counterstained with 4’6-diamidino-2-phenylindole (Life
Technologies, Carlsbad, CA) for 5 min prior to mounting with
ProLong Diamond Antifade mountant (ThermoFisher Scientific).
Note that F-actin exists in the stress fibers [28] while a-SMA can
exist inside the cytoplasm or within the stress fibers, collocalized
with F-actin [15].

Fluorescent images were taken from each of the five experi-
mental groups. A minimum of ten images was taken from each
group (20� objective, tetramethylrhodamine fluorescein isothio-
cyanate, 4’6-diamidino-2-phenylindole filters) with a fluorescent
microscope (Zeiss Axiovert 200 M, Zeiss, Germany). Exposure
time remained constant to allow for a relative quantitative analysis
between groups. The average signal intensities of F-actin within
VICs were determined from the florescent images using in-house
Python script. The florescent images of the F-actin and a-SMA of
the same VICs were overlaid to determine the collocalization of
a-SMA with F-actin. Then, using the same Python script, the aver-
age signal intensities of a-SMA collocalized with F-actin were
determined.

Confocal microscopy. Z-stacks were taken from all five
experimental groups (minimum five cells each) using confocal
microscopy to determine the appropriate VIC and nucleus geome-
tries and stress fiber orientations for each activation state (Zeiss
LSM 710, Zeiss, Germany). The length and width of each VIC
were measured visually from the confocal images. The VICs on a
flat substrate typically exhibited elongated morphology. Thus, we
defined the length as a distance between cell tips in the elongated
direction, and width as a maximum distance between cell edges in
the direction parallel to the length direction. The nucleus within
the VICs also exhibited an ellipsoidal morphology. Using the
same length and width directions, we measured the length and

Fig. 1 (Top) Schematic of the microindentation experimental
configuration. (Bottom) the VIC model computational domains,
which consisted of three subdomains, Xcyto, Xnuc, and Xind,
representing the cytoplasm, nucleus, and rigid spherical
indenter, respectively. The cytoplasm was considered as a solid
mixture of basal cytoplasm (green network in the inset) and ori-
ented stress fibers (black oriented lines in the inset). The basal
cytoplasm was modeled as a nearly incompressible neo-
Hookean material. The stress fibers were modeled as the
ensemble of oriented fibers with passive elastic and active con-
tractile responses with their orientation described by a contin-
uum orientation distribution function. The substrate was not
explicitly modeled as the no-slip boundary condition was pre-
scribed on Cbottom. The contact between the indenter and VIC
was modeled by no-penetration, no-slip contact boundary
condition.
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width of the nucleus. We also measured the height of the nucleus
from the cross section image produced by z-stacks. Stress fiber
orientation was measured using top-view images, with F-actin
visualized by florescence as previously described. We used the
directionality plug-in of Fiji image processing package [37] to
extract the orientation histogram for each VIC. Then, we set the
preferred direction of the fibers to 0 deg, which corresponded to
the VIC elongation direction. We averaged the orientation
histogram from each VIC within the same experimental groups
and used the constrained von-Mises distribution to fit these
average histograms (described below).

2.2 VIC Computational Model. In our initial VIC
computational model [26], we incorporated the different subcellu-
lar components of VICs such as basal cytoskeleton, stress fibers
with passive elastic and active contractile responses, and nucleus.
Herein, we extend this model by explicitly incorporating the
F-actin and a-SMA expression levels, stress fiber orientation,
strain rate sensitivity, and fiber length–tension relations within the
geometry of the microindentation experiment. It should be noted
that we only consider changes in between states, and not the proc-
esses involved during state changes. Moreover, VICs are also
assumed to be in quasi-static equilibrium in each state and also
during the indentation test so that the indentation test does not
affect the cell state. This latter assumption is supported by the
very small displacements relative to the VIC dimensions.

VIC domains and boundaries. We simulated a representative
VIC as being placed on a flat substrate with two subdomains Xcyto

and Xnuc that represent the cytoplasm and nucleus, respectively
(Fig. 1, bottom). The spherical indenter was considered as a rigid
body with domain Xind. We prescribed the no-slip boundary condi-
tion on the bottom of the VIC assuming that VICs developed strong
adhesion with the substrate [38] as the VICs were cultured on thin-
layered collagen substrates on a glass. Thus, the substrate was not
explicitly modeled. A sliding frictionless contact boundary condi-
tion was applied between the top boundary of the VIC and the rigid
indenter, assuming that the VICs do not produce any adhesion with
the indenter because the indenter only touched the VICs for less
than a second. The cytoplasm and nucleus were assumed tightly
connected so that there is no displacement between their interfaces.
We prescribed the zero displacement and zero residual stress as the
initial conditions. In addition, we prescribed the stress fiber orienta-
tion distribution function (ODF) measured from experimental data
to specify the initial fiber orientation.

Model components. The cytoplasm was considered as a solid
mixture of two components, the basal cytoplasm (represented by
superscript “cyto”) and the stress fibers (represented by super-
script “sf”). The basal cytoplasm includes all major VIC
components (tubulin, intermediate filaments, cytosol, and other
organelles) except the stress fibers. The basal cytoplasm was
modeled collectively as an isotropic, nearly incompressible neo-
Hookean solid. Geometrically, the stress fibers were considered as
homogenized in that the fiber orientations were represented by a
local, continuous orientation distribution function (ODF). Stress
fibers were further assumed to generate tension from the following
three mechanisms: (1) passive elastic response, (2) active con-
tractile response, and (3) strain rate-dependent viscous response.
Finally, the basal cytoplasm and stress fibers were assumed tightly
connected so that their displacements are equal with no momen-
tum exchange.

Assuming that there are no inertial or body forces, the conser-
vation of linear momentum equation states

r•T ¼ 0 in Xt (1)

where T is the Cauchy stress, r is the divergence operator with
respect to the current configuration, and Xt represents the current
domain of the VIC at time t. Within the cytoplasm Xcyto, the
total Cauchy stress T was decomposed into the following two
parts:

T ¼ Tcyto þ Tsf (2)

where T
cyto and T

sf are the Cauchy stresses within the basal cyto-
plasm and stress fibers. The basal cytoplasm was modeled as a
nearly incompressible neo-Hookean material with shear modulus
lcyto and bulk modulus K

Tcyto ¼ 2
1

J
F
@

@C

lcyto

2
�I 1 � 3ð Þ þ 1

2
K ln Jð Þ2

� �
FT (3)

Here, F is the deformation gradient tensor, C is the right
Cauchy–Green deformation tensor, J is the determinant of the
deformation gradient tensor, and �I1¼ J�2=3trðCÞ is the first invari-
ant of the deviatoric part of the right Cauchy–Green tensor. We
used 5 Pa for lcyto as determined from in our previous study [26].
Likewise, for the nucleus Xnuc, the total Cauchy stress T was
defined using the nearly incompressible neo-Hookean material
model with the same equations as Eq. (3) with the shear modulus
lnuc of 15 kPa.

Stress fiber ODF. Stress fibers were modeled as an ensemble of
oriented fibers with their orientation described by a 2D orientation
distribution function C. We utilized stress fiber visualized by
staining F-actin to quantify the 2D images of the stress fiber orien-
tations. Here, we used a constrained von-Mises distribution for the
ODF [39], which is a weighed mixture of semicircular uniform
distribution and semicircular von-Mises distribution

C m0ð Þ ¼ C m0 hð Þ
� �

¼ 1� b
p
þ b

pI0 kfð Þ
exp kf cos 2 h� hp

� �� �� �
; b ¼ I1 kfð Þ

I0 kfð Þ

� 	2

(4)

where m0 is the direction of a fiber along h, hp is the preferred
direction of the fiber population, kf is the fiber concentration fac-
tor, and I0 and I1 are the modified Bessel function of the first kind
with order 0 and 1, respectively.

In order to extend this 2D distribution to describe the actual 3D
stress fibers, we needed to define the local plane on which the 2D
distribution lies. On the top VIC surface, the plane normal corre-
sponded to the surface normal of the VIC. On the bottom surface,
we defined “adhesion regions,” which span from the cell top to

Fig. 2 Three-dimensional orientation of the stress fibers and
specification of adhesion regions. The stress fiber orientation
distribution functions were defined on local 2D planes, whose
normal vector depends on the position within the VIC. On the
top surface, the plane normal corresponds to the surface nor-
mal of the VIC (without y-component). On the bottom surface,
we defined adhesion regions, which span from the cell tip to
the 1/6 of the cell length toward the center. In the adhesion
regions, the plane normal is defined 45 deg from the bottom
surface. In the nonadhesion region, the plane normal corre-
sponds to the surface normal of the ellipsoid directly above
(without y-component). Once we defined the plane normal for
top and bottom surfaces, we calculated the plane normal inside
the VIC by linearly interpolating the top and bottom normal vec-
tors. Thus, moving from the bottom to top surfaces of the VIC,
the plane normal transitions smoothly. The preferred orienta-
tion of the fibers (hp) corresponds to the x-direction.
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the 1/3 of the ellipsoid radius toward the center (Fig. 2). In the
adhesion regions, the plane normal was assumed 45 deg from the
bottom surface, which was the angle the stress fibers exert maxi-
mum 2D traction force on the substrates. In the nonadhesion
regions, the plane normal on the bottom surface corresponded to
the surface normal of the top surface directly above. Once we
defined the plane normal for top and bottom surfaces, we linearly
interpolated the normal inside the cell in z-direction. In addition,
we defined that the x-direction is the preferred direction of the
stress fiber orientation (hp) as visualized in (Fig. 2). Thus, hp is
zero when the fibers are oriented in x-direction. This produced a
3D orientation system that agreed with experimental observations.

The stress fiber model. Based on the above modeling considera-
tions, the total stress fiber Cauchy stress was modeled using

Tsf ¼ 1

J
F

� ð
h
C m0ð Þ H I4 � 1ð ÞTp m0ð Þ þ Ta m0ð Þ þ Tv m0ð Þ

� �

� m0 �m0ð Þdh

�
FT (5)

where the integration is performed over h 2 ½�p=2; p=2�;
m0¼m0(h) specifies the initial direction of the fibers; and Tp, Ta,
and Tv represent the 1D passive, active, and viscous fiber stresses
in direction m0, respectively. Note that the integration was per-
formed on the local plane on which the ODF is defined (Fig. 2). A
Heaviside step function H was introduced to enforce that the pas-
sive stress arises only from fiber stretch, and I4 is the square of the
fiber stretch along initial direction m0

k2 ¼ I4 ¼ m0 � Cm0 (6)

The function C(m0) in Eq. (5) represents the referential orienta-
tion distribution function (ODF) of the fibers with respect to the
direction m0. Note that C was defined on the local plane, which
depends on the location within the VIC (Fig. 2).

The passive elastic response of the stress fibers was modeled by
assuming that each stress fiber was as a 1D elastic rod

Tp ¼ 2lsf
�/F�actinðI4 � 1Þ (7)

where lsf is the shear modulus of the stress fiber and �/F�actin is
the expression level of the F-actin in the VIC. We assumed that
1D passive stress of the stress fibers should be proportional to the
intrinsic shear modulus of the fiber (lsf) and the amount of the
stress fibers (�/F�actin).

Next, we represented the stress fiber active contractile tension
level (Ta in Eq. (5)) as a product of two components, the maxi-
mum contractile strength and length-tension relationship. As far
as we know, there are currently no studies that describe how the
stress fiber tension varies over different stretch level within a
living cell. However, the classical muscle fiber length–tension
relationship indicates that the stress fiber contraction peaks at
some stretch level and decreases as the fibers lengthen or shorten
[27]. We thus assumed that the stress fibers within the VICs fol-
low this relationship. In addition, previous studies on contractile
myofibroblasts indicated that incorporation of a-SMA into stress
fibers enhanced their contractility [40]. Assuming that there exists
a basal contractility associated with F-actin without a-SMA due to
actomyosin motor activities, we modeled that maximum contract-
ile strength depends on the expression levels of both F-actin and
a-SMA, and that the shape of the length–tension relationship
curve is scaled by the maximum contractile strength. We further
modeled the maximum contractile strength f0, as the linear combi-
nation of the F-actin and a-SMA expression levels, based on the
following observations and assumptions:

(1) F-actin is the main component of the stress fibers. Thus, the
F-actin expression level represents the amount of stress
fibers within the cell. Assuming that each actin building

block of the stress fibers contracts in the same manner, the
higher the F-actin expression level, the stronger the VIC
contracts.

(2) A number of studies reported that the incorporation of
a-SMA into the stress fibers enhanced the contractility of
the myofibroblasts or fibroblasts [41–44], and the correla-
tion between the a-SMA expression to the contraction
strength seems linear [18].

Based on these assumptions, the stress fiber active contractile
tension was defined as

Tað�/a�SMA;
�/F�actin; kÞ ¼ f0ð�/a�SMA;

�/F�actinÞflðkÞ (8)

where f0 represents the maximum contractile strength, which
depends on the expression levels of F-actin and a-SMA (�/F�actin

and �/a�SMA, respectively), and fl represents the length–tension
relationship, which only depends on the stretch (k). Our maximum
contraction model is thus

f0ð�/F�actin;
�/a�SMAÞ ¼ fF�actin

�/F�actin þ fa�SMA
�/a�SMA (9)

Here, we introduced two constants, fF-actin and fa-SMA, which
represent the contraction strength of the stress fibers per unit
expression level of F-actin and a-SMA, respectively. These values
were assumed constant over VICs for different activation states.

For the length–tension relationship model, we used the follow-
ing length–tension relationship model, inspired by Vernerey and
Farsad [29], is

flðe; e0; e
	Þ ¼ expð�ððe� e	Þ=e0Þ2Þ
e ¼ ðI4 � 1Þ=2

(10)

where e is the fiber strain, e* represents the strain level at which
the maximum contraction occurs, and e0 represents how fast the
contractile strength decays about e*. We confirmed that the choice
of e* had little effect on the simulation result as long as |e*|< e0.
Thus, we assumed that the maximum contraction occurs at e*¼ 0,
and that the representative value of e0 was 0.1, which produced
the length–tension relationship similar to the original muscle fiber
tension study by Vernerey and Farsad [25] and Edman [45].

We noted in pilot studies that the microindentation force versus
depth’s relationship to slow and fast indentation speeds appeared
to be proportional to the a-SMA levels. We thus assumed that
fiber viscous stress should be proportional to the intrinsic viscosity
of the a-SMA (ga-SMA) and the amount of stress-fiber a-SMA
(�/a�SMA). We thus modeled the viscous response of the stress
fibers assuming a simple linear proportion to the strain rate

Tv ¼ ga�SMA
�/a�SMA _e (11)

where _e is the strain rate, ga-SMA is the viscous constant, and
�/a�SMA is the expression level of a-SMA in the VIC.

In summary, the complete VIC biomechanical constitutive
model is given by

T ¼ 2
1

J
F
@

@C

lcyto

2
�I 1 � 3ð Þ þ 1

2
K lnJð Þ2

� �
FT

þ 1

J
F

� ðhpþp=2

hp�p=2

C m0ð Þ
h
H I4 � 1ð Þ2lsf

�/F�actin I4 � 1ð Þ

þ f0
�/a�SMA;

�/F�actin

� �
fl kð Þþga�SMA

�/a�SMA _e
i

� m0 �m0ð Þ dh

�
FT (12)

where the first, second, and third terms in integral represent the
passive elastic, active contractile, and viscous responses of the
stress fibers.
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2.3 Numerical Solution and Simulation Configuration.
The system of partial differential equations presented above was
solved using the open source finite-element package FEBio [46].
The fiber passive, active, viscous stress models were implemented
as a plug-in extension to FEBio. In particular, the 1D strain rate of
the fibers in Eq. (11) was discretized in time using backward Euler
method. At each integration point, in order to integrate the stresses
from every direction in Eq. (5), numerical integration was carried
out with �200 different directions on the local plane where the
ODF was defined. The indentation depth of the rigid indenter was
prescribed over time, and the solutions were calculated at each
time step. The convergence of the algorithm has been numerically
observed against the finest mesh (“overkill”) solution. Specifi-
cally, we checked whether the reaction force from the VIC to the
indenter converged to some value for different indentation depth
and model parameters. About 50,000 linear tetrahedron (TET4)
elements were used for the typical computations, where we
observed the sufficiently accurate results. Mesh was refined
around the indenter–VIC contact region (Fig. 3) to ensure solu-
tions that are more accurate.

The geometry used for the microindentation simulation was
developed by idealizing the initial shape of the VIC as a half-
ellipsoid and the shape of a nucleus as a full-ellipsoid with the
actual simulation using a quarter domain via symmetry (Fig. 3).
The length, width, and height of the VICs and nucleus used for
the simulation were taken from the experimental measurements
(see Sec. 3.1 and Table 1). The indenter was modeled as a rigid
sphere with 5 lm diameter, and the average width, length, and
height of the nucleus were obtained from confocal microscopy
simulation consisting of two steps: (1) the VIC starts from the
undeformed configuration and evolves to a fully contracted state,
and (2) the indentation was applied. The reaction force to the
indenter for each indentation depth was calculated.

2.4 Parameter Estimation Strategy. We estimated three
parameters of our model: shear modulus of the stress fibers (lsf),
contraction strength of the stress fibers (f0) for each group, and the
viscous constant of a-SMA (ga-SMA). We gathered the average

indentation force versus depth curves for 5 different
groups (CytoD, C5, C90, T5, and T90) for slow (2 lm/s) and fast
(12 lm/s) indentations. For each parameter estimation step, from
the indentation depth versus force relationship, we calibrated the
model parameters using nonlinear least squares with the
Levenberg–Marquardt algorithm. Because we did not have analyt-
ical form of the objective function, the numerical gradient was
calculated for the optimization procedure with forward difference
approximation.

As in our first study, we utilized a sequential approach to esti-
mate to determine parameters (12). We used two parameter values
from the previous study—basal cytoskeletal shear modulus (lcyto)
and nucleus shear modulus (lnuc) [26]. We set lcyto and lnuc as
5 Pa and 15 kPa, respectively. The expression levels of a-SMA
(�/a�SMA) and F-actin (�/F�actin) as well as the stress fiber ODF (C)
were measured from experiments. In summary, our parameter
estimation strategy steps were as follows:

(1) Determine lsf value from CytoD slow indentation data
(a) Assume f0¼ 0 and ga-SMA¼ 0
(b) Use lsf value obtained for the rest of steps

(2) Determine f0 and and ga-SMA values for the T90 group from
slow and fast indentation data
(a) Use ga-SMA value obtained for the rest of steps

(3) Determine f0 values for C5, C90, and T5 groups from slow
and fast indentation data

(4) Rerun the CytoD indentation simulation (step 1) for slow
and fast speed with ga-SMA obtained to ensure simulation
results matched the experimental data.

3 Results

3.1 Cell and Nucleus Dimensions. Generally, VICs flattened
and elongated when activated by KCl and/or TGF-b, and under-
went greater elongation when treated with 90 mM KCL (Table 1).
In contrast, VICs exhibited increased heights when treated with
CytoD. Since we only had a limited number of confocal images of
the nucleus, coupled to the observation that the dimensions of
nucleus were unaffected by the activation state, we only used the
one dimensional measurement for the nucleus. The mean length,
width, and height of the nucleus with standard errors are
20.1 6 0.8 lm, 10.8 6 0.71 lm, and 2.71 6 0.23 lm, respectively
(n¼ 27 each).

3.2 Fiber Expression Levels Quantification. The resulting
expression levels of F-actin and a-SMA within each VIC in differ-
ent groups were normalized by CytoD group (Fig. 4). We found

Fig. 3 The actual simulation geometry and mesh. The simula-
tion was carried out in the quarter-domain by utilizing symme-
try. The mesh was refined around the indenter-VIC contact
region.

Table 1 VIC geometry quantification (average 6 standard error
in lm)

Group L W H

CytoD 60.1 6 5.2 20.8 6 1.3 10.1 6 0.4
C5 111.9 6 7.0 22.6 6 0.9 6.9 6 0.4
C90 144.7 6 9.2 28.2 6 3.3 6.1 6 0.1
T5 91.5 6 5.5 22.1 6 1.8 6.9 6 0.1
T90 105.2 6 6.2 28.5 6 2.7 5.9 6 0.2
Nucleus 20.1 6 0.8 10.8 6 0.71 2.71 6 0.23

Fig. 4 Normalized expression levels of F-actin (left) and a-SMA
(right). The expression levels were normalized to the CytoD
group. TGF-b and/or KCl treatments induced higher levels of F-
actin, whereas only the T90 group exhibited an increase in a-
SMA, but (�5 fold).
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that the KCl treatment increased the expression levels of F-actin
and a-SMA in a dose-dependent manner, with the C90 group
having a higher expression level than C5 group, and T90 group
having higher expression level than T5 group for both F-actin and
aSMA. TGF-b1 influenced the expression levels in a similar man-
ner. However, when TGF-b1 treatment and 90 mM KCl treatments
were combined, no or little increase in the F-actin expression was

observed (Fig. 4, left). Unlike F-actin, combination of TGF-b1
treatment and KCl 90 mM treatment significantly increased the
expression level of a-SMA (Fig. 4, right).

3.3 Stress Fiber ODF Quantification. The values of kf in
Eq. (4) for different groups were determined using orientation
histograms (Fig. 5). The kf value of the CytoD group was 1.59
while that of other groups was around 3.0 (Table 1). Thus, VICs
in CytoD group had less directionality than other groups. We
observed some remaining fiber structure even after CytoD treat-
ment. The R2 values of the fit are mostly above 0.95 (Table 2),
and the constrained von-Misses distribution qualitatively captured
the stress fiber orientation distribution (Fig. 5).

3.4 Force-Depth Curves for Slow and Fast Loading Rates.
The C5, C90, and T5 groups exhibited no strain rate sensitivity
under microindentation experiments (Fig. 6). Using the indenta-
tion depths at 2.2 nN indentation force, we calculated whether the
difference in the indentation depths between slow and fast inden-
tations was statistically significant. For C5, C90, and T5 groups,
the p-values were above 0.5, indicating there were no statistically
significant differences in the indentation depths. T90 group exhib-
ited strain rate sensitivity with p< 0.01 (Fig. 7), where the VIC
model successfully captured the strain rate sensitivity of T90
group. CytoD group exhibited some degree of strain rate sensitiv-
ity with p< 0.05, and the VIC model captured the strain rate sen-
sitivity in reasonable range (Fig. 6). While the VIC model
predicted that C5, C90, and T5 groups should exhibit strain rate
sensitivity because of the presence of a-SMA, the effect is small
compared to variations within the data that it was not captured by
microindentation experiment.

3.5 Final Parameters Set. We estimated three key parame-
ters from microindentation data: shear modulus of the stress fibers
(lsf), contraction strength of the stress fibers (f0) for each group,
and the viscous constant of a-SMA (ga-SMA). Using the shear
modulus of the stress fibers (lsf), we calculated the total shear

Fig. 5 The stress fiber orientation histograms and correspond-
ing fits of the constrained von-Mises distribution for CytoD
(left) and C5 (right) groups. The angle h 5 0 represents the
preferred direction of the fiber (hp).

Table 2 Stress fiber ODF quantification

Group kf n r2

CytoD 1.59 18 0.97
C5 3.22 17 0.99
C90 3.07 11 0.97
T5 3.00 12 0.88
T90 2.95 28 0.99

Fig. 6 Indentation force versus depth curves for CytoD, C5, C90, and T5 groups for slow (2 lm/s) and fast (12 lm/s) indentation
speeds. Red curves represent the indentation depth averaged over the same force with error bars representing one standard
error. Blue curves represent the indentation depth versus force obtained from the simulations with best fit parameters. None of
these groups exhibited strain rate sensitivity.
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modulus of the fibers (ltot
sf ¼ lsf

�/F�actin), and using the viscous
constant of a-SMA (ga-SMA), we calculated the total viscosity of

the stress fibers (gtot
sf ¼ ga�SMA

�/a�SMA) for each group (Fig. 8). It
is clear that the more the VIC was activated, the stronger it con-
tracted. The large gtot

sf value in T90 group clearly indicated the
source of strain rate sensitivity in T90 group. CytoD, C5, C90,
and T5 groups exhibited no observable strain-rate sensitivity.

3.6 Quantification of fF-actin and fa-SMA Values. Using the
maximum contraction strength (f0) and the expression levels of F-
actin and a-SMA for each group, we derived the contribution of
the F-actin and a-SMA to the contraction strength of the stress
fibers. The data from these four groups combined with Eq. (9)
yielded the four linear equations with two unknowns. Thus, we
used multilinear regression to estimate the values of fF-actin

and fa-SMA, which were 76.7 Pa and 96.8 Pa, respectively, with
r2 values of 0.7. The positive fa-SMA value means that the incorpo-
ration of a-SMA into the stress fibers indeed enhance the contrac-
tion of the stress fibers, as reported previously [18,41,42,44].
Once the values of fF-actin and fa-SMA were established, we calcu-
lated the contributions of the F-actin and a-SMA to the overall
contractile strength using:

f0;estimated ¼ fF�actin
�/F�actin þ fa�SMA

�/a�SMA (13)

where the values for fF�actin and fa�SMA values estimated and
expression levels of F-actin (�/F�actin) and a-SMA (�/a�SMA) in
each group (Fig. 9). While the increase in F-actin expression lev-
els explained the increase in the contraction strength of VICs for
T5 and C90 groups from C5 group, incorporation of a-SMA into
the stress fibers had clearly the dominant effect in T90 group (Fig.
9)

3.7 Parametric Study—Effect of e0: Contraction Length-
Tension Parameter to f0 Values. As stated above, we used
e0¼ 0.1 for all simulations; yet the larger the value of e0, the
less sensitive (or more constant) the contraction strength gets
for different stretch levels. We thus carried out a parametric study
to investigate how e0 values affect the f0 values, using values for
e0 � [0.01, 0.1, 1.0, 10.0] (Fig. 10). Note that for extremely small
values of e0, the length–tension relationship became a “spike,”
where the stress fiber generated tension in a very narrow range,
and it made the simulation unstable due to discontinuity of the
stress. Thus, we limited the value of e0 to be equal or greater than
0.01. The results indicated that the maximum contraction

Fig. 7 Indentation force versus depth curves for T90 group for slow (left, 2 lm/s) and fast (center, 12 lm/s) indentation speeds.
Red curves represent the indentation depth averaged over the same force with error bars representing one standard error. Blue
curves represent the indentation depth versus force obtained from the simulations with best fit parameters. Only T90 group
exhibited significant strain rate sensitivity, which was captured by our model, as more easily in the model results (right).

Fig. 8 Total shear modulus of the stress fibers (ltot
sf ), contraction strength of the stress fibers (f0), and total

viscosity of the stress fibers (gtot
sf ) obtained from the parameter estimations. The expression levels of a-SMA

contribute significantly to the contraction strength (f0) as well as strain sensitivity (gtot
sf ) of the stress fibers

within VICs.
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strengths of the VICs (f0 values) estimated were relatively unaf-
fected by the length–tension behavior of the stress fibers con-
trolled by e0 values. The trends stayed the same, and there were
some increase in the estimated f0 values as e0 value decreased,
meaning that stress fibers only generated tension in a narrower
range. Thus, in order to compensate the fact that the stress fibers
can only generate tension in a narrow range, its maximum con-
traction strength needed to be larger. However, this effect was
minimal.

4 Discussion

4.1 Primary Findings. In this study, we investigated how the
two major mechanical components of VIC stress fibers, F-actin
and a-SMA, contributed to the VIC cell-level mechanical
responses. We extended the existing VIC solid mixture model
[26] by incorporating the length–tension relationship and contri-
butions of the F-actin and a-SMA components of the stress fibers.
Novel to this study and largely to the area of cell mechanics in
general, we also incorporated a viscous term. By combining the
experimental data of the VICs under different activation states

and under different loading speeds, we investigated how the incor-
poration of a-SMA into the stress fibers contributed to the increase
in the contraction strength as well as strain rate sensitivity. To the
best of our knowledge, this is the first study to quantify how the
different components of the stress fibers contribute to the overall
contraction strength and strain rate sensitivity in a myofibroblast.

Previously, the intrinsic contractility of the stress fibers within
VICs and PVICs was from our initial model that incorporated
experimental data from micropipette aspiration and AFM studies
[26]. However, how the different major components of the VIC
stress fibers influenced the contractility was largely unknown. In
the present study, we refined this approach by splitting the
contraction responses into two parts: F-actin and a-SMA. We
assumed that there existed a basal contractile force within F-actin
bundles due to actomyosin motor activities, and incorporation of
a-SMA into the stress fibers enhanced the contractility. The fact
that a-SMA contribution is positive means that the addition of the
a-SMA into stress fibers indeed enhanced its “intrinsic” contractil-
ity, or the contractility of the stress fibers per its unit volume. We
demonstrated that the contribution of a-SMA to total contraction
strength of the stress fibers was substantial (Fig. 9), which is con-
sistent with the previous study of myofibroblasts [14–19]. In other
words, the increase in F-actin content alone could not explain the
increase in the contraction strength of the VICs in activated states.

In our previous study, we only used the a-SMA expression lev-
els of the entire VICs [26], assuming that the VIC a-SMA expres-
sion levels were proportional to the expression levels of a-SMA
within the stress fibers. While an initially useful approach, it is
likely somewhat inaccurate as the a-SMA can dynamically associ-
ate and dissociate from the stress fibers [15,47]. Also, in our previ-
ous study, we considered the expression levels of a-SMA as the
measure for the relative expression level of the stress fibers.
Again, this is not the most accurate representation of the expres-
sion level of stress fibers because (i) stress fibers can exist without
a-SMA content and (ii) a-SMA can exist outside of the stress
fibers [15]. We also used the relative expression level of F-actin
to represent the expression level of stress fibers. We believe that
this approach is a more accurate representation, as stress fibers are
merely contractile actin bundles cross-linked by a-actinin with
double-headed myosin II motor protein [28].

It is notable that we utilized a length–tension relationship to the
stress fiber contraction model based on the assumption that the
contraction strength should be maximal at the undeformed state
and diminish when the fiber lengthens or shortens. We speculated
that this was more biophysically realistic. Yet, the length–tension
relationship yielded little difference in the estimated maximum
contraction value (f0), largely due to the fact that the current
experimental data remains inadequate. Moreover, we derived the
mechanical properties of the stress fibers from VIC’s response to
the indentation loading. Thus, in order to study the mechanical
properties of individual fibers, one may need to use AFM nanoin-
dentation to directly indent an individual fiber just beneath the
cell membrane [35], extract an individual fiber and test its proper-
ties [48,49], or use laser nanoscissors to sever an individual fiber
and study its recoil behavior [50]. Nevertheless, we included the
length–tension relationship in our model because it can dominate
the mechanical response of the VICs under certain conditions,
especially within physiological environment, where rapid loading
and unloading occurs during valve opening and closure.

4.2 Validation: Comparisons With Traction Force
Microscopy. As an additional means to validate our approach and
better understand the interaction between the VIC and the sub-
strate, we calculated the 2D tangential traction on the bottom of
the VICs. Note that we used the tangential traction here because
typically, TFM only measures the 2D traction. We used the VIC
with f0¼ 1200 Pa (similar contraction strength to T90 group) and
visualized the traction field (Fig. 11). Clearly, the traction force
was localized at the very edge of the VIC, near adhesion region

Fig. 9 Computed contributions of the F-actin and a-SMA to the
maximum contraction strength for each group. The stacked
green/blue columns represent the estimated maximum contrac-
tion strength values (f0,estimated) calculated by fitting Eq. (13) to
the f0 values. F-actin contributed to the contraction strength up
to a certain point when the VICs were activated in T5 and C90
groups. However, almost all of the increase in contraction
strength in T90 group to C90 group was due to a-SMA
contribution.

Fig. 10 Parametric study: effect of the length-tension parame-
ter values (e0) to the estimated maximum contraction strength
(f0) values. The e0 values used were 0.01, 0.1, 1.0, and 10.0.
Slight increase in the estimated f0 values was observed as e0

value decrease. However, the f0 values are relatively unaffected
by e0 values.
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(Fig. 2). The VIC pulled the substrate one-dimensionally in the
length–direction toward the center. A very similar localization
and direction of the traction force was observed in the TFM
experiments on elongated fibroblasts [19,43,51,52].

4.3 Total Force Calculation. In order to obtain additional
insights into the overall computed contractility of the VIC, we cal-
culated the total force that a VIC exerted on the substrates using
the following equation:

Ftot ¼
ð

Cbottom

jTbottomðxÞjdA (14)

where Tbottom is the 2D traction vector on the substrate and
Cbottom is the boundary on the bottom of the VIC (Fig. 1), and Ftot

represents the total cell contractile force. We determined Ftot at 0
nN (i.e., f0¼ 0), 71.8 nN, 86.6 nN, 142.6 nN, and 158.5 nN for
CytoD, C5, C90, T5, and T90 groups, respectively (Fig. 12). The
treatment with TGF-b1 and 90 mM KCl increased the total force
as expected, directly corresponding with the maximum contrac-
tion strength (f0) of the stress fibers (Fig. 8).

It is interesting to note that Cirka et al. [52] used Ftot to assess
the contractility of AVICs on different activation states using trac-
tion force microscopy (TFM). TFM studies were carried out using
AVICs by modulating the activation states using blebbistatin and
TGF-b, with blebbistatin disrupting the stress fiber structure simi-
lar to CytoD. The total computed forces from TFM experiments
were 41 6 8.1 6 nN (n¼ 21), 519 6 86.3 nN (n¼ 20), and
1130 6 482.52 nN (n¼ 6), respectively, for blebbistatin treated,
control, and TGF-b treated groups [52]. Although the total forces
were smaller than the TFM data, the trends between both studies
were very consistent. Specifically, the relative increase of the total
force from the C5 to T5 group in this study was �2.0 fold, while

the relative increase of the total force measured by TFM from the
control to TGF-b treated group was �2.2 fold. The total force that
we calculated from our simulations was about �1/4 from actual
TFM experiments. It is also possible that the stress fibers exhib-
ited stronger contractile force near the ends of the VIC, as
observed for fibroblasts [28,53]. Moreover, because we deter-
mined the contraction strength of the stress fibers from the inden-
tation at the center of the VICs, we did not consider other local
variations in the stress fiber contraction levels. Regardless, the
general agreement found suggests the present modeling approach
accurately captured the key phenomena.

4.4 One-Dimensional Simulation of Stress Fiber Loading
Rate Sensitivity. As stated above, valvular tissues stretch and
contract rapidly during each cardiac cycle [54]. An open question
in VIC mechanobiology is if there are any effects of this loading
rate in health or disease. Lacerda et al. observed that cyclic tensile
strain induced the activation of VICs in mitral valve leaflet in the
peak strain-dependent manner [7]. Although they only used the
fixed cycle frequency (0.5 Hz) and connected the peak strain to
the activation levels of VICs, it is possible that strain rate too can
play a role in the activation of VICs. We also note that in a previ-
ous study we estimated the changes in VIC nuclear aspect ratio
(NAR) during systolic closure of mitral valve [55]. In fibrosa
layer, the NAR changed from 2.6 before the valve closure to 4.9
after the valve closure within �50 ms. However, to this date, how
the stress fibers within VICs respond to these mechanical stimuli
has never been studied, as it is impossible to assess the internal
mechanics of VICs when they are within the native environments.

Using the present computational model, we simulated the one-
dimensional stretch of the stress fibers using newly available
experimental data of VIC stretch within the native environment
estimated by Lee et al. [55]. Assuming that the NAR corresponded
to the cell aspect ratio as well as the representative fiber stretch
within the VIC (Fig. 13(a)), we calculated the 1D stretch and
stretch rate of the fibers during systolic valve closure (Fig. 13(b)).
From the stretch and stretch rate, we then computed the 1D stress
within the stress fibers during valve closing using the following:

T ¼ HðI4 � 1Þ2lsf
�/F�actinðI4 � 1Þ

þ HðI4 � 1Þga�SMA
�/a�SMA _e þ f0flðkÞ (15)

Fig. 12 Total force exerted by a VIC calculated from the tan-
gential traction on the bottom of the VIC by Eq. (14). The total
forces are 71.8 nN, 86.6 nN, 142.6 nN, and 158.5 nN for C5, C90,
T5, and T90 groups, respectively. Relative increase of the total
force from the C5 to T5 group was �2.0 fold.

Fig. 11 Traction field on the bottom of the VIC with f0 5 1200 Pa
calculated from the simulation. Tractions are concentrated
around the adhesion region. The VIC pulls the substrate one-
dimensionally toward the center.

Fig. 13 (a) Schematic of the stretch of a VIC inside mitral valve
and corresponding fiber stretch during valve closing. Assum-
ing that NAR corresponds to the cell aspect ratio as well as rep-
resentative fiber length, we simulated the 1D fiber stretch and
calculated the stress. (b) Stretch and stretch rate of the 1D fiber
computed from the NAR of VICs within mitral valve during sys-
tolic valve closure [55].
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In Eq. (15), we used �/F�actin and �/a�SMA values obtained from
experimental measurements (Fig. 4), and lsf, ga-SMA, and f0 values
obtained from this study. Note that Eq. (15) is simply the sum of
integrands in Eq. (12). The simulation predicted that stress fibers
generated greatly different 1D stress, depending on the activation
states of the VICs (Fig. 14). Only the T90 group exhibited notice-
able viscous effect, which peaked around 0.12 s. In order to under-
stand the effect of different mechanical responses of stress fibers,
we computed the passive elastic, active contractile, and viscous
stresses at peak stretch rate at t¼ 0.08 (Fig. 15). The passive elas-
tic response accounted for the most of the increase in the 1D stress
from normal state (C5 group) to activated states (C90 and T5
groups). The increase in active contractile and viscous responses
accounted for the further increase in the stress in hypertensive
state (T90 group). Viscous response generated minimal stresses
for CytoD, C5, C90, and T5 group while it generated substantial
stress in T90 group, which was consistent with the mechanical
response of VICs under microindentation.

Results indicated that active contractile and viscous responses
were significantly upregulated under hypertensive states (T90
group) compared to normal or activated states (C5, C90, and T5
groups). The enhanced strain rate sensitivity of the hypertensive
state could be the key for the positive feedback loop of the VICs.
For example, it is known that the cyclic stretch caused the higher
activation states within VICs [7]. If VICs can sense stress within
the cell, not only the stretch dependent elastic stress but also the
stretch-rate-dependent viscous stress could enhance the activation
level of the VICs. In other words, it is possible that recruitment of
a-SMA into stress fibers depends on the internal stress of the
stress fibers.

4.5 Limitations. We found that the incorporation of a-SMA
into the stress fibers correlated well with the strain rate sensitivity
of the VIC; yet the source of the strain rate sensitivity remains an
open question. A possible explanation is that the a-SMA binding
induced structural changes of the stress fibers, causing the viscous
resistance within the fibers. Also, we found that the incorporation
of a-SMA into stress fibers enhanced the contraction strength.
Thus, it is possible that a-SMA influenced not only the “static”
contraction but also the “dynamic” contraction, which depends on
the stretch rate of the stress fibers. In fact, Kumar et al. used

nanolaser to scissor the stress fibers within a living endothelial
cell and observed their retraction over time [50]. Stress fibers
retracted like a viscoelastic cable after they were severed, exhibit-
ing creep responses, and inhibiting the active contraction slowed
down the retraction speed as well as decreased the maximum
retraction distance. Thus, contraction strength of the stress fibers
seemed to affect their viscoelastic properties. It is also possible
that a-SMA expression levels correlate with some other mecha-
nisms that enhanced the viscosity of cytoplasm in general. For
example, fluid movement inside the VIC could be the source of
strain rate sensitivity, either due to increase in intrinsic viscosity
of the fluid or the more interaction between fluid and solid mate-
rial phases. However, we speculate that the stress fibers are the
main structural components of the VICs. Thus, it is likely that the
stress fiber re-organization was the source of strain rate sensitivity
from normal state to hypertensive state. While provocative,
clearly much work remains to determine the implications of these
findings.

We also note that we did not simulate stress fiber remodeling as
the time scale of the fiber re-organization, or the association and
dissociation rates of the cross-linker proteins of the cytoskeletal
network were reported to be 1 s or longer [56]. We further
assumed that there were negligible structural changes within the
stress fiber network during the microindentation experiments.
This is based on our working modeling approach that examined
changes that occurred between homeostatic and quasi-static states,
and not the processes that occur during the transitions or during
the small perturbations.

In the future, we will need to study the mechanical responses of
VICs under more native-like conditions. We utilized VICs on 2D
flat substrates coated by collagen gel, which is not equivalent to
the actual physiological environment. Especially, it is known that
tissue/substrate stiffness [57–59] and tissue deposition [60] affect

Fig. 14 One-dimensional stress within stress fibers during
systolic closure of mitral valve. The stress generated within
stress fibers was greatly different due to different passive elas-
tic, active contractile, and viscous stresses within the fibers.
Only T90 group exhibited significant effect of viscous effect,
which peaked around 0.12 s. Fig. 15 Stress calculated from the simulation of 1D fiber

stretch at its peak strain rate (Fig. 13(b)), with the stress from
each component determined at the point of peak strain rate
(t 5 0.08). Passive elastic response explains the most of
increase in the stress from normal state (C5 group) and it acti-
vated states (T5 and C90 groups). The enhancement in active
contractile and especially the viscous responses explain the
further increase in the stress in highest activation state (T90
group). Collectively, these results suggest that incorporated
aSMA is intrinsically viscoelastic.
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the biological state of the VICs in both 2D and 3D environments
while we only used one mode of the substrate stiffness on 2D
environment. However, we also observed that the application of
CytoD, KCl, and TGF-b1 influenced the biological states of the
VICs nevertheless. Thus, we concluded that the difference in the
biomechanical properties of the VICs under different conditions
could be used to analyze the internal biomechanical properties of
the VICs, namely stress fibers. In order to study the effects of sur-
rounding tissue to the biomechanical states of the VICs, further
studies are necessary for both 2D and 3D environments. More-
over, VICs in the physiological environments are within 3D ECM
with dynamic unloading/loading conditions. VICs in the 3D envi-
ronment can develop focal adhesion complexes all around their
surfaces, unlike the ones seeded on the 2D flat surface. Thus, it is
possible that VICs within the physiological environment exhibit
greatly different biomechanical properties than the ones in experi-
ments. It is also known that the extracellular matrix rigidity or
substrate stiffness affects the activation states of the VICs or myo-
fibroblasts [47]. Although the microindentation experiment
coupled with computational modeling gave us insight in the inter-
nal biomechanics of the VICs, our ultimate goal is to study how
the VICs function in the physiological tissue and how they are
related to pathophysiology. Finally, as with any continuum
approach to cell modeling, we remain limited by more detailed
understandings and the subcellular and molecular levels. Yet, con-
tinuum approaches attempted here help to provide insight into
how VICs function as a system, and guide future investigations.

4.6 Conclusions. In conclusion, we have developed an
improved VIC computational model that consisted of the primary
mechanical constituents: stress fiber passive elastic, active
contractile, and viscous. We found that while both F-actin and
a-SMA contributed to stress fiber force generation, increased
a-SMA levels appeared to be the dominant contributors to the
associated increase in stress fiber force generation and VIC total
traction force. We also noted, for the first time, the enhanced VIC
strain rate sensitivity in hypertensive state (T90 group) that
appeared to be due solely to the substantially greater incorporation
of a-SMA into the stress fibers in this group. Our 1D stress fiber
simulations further predicted that under the physiological stretch
and stretch rate, the internal stress within the stress fibers was
greatly different for different activation states, including substan-
tial increases in the viscous stress. Collectively, we can speculate
that highly activated VICs may exhibit strain rate sensitivity
in vivo by generating higher internal forces within their stress
fibers, which in turn may alter ECM synthesis and move the valve
down associated with pathological pathways. Clearly, our VIC
model will have to be part of the foundation of a larger, multiscale
model of the entire valve to uncover the detailed mechanics of the
pathophysiology of the heart valves.
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Nomenclature

f0 ¼ maximum contraction strength
K ¼ bulk modulus for incompressibility constraint
kf ¼ fiber concentration factor

ga-SMA ¼ viscous constant of a-SMA
lcyto ¼ shear modulus of the cytoskeleton phase
lnuc ¼ shear modulus of the nucleus
lsf ¼ shear modulus of the stress fibers

�/F�actin ¼ expression level of F-actin
�/a�SMA ¼ expression level of a-SMA
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