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Human, Tissue-Engineered, Skeletal Muscle
Myobundles to Measure Oxygen Uptake
and Assess Mitochondrial Toxicity
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Mitochondrial dysfunction is responsible for the toxicity of a number of drugs. Current isolated mitochondria or
cellular monoculture mitochondrial respiration measurement systems lack physiological relevance. Using a
tissue engineering rather than cell- or mitochondria-based approach enables a more physiologically relevant
detection of drug-induced mitochondrial impairment. To probe oxygen consumption and mitochondrial health,
we assayed the bioenergetic profile of engineered three-dimensional human skeletal muscle myobundles de-
rived from primary myoblasts. Through experimental and computational techniques, we did not find external
or internal oxygen transport limiting the engineered myobundles in the commercial O2k system to measure
oxygen consumption. In response to the complex I inhibitor rotenone, myobundle basal respiration decreased
dose dependently with an IC50 of 9.24 – 0.03 nM. At a 20 nM concentration of rotenone, myobundle maximal
respiration decreased by 44.4% – 9.8%. Respiratory depression by rotenone suggests that cultured myobundles
rely heavily on the complex I pathway for ATP synthesis during times of both basal and increased energy
demand. To address whether these decrements in mitochondrial function corresponded to alterations in phys-
iological muscle function, we determined fatigue susceptibility that revealed a 46.0% – 7.4% depression at
20 nM rotenone. The bioenergetic health index, which is a measure of normal oxidative mitochondrial function,
was inversely correlated with the extent of fatigue. The human myobundles reproduce normal muscle me-
tabolism under both basal and maximal energy demand conditions enabling the detection of drug-induced
mitochondrial toxicity.

Keywords: tissue engineering, human skeletal muscle, oxygen consumption rate, bioenergetics, mitochondrial
toxicity, drug testing

Introduction

Despite encouraging preclinical studies, 90% of
potential therapeutics fail in clinical trials.1 Furthermore,

serious adverse effects are discovered in half of FDA-
approved pharmaceuticals. Many of these effects are detected
only after approval.2 These negative outcomes are due to the
inherent limitations of current preclinical models to indicate
reliably drug efficacy and safety.3,4 Mitochondrial toxicity is
a key ‘‘off-target’’ effect of many drugs.5 Numerous com-
monly prescribed therapeutics, such as statins, compromise
mitochondrial function by uncoupling or inhibiting oxidative
phosphorylation leading to organ dysfunction.6 Mitochon-

drial toxicity led to the market withdrawal of troglitazone and
cerivastatin and severe restrictions placed on tolcapone.7,8

Due to the small subset of patients who experience adverse
effects, detection of mitochondrial dysfunction is difficult
in clinical trials.7 These rare occurrences are hypothesized to
be a function of genetic and environmental factors.9 These
candidate drugs may have been ceased earlier in develop-
ment if toxicity had been discovered in preclinical models.
Unfortunately, current in vitro preclinical methods lack
physiologically relevant, functional cellular oxidative stress
indicators.4,9 Previous efforts to create a preclinical, mito-
chondrial toxicity platform have focused on measuring
alterations in the oxygen consumption rate of cells or
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mitochondria either in solution10,11 or in monoculture.12 The
challenge to determine human mitochondrial toxicity earlier
has inspired a drive for the pharmaceutical industry to de-
velop better methods and models for detection of drug-
induced mitochondrial dysfunction.13

Tissue-engineered human skeletal muscle is an ideal
candidate to assess mitochondrial function and drug-induced
impairment in vitro. Skeletal muscle has a high ATP flux
due to high energy demands, constitutes 40% of total body
mass,14 and receives a significant fraction of blood flow.15,16

Due to this, muscle comes into frequent contact with sys-
temically administered drugs and commonly experiences
mitochondrial off-target effects.17

In this study, we used engineered skeletal myobundles
that replicate the normal function of the human skeletal
muscle.18 To supplement our current assessment of en-
gineered muscle function by contractile force,18 we assessed
oxygen consumption to detect drug-induced mitochondrial
toxicity and impairment. Rates of cellular respiration are
one of the most informative techniques for assessing mito-
chondrial function.19,20 Pharmaceutical-induced respiratory
alterations in either magnitude or kinetics are interpreted as
quantitative changes in oxidative phosphorylation. Oxygen
consumption rate measurements expand the myobundle
functional assessments to include an indirect measure of
oxidative ATP production and thus a functional cellular
mitochondrial stress indicator.

To demonstrate that our engineered skeletal muscle
model could identify drug-induced mitochondrial toxicity,
we tested our model for toxicity induced by the mitochon-
drial complex I inhibitor, rotenone. We first characterized
the myobundle bioenergetic profile by probing the system
with mitochondrial inhibitors and an uncoupler. We then
measured the changes in oxygen flux, force production, and
muscle fatigue due to the complex I inhibitor rotenone. Our
data show that rotenone-treated myobundles displayed de-
creased basal and maximal oxygen consumption rates, de-
creased force production, and decreased fatigue resistance.

Materials and Methods

Human myoblast culture

Human skeletal muscle cells were isolated according
to previously described, Duke IRB-approved methods.18,21

Cells were cultured in human growth media (hGM) contain-
ing low-glucose (LG; 1 g/L glucose) DMEM (GIBCO/
Invitrogen) supplemented with 8% fetal bovine serum (Hy-
clone), 1· antibiotic–antimycotic, and SkGM SingleQuots
(Lonza) without insulin or gentamicin. Myoblasts were either
differentiated on well plates into myotubes or used for the
generation of three-dimensional myobundles.

Two-dimensional culture of human myotubes

After the myoblasts reached approximately 80% con-
fluence, the media were switched to differentiation media
(hDM) consisting of LG-DMEM supplemented with 2% adult
horse serum (HS), 100mM fatty acids (1:1 oleate:palmitate)
conjugated to 0.14% BSA, 100mM carnitine, and 1· antibiotic–
antimycotic. Myotubes were differentiated for 14 days. On day
14, myotubes were enzymatically removed from the well plate
using 0.025% trypsin-EDTA, centrifuged, and resuspended
in hDM.

Human tissue-engineered skeletal muscle bundle
(myobundle) culture

The myobundle assembly procedure was used as previ-
ously described.18,22 Briefly, myoblasts encapsulated in a
fibrin/Matrigel matrix were seeded on a Cerex frame. The
matrix was fabricated by mixing a cell solution (per bundle,
7.5 · 105 cells in 17.2 mL media + 2 mL of 50 U/mL thrombin
in 0.1% BSA in PBS) and an ice-cold gelling solution
(11 mL media + 10 mL Matrigel + 10 mL of 20 mg/mL fibrin-
ogen in DMEM); then pipetting the mixture in a custom-
made Teflon mold placed between the beams of the Cerex
frame. The myobundles polymerized in the mold and to the
frame for 30 min and then were cultured in hGM containing
6-aminocaproic acid (ACA) on a rocker (0.33 Hz) at 37�C.
On day 4, the media were switched to hDM supplemented
with 2 mg/mL of ACA.

Human skeletal muscle myobundle and isolated
myotube respirometry

After 2 weeks of differentiation, mitochondrial respira-
tory function was determined in myobundles and myotubes
in solution prepared by dissociating myotubes with 0.025%
trypsin-EDTA. Oxygen consumption was determined po-
larographically with a Clark electrode within an Oxygraph-
O2k high-resolution respirometer (Oroboros Instruments).
The respirometer consists of two closed chambers each
equipped with magnetic stirring and an electrode. The oxygen
consumption rates were calculated as the negative time de-
rivative of oxygen concentration using DatLab software. For
the myobundles, a Viton O-ring was added to the chamber to
inhibit interaction with the stir bar. The engineered tissue or
enzyme-dissociated myotubes in solution (1 · 106 cells/
chamber) were then transferred into the respiration chamber
in 2 mL of hDM. Oxygen flux was monitored in real time
following standardized instrumental and chemical back-
ground calibrations using DatLab software.23,24

O2k measurement validation

Respirometry data were collected at atmospheric condi-
tions (200.5 – 0.56 nmol/mL) and hyperbaric conditions
(400 nmol/mL). Measurements were also made at two dif-
ferent stir speeds: 750 rpm and 900 rpm (maximum). After
initial validation experiments, all respirometry data were
collected at atmospheric oxygen conditions at 37�C with a stir
speed of 750 rpm.

Mitochondrial function was evaluated utilizing established
protocols.23,25 Mitochondrial inhibitor and uncoupler, oligomy-
cin and carbonyl cyanide 4-(trifluoromethoxy)phenylhydrazone
(FCCP), were titrated to achieve optimized leak and maximal
respiration (Supplementary Fig. S1; Supplementary Data are
available online at www.liebertpub.com/tec). Final concentra-
tions of inhibitors and uncoupler added to the chamber were
11mM oligomycin, 8mM FCCP, and 10mM antimycin A. Mi-
tochondrial respiration was corrected for oxygen flux due to in-
strumental background and for residual oxygen consumption
after complex III inhibition and normalized by the number of
nuclei. ATP production is defined as the portion of oligomycin-
sensitive basal respiration. These rates were measured for the
entire bundle and reported as r, mole s-1. For modeling, the
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reaction rate r was divided by the bundle volume V to obtain R,
mole m-3 s-1.

Cellular respiratory flux control ratios were determined
by normalizing oxygen consumption rates (basal [R], leak
[L], ATP production [net R]) to the maximal respiration (E).
Flux control ratios (routine [R/E], leak [L/E], and net routine
[net R/E]) were calculated as described by Gnaiger.26

Rotenone respiration experiments

Rotenone respiration dose–response curves were col-
lected by first measuring oxygen consumption under unin-
hibited basal conditions. Increasing concentrations of
rotenone were added (0–1000 nM) until no further decreases
in respiration were observed. Uninhibited basal respiration
was set at 100%, to which all other data were related. A
nonlinear regression model was fit with the equation, Y =
F + (b -F)/{1 + 10^[(Log(X) - LogIC50)]}, to determine the
IC50 of rotenone. Where F is the bottom plateau, b is the top
plateau of the curve, and IC50 is the rotenone concentration
that inhibits half of basal respiration.

One concentration below the IC50 (8 nM rotenone), one
above the IC50 (20 nM rotenone), and the vehicle control
(0.1% ethanol) were chosen to characterize the influence of
rotenone on all respiration states. Either ethanol or rotenone
was added before adding inhibitors and uncoupler.

The bioenergetic health index (BHI) was calculated using
the following equation: BHI = {[(reserve capacity) · (ATP-
linked OCR)]/[(nonmitochondrial OCR) · (proton leak)]} as
previously described.27 This quantity represents the ratio of
positive benefits of oxidative metabolism to factors that
shunt oxygen from these beneficial aspects.

Computational model

A finite element method (FEM)-based approach was im-
plemented in COMSOL Multiphysics 5.0. Oxygen transport
is described by the general form of the conservation of mass
for dilute solutions in an incompressible fluid28:

@CO2

@t
þ v � =CO2¼DO2=2CO2þRO2

Where CO2 denotes the oxygen concentration [mol$m-3],
DO2 is the diffusion coefficient [m2$s-1] of oxygen, RO2

is the reaction rate [mol$m-3$s-1], and v is the velocity
field [m$s-1]. Based on O2k stir speed data presented in the
Results section, we assumed that the solution was well
mixed and the myobundle external surface was initially set
at atmospheric oxygen concentrations. The velocity field
within the myobundle was assumed to be zero and oxygen
consumption was assumed to follow the Michaelis–Menten-
type kinetics29–31: RO2 = (Rbasal · CO2)/(Km + CO2). Where
Rbasal is the maximum reaction rate under basal conditions
obtained from the measurements in the O2k system, and Km

is the Michaelis constant (1.33 · 10-3 mol/m3).28 The Mi-
chaelis constant, diffusion coefficient, and porosity were
obtained from the literature (Table 1). The diffusion coef-
ficient was assumed to be that of oxygen in tissue at 37�C,32

and the porosity was assumed to be that of a fibrin gel.33,34

The area was determined from a representative myobundle
by taking an aerial image and sketching the outline using
SolidWorks (Dassault Systems). The myobundle thickness
was measured using ImageJ (FIJI) from three different do-
nors (0.36–0.73 mm). The volume was calculated as the
product of the area times the thickness. The effectiveness
factor is defined as the ratio of average reaction rate with
diffusion to the reaction rate in the absence of mass transfer
limitations.35 This was calculated using R as (average re-
action rate in myobundle)/(reaction rate in myobundle if the
O2 concentration within the bundle equaled the surface
concentration).

Lactate dehydrogenase assay

Lactate dehydrogenase (LDH) activity in the media was
determined after 30-min incubations with the vehicle con-
trol, 8 nM rotenone, or 20 nM rotenone in hDM as an index of
cell viability. The LDH concentration was quantified using
the Pierce LDH cytotoxicity assay kit (Thermo Scientific)
by following the manufacturer’s recommended protocol.
The results are presented as the percent of the positive con-
trol (lysed myobundle) using the following equation: LDH
release = (sample LDH - media control)/(positive control -
media control) · 100%.

Contractile function assessment

After two weeks of differentiation, myobundles were
loaded into a custom-made force measurement apparatus as

Table 1. Computational Model Parameters

Parameter Value or equation Description Reference

rBasal -2.67 · 10-11 [mol O2/s] Basal respiration maximum reaction rate Measured
rFCCP -5.40 · 10-11 [mol O2/s] FCCP-induced respiration maximum reaction rate Measured
CSA 1.102 · 10-5 [m2] Cross-sectional area of representative myobundle Measured
t 2.5 · 10-4–7.5 · 10-4 [m] Thickness Measured
Volume CSA*t Volume of myobundle
RBasal rBasal/Volume Volumetric basal respiration maximum reaction rate Measured
RFCCP rFCCP/Volume Volumetric FCCP-induced maximum reaction rate Measured
Km 1.33 · 10-3 [mol/m3] Michaelis constant, substrate concentration at which

the reaction rate is half of Rmax

28

DO_muscle 2.0 · 10-9 [m2/s] Diffusion coefficient 32

T 293.15 [K] Temperature Measured
Ep 0.99 Porosity 33

FCCP, carbonyl cyanide 4-(trifluoromethoxy)phenylhydrazone.
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previously described.18 Samples were stimulated (40 V/cm)
to recreate twitch (1 Hz for 10 ms) and tetanic (20 Hz for 1 s)
contraction. Contractile force traces were analyzed for peak
twitch and tetanus force using a custom MATLAB pro-
gram.18 To evaluate muscle fatigue, either vehicle or rote-
none (8, 20 nM) was added 30 min before force testing. The
force decline was recorded over the first 30 s of constant
20 Hz simulation. From this, the percent of peak force was
calculated: (Peak force [mN]/Force at 30 s [mN]) · 100%.

DNA isolation and quantification

To efficiently determine the number of nuclei per myo-
bundle, human myoblasts were used to create a standard curve
based on absorbance readings. Standard curves were created
in triplicate from ten samples with increasing, known num-
bers of myoblasts from each of the seven donors. Samples
were lysed in a 9:1 buffer, including the ATL/proteinase K
solution (Qiagen). Each sample or standard was combined
with an equal volume of Hoechst dye in a 96-well plate. After
a 5-min incubation period at room temperature, sample ab-
sorbances were measured: 350 nm (excitation) and 486 nm
(emission). Nuclei quantification was determined by com-
paring absorbances of the donor-specific linear standard curve
with readings of the bundle samples with subtraction of the
matrix background readings.

Viability imaging and quantification

Cell viability was quantified by incubating each bundle
with ethidium homodimer (dead nuclei; 561 nm), Calcein AM
(live cytoplasm; 488 nm), and Hoechst dye (all double-
stranded DNA; 405 nm). Six representative images per bun-
dle were taken using a confocal microscope. A spot counting
algorithm was developed to report the total number of nuclei
and the number of dead nuclei per image. Cell viability was
determined using the following equation: Cell viability = (1–
[dead nuclei/total nuclei]) · 100%.

Statistical analyses

The data are presented as mean – SEM. N represents the
number of donors tested per experiment with three to six
biological replicates per condition. Statistical analyses were
carried out using one-way ANOVA, two-way ANOVA, or

unpaired t-test. A Bonferroni post hoc test was used for
intergroup comparisons (GraphPad Prism 5). The BHI and
fatigue relationship was analyzed via linear regression.
Statistical significance is shown as *p < 0.05, **p < 0.01, and
#p < 0.001.

Results

Characterization of myobundle cellularity

The myobundle cellularity was characterized by mea-
suring the number of nuclei per bundle. This measure was
used for normalize the respirometry data and account for
differences in myobundle cell density between bundles. This
normalization method resulted in a reduction of variance
in the respiration measurements. Nuclei quantification also
served as a measure to characterize cell growth over time in
the myobundles. At the onset of differentiation (day 4), some
cells likely were already committed to proliferate, explaining
the continued increase in nuclei after day 4. The proliferation
slowed and eventually plateaued as fibers continue to mature
(Fig. 1A). The percent viability as assessed by live/dead
staining did not significantly decrease over time in culture
when compared to day 1 (Fig. 1B).

High-resolution respirometry validation experiments
for 3D constructs

We performed bioenergetics characterization of the myo-
bundles in the O2k (Fig. 2A). To determine whether oxygen at
air saturation imposes a limit on maximal respiration, we
tested bundles under air saturation and hyperoxic conditions.
Maximal respiration values did not significantly differ when
comparing air saturation to hyperoxia (Fig. 2B). These data
suggest that oxygen concentrations above air saturation are
not required to obtain maximal respiration under these ex-
perimental conditions.

In addition, we examined whether oxygen uptake was
limited by external mass transport. The stir bar frequency of
rotation was set to both the optimal value, 750 rpm, and the
maximum value, 900 rpm; stirring frequency above 750 rpm
did not have an effect on basal or maximal oxygen uptake
rate. Thus, at an atmospheric oxygen concentration and stir
rate of 750 rpm, external oxygen transport to myobundles

FIG. 1. Characterization of engineered myobundle cellularity. (A) Change in the number of nuclei over days of growth
(day 1–4) and differentiation (day 5–18) in 3D human myobundles as assessed by Hoechst staining. Results represent
mean – SEM analyzed in duplicate of four donors with four biological replicates. (B) Myobundles were assessed for
viability over days of growth and differentiation using a live/dead cytotoxicity assay. Results represent mean – SEM of four
donors with four biological replicates and six representative frames of view per sample.
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was not limiting (Fig. 2C) providing support for the choice
of these conditions for all subsequent assays.

Computational model predictions of oxygen
concentration profile and average reaction rate

To assess whether myobundle oxygen consumption is dif-
fusion limited, a theoretical model was built using COMSOL.
To estimate the average reaction rate per volume, the vol-
ume was calculated by multiplying the cross-sectional area
(Fig. 3A, B) by the thickness (Fig. 3C). The oxygen con-
centration profiles then were modeled for constructs with
thicknesses ranging from 0.25 mm to 0.75 mm (Fig. 3D),
which encompassed the range of measured myobundle
thickness. The model was used to predict the oxygen con-
centration throughout the center of the myobundle; the dis-
solved oxygen concentration is a function of spatial distance
from the center of the engineered tissue (Fig. 3E).

To assess if lower core concentrations resulted in signifi-
cant decreases in the overall myobundle oxygen consumption
rate, internal myobundle mass transport was characterized in

terms of the effectiveness factor, which is the ratio of the
actual rate of reaction to the rate of reaction in the absence of
internal mass transport limitations.28 When comparing the
variation in oxygen concentration of the largest bundle to the
smallest bundle during both basal and maximal respiration,
the change in effectiveness factor was only 0.2% and 0.8%,
respectively (Fig. 3F). The high effectiveness factor in all
conditions suggests that the myobundle thicknesses used in
this study did not lead to internal mass transport limitations.

Characterization of human myobundle
bioenergetic profile

A bioenergetic profile was constructed by probing chan-
ges in oxygen consumption rate under established respiratory
states.19,23 Specifically, after measuring basal oxygen con-
sumption in complete media, the ATP synthase inhibitor oli-
gomycin was added to inhibit oxidative phosphorylation. Under
these conditions, the remaining oxygen consumption would be
due primarily to proton leak across the inner mitochondrial
membrane. A subsequent addition of FCCP uncoupled electron
transport from oxidative phosphorylation and provided an index
of maximal respiratory chain activity. Finally, inhibition of
complex III by antimycin A stopped electron flow through the
electron transport chain (ETC) allowing assessment of non-
mitochondrial oxygen consumption (Fig. 4A).

When comparing normalized myotube respiration in
monolayer culture relative to culture in the 3D myobundle
architecture, basal and maximal oxygen consumption rates
were significantly higher in cells cultured in 2D. Interest-
ingly, although basal oxygen consumption was higher in 2D,
the ratios of ATP turnover relative to basal oxygen con-
sumption were not significantly different (Table 2).

The trends in myobundle respiration rates are consistent with
current literature (Table 2). Myobundle leak respiration was
50% – 5% of basal respiration (Fig. 4B), similar to the 52% of
basal respiration in rat skeletal muscle at rest.36 The chemically
induced maximal respiration was 231% – 9% of average basal
respiration, comparable to the 222% increase of human skeletal
muscle myotubes in solution.37 All other respiration states
(Fig. 4C) were also in agreement with current literature.

The values illustrated in Figure 4C were used to calculate
the respiratory control ratios depicted in Figure 4D. The
routine flux control ratio (R/E) was 0.37. This indicates that
about 40% of maximal respiration was used for basal me-
tabolism; this relationship leaves a high reserve capacity to
increase oxidative ATP production during periods of high
energy demand, for example, exercise. The leak flux control
ratio (L/E) at 0.14 indicates a tight coupling of oxidative
phosphorylation. The net routine respiratory flux ratio (netR/
E) was measured to be 0.23. Therefore, 23% of the oxygen
consumed at ETC maximal capacity was allocated for ATP
production.38 These ratios were in agreement to those re-
ported of human myotubes in solution: 0.45, 0.13, and 0.32
for R/E, L/E, and netR/E, respectively.37

Cellular respiration of rotenone-treated myobundles

Rotenone acutely decreases cellular oxygen consumption
by inhibition of complex I of the ETC.39 Rotenone decreased
myobundle basal oxygen uptake rate in a dose-dependent
manner (Fig. 5A). To find rotenone’s half-maximal inhibitory
concentration (IC50), the experimental dose–response data were

FIG. 2. OROBOROS O2k validation. (A) Modifications
to OROBOROS O2k system for engineered bundle respi-
rometry measurements. A Viton O-ring was added to the
O2k closed chambers consisting of a glass reservoir, stopper
with drug port, electrode, and magnetic stir bar. The O-ring
provided a myobundle resting platform during magnetic
stirring. (B) FCCP-induced maximal respiration at both at-
mospheric and hyperbaric oxygen tensions is not statistically
different. Results represent mean – SEM of five independent
experiments and two separate donors. (C) Basal and maximal
oxygen consumption rates remain unchanged when stir rate is
at maximum speed (900 rpm). Results represent mean – SEM
of five independent experiments. FCCP, carbonyl cyanide 4-
(trifluoromethoxy)phenylhydrazone.
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fit by a nonlinear regression model (R2 = 0.98): Oxygen con-
sumption rate as a percent of basal uptake = 33.21 + 68.99/
{1 + 10^[(Log[Rotenone(nM)]) - 0.9655]}. The IC50 of rote-
none derived from the fit was 9.24– 0.03 nM.

To measure the effect of rotenone on myobundle respira-
tion states, basal, leak, and maximal respiration were mea-
sured in the presence of the vehicle control, 8 nM or 20 nM
rotenone. Rotenone at 8 nM and 20 nM significantly de-
creased basal respiration, ATP turnover, and maximal respi-
ration rates (Fig. 5B). This respiratory depression suggests
that cultured myobundles rely heavily on complex I-linked
substrates for ATP synthesis during times of both basal and
increased energy demand. Our results agree with other studies
where rotenone decreased skeletal muscle ATP production
to 35% of the control.12 As an additional test of the impact
of rotenone, the BHI, a measure of mitochondrial function, was
assessed. As shown in Figure 5C, the BHI is significantly dif-
ferent ( p = 0.035) between the vehicle myobundles and those
exposed to 20 nM rotenone. The decreased BHI is indicative of
bioenergetic dysfunction.

Rotenone impairment of force production
in engineered myobundles

Twitch and tetanus forces of myobundles treated with
rotenone displayed a downward trend with increasing rote-

none concentration for three different donors (Fig. 6A, B).
This drop in force production was not due to decreased cell
viability (Supplementary Fig. S2). To probe whether
rotenone-induced mitochondrial dysfunction would impair
muscle performance at sustained maximal contraction, the
myobundles were fatigued by continuous electrical stimu-
lation at 20 Hz for 30 s (Fig. 6C). Rotenone decreased the
force production after 30 s in a dose-dependent manner
(Fig. 6D). In addition, the vehicle, 8 nM and 20 nM rotenone
values for BHI and fatigue were fitted with a linear re-
gression. The BHI was inversely correlated with the extent
of fatigue (Fig. 6E) ( p < 0.01).

Discussion

The goal of this work was to develop a platform to mea-
sure drug-induced mitochondrial toxicity in human skeletal
muscle with distinct advantages over existing models. We
characterized the bioenergetic profile of 3D human myobundles
and challenged the platform with the well-characterized com-
plex I inhibitor, rotenone. Previous efforts to create a preclinical,
mitochondrial toxicity platform have focused mainly on mea-
suring alterations in the oxygen consumption rate of cells or
mitochondria either in solution10,11 or in monoculture.12 Some
in vitro work successfully recapitulated clinical side effects
and determined pharmaceuticals that are toxic to isolated

FIG. 3. Computational model of engineered muscle oxygen consumption. (A) Image of engineered myobundle after 2
weeks of differentiation in culture. (B) SolidWorks sketch of a representative myobundle area. (C) SolidWorks generated
model of the myobundle volume with t representing the myobundle thickness. (D) Concentration profiles in myobundles
with differing reaction values and thicknesses. (E) Oxygen concentration profile within myobundles of varying thicknesses
during basal and maximal respiration. (F) The high effectiveness factors across all changes in myobundle thickness and
respiration rates suggest that there are no oxygen diffusion limitations for the conditions used in this study.
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mitochondria.11 To date, none of these methods measured mi-
tochondrial drug toxicity in a three-dimensional platform capa-
ble of detecting mitochondrial impairment using two functional
assays: respiration rate and muscle fatigue.

Our model greatly enhances the physiological relevance
of the measurements by assessing respiration using en-
gineered muscle tissue rather than isolated mitochondria
or individual cells. The study of mitochondrial health with
the in vivo complexity of cell–cell and cell–matrix inter-
actions could previously only be studied in animal or human
subjects; these studies are now possible in the three-
dimensional engineered myobundles. An added advantage
to the tissue-engineered myobundle model is the presence
of a physiologic cellular architecture, including aligned
myotubes that are grown and tested under passive tension.
Furthermore, the myobundles do not require nonphysiologic
processing, such as permeabilization, mitochondrial isola-
tion, or enzymatic separation, which may alter function.
These advantageous features may have significant impact on

metabolic and bioenergetic behavior. Our results suggest
that the contribution of these factors may be important since
maximal and basal respiration was significantly different
when comparing myotubes in solution and three-dimensional
myobundles. In addition, the myobundle cellular environment
was relatively undisturbed versus that of permeabilized
bundles and isolated mitochondria. Mitochondria were ex-
posed to a relevant mix of substrates and ions. However, the
ability to test isolated substrates is limited. Although beyond
the scope of these studies, direct testing of mitochondria
could be achieved by cell membrane permeabilization of the
myobundles.

These respiration measurements and analysis provide in-
sight into the oxygen concentrations to which the skeletal
muscle myotubes within three-dimensional engineered skel-
etal muscle are exposed. Within a scaffold, oxygen transport
is often a concern since myotubes rely on passive diffusion.
Overcoming oxygen transport limitations is highly important
to ensure myotube survival, mimicry of in vivo structure, and

FIG. 4. Characterization of
human-engineered bundles’ bioen-
ergetic profiles. (A) Schematic of
inhibitors utilized to probe bioen-
ergetic respiration states. (B) Por-
tion of basal mitochondrial
respiration due to ATP production
and proton leak as measured by
inhibition of ATP synthase (ATP
turnover) and complex III (proton
leak). (C) Bioenergetic profile of
engineered bundles assessed by
addition of mitochondrial inhibi-
tors. (D) Cell respiratory ratios of
engineered myobundles reported as
ratios of respiration states. For all
graphs, data are expressed as
mean – SEM of seven donors with
two biological replicates.
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myobundle functionality. A better understanding of the re-
lationship between construct thickness, respiration rate, and
myobundle oxygen concentration helps to guide construct
design and implantation. In addition, this work provides im-
portant input parameters for both developing theoretical
models of oxygen transport through tissue-engineered con-
structs and optimization of the bioreactor conditions for
skeletal muscle tissue engineering. This study demonstrates
the utility of using human, tissue-engineered myobundles for
mitochondrial respiration measurements. Overall, these en-
gineered myobundles maintained high viability and matured
by 18 days after preparation. Due to the lack of internal vas-
culature, a major obstacle in tissue engineering is overcoming
external and internal oxygen transport limitations. Through
experimental and computational techniques, we did not find
limitations in external or internal oxygen transport. These
data suggest that oxygen concentrations above air saturation

are not required to obtain maximal respiration under the ex-
perimental conditions we used.

To gain more insight into the metabolic phenotype of the
human myobundles, we assessed myobundle bioenergetic
profiles. Basal oxygen consumption rates of the myobundles
indicate the aerobic energetic demands of the myotubes
under baseline conditions. Basal respiration was 2.5 times
higher in cells in solution than cells cultured in the myo-
bundles. Others have observed that monolayer cultures have
higher oxygen consumption rates than nontransport limited
3D cultures.40 This could be attributed to either the change
in configuration from an in vivo 3D architecture to a
monolayer, or the result of enzymatically removing cells
from a surface. These attributes of cells in monoculture or
solution could induce a mechanically stressed state resulting
in an increased oxygen consumption rate.40 In addition,
differences in respiration could also be due to variations in

Table 2. Mitochondrial Respiration in Intact Skeletal Muscle Cells (Control, Nondiseased)

Basal ATP Leak Maximal Nonmitochondrial Cell type Ref.

OCR (pmol O2/s/106 nuclei)
49.4 – 12.6 24.9 – 11.6 24.5 – 1.0 138.7 – 34.7 1.9 – 1.4 Primary human skeletal muscle

myotubes in solution
differentiated for 14 days

This study

19.5 – 1.4 9.8 – 0.8 9.7 – 1.0 45.1 – 1.8 3.4 – 1.0 3D primary human skeletal
muscle myobundles

This study

OCR (pmol O2/s/106 cells)
75 53 22 500 n/d Primary human myotubes in

solution differentiated
for 8–10 days*

37g

7.5 4.2 3.3 20.83 n/d 2D human rhabdomyosarcoma
cells (HG DMEM +10% FBS)*

44g

5.5 3.5 2 20 n/d L6 myotubes in solution (DMEM
serum free)

45D,g

42.6 – 0.8 n/d n/d 157 – 8.2 n/d L6 myoblasts in solution
(DMEM serum free)

46

40 20 20 75 8 Primary mouse myoblasts
differentiated for 6 h and
transfected with an empty
vectorl

47g

g, Value estimated from figure; D, value corrected for nonmitochondrial respiration; *, values calculated assuming cells double over
culture period; l, values also normalized to citrate synthase activity.

n/d, no data.

FIG. 5. Complex I inhibition by rotenone dose dependently inhibits oxygen consumption rates of engineered muscle. (A)
Basal oxygen consumption rates of human myobundles in the presence of increasing concentrations (0–1000 nM) of
rotenone. Results represent mean – SEM of four donors normalized to the vehicle control. (B) Relative fold changes of
basal, leak, and maximal respiration states due to rotenone normalized to the no treatment control. (C) Bioenergetic health
index calculated from the non-normalized respiration states in (B) is demonstrated. Results represent mean – SEM of four to
five donors. *p < 0.05, **p < 0.01, #p < 0.001.
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myogenic maturation between the myobundles and the
myotubes grown in monolayer culture.

The bioenergetic profile and cell respiratory ratios of the
human myobundles followed similar trends to differentiated
myotubes in solution41 and in monolayer culture.37 Our data
show that *50% of myobundle basal respiration is allo-
cated to ATP production. This is in agreement with previous
literature measuring ATP production at 48% of basal res-
piration in rat skeletal muscle at rest.36 The variation in
respiration between donors may be due to differences in
genetics and environment factors, or donor-specific differ-
ences in myotube development. Although beyond the scope
of these studies, myotube maturation could be assayed by
accessing myogenic regulatory proteins such as myogenin
and myogenic factor 6.

The myobundles’ maximal respiration rate is more than
twice the basal respiration rate, indicating that our myo-
bundles have the capacity to substantially increase ATP
production in the event of cellular stress, a feature consis-
tent with skeletal muscle and other metabolic tissues.15 The
maximal respiration induced by FCCP uncoupling might not
perfectly correlate to a physiological energy demand; the
uncoupling may not induce a replenishment of the substrate
supply necessary to match the demand, yielding a lower
maximal respiration rate.19 However, both physiological and

FCCP uncoupling lead to rapid oxidation of substrates to
restore mitochondrial membrane potential; also, the average
myobundle basal respiration per volume (2.92 – 0.23 nmol/
cm3/s) and maximal respiration per volume (6.26 – 0.28 nmol/
cm3/s) were within the range of normal human muscle at rest
and during exercise.16 These data suggest human myobundle
basal and uncoupled maximal respiration model human adult
respiration during these conditions.

The myobundles recapitulated the in vitro and in vivo
responses to rotenone. Rotenone dose dependently de-
creased human myobundle basal and maximal respiration.
Decreased maximal respiration is due to a reduction in flux
of electron entry into the ETC. Since fewer electrons are
available to reduce oxygen to H2O, oxygen consumption
rate is reduced. We also quantified the BHI to assess the
impact of rotenone on the composite mitochondrial profile
for each condition (Fig. 5C). The lowest BHI values cor-
responded to the highest concentrations of rotenone; the
BHI was suppressed over 65% in the 20 nM rotenone con-
dition, suggesting significant bioenergetic dysfunction. Ta-
ken together, these results validate that our model is
mimicking previously reported responses to rotenone.

Importantly, in addition to changes in respiratory kinetics,
rotenone subtly affected contractile force production mod-
ulated by reduction of ATP production. Rotenone reduces

FIG. 6. Rotenone de-
creases force production and
increases engineered muscle
fatigue. Myobundles were
treated with either vehicle or
rotenone (8, 20 nM) for
30 min after 2 weeks of dif-
ferentiation. (A, B) Twitch
and tetanus force production
of human myobundles in the
presence of 8 and 20 nM ro-
tenone measured after elec-
trical stimulation at 1 Hz and
20 Hz. Results represent
mean – SEM of four separate
donors. (C, D) Rep-
resentative traces and aver-
aged data of relative changes
in tetanus force production
during a 30-s 20 Hz stimula-
tion of myobundles with and
without rotenone. *p < 0.05,
**p < 0.01. (E) Correlation
between bioenergetic health
index (BHI) and percent rel-
ative force after 30 s of
electrical stimulation at
20 Hz. Corresponding rote-
none concentrations are ad-
jacent to each point and the
95% confidence intervals for
the linear regression line are
shaded in gray. Results rep-
resent mean – SEM of four
separate donors.
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L6 myotube ATP levels by 65%.12 In this study, the human
myobundles exhibited a downward trend in both twitch and
tetanus force when exposed to rotenone in three out of four
donors. On the donor level, there was a direct relationship
between sensitivity to rotenone as measured by a decrease in
twitch force and decrease in tetanus force. This functional
measure in combination with the myobundle bioenergetic
profiles would enable a personalized measurement of phar-
maceutical effects on an individual’s mitochondria; this is
especially important where the majority of individuals
benefit from a medication, while others experience severe
contraindications.42

Unlike twitch and tetanus force, rotenone caused a dose-
dependent increase in muscle fatigue, defined here as the
reduction in capacity to generate force after 30 s of electrical
stimulation. The decline in performance might not be im-
mediately apparent when measuring twitch or tetanus force
because the myobundles can engage anaerobic metabolism to
meet ATP demands. Increasing the duration of the myo-
bundle contraction increases total ATP demand, requiring a
higher contribution of ATP from cellular oxidative phos-
phorylation.43 This is apparent after inhibiting mitochondrial
respiration with 20 nM rotenone resulting in a 46.0% – 7.4%
drop in force production. We found a correlation between the
decreases in bioenergetic and functional data due to rotenone.
The results suggest that the mitochondrial dysfunction,
quantified by a reduction in BHI, produced the fatigue. BHI
and fatigue can serve as complementary, sensitive indicators
of mitochondrial toxicity in the human myobundles.

Conclusions

This study demonstrated the utility of using engineered
human myobundles to assess mitochondrial toxicity. The
myobundles experience negligible mass transfer inhibition as
confirmed by the computational model, and there was little
donor-to-donor variation in the bioenergetic profiles. Fur-
thermore, the toxicity of rotenone was detected at low doses
using oxygen consumption rate and muscle fatigue. To our
knowledge, this is the first human myobundle model enabling
the coupling of energetic measurements to a physiologic
outcome and may serve as an important conduit between
in vitro and in vivo testing in the drug development pipeline.
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