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ABSTRACT Linker DNA, which connects between nucle-
osomes in chromatin, is short and, therefore, may be essentially
straight and inflexible. We have carried out hydrodynamic and
electron microscopic studies of dinucleosomes—fragments of
chromatin containing just two nucleosomes—to test the ability
of linker DNA to bend. We find that ionic conditions that
stabilize the folding of long chromatin cause linker DNA in
dinucleosomes to bend, bringing the two nucleosomes into
contact. The results uphold a key prediction of the solenoid
model of chromosome folding and suggest a mechanism by
which proteins that are separated along the DNA can interact
by direct contact.

Eukaryotic chromosomes are maintained throughout much
of the cell cycle in an intermediate level of folding in which
a chain of nucleosomes is compacted into a 30-nm-wide
filament (1, 2). A widely held model of the structure of 30-nm
filaments, the solenoid model (3-5), requires the DNA con-
necting between nucleosomes (linker DNA) to have an un-
expected property: it must bend to bring consecutive nucle-
osomes into direct contact (2).

The mechanical properties of naked DNA can be predicted
by comparing the DNA length with a length scale for polymer
stiffness, known as the persistence length (6). For DNA, the
persistence length decreases as the [Na*] is increased, reach-
ing a limiting (smallest) value of =50 nm [150 base pairs (bp)]
for [Na*] > 10 mM (6, 7). The length of linker DNA is
variable, typically within the range =0 to ~80 bp (1); for
chicken erythrocyte chromatin used in the present study, the
linker DNA is =45 bp (=15 nm) in average length. Linker
DNA is thus short compared even to the limiting persistence
length.

The effect of thermal fluctuations on short DNA molecules
is to cause small random local bends in uncorrelated direc-
tions along the DNA length. This in turn reduces the average
end-to-end separation of the DNA from the value that would
obtain if the DNA were not flexible. The worm-like coil
model allows one to calculate the expected rms end-to-end
separation (R) (6). For chicken erythrocyte chromatin, the
average linker DNA length (L) is 1/3.3 times the limiting
persistence length, leading to R = 0.95 L. The average
end-to-end separation of the DNA is 5% less than the contour
length. Thus, if the properties of linker DNA are those of
naked DNA, the linkers will be on average nearly fully
extended. This picture is in accord with the known behavior
of chromatin. In dilute Na* solutions, 30-nm filaments unfold
and adopt an extended conformation in which the linker DNA
does take an approximately straight path from one nucleo-
some to the next (2).

Alternative ‘‘cross-linker’’ models of 30-nm filaments have
been proposed (8-10) that are outwardly similar to the
solenoid model but have a different connectivity and allow
the linker DNA to remain straight. When chromatin folds into
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30-nm filaments, does the linker DN A remain straight or does
it bend? The answer to this question is important also because
it determines whether two proteins that are separated from
each other along the same or nearby linker regions will be in
close three-dimensional proximity. In the present report, we
focus on dinucleosomes—defined-length oligomers of chro-
matin containing just two nucleosomes and one linker—to
study the bendability of linker DNA. Dinucleosomes allow
the unambiguous detection of linker DN A bending through
measurement of their nucleosome-nucleosome distance.

MATERIALS AND METHODS

Dinucleosomes were purified from random short fragments
of chicken erythrocyte chromatin (11), as described by Butler
and Thomas (12).

Electron micrographs were obtained using the alcian blue
method of Sogo and Thoma (13). Dinucleosomes were dia-
lyzed into 2 mM sodium phosphate (pH 7.5, supplemented
with additional salts when desired), glutaraldehyde was
added to 0.1% by dialysis, and the dinucleosomes were fixed
overnight at 4°C. The samples were then dialyzed into buffer
without additional salts, adsorbed to alcian blue-treated
carbon films, washed extensively with deionized H,O, dried
in ethanol, and shadowed with platinum. A negatively stained
catalase crystal was used as a magnification standard.

The dynamic light scattering data were obtained with a
commercial instrument consisting of a Brookhaven Instru-
ments (Holtsville, NY) BI-2030 autocorrelator and BI-200
goniometer and a Coherent Radiation (Palo Alto, CA) In-
nova-90 argon ion laser. The laser was operated at 488 nm
with up to 300 mW of power. Measurements were made at 21
or 23°C. Samples were centrifuged to remove dust prior to
measurement.

RESULTS AND DISCUSSION

Biochemical Characterization of Dinucleosomes. The distri-
bution of DNA lengths in the purified dinucleosomes is
illustrated in Fig. 1a. The average DNA length is 420 bp, as
expected for a dimer of 210-bp-containing dinucleosomes (1).
It is important to determine the stoichiometry of histone H1
(and its variant, HS) in the purified dinucleosomes, because
they are easily lost from short oligonucleosomes (14, 15). The
protein composition of the purified dinucleosomes is shown
in Fig. 1b, compared to that of long chromatin in Fig. 1c.
From the relative peak areas for H1 plus HS and H4 in the two
samples, we calculate that the purified dinucleosomes have
lost roughly 15% of the H1 plus HS. The stoichiometry of H1
plus HS in native chicken erythrocyte chromatin is 1.3
molecules per nucleosome (16), so the stoichiometry in the
purified dinucleosomes is 1.1 molecules of H1 plus HS per
nucleosome.
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FiG. 1. (a)Densitometer tracing of a photograph of DNA present
in purified dinucleosomes from a 2% agarose gel with ethidium stain.
The positions of mononucleosomes and higher oligomers (deter-
mined from densitometer tracings of gel tracks from other sucrose
gradient fractions) are marked. Hae II restriction fragments of
pBR322 were used as length markers. (b and ¢) Densitometer tracing
of Coomassie blue-stained 18% polyacrylamide gel of proteins pres-
ent in the purified dinucleosomes and in long (native) chromatin,
respectively. )

Dynamic Light Scattering Studies. In vitro, titrating long
chromatin with cations causes it to fold progressively into the
30-nm filament state (2). We tested for a Na*-dependent
compaction of the dinucleosomes by using dynamic light
scattering to measure translational diffusion coefficients (D,).
The results are shown in Fig. 2. From 1 mM Na* (when long
chromatin is known to exist in the extended nucleosome
filament conformation) to 18 mM (when long chromatin has
begun to visibly compact), the diffusion coefficient of dinu-
cleosomes increases by 16%. The sign of the change in D, plus
the insensitivity of the results to the concentration of dinu-
cleosomes argue against charge effects or other artifacts as
possible explanations for the results (17). The absence of any
abrupt change in D, near 1 mM Na* shows that the results are
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FiG. 2. D, of dinucleosomes in various Na* concentrations at
23°C. Dinucleosomes were dialyzed against a buffer containing 1 mM
Tris*HCI (pH 7.5) and 0.1 mM Na, sEDTA and then mixed with an
equal volume of buffer plus NaCl. O, 0.085 mg/ml (preparation 3);
v, 0.090 mg/ml (preparation 2); A, 0.088 mg/ml (preparation 1); O,
0.036 mg/ml (preparation 2); O, 0.035 mg/ml (preparation 1). Each
symbol represents an average of at least three measurements; for
each sample, the reproducibility was +3% or better. The solid line
represents an average over the five separate experiments. Values of
D, are expressed as cm?/sec (X 107).
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not affected by nucleosome unfolding, which can occur if H1
or HS are not present (18, 19). Thus, the increase in D, means
that the dinucleosomes are becoming more compact. Con-
tinuation of the titrations to higher [Na*] led to aggregation
of the dinucleosomes, as judged by an increase in the total
intensity of light scattering and an accompanying decrease in
the apparent diffusion coefficient (data not shown); the onset
of aggregation occurs in the range of 25-35 mM Na*. In such
conditions it is no longer possible to measure D,. We,
therefore, consider only the data for [Na*] < 20 mM. Up to
this point, the data in Fig. 2 show no signs of reaching a
plateau. We conclude that the compaction is not complete in
20 mM Na*.

Previous hydrodynamic studies had reported that dinucle-
osomes showed no detectable [Na*]-dependent compaction
(12, 20, 21). However, those studies were focused chiefly on
longer oligomers; short oligomers were less thoroughly stud-
ied. Also, most of the previous studies (1, 12, 21) were of rat
liver chromatin. Long chicken erythrocyte chromatin is
known to form compact structures that are more stable than
those from rat liver chromatin (22); possibly this difference
applies also to dinucleosomes.

One mechanism that could lead to the observed compac-
tion is a Na*-dependent sliding together of the two histone
octamers along the DNA (for review, see ref. 1). However,
four lines of evidence argue against this possibility. Octamers
are not able to slide when histone H1 is present. Even in the
absence of H1, octamer sliding generally requires long times
at elevated temperatures and ionic strengths—conditions that
are not approached in the present study. If sliding were able
to take place, it should have happened during the preparative
nuclease digestion. This would lead to dinucleosomes having
shorter DNA lengths than the 420 bp that we observe.
Finally, the sliding apart of H1-depleted octamers that have
slid together has never been demonstrated; yet, given the
manner in which our dinucleosomes are prepared, the com-
paction observed in this study must be reversible.

There remain two mechanisms that could lead to dinucle-
osomes becoming more compact: groups on each nucleo-
some (e.g., the “‘tails’’ of the core histones or of H5) could
be extended into the solvent in 1 mM Na* but could retract
when the [Na*] is increased, or the linker DNA could bend
to bring the two nucleosomes together in space. These two
mechanisms can be distinguished by hydrodynamic studies of
monomer particles such as chromatosomes or nucleosome
core particles. Numerous such studies have been carried out
(for review, see ref. 1). Over the range in [Na*] used in the
present study, nucleosome core particles and chromato-
somes show an increase in sedimentation coefficient (S)
(which is equivalent to D,) of 5% or less (18, 19, 23). Our own
measurements of D, for nucleosome core particles over the
range 3 mM to 28 mM monovalent cation (M*) are given in
Table 1. These data are consistent with an increase of less
than 3% in D,. We conclude that the observed increase in D,
for dinucleosomes is due to a mode of Na*-dependent
compaction that is unavailable to mononucleosomes: the
linker DNA bends to bring the two nucleosomes toward
contact.

Table 1. D, of nucleosome core particles

M*, mM D, cm?/sec (X 107)
3 3.98 + 0.08
13 4.07 = 0.03
28 4.05 = 0.01
Average 4.03 = 0.09

Data were obtained at 21°C with core particles at 0.1-0.5 mg/ml,
dialyzed into 5 mM Tris‘HCI, pH 7.5/1 mM benzamidine/0.1 mM
EDTA, plus 0, 10, or 25 mM NacCl, corresponding to 3, 13, or 28 mM
M™, respectively.
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One can also compare our actual measured values for D,
with the results from other studies, such as the data in Table
2. Data for chicken erythrocyte dinucleosomes are available
for [M*] = 10 mM (24). Our results for this [M*] agree with
those reported (24), and both agree with the expected value
for D, calculated from the dinucleosome’s sedimentation
coefficient that was reported in the same study. One study of
rat liver dinucleosomes (21) reports a [Na*]-independent
value of D, of 2.25 X 107 cm?/sec, which is also in reason-
able agreement. Our measurements of D, for core particles
agree with the D, calculated from the measured sedimenta-
tion coefficient, for which there are numerous good data (1,
18, 23). Our measurements also agree with a result obtained
from a sedimentation velocity experiment using the bound-
ary-spreading method, D, = 3.90 x 10~7 cm?/sec (25). Three
other studies are not strictly comparable. Two of these (21,
26) report data for mononucleosomes, which include extra
DNA and histone H1. A third study (27) reports dynamic
light-scattering data for nucleosome core particles; but this
was carried out under conditions of limiting [M*] (i.e., not
dialysis equilibrium), which is known to lead to an increase
in frictional coefficient (23).

Hydrodynamic Simulations. To relate the observed magni-
tude of the increase in D, for the dinucleosomes to an extent
of compaction, we carried out computer simulations for a
simple model (Fig. 3). The dinucleosomes were represented
as two disks, each having a diameter of 11 nm and a thickness
of 6 nm, and the bending of linker DNA was simulated by
varying the distance between them. Since there is no infor-
mation available regarding the hydrodynamic properties of
the histone ‘‘tails’’ or of linker DNA, these were omitted
from the calculations. The average linker DNA length for
chicken erythrocyte chromatin is 45 bp or 15 nm. When two
disks, initially separated by a distance of 15 nm (models I and
1V), are brought together side to side (models II and V), D,
increases by 21%; if the two disks are brought together face
to face (model III), D, increases by 41%. We conclude that the
measured increase in D, can be accounted for by a Na*-
dependent approach of the two nucleosomes toward contact.
The data are consistent with any of the limiting structures
(models II, III, and V). We cannot distinguish between these
models with our experimental data, since we do not reach a
titration end point.

Electron Microscopy. We have tested the conclusion de-
rived from the hydrodynamic experiments by directly imag-
ing dinucleosomes in the electron microscope. To avoid
preparative artifacts, samples were equilibrated in various
ionic conditions, fixed, then dialyzed into a common low-
[Na*] adsorption buffer, and prepared for microscopy with-
out the use of heavy metal stain (4). Fig. 4 a—c shows
micrographs obtained for chromatin in 2 mM Na*, 20 mM
Na*, and 2 mM Mg?* [a condition in which the 30-nm
filament state is fully formed (2)], respectively. (Dinucleo-

Table 2. Comparison of S and D,

Proc. Natl. Acad. Sci. USA 87 (1990) 7605

MODEL

I - - 1.70 (1.00)
I &1 1.41 1.21

i % 1.21 1.41
v 8 @ 1.70 1.00

v 8@ 1.41 1.21

Fic. 3. Hydrodynamic simulations. Each disk was represented
by 616 small spheres on a cubic lattice. The radius of the small
spheres was chosen so as to make their aggregate volume equal to
that of the two disks. Frictional coefficients were calculated for a
single (isolated) disk and for the pairs of disks illustrated by using
standard methods (28). The results are presented as frictional ratios
f/fm, in which the frictional coefficient for each pair of disks (f) is
divided by that for a single disk (fm). Dy is proportional to 1/(f/fm);
relative values (D) are given here, with the value for model I set to
1.00.

STRUCTURE #y Dl

somes in 2 mM Mg?* aggregate at the relatively high con-
centrations required for dynamic light scattering, but the
electron micrographs are obtained from much more dilute
samples where aggregation appears not to be a problem.) The
images suggest that the dinucleosomes in 20 mM Na™ and in
2 mM Mg2* are more compact than those in 2 mM Na*.

The images were quantitated objectively by measuring the
widths (i.e., long axis) of every dinucleosome present, on
enlarged prints of the micrographs. Histograms of the widths
are shown in Fig. 5 a—c. Dinucleosomes in 20 mM Na* and
in 2 mM Mg?* are indeed more compact than those in 2 mM
Na*.

The width (diameter) of single nucleosomes in the dinu-
cleosomes was also measured from the prints and yielded an
average diameter of 15.7 nm (taking into account the known
magnification), independent of the ionic conditions. Nucle-
osomes are known to be 11 nm in diameter (29); they are
evidently enlarged by shadowing. The center-to-center in-
ternucleosomal distance in dinucleosomes should be inde-
pendent of the shadowing. It can be determined by subtract-
ing the measured nucleosome diameter from the measured
width of the dinucleosomes. Also shown in Fig. 5 d and e are
difference histograms in which the normalized width distri-
bution for 2 mM Na* was subtracted from the normalized
distribution for 20 mM Na* or for 2 mM Mg?*, respectively,

Dcalcv* D meas»
Sample M*, mM Smeass S _cm?/sec (X 107) cm?/sec (X 107)
Nucleosome core 2-30 10.8-11.1F 3.84-3.95 4.03 + 0.09%
particles 3.90 + 0.13%
Dinucleosomes =10 16.29 2.19 2.15 + 0.04%
2.16 = 0.101

*Calculated for D = [RT/M(1 — vp)] S, with ¥ = 0.663 (ref. 23) and with M(core particle) = 204,000
and M(dinucleosome) = 534,000, and where D is the diffusion coefficient, M is the molecular weight
in daltons, ¥ is the partial specific volume of the nucleosome core particle in cm3/g, p is the solvent
density in g/cm?, and S is the sedimentation coefficient.

tData are from refs. 18, 23.
This study.

$Data are from ref. 25.
IData are from ref. 24.
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Fi1G. 4. Electron micrographs of dinucleosomes in 2 mM sodium
phosphate (pH 7.5) (a), buffer plus 18 mM Na* (b), or buffer plus 2
mM Mg?* (c). (Bar = 100 nm.)

and plotted as a function of the dinucleosome center-to-
center distance.

The mode of the internucleosomal distance distributions is
26 nm for dinucleosomes in 2 mM Na*, and 12 nm for
dinucleosomes in 20 mM Na* or in 2 mM Mg?*. By assuming
that the nucleosomes preferentially lie with their flat faces on
the carbon surface (4), a dinucleosome center-to-center dis-
tance of 26 nm corresponds to an edge-to-edge separation of
15 nm, which is the distance expected if the linker DNA were
extended in 2 mM Na*. The center-to-center distance of 12
nm obtained for 20 mM Na* and for 2 mM Mg?* corresponds
to an edge-to-edge separation of only 1 nm; in these condi-
tions, the two nucleosomes of most dinucleosomes are almost
touching.

CONCLUSIONS

The results from this study show that linker DNA can bend
to bring two consecutive nucleosomes into contact. This
unexpected finding upholds a key prediction of the solenoid
model of chromatin folding. One question that arises is
whether the observed ability of the linkers to bend is typical
of all linkers in a long chain or is unique to the chain ends. In
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Fi1G. 5. (a-c) Histograms of widths of dinucleosomes, measured
from prints at % 180,000 magnification. Conditions in a—c correspond
to those as described in Fig. 4 a—c, respectively. (d and e) Difference
histograms, plotted as a function of the center to center internucle-
osomal distance (see text). The histograms in a—c were normalized
(integrals scaled to 100%) and then subtracted in pairs. (d) Histogram
values in b minus histogram values in a. (¢) Histogram values in ¢
minus histogram values in a.
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aprevious study (30), short oligonucleosomes were examined
in uranyl acetate with dilute Na* and were found by electron
microscopy often to have their nucleosomes in contact. The
status of that work became uncertain when it was discovered
in solution studies that, in dilute Na*, linker DNA is actually
extended and nucleosomes are not in contact (2). Our results
suggest that the uranyl acetate may have facilitated the
observed compaction. In that study (30), tetranucleosomes
were observed in which all four nucleosomes were in contact.
Although one cannot identify which two nucleosomes are
internal, the internal linkers must nevertheless have been
bent. The ability of a linker to bend may not depend on its
proximity to an end.

A separate question is whether linkers do bend when long
chromatin folds. The present results suggest that there is a
natural tendency in chromatin for consecutive nucleosomes
to pack together, bending the linker DNA that connects
them; but it is possible that the actual behavior of long
oligomers could differ from that of short ones, because of
interactions that might exist only for oligomers greater than
some critical length. If such effects were insignificant, the
present results would cast doubt on crossed linker models of
the 30-nm filament (8-10) in which linker DNA is required to
remain straight. Two significant consequences of linker DNA
bending in chromatin are that consecutive nucleosomes along
the DNA will be in contact in the higher order structure and
that two proteins on the same or adjacent linker regions may
be neighbors in three-dimensional space.

What is the mechanism of linker DNA bending? The
bending is cation-induced and thus is not due to sequence-
specific fixed curvature. Linker DNA appears to be random
in sequence, although it appears to be enriched in nearest
neighbor sequences having a lower than average thermal
stability (31). Although such sequences have been termed
“‘flexi-DNA,"’ this refers to a propensity to unwind prefer-
entially under the influence of negative torsional strain (31).
Both nucleosomes of our dinucleosomes are expected to be
able to rotate independently and, therefore, the linkers
should not be subject to significant torsional strain. There is
no firm evidence at this time for a sequence dependence to
the bending flexibility of DNA (6). Moreover, even if linker
DNA had an extraordinarily low persistence length of only
=45 bp (for which there is no precedent), so that the average
linker DN A length was on the order of one persistence length,
the rms end-to-end separation for the linker DNA would still
be 86% of the contour length (6). Such a small change in the
separation of two nucleosomes is inconsistent with both the
hydrodynamic and the electron microscopic results of the
present study. Thus, in the absence of other forces, the
bending cannot be explained by thermal fluctuations of naked
DNA. It is the limited extent of these that leads to the large
persistence length of naked DNA; as discussed above, this
conclusion applies even to the limiting persistence length,
which obtains in high [Na*].

Presumably the bending is facilitated by proteins. It is
possible that a large favorable free energy of nucleosome
association simply exceeds the resistance of DNA to bend-
ing. Alternatively, H1 (or H5S) or “‘tails’’ of the core histones
(1) may actively bend the linker DNA, or the DN A may bend
because of asymmetric charge neutralization by bound pro-
tein residues (32, 33). It is noteworthy that histone H1 is
known to exhibit a significant [Na*]-dependent structural
change (34) between =~0.0 and 0.1 M Na*, and a [Na*]-
dependent change from noncooperative to cooperative bind-
ing to naked DNA between 20 and 40 mM Na* (35) [although
histone H5 shows cooperative binding to naked DNA at least
down to 5 mM Na™ (36)]. It should be possible to distinguish
between the different models for DNA bending by studying
dinucleosomes that selectively lack H1 (or HS) or individual
core histone ‘‘tails’’ (37).
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The present results relate to two other significant aspects
of the mechanism of chromatin folding. Na*-dependent chro-
matin folding (i.e., chromatin folding in vitro) is known to be
a continuous, rather than a two-state, process (2). At inter-
mediate concentrations of Na*, chromatin fibers have an
intermediate width; the two limit states (nucleosome filament
and 30-nm filament) are largely unpopulated. However, this
conclusion is based on measurements that are averaged over
stretches of chromatin fibers that are many nucleosomes
long. It would be of great interest to determine whether
folding is continuous or two-state at the level of individual
pairs of nucleosomes. Finally, it should be recognized that
the present results do not constitute evidence against coop-
erativity in chromatin folding. A tendency of consecutive
units along a chain to interact does not preclude the existence
of additional forces, such as those that in helix—coil transition
theory lead to cooperative behavior. Changes in the stoichi-
ometry of histone H1 or enzymatic modification of any of the
histones are means by which cooperative interactions could
be modulated.
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