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Mechanical stress is one of the major aetiological factors underlying soft-tissue

remodelling, especially for the mitral valve (MV). It has been hypothesized

that altered MV tissue stress states lead to deviations from cellular homeosta-

sis, resulting in subsequent cellular activation and extracellular matrix (ECM)

remodelling. However, a quantitative link between alterations in the organ-

level in vivo state and in vitro-based mechanobiology studies has yet to be

made. We thus developed an integrated experimental–computational

approach to elucidate MV tissue and interstitial cell responses to varying

tissue strain levels. Comprehensive results at different length scales revealed

that normal responses are observed only within a defined range of tissue

deformations, whereas deformations outside of this range lead to hypo- and

hyper-synthetic responses, evidenced by changes in a-smooth muscle actin,

type I collagen, and other ECM and cell adhesion molecule regulation. We

identified MV interstitial cell deformation as a key player in leaflet tissue

homeostatic regulation and, as such, used it as the metric that makes the critical

link between in vitro responses to simulated equivalent in vivo behaviour.

Results indicated that cell responses have a delimited range of in vivo defor-

mations that maintain a homeostatic response, suggesting that deviations

from this range may lead to deleterious tissue remodelling and failure.
1. Introduction
In soft-tissue biomechanics, the presence of normal tissue stress is considered to

be closely related to the regulation of tissue homeostasis [1–5]. Several studies

have shown that pathophysiological alterations in mechanical loading lead to

stress changes and subsequent tissue adaptations that affect tissue structure

and composition [6,7]. The fundamental question common to all soft collagenous

tissues is the relationship between tissue remodelling and cell-level deformations.

Tendons, for example, have demonstrated altered functional activity, tissue archi-

tecture, tenocyte shape, and collagen fibre alignment with increasing age and

strain [8,9]. These changes were found to be regulated by extracellular matrix

(ECM) components, such as decorin and biglycan, which are known to decrease

with age [10,11]. In a similar way, mechanical stimuli were found to alter the

homeostatic balance that exists between collagen biosynthesis and catabolism

in the meniscus. In meniscal cells, static and dynamic compression regulated

gene expression of key ECM components, such as types I and II collagen as

well as decorin [12]. While tissue responses to different mechanical stimuli have

been studied in isolation in vitro, complete elucidation of the underlying
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mechanisms of disease development and progression [13–22]

requires the link to the in vivo organ-level functional state.

Moreover, when tightly integrated with and informed by

experimental studies, computational models can give unique

insights into the function and physiology and provide a

powerful platform for predictive simulations. Thus, we must

first understand the underlying mechanisms of compensatory

responses to altered organ-level loading by linking tissue-level

stresses to cellular mechanobiological responses.

The above is especially true in heart valve leaflet tissues,

where alterations in tissue stresses due to physiological con-

ditions, disease, and surgical repair have long been suspected

to play a major role in valvular remodelling. The average

adult heart beats at approximately 3 billion times during the

lifetime, with blood flow directed within its chambers by

the four heart valves [23]. Heart valves function within a

highly demanding intrinsically mechanical environment;

the movement of their structures is coordinated by their com-

plex geometry [24–27] and the underlying, intricate, and

highly organized ECM. Of the four heart valves, the mitral

valve (MV) is subjected to the greatest haemodynamic forces.

Its leaflets consist of four histologically distinct layers: the atria-
lis and the ventricularis, both of which are thin elastin-rich

layers, the spongiosa, which consists mainly of proteoglycans

(PGs) and glycosaminoglycans (GAGs), and the fibrosa, the

main load-bearing layer, composed of circumferentially

oriented collagen fibres. The structure–function relationship

between the MV interstitial cells (MVICs) and the surrounding

ECM enables the valvular tissue to maintain a homeostatic

state in different haemodynamic and biomechanical environ-

ments [1–5]. While the ECM provides the tissue with its

structural integrity and influences cellular processes through

matricellular, matricrine, and mechanical processes [28], it is

the MVICs residing within the valve’s four layers [29,30] that

maintain the structural integrity of the leaflet tissue through

protein synthesis and enzymatic degradation. VICs respond

to mechanical stimuli by undergoing phenotypic activation:

the transition to a myofibroblast-like phenotype leads to

increased synthesis of PGs and GAGs [13,14,31], collagen

[20,32], and a-smooth muscle actin (a-SMA) as well as

increased proteolytic enzyme expression and activity [20,33]

and a higher cellular elastic modulus [34]. This suggests that

the in vivo mechanical environment plays a fundamental role

in the mechanobiology and overall VIC responses to external

mechanical stimuli caused by pathological factors or surgical

repair. As such, the link between organ-, tissue-, and cellular-

level deformations with VIC biosynthesis is essential in

understanding valvular response to stress overload and the

long-term outcome of surgical repair. Thus, heart valves

provide a unique test bed for investigating the multi-scale

response (figure 1) of soft tissue to mechanical stimuli and

linking the experimental findings to the in vivo loading state.

For the MV, ischaemic mitral regurgitation (IMR) occurs

when the abnormal reversal of blood flow from the left ven-

tricle to the left atrium is induced by a distorted or dilated left

ventricle. The current clinical treatment is surgical repair by

ring annuloplasty, which restores normal valve leaflet coapta-

tion and motion [35,36]. The MV annulus, however, flattens

and undergoes significant conformational changes after

repair. This increase in stress results in the disruption of

suture lines in both leaflets and annulus [37], inducing irre-

versible tissue damage and, ultimately, leading to repair

failure [38]. Moreover, patients with IMR have a 30%
recurrence rate at six months post-surgery, which increases to

60% after three to five years [39]. Mechanical stress is one

of the main aetiological factors: alterations in mechanical

loading caused by surgical repair lead to stress-induced

changes in MVIC function that in turn affect both tissue struc-

ture and composition, ultimately leading to repair failure [6,7].

Biosynthetic analyses show evidence of cellular activation,

highlighting the active adaptation of the MV to alterations in

its local stress levels [16,40–43]. The remodelling capacity

of mature MV leaflets is also observed in non-pathological

conditions, such as pregnancy, whereby heart valves adapt

to the volume overload and cardiac expansion associated

with pregnancy [44,45] and exhibit a layer-specific compensa-

tory response where collagen remodelling occurs mainly in

the fibrosa layer [46]. These pregnancy-induced changes

parallel those observed in pathological and surgically repaired

heart valves. As such, understanding the underlying mechan-

obiology associated with the compensatory response of MVICs

to non-physiological mechanical stimuli is necessary for the

development of improved modelling tools and surgical

repair, and paves the path for future work on degenerative

valvular disease.

We thus hypothesized that tissue level-induced defor-

mation is a major driver for MVIC mechanoregulation,

and deformation levels outside of the normal physiologi-

cal homeostatic range can lead to phenotypic activation

and either hypo- or hyper-biosynthetic activity. To address

this hypothesis, we used an integrated experimental–

computational approach as follows. A bioreactor system

(figure 2c) was used to deform valvular tissue specimens to

physiological and non-physiological strain levels [47], and a

macro–micro finite-element (FE) model of the MV [48] was

used to translate these findings to the in vivo state. We report

comprehensive results at different length scales (organ-,

tissue-, cell-, sub-cell levels) and use MVIC nuclear defor-

mation as a metric that relates in vitro experimental results to

the in vivo functional state of the valve (figure 1). As such, we

also report a range of MVIC deformations that capture both

physiological behaviour as well as deviations from the homeo-

static response caused by mechanical stimuli induced by

surgical repair. This novel experimental–computational

approach allowed us to elucidate the link between MVIC

deformation level and biosynthetic response to stress

under- or overload experienced after surgical repair.
2. Material and methods
2.1. Bioreactor design and validation
The tissue strip bioreactor (figure 2c) used in this study is a modi-

fied version of the previously described tension bioreactor used

for aortic valve (AV) stimulation [32]. Cyclic stretch is applied

with a stepper motor linear actuator (Haydon Kerk Motion Sol-

utions, Waterbury, CT). The actuator is connected to a metal

rod that is coupled to a load cell (Futek Sensor and Electronics,

Inc., Irvine, CA) and the tissue attachment system, which is

housed within the environmentally sealed specimen chamber

that is rigidly attached to the system base. The attachment system

used, which consists of spring ends, along with the 1 : 0.75 speci-

men aspect ratio (AR) facilitated a uniform strain field. The

springs have a total of five contact points along the 7.5 mm

radial side with less than 2 mm between each pin/attachment

puncture into the tissue. The large number of contact points,

along with the small distance between each point ensures that
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the strain is distributed with reasonable uniformity. An in-house

LabVIEW (National Instruments, Austin, TX) virtual instrument

(VI) is used to control both the linear actuator and the load cell.

The VI collects both load data and actuator displacement every

10 min. All components that are housed within the specimen

chamber are sterilized with heat (i.e. autoclave) and ultraviolet

exposure. The system base is cleaned with ethanol. We investi-

gated tissue compliance during the 48-h circumferential cyclic

stretch treatment by incorporating a load cell into the tissue strip

bioreactor and tracking load readings with respect to time. Results

indicate that there is increased tissue compliance over time (elec-

tronic supplementary material, figure S1). In line with previous

reports on ovine MV properties after a radial cyclic stretch treat-

ment [29], the degree of compliance is especially higher for the

30% strain group, whereby the load reading decreased from 3.8

to 1.8 lbf after the 48-h cyclic stretch treatment.

2.2. Tissue preparation and bioreactor treatment
Fresh porcine hearts were collected from young hogs (10 months,

250 lbs) from a local USDA-approved abattoir (Harvest House

Farms, Johnson City, TX) within 30–45 min of slaughter. MV

anterior leaflets (MVALs) were isolated on-site and submerged

in ice-cold phosphate-buffered saline (PBS) (Thermo Fischer

Scientific, Waltham, MA) for transport to the laboratory. Once
in the laboratory, rectangular strips (12 � 7.5 mm,

circumferential � radial) were dissected from the clear zone of

the anterior leaflet, placed in sterile, ice-cold Hypothermosol

FRS (Sigma-Aldrich, St Louis, MO) and later used for the differ-

ent treatment groups (figure 2a). The remaining tissue from the

clear zone (7 � 7.5 mm) was snap-frozen with liquid nitrogen,

stored at 2808C and later used as the post-mortem sample for

each valve. For each bioreactor treatment group, eight (n ¼ 8)

MVs were used. Placement of the tissue attachment springs

was carried out aseptically in a sterile laminar flow hood.

Spring dimensions, materials, and attachment technique have

been described in detail previously [32]. The attachment system

has a total of five contact points along the radial side.

The large number of contact points, along with the small dis-

tance between each point, ensures that the strain is distributed

uniformly. The eight culture wells of the specimen chamber

were filled with 8 ml of serum-free DMEM (Life Technologies,

Carlsbad, CA) supplemented with 1% (v/v) Pen/Strep anti-

biotics (Invitrogen, Carlsbad, CA), 1% (v/v) L-glutamine

(BioWhittaker, Houston, TX), 10% (v/v) fetal bovine serum

(Hyclone, Logan, UT) and 0.4% (v/v) Fungizone (Invitrogen,

Carlsbad, CA). All eight specimens, with two springs sutured

on either side, were placed in individual wells within the speci-

men chamber and their position secured with the pins attached

to either the chamber or the pin holder. The specimen chamber
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was then attached to the system base, which is housed within the

incubator maintained at 378C and 5% CO2. Samples were then

stretched for a total of 48 h. At the end of each treatment, samples

were either fixed or snap-frozen for further analysis as described

in the subsequent subsections.

2.3. Cell deformation and collagen fibre alignment
In separate experiments, a group of n ¼ 9 valves was used for

micro-environment and cell deformation analysis. Similarly,

MVALs were isolated and stored in Hypothermosol. Rectangular

strips were dissected from the clear zone and sutured with

springs on both radial sides and spring-to-spring distance

measured and inputted into the system. The individual wells

of the specimen chamber were filled with PBS and the specimen

placed in each well as described above. Each group of n ¼ 9

samples was subjected to a single strain (10%, 20% or 30%).

Once strained, PBS was removed from the wells and replaced

with grade II EM grade glutaraldehyde (Electron Microscopy

Sciences, Hatfield, PA). Samples were fixed for a total of 4 h.

A total of n ¼ 3 samples were used for small angle light scatter-

ing (SALS) to quantify collagen fibre architecture (CFA). The rest

of the samples were used to measure cellular deformation using

transmission electron microscopy (TEM).

2.3.1. Small Angle Light Scattering
Samples used for SALS underwent a gradient of glycerolization

as described previously [49]. Briefly, the fixed samples were

dehydrated, cleared in a graded glycerol/water solution and

stored in 100% glycerol. A 5 mW non-polarized continuous

HeNe laser (JDS Uniphase Corporation, Milpitas, CA) was

passed through the tissue samples and the normalized
orientation index (NOI) was used to quantify tissue deformation.

The NOIs that represent different regions of interest within the

specimen were averaged and used to compute an average NOI

that represents the CFA of the sample. An NOI value of 100%

represents a highly oriented fibre network, whereas an NOI

value of 0% represents a more randomly oriented network.

2.3.2. Electron Microscopy
Fixed samples were stained with osmium tetroxide for 4 h, dehy-

drated with alcohol and acetone, infiltrated in epoxy resin

overnight, and cured for 48 h in a 608C oven. The resulting

resin blocks were trimmed with a razor blade into a trapezoid

block face such that the y-axis represents the transmural/thick-

ness axis and the x-axis represents the circumferential axis of

the MVAL. Thin sections (70 nm) were cut using a Diatome

Ultra Diamond Knife 358 (Diatome Diamond Knives, Hatfield,

PA), picked up with Formvar-coated slot grids (Electron

Microscopy Sciences, Hatfield, PA) and imaged with an FEI

Tecnai TEM (FEI, Hillsboro, OR). Cytoplasmic and nuclear

aspect ratios (NARs) were quantified with ImageJ (NIH,

Bethesda, MD).

2.4. Cell viability
Cellular viability of cultured MVAL tissue was analysed using

3-(4,5-dimethylthiazol-2-yl)-2,5-diphenyltetrazolium bromide

(MTT) viability assay (Sigma-Aldrich, St Louis, MO). The pro-

cedure has been described in detail previously [31]. In brief, a

total of n ¼ 4 control samples (obtained within 30–45 min of

slaughter) and n ¼ 12 cultured samples (removed from the

bioreactor after a 48 h treatment at different strain levels, four

samples for each strain level) were washed twice with PBS
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containing antibiotics, weighed, and placed in a 24-well plate

containing 200 ml/well of MTT solution. The 24-well plate was

covered with aluminium foil and incubated for 3 h at 378C and

5% CO2 in the dark. After incubation, samples were carefully

removed, blotted dry, transferred to a new 24-well plate with

1 ml per well of MTT extraction solution, covered with alu-

minium foil, and incubated for 1 h at 378C and 5% CO2. At the

end of the incubation, the plate was carefully mixed and the

samples discarded. For each sample, 200 ml aliquots (n ¼ 2 per

sample) were transferred to a 96-well plate, and absorbance

measured at 570 nm and background at 690 nm (VWR Inter-

national, Radnor, PA). The viability index was calculated as such:

viablity index ¼ OD570nm � OD690nm=sample weight ðmilligramsÞ,
where OD570nm and OD690nm are the absorbance measurements

at 570 nm and 690 nm, respectively.

2.5. Layer microdissection
To quantify layer-specific changes, a group of n ¼ 3 samples

were strained cyclically at two levels: 10% (physiological) and

30% (super-physiological). The atrialis, ventricularis and fibrosa

were separated as follows: using dissecting forceps, the atrialis

was gently pulled upwards and with ophthalmic scissors, the

fibrous connections between the atrialis and the fibrosa were

exposed and cut. In a similar way, on the opposite side, the ventri-

cularis was separated from the fibrosa. To verify the effectiveness

of the microdissection, 2 � 10 mm sections of the intact and separ-

ated MVAL layers were cut in the circumferential and radial

direction, fixed in 10% buffered formalin, embedded in paraffin

wax, stained with Movat’s pentachrome, sectioned (5 mm), and

examined with a light microscope.

2.6. Histology and immunohistochemistry
Tissue preparation for histology and immunohistochemistry has

been described previously [20,32]. Briefly, MVAL samples (both

control and treated) were fixed with 10% buffered formalin,

embedded in paraffin, cut into 5 mm sections and mounted on

glass slides. Slides were then stained with Movat’s Pentachrome

for layer dimensional analysis and haematoxylin and eosin

(H&E) to assess cell density. Slides were imaged using a light

microscope at 4� magnification (Leica, Wetzlar, Germany).

Immunohistochemistry was performed to determine VIC pheno-

typic activation using the myofibroblast marker, a-SMA. In brief,

slides were deparaffinized, hydrated and incubated in 10% goat

serum and 0.03% hydrogen peroxide for 15 min each. The pri-

mary rabbit polyclonal a-SMA antibody (1 : 100, Abcam,

Cambridge, MA) was applied for 40 min followed by the anti-

rabbit peroxidase-labelled polymer for 30 min. Slides were then

rinsed in PBS containing 0.01% Tween-20 after each incubation/

staining step. All slides were counterstained with Mayer’s haema-

toxylin (Dako, Carpenteria, CA), dehydrated, and mounted. We

stained the samples for the endothelial marker, CD31 using the

monoclonal mouse anti-human CD31 marker (1 : 25, Dako) to

both verify complete endothelial cell (EC) denudation, but to

also explore the role of ECs in possible endothelial mesenchymal

transition (EMT). Immunohistochemical staining procedure for

CD31 is the same as for a-SMA.

2.7. Protein synthesis
Acid–pepsin soluble collagen, sulfated GAG (s-GAG), and elastin

content were quantified using the Sircol, Blyscan, and Fastin quan-

titative dye-binding assay kits, respectively (Biocolor, Belfast, UK).

Samples were weighed before and after overnight lyophilization.

Samples were digested in 1% w/v pepsin in 0.5 M acetic acid

(Sigma-Aldrich, St Louis, MO) for 24 h at 48C for collagen quanti-

fication, 1% papain (Sigma-Aldrich, St Louis, MO) for 15 h at 608C
for s-GAG content, and in 0.25 M of oxalic acid at 1008C for 1 h
(total of four extractions) for elastin assessment. Resulting extracts

were then quantified using the manufacturers’ protocols.

2.8. RT2 profiler PCR array and RT-qPCR
RNAwas isolated from porcine MV tissue from the 0% (static), 10%,

20%, and 30% groups using the Qiagen fibrous tissue RNeasy kit

(Qiagen, Valencia, CA). RNA was reverse transcribed using the

Qiagen RT2 First Strand Kit and the Qiagen RT2 profiler PCR

array was used to quantify the expression of 84 ECM and cell

adhesion molecules (CAM) (electronic supplementary material,

tables S2–S4). Data were analysed using the online Qiagen Data

Analysis Center. RNA (2 mg) was reverse transcribed using the

Applied Biosystems TaqMan Reverse Transcription reagents.

Real-Time PCR (RT-qPCR) was performed in triplicate (n ¼ 3

samples) using the Fast SYBR Green protocol on the ABI 7500 Fast

thermocycler (Applied Biosystems, Foster City, CA) according to

the manufacturer’s instructions and the following primers: porcine

collagen type I (COL1A1): 50GATCCTGCTGACGTGGCCAT03,

50ACTCGTGCAGCCGTCGTAGA03; porcine a-SMA (ACTA2):

50TGTGACAATGGTTCTGGGCTCTGT03, 50TTCGTCACCCAC

GTAGCTGTCTTT03; porcine GAPDH: 50GCAAAGTGGAC

ATGGTCGCCATCA03, 50AGCTTCCCATTCTCAGCCTTGACT03.

Subsequent data analysis were performed using the SABiosciences

qPCR analysis package. Fold change was calculated using the stan-

dard ddCt method. Software parameters/thresholds were as

follows: Threshold 0.2, Auto Ct and Manual baseline. To main-

tain the most consistent and systematic approach with the

abattoir-derived tissue, we used the 10% group, which rep-

resents the normal homeostatic range, for normalization [20,33].

2.9. Simulating in vivo mitral valve interstitial cell
nuclear aspect ratio

MVAL functional deformations in both a normal (i.e. non-

repaired) and surgically repaired (i.e. flat ring) valve were

previously acquired using sonomicrometry array localization

[50] and integrated into our established MVIC micro-

environment model [48]. Briefly, one representative volume

element (RVE) model (100 � 100 mm) was constructed for the

fibrosa layer of the MVAL. MVICs were included as uniformly

distributed ellipsoidal inclusions with cell dimensions, cell den-

sity, and cell orientations in accordance with previously

acquired experimental data [48,51]. A computational FE mesh

was generated using HyperMesh (Altair Engineering Inc.). The

RVE mechanical behaviour was modelled by using the simplified

structural constitutive model for the ECM regions [52] and the

St Venant–Kirchhoff (SVK) material model for MVICs [48]. We

note that our choice of the SVK model as opposed to the more

commonly adopted neo-Hookean model was examined in

detail in [48] (c.f. §4.3) by comparing predicted NARs of the

MVICs in the fibrosa layer between the two models. Moreover,

the SVK material model has a serious drawback when dealing

with large compressive strains. As such, we adopted the modi-

fied SVK model in our implementation in ABAQUS UMAT.

Nonlinear FE simulations were performed using ABAQUS

v. 6.13 (SIMULIA, Dassault Systèmes, Providence, RI) by pre-

scribing time-dependent tissue-level deformations acquired

from [50] as equivalent boundary conditions on the edges of

the RVE. Prediction of the deformation field was analysed to

evaluate the overall in vivo MVIC deformations, denoted by a

dimensionless indicator, the NAR, defined as the ratio of the

MVIC circumferential length to its transmural length.

2.10. Statistical analysis
Colorimetric assay values (collagen, s-GAG, and elastin), thick-

ness, ARs, normalized orientation indices and viability indices
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are reported as mean+ s.e. of the mean. For statistical comparison,

colorimetric values were analysed with a repeated measures

one-way ANOVA for strain level, followed by a post hoc pairwise

comparison with a Tukey honest significant difference test for nor-

mally distributed data. Nuclear and cytoplasmic AR, viability,

normalized orientation indices, and qPCR fold change were ana-

lysed with a one-way ANOVA. A linear regression, whereby all

replicate Y values are considered, was performed on the qPCR

data for both collagen and SMA. All statistical analyses were

carried out in GraphPad Prism 6 (GraphPad Software Inc.,

San Diego, CA).
3. Results
3.1. Collagen fibre structure – tissue strain relationship
The micromechanical interaction of MVICs with the surround-

ing collagen fibres is clearly fundamental to mechanical

signalling and modulating subsequent cellular response. We

first examined the ultrastructural characterization of the VIC

micro-environment via electron microscopy, which highlighted

the interconnections of collagen fibrils with the MVICs

(figure 1). Several pathological factors, linked with abnormal

mechanical stimuli, have been shown to affect valve tissue
structure and composition [16,40,53]. As such, the first step in

understanding heart valve disease is to link mechanical stimuli

to CFA. We showed previously that AV leaflet CFA increases

linearly with strain and successfully linked tissue-level defor-

mation and collagen alignment to cell deformation [18,54].

To gain insights into how our applied strain configuration

affects MV leaflet collagen alignment, we quantified changes

in CFA with the applied strain level. Our previous compu-

tational work on the MV [47,48] enabled us to estimate the

valve leaflet’s in vivo stresses and tissue properties. This allowed

us to delimitate a range of strains, from 0% to 30%, that can be

used in our in vitro bioreactor studies, whereby 0% is the hypo-

physiological strain level and 30% is the hyper-physiological

strain level. According to our FE simulations [47] and other

in vivo [50,55] and in vitro [56] measurements, 10% is the phys-

iological circumferential strain level of the MVAL. CFA maps

revealed predictably higher alignment at higher strain levels

(figure 3a); interestingly, CFA alignment remained the same

at lower strain levels (0%, 10%, and 20%), then increased

sharply at 30% ( p , 0.05). This result highlights the highly

nonlinear changes that occur in the valve tissue micro-

mechanical environment and the unique effects at

hyper-physiological strain levels.
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3.2. Cytoplasmic deformation uncouples from nuclear
deformation at hyper-physiological strain levels

Moving to the cellular functional level, we examined the

NAR, a dimensionless indicator defined as the ratio of the

VIC nuclear circumferential dimension to its transmural

dimension, as a metric that is used to quantify overall VIC

deformation (electronic supplementary material, table S1)

[18,48,57]. While there is no apparent cellular damage at

higher strain levels, elongation of both the cytoplasm and

nucleus along the circumferential direction was evident

(figure 3b). Results show a linear trend and coupling of both

nuclear and cytoplasmic ARs in the fibrosa at 0%, 10%, and

20% (figure 3d ). However, a sharp increase occurred at the

30% strain level, whereby the cytoplasm deformed signifi-

cantly more than the nucleus ( p , 0.01), reaching an AR of

11.10, while the nuclear AR is only 7.23. A closer examination

of the minor and major axes deformation allows us to examine

the mechanism of NAR change and designate cellular defor-

mation that results from increasing strain as either

undergoing elongation or compression. Results show that, in

the physiological range (10–20%), cells undergo both com-

pression and elongation, but that at the hyper-physiological

strain level (30%), the cells undergo very little or no elongation

along the transmural direction and, thus, minimal com-

pression (figure 4). These results indicate that cellular

deformation is driven largely by circumferential elongation

of the cytoplasm and is coordinated by collagen alignment,

which increased substantially at the hyper-physiological

strain level. These observations are in line with our previous

findings on the aortic VIC deformation, which suggested

that additional micromechanical and fibre compaction effects

can occur at high pressure levels [54].

3.3. Phenotypic activation occurs at higher strain levels
and begins in the outer layers

VICs consist of a heterogeneous population of cells that have a

diverse and dynamic phenotype. In normal and healthy
valves, VICs are smooth muscle cell- and fibroblast-like; they

become activated and switch to the myofibroblast phenotype

in development and disease [58]. This phenotypic activation

is characterized by an upregulation of a-SMA [59]. When acti-

vated, MVICs become myofibroblast-like and begin to actively

remodel the ECM, highlighting the fact that VIC phenotypic

state is linked to the remodelling demands of the tissue [60].

To ensure that cell viability was maintained in the 48 h cyclic

stretch experiments, we used the MTT viability assay and cal-

culated the resulting viability index. Results show that the

viability index increased in the 30% group (figure 2b). As

the MTT assay is a measure of mitochondrial activity, the

increase observed at the hyper-physiological strain level is an

indication of phenotypic activation. As such, we sought to

evaluate the effect of mechanical stimuli on phenotypic acti-

vation (figure 5a). Analysis of immunohistochemical stains at

different strain levels (figure 5c–e) showed an upregulation

of a-SMA expression at higher strain levels (electronic sup-

plementary material, figure S2). These results correlate with

the gene expression data (figure 6a), which showed a linear

trend (R2 ¼ 0.6794, p ¼ 0.001), suggesting that VIC phenotypic

activation is linked to the magnitude of the mechanical stimuli

imposed on the tissue and, thus, the cell. A closer examination

reveals that cellular activation begins in the atrialis and

spongiosa layers at the lower strain levels (figure 5c,d). Given

that EMT can occur in hyper-physiological strain scenarios

[42,43,61], we sought to explore the role played by ECs in

this experimental set-up by staining post-mortem control

samples for CD31 (figure 5b; electronic supplementary

material, figure S3). The immunohistochemical stain highlights

the absence of ECs and demonstrates that this cell population

does not interfere with VIC activation through EMT.

3.4. Extracellular matrix biosynthesis at hyper- and
hypo-physiological strain levels

VICs are critical to the remodelling demands of the valve

and tissue homeostasis. The interaction of MVICs with the sur-

rounding ECM, particularly the collagen fibrils, is fundamental

in modulating cellular response. The ECM can transmit exter-

nal mechanical stimuli, such as stretch, shear stress, and

pressure, to the cell via integrins and other membrane-bound

protein receptors. As in all soft tissues, the ECM of heart

valves is a dynamic environment driven by the VICs, which

act to maintain tissue homeostasis by continuously degrading

and replacing it. Various studies have investigated VIC

response to mechanical stimuli. Results follow a trend: pheno-

typic activation, increased synthesis of PGs, GAGs [13,14,31],

and collagen [20,32], as well as increased proteolytic expression

and activity [20,33]. Such results emphasize that the in vivo
mechanical environment plays a fundamental role in the

mechanobiology and overall VIC response to external mechan-

ical stimuli caused by disease or surgical repair. Using

colorimetric assays to assess ECM composition (figure 7a–c),

we also detected a significant increase in acid–pepsin soluble

collagen content (figure 7a) at the 30% strain level ( p , 0.01).

The results also indicated a decrease in soluble content in the

static group ( p , 0.05). This observation was made also

at the gene level, whereby type I collagen gene expression

exhibited a linear trend with increasing circumferential

strain (R2 ¼ 0.5674, p ¼ 0.0191) (figure 6b). Sulfated GAG

content also increased at the hyper-physiological strain level

( p , 0.05) (figure 7b), whereas elastin content experienced a
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decrease ( p , 0.05) (figure 7c). Previous work on the AV

showed strain-level dependence on type I collagen gene

expression, whereby a twofold increase in collagen gene

expression was observed at hyper-physiological circumferen-

tial strain levels [33]. To gain insights into gene expression of

collagen as well as other ECM and CAM, we used the RT2 Pro-

filer PCR array for 84 ECM and CAM genes (figures 8 and 9).

Results demonstrate an overall downregulation of some of

these genes after a static incubation, mainly collagens, trans-

membrane and basement membrane molecules (electronic

supplementary material, tables S2–S4). There is an upregula-

tion in some ECM proteases in the static group, mainly

matrix metalloproteinase (MMP)-8 and MMP-15 (electronic

supplementary material, tables S2–S4). On the other hand, a

general upregulation of ECM and CAM genes is observed at

higher strain levels. This includes a twofold increase in type I

collagen as well as an upregulation of ECM proteases such as

MMP-2, -9, -14, and -15, and ECM protease inhibitors, such

as tissue inhibitor of metalloproteinase (TIMP)-2 (electronic

supplementary material, tables S2–S4). Collectively, these

results demonstrate that a significant amount of alterations

occur in ECM remodelling and synthesis by VICs when

stimulated outside of their normal, physiological, homeostatic

range. These alterations may translate to actual ECM changes

over time.
3.5. Collagen remodelling is predominant in the atrialis
and fibrosa layers

Under equibiaxial membrane tension, VICs in the fibrosa layer

undergo significantly larger deformations than those in the

ventricularis and orthogonally oriented atrialis layers of the

MV [48]. A more recent study has shown that the volume over-

load present in pregnancy leads to increased remodelling

activity and, as a result, significant MV dimensional changes.

This includes an increase in total collagen content, mainly

observed in the fibrosa layer [44,45]. To further elucidate the

layer-specific compensatory response of the MV to deviations

from homeostatic mechanical stimuli, we developed a layer

separation protocol (figure 9a), verified it with histology

(figure 9b), and quantified the acid–pepsin soluble collagen

of separated atrialis, fibrosa, and ventricularis after a 48-h

cyclic stretch treatment at a physiological strain level (10%)

and a hyper-physiological strain level (30%). A significantly

larger amount of soluble collagen was measured in the atrialis

and fibrosa at the 30% strain level ( p , 0.05) without any sig-

nificant changes in the ventricularis (figure 8c,d). These

results suggest that most of the collagen remodelling occurs

in the atrialis and fibrosa layers of the MV, which agree well

with the layer-specific remodelling that occurs in pregnancy

(figure 9e,f) [44–46].
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3.6. Linking in vitro results to the organ-level in vivo
state

Though numerous studies have quantified the biosynthetic

changes that are triggered by abnormal mechanical stimuli

[18,20,31–33,61,62], little information exists on how these

readily obtained in vitro data can be related to the in vivo
state of the valve. To frame our in vitro results in a physiologi-

cal context, we integrated previously reported [50] in vivo
MVAL circumferential and radial deformations for both a

normal and surgically repaired MV (figure 10a,b; electronic

supplementary material, figures S4 and S5) into our down-

scale MVIC micro-environment model [48]. Briefly, a FE
downscale model of the MV was used to simulate MVIC

fibrosa NAR during ventricular systole (figure 10c,d).

Circumferential deformation of the MVAL decreased after a

flat-ring surgical repair, whereas the radial deformation

remained relatively the same (figure 10b) [50]. The novelty

of this study, however, lies in our ability to simulate in vivo
cell deformation throughout the cardiac cycle and link it

back to the in vitro benchtop results. Simulation results indi-

cated that the MVIC NAR at peak end-systole in a normal,

non-repaired MV is 4.92. This value decreased to 3.28 after

a flat-ring surgical repair (figure 10d ), suggesting that cellular

deformations, to a large degree, parallel the tissue-level

reduction in strain observed along the circumferential
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direction (figure 10b). These simulations further highlight

how quickly the NAR changes with tissue strain: increasing

from 2.5 to 4.92 (physiological) and 3.28 (repair) in less

than 0.1 s—reinforcing the important role played by the

valve’s dynamic environment on cellular response. To pro-

vide additional insight into our hypothesis that VIC

deformation is a major driver for mechanobiological
responses, we used the simulated MVIC NAR values along

with the experimental results to formulate a bracketed array

of in vitro cell deformation ranges that capture MVIC homeo-

stasis and, more importantly, deviations from homeostasis

(figure 11). At the protein level, the homeostatic range is

observed to be between 10% and 20% strain, whereby

the NAR is at 3.47+0.46 and 5.05+0.43, respectively.
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As such, simulations combined with experimental results

allowed us to use NAR as a metric to bracket the following

levels: (i) hypo-physiological: NAR , 3.30, (ii) physiological:

3.30 , NAR , 5.0 and (iii) hyper-physiological: NAR . 5.0,

whereby the hypo- and hyper-physiological levels represent

deviations from the physiological VIC homeostatic range.

Mechanical stimuli that lead to NAR in these ranges induce

alterations in cell phenotypic and biosynthetic responses to

re-establish homeostasis. Though the bracketing is performed

with rigid NAR boundaries, the bracketed regions are flexible

as indicated in the figure (figure 11).
4. Discussion
Prior work has focused on elucidating the role of mechanical

stimuli on cells in their in vivo states using a wide variety of

in vitro and ex vivo techniques [18,20,31–33,62]. Though these

studies identified the strain-sensitive behaviour of VICs, they

lacked scale-up organ-level considerations, which are critical

when relating data to in vivo loading conditions. Moreover,

these studies have focused on the AV and subsequent effects

on aortic VICs [20,32,61]. While both the AV and MV are in

the more mechanically demanding left side of the heart,

their respective structures vary greatly. The local haemo-

dynamic environment of the MV is very different from that

of the AV. In fact, due to these differences and the osteo-

blast-like VIC phenotype and matrix mineralization, AVs

are more susceptible to calcification. MV pathologies, on

the other hand, lead to increased deposition of collagen and

PGs, resulting in biomechanical weakening of the valvular

tissue. As such, our work addresses two important needs in

the field of heart valve mechanobiology: first, understanding

the effect of mechanical deformation on MVICs, and second,

investigating this same effect across different length scales

that incorporate organ-, tissue-, and cell-level data unique

to the MV.

Because of the complexities involved with measuring

these quantities, we chose to take a more simulations-based

approach. Here, we used an integrated experimental–

computational approach, whereby a load-sensing tissue strip

bioreactor was used to stimulate valve tissue at different

strain levels and a macro–micro FE model was used to shed

light on the multi-scale nature of soft tissue responses to mech-

anical stimuli and gain insights into VIC behaviour in the

normal and post-surgical states. Our findings on collagen

fibre alignment show that the collagen/VIC coupling and

micromechanical interactions are major drivers for MVIC

deformation and subsequent phenotypic activation. Our

results indicate that cellular compression occurs in the

physiological range, whereas cellular elongation drives

mechanobiological response at higher strain levels, suggesting

that compression and stretching could lead to different

mechanotransduction pathways. The observation that there is

minimal transmural compression at hyper-physiological

strain levels is an indication that MVIC deformation is coordi-

nated and largely driven by the micromechanical interactions

with the collagen fibres, which are elongated at higher strain

levels. As such, the sensitivity of MVIC NAR to larger strain

levels is largely due to the pronounced mechanical coupling

to the nonlinear MV mechanical properties. It is important to

note that in the case of valvular tissue, VIC/collagen coupling,

particularly through integrins, plays a large role in cell
deformation. Integrins, which are transmembrane signal recep-

tors that physically link the cell surface to the surrounding

ECM, sort and process these signals, and play a key role in

transducing them to the cell interior, leading to a network

of intracellular signalling pathways that result in specific

cell responses [64]. In the MV, the a2b1 integrin, which

shows higher affinity for type I collagen, is the main

collagen-binding integrin [65,66]. Work by other groups

has shown that VIC/collagen coupling through a2b1

drives VIC deformation when the tissue is strained [65].

This, along with detailed 3D reconstructions of the tissue

micro-environment and VIC micro-environment (figure 1)

[64,67], suggests that a local mechanism drives cell defor-

mation and encourages us to make the link between cell

deformation and increased collagen alignment.

Our demonstration of increased cellular deformation

with increasing strain levels is compatible with the findings

of others [18,48]. Previous work, however, has mainly focused

on quantifying the NAR of valvular cells. The present

study, for the first time, reported both cytoplasmic and nuclear

deformations and reported evidence for their decoupling at

hyper-physiological strain levels, providing insights into VIC

mechanotransduction drivers that are in the cell membrane

and thus, warranting future work on the transmembrane pro-

teins that drive these mechanotransduction pathways, such

as a2b1 [65]. The strong correlation between strain magnitude

and a-SMA expression reinforces the concept that mechanical

stimuli that are outside of the normal physiological range

induce VIC phenotypic activation and subsequent transition

into a biosynthetically active myofibroblast-like phenotype

[20,32,33,61]. Though our group has quantified cell defor-

mation and correlated it to collagen architecture in the past

[18], this is the first time that such a correlation is also made

to both the biosynthetic response and phenotypic activation.

Although cell deformation correlates well with cellular

activation and the biosynthetic response, it is important to

note that it is not the only way for VICs to reach this activated,

myofibroblast-like phenotype. Other pathologies, such as

tachycardia-induced cardiomyopathy [40,68,69], can lead to

similar remodelling without necessarily exhibiting significant

changes in cell deformation. Another example includes

myxomatous MV disease [17,58,70,71], which is defined

by the accumulation of mucopolysaccharides responsible for

the thickening of valve tissue. In myxomatous leaflets, the

expression of PGs and catabolic enzymes is increased and

VICs are mostly in an activated myofibroblast phenotype

[43]. Though cell deformation has not been measured in

these cases, it is known that cellular activation occurs

through other mechanisms that are caused by the disease

rather than mechanotransduction. In our current exper-

imental–computational framework, cell deformation,

more specifically the NAR, is used as a metric only because

it allows us to link the benchtop experimental results and

the in vivo state of the valve.

Several groups have previously demonstrated that

increased mechanical stimuli in an in vitro setting lead to an

upregulation of collagen [20,32] and sulfated-GAG [22,31]

biosynthesis by aortic and mitral VICs, similar to the obser-

vations we made in this study. From a physiological

perspective, such an increase in collagen mass fraction was

observed in MVs of pregnant subjects [44–46], with a

significant increase occurring mainly in the fibrosa layer of

the valve. Our in vitro data provides key evidence of this
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layer-specific remodelling that is notably more pronounced in

the fibrosa layer of the MV. This increase in collagen biosyn-

thesis was associated with a decrease in elastin content [44].

Our work suggests that hyper-physiological strain levels

can in fact lead to a decrease in elastin content, pointing to

increased proteolytic activity by MMPs, TIMPs, and

cathepsins [33]. These results also underscore the possible

under-stimulation of valvular tissue in some pathologies and

surgical repair scenarios and the subsequent downregulation

of key ECM and CAM genes.

Though we could discern and quantify both gene- and

protein-level changes after 48 h of mechanical stimulation,

the duration of this study is far from the physiological time-

scale of valvular disease progression and post-surgical repair

response. Our approach focuses on using a tissue strip system

to induce a wide range of MVIC deformations that occur in

different conditions in vivo that span the estimated physio-

logical range. This system is best described as ‘strip biaxial’

rather than ‘uniaxial’, whereby l1 varies while l2 is con-

strained on the attachment edges, and l3 decreases due to

tissue incompressibility. Thus, it is closer to a pure-shear

test. This said, the focus of this work is not on reproducing

in vivo tissue-level deformation modes, which we have

shown in the past to be multiaxial [55], but rather on using

cellular deformation as a metric to make the link between

our benchtop results and the in vivo state of the valve.

Thus, the current experimental–computational approach

remains a good first step to elucidating the role of mechanical

stimuli induced by disease and surgical repair on VIC

response while maintaining tissue viability and investigating

the effect of key strain levels on VIC mechanobiological

response. Finally, we note that our group has shown in mul-

tiple studies that valvular tissues, including the MVAL, are

functionally elastic [72–74]. As such, MV leaflet in vivo behav-

iour is effectively rate-independent. In more recent work, we

extended our previously developed VIC computational

continuum mechanics model [75] to include stress fibre

geometries, force–length relations, explicit a-smooth muscle

actin (a-SMA) and F-actin expression levels, and strain rate.

We integrated this model with micro-indentation

measurements and showed that aortic VICs also exhibit

rate-independence in the normal state [76]. Based on our

previous findings, we do not expect rate effects to influence

the deformation of the tissue nor the MVIC population.
The present results, taken together, identify VIC defor-

mation as a key player in cell-based remodelling and valve

tissue homeostatic regulation. This is in line with our more

recent findings on MVICs in pregnancy, which demonstrate

that cellular deformation, quantified using the NAR, plays

an important role in the long-term remodelling of the MV

(figure 9e) [46]. As such, we set out to use cellular defor-

mation as a metric that links in vitro mechanobiological

response to the in vivo state of the valve after surgical

repair. We speculate the link to human conditions, particu-

larly IMR, on the basis that a large animal model of IMR

developed in sheep resembles the multiple presentations of

the human disease [77] and has been used extensively in

the surgical community to not only investigate IMR effects

on MVIC mechanobiology [40,41,78,79], but to also make

the clinical link by studying the effect of annuloplasty ring

selection [80]. This novel experimental–computational

approach, made possible by in vivo kinematic data [50] and

our established macro–micro FE model of the MV [48],

enables us to map in vitro cell deformation data to organ-

level stimuli. The most important, however, is our ability to

place this data in the proper physiological context. With

this novel integrated approach, we can bracket cell defor-

mation ranges that lie outside the physiological VIC

homeostatic range and, ultimately, get an ‘insider’s look’

into in vivo VIC response after surgical repair. Though we

chose the MV/MVIC system as a test bed, our experimental–

computational framework can be applied on other soft-tissue

systems to provide further insights on the adaptation of cellular

regulation and the long-term remodelling of soft tissues in both

healthy and pathological conditions.
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