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Hallmarks of Reversible Separation of Living,
Unperturbed Cell Membranes into Two Liquid
Phases
Scott P. Rayermann,1 Glennis E. Rayermann,1 Caitlin E. Cornell,1 Alexey J. Merz,2,* and Sarah L. Keller1,*
1Department of Chemistry and 2Department of Biochemistry, University of Washington, Seattle, Washington
ABSTRACT Controversy has long surrounded the question of whether spontaneous lateral demixing of membranes into coex-
isting liquid phases can organize proteins and lipids on micron scales within unperturbed, living cells. A clear answer hinges on
observation of hallmarks of a reversible phase transition. Here, by directly imaging micron-scale membrane domains of yeast
vacuoles both in vivo and cell free, we demonstrate that the domains arise through a phase separation mechanism. The domains
are large, have smooth boundaries, and can merge quickly, consistent with fluid phases. Moreover, the domains disappear
above a distinct miscibility transition temperature (Tmix) and reappear below Tmix, over multiple heating and cooling cycles.
Hence, large-scale membrane organization in living cells under physiologically relevant conditions can be controlled by tuning
a single thermodynamic parameter.
INTRODUCTION
Scientists have invested decades of effort into probing the
lipid and protein composition of cell membranes for evi-
dence of heterogeneity, which has the potential to control
protein sorting, signal transduction, and other processes
(1). Aside from several important exceptions, especially in
yeast (e.g., (2–10)), that extensive body of work has implied
that the length scale of compositional heterogeneity in the
membranes of unstimulated cells is limited to nanoscales,
especially in plasma membranes of mammalian cells (re-
viewed in (11–14)). Submicron domains in membranes
gained notoriety as ‘‘rafts,’’ and, more recently, as dynamic,
short-lived ‘‘platforms’’ (12,15). These concepts are contro-
versial because both terms are loosely or inconsistently
defined, and because nanoscale domains are, at best, chal-
lenging to observe directly. In contrast to cell membranes,
model lipid membranes spontaneously demix on large
(mm) length scales into two well-defined liquid phases.
This demixing follows thermodynamic principles (16,17).
The concept of phase separation is subject to established,
quantitative rules that enable rigorous verification of predic-
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tions. These rules apply equally well to simple bilayer mem-
branes composed of only three types of lipids, the complex
bilayer membranes of giant plasma membrane vesicles
blebbed from cells, and phase-separated cytoplasmic drop-
lets recently implicated across a variety of cell biological
activities (18–20).

Tantalizing hints have been reported since the 1960s that
living membranes are capable of separating into coexisting
liquid phases, just as model membranes are. Pioneering
experiments investigated the vacuole, the lysosomal organ-
elle of budding yeast. Using freeze fracture electron micro-
scopy (EM), Moor and M€uhlethaler (2) found that vacuole
membranes of unfixed yeast contained domains depleted
of large proteins. Domains in vacuole membranes are phys-
iologically regulated: large proteins are randomly distrib-
uted across vacuolar membranes in the logarithmic phase
of yeast growth, whereas protein-depleted domains appear
when yeast are in the stationary phase (as nutrients are
exhausted and the rate of cell division slows) (3,4,6,7,9).
In many cases, the domains in vacuole membranes are
�200 nm or larger, and are therefore resolvable using con-
ventional optical microscopy (6).

The visual similarity of domains that form in both
synthetic and cell-derived model membranes (Fig. 1, a
and b, respectively) to domains that form in yeast vacuole
membranes in vivo (Figs. 1 c and S2) is striking. In Fig. 1
c, contrast between the two domain types is provided by
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FIGURE 1 Micron-scale, coexisting liquid phases appear in membranes

of synthetic and biologically derived model systems at equilibrium, and

similar patterns appear on vacuole membranes of living yeast cells. (a)

Giant unilamellar vesicles produced from ternary mixtures of synthetic

lipids, imaged by wide-field epifluorescence microscopy. (b) Giant plasma

membrane vesicles blebbed from adherent cells, imaged by standard

epifluorescence. (c) Vacuoles within living yeast cells in the stationary

phase of growth. Cells expressing a fluorescent vacuole membrane protein

fusion (Vph1-GFP) were grown at 30�C and imaged at ambient temperature

(�22�C) using either standard wide-field epifluorescence illumination,

wide-field illumination with z-sectioning followed by iterative deconvolu-

tion, or structured illumination microscopy (3D-SIM) followed by iterative

deconvolution. Information on the growth and imaging procedures is in the

Materials and Methods. A version of this figure without green pseudocolor

appears in Fig. S1. Scale bars in (c), 2 mm. ER, endoplasmic reticulum. To

see this figure in color, go online.
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green fluorescent protein (GFP)-tagged Vph1 (Vph1-GFP),
an integral membrane subunit of the vacuolar proton
ATPase. Elegant experiments revealed that Vph1 is one of
many proteins and lipids that segregate to one of the two
domain types in vacuole membranes of living cells (6). In
recent work, the live cell results with Vph1 were unambig-
uously linked to the early freeze fracture EM observations
by immunogold labeling of freeze fracture replicas (9). In
other words, freeze fracture EM and optical microscopy of
intact vacuoles in living cells observe exactly the same
membrane structures.

Two hallmarks of a membrane separating into liquid
phases are 1) coalescence of domains on short timescales
and 2) reversible mixing and demixing as a single thermody-
namic parameter is varied. Previous attempts to observe
these hallmarks in vacuole membranes have been inconclu-
sive. Although multiple domains have been observed to
merge into one larger domain, they did so on long time-
2426 Biophysical Journal 113, 2425–2432, December 5, 2017
scales (6). Similarly, although the fractions of mixed and
demixed vacuole membranes have been observed to vary
with temperature changes from 30 to 40�C (by Moeller
et al. in 1981), subsequent research using live yeast reported
that ‘‘vacuolar structures did not visibly change when sam-
ples were visualized at a range of temperatures from 20 to
55�C’’ (by Toulmay and Prinz in 2013) (4,6). Salient details
of the early work are: the yeast were fixed before freeze
fracture, the fraction of vacuoles exhibiting domains
decreased from >75% to �50% when the temperature of
stationary phase yeast was increased from 30 to 40�C, and
that fraction recovered when temperature was returned to
30�C (4). The authors concluded that a solid (gel) phase
transition had occurred (4).

Additional observations are consistent with, but do not
prove, vacuole domains being due to membrane demixing
into two coexisting liquid phases. 1) A variety of domain
morphologies are evident in vacuole membranes, including
pseudohexagonal arrays, stripes, and ‘‘half-moons’’ with
only one large domain of each type (6,7). 2) Under the stud-
ied growth conditions, �25% of vacuole membranes
resembled half-moons (6). 3) On cell-free vacuoles, do-
mains persisted after proteolytic digestion of proteins on
the cytoplasmic faces of isolated vacuoles (6). 4) All labels
used, which included 14 different endogenous protein
markers and three lipid-sensitive probes, partitioned into
one or the other of only two types of domains (6,9). 5) Vac-
uoles typically contain 7–15 mol % sterol (21,22), and the
vacuole sterol content appears to increase during stationary
phase (9). When ergosterol (the major sterol of yeast mem-
branes) is depleted with drugs or genetic manipulations,
domain formation is impaired (6,7,9). Synthetic membranes
exhibit coexisting liquid phases only when one of their lipid
components is a sterol such as ergosterol or cholesterol
(23). 6) More broadly, several mutations that affect the lipid
composition of vacuolar membranes result in the absence of
membrane domains (6,7,9). Domain formation is linked to
the availability of lipids and sterols, which are delivered to
the vacuole via lipid esters stored in cytoplasmic lipid drop-
lets, through a process called microlipophagy (7,9,24).
Although all six of these findings are consistent with the hy-
pothesis that vacuole domains arise through phase separa-
tion, none of them presents a direct test.

We now test key predictions of the phase-separation
hypothesis. If the phases are liquids, then domains are
predicted to merge and rearrange on short timescales. If a
miscibility transition occurs, the membranes are predicted
to reversibly demix at a constant transition temperature.
We conclude that vacuole domains exhibit hallmark behav-
iors of phase separation.
MATERIALS AND METHODS

Table S1 in the Supporting Material lists methods and conditions for each

figure and movie.
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Synthetic membranes

Giant unilamellar vesicles (GUVs) were electroformed (25) and imaged as

previously described (18,26). In Figs. 1, S1, S3, and S4 and Movie S8, the

GUVs are composed of 35 mol % diphytanoyl-phosphatidylcholine, 35 mol

% dipalmitoyl-phosphatidylcholine (Avanti Polar Lipids, Alabaster, AL),

and 30 mol % cholesterol (Sigma, St. Louis, MO). The GUV in Fig. S4

is composed of 40 mol % di(13:0)-phosphatidylcholine, 20 mol % diphyta-

noyl-phosphatidylcholine, and 40 mol % cholesterol. All GUVs are labeled

with 0.8 mol % Texas Red dipalmitoyl-phosphatidylethanolamine (Invitro-

gen, Carlsbad, CA).
Giant plasma membrane vesicles

The vesicle in Fig. 1 b was imaged at 10�C under control conditions in (27).

Briefly, vesicles were prepared by incubating adherent RBL-2H3 cells in a

buffer containing dithiothreitol and formaldehyde, and imaged on an

inverted epifluorescence microscope (Olympus, Center Valley, PA) (27).
Yeast cell culture

A BY4742 derivative, MAT a his3D1 lys2D0 ura3D0 leu2D0 VPH1-

GFP::HIS3MX6, was used. In general, when yeast are placed in fresh

growth media, their growth follows a characteristic sequence of events. A

‘‘log phase’’ of rapid growth is followed by a ‘‘stationary phase’’ in which

yeast vacuoles fuse to become as large as 5 mm in diameter (28,29). Cul-

tures (200 mL) were grown in synthetic complete media at 30�C in a

shaking incubator for �20 h until the optical density of the culture was

�1.7, using 600 nm wavelength light. The culture was then grown for an

additional�43 h to reach the stationary phase, where the optical density us-

ing 600 nm wavelength light falls in the range of 6.8–7.8. This procedure is

depicted in Fig. S5, B and C.
Vph1-GFP fusion protein

Yeast vacuoles were labeled by fusing the Vph1 protein to GFP, using

homologous recombination. The fusion protein was expressed from the

chromosomal VPH1 locus under the native promoter, at normal cellular

copy number. The Vph1 fusions are known to retain physiological function

and were previously shown to not spontaneously aggregate within the vac-

uole membrane, even during vacuole:vacuole docking (30). Vph1-GFP has

been shown to colocalize in yeast vacuoles to the same membrane domains

as the fluorescent tracer FM4-64, which partitions preferentially to the

liquid-disordered phase in GUVs (6). Filipin, a dye that binds sterols, par-

titions preferentially to vacuole regions depleted in Vph1-GFP (6).
Yeast imaging

Yeast are typically 5–10 mm in diameter, vacuoles are 3–5 mm, and domains

in vacuole membranes are often close in size to the Abbe diffraction limit

(�200 nm). Yeast were imaged by the four imaging techniques described in

detail below. Image sequences collected by these techniques were then

processed using a Kalman filter algorithm implemented in Image J (public

domain http://rsbweb.nih.gov/ij/) to reduce detector and shot noise. For

some experiments, yeast cells were adsorbed to cover slips coated with

concanavalin A lectin (Elastin Products Company, Inc., Owensville, MO).
Imaging: wide-field illumination

Yeast cells were imaged with an electron-multiplying charge-coupled de-

vice camera on an Olympus IX71 fluorescence microscope as previously

described, using a 60 � 1.4 NA oil immersion objective (31). To reduce
noise, multiple exposures were averaged. In the wide-field micrograph in

Fig. 1 c and all images of Fig. S2, eight consecutive 400 ms exposures

were averaged. The micrographs in Fig. S6B were obtained by averaging

four consecutive 200 ms exposures. To preserve the fidelity of images, no

adjustments other than averaging and brightness levels were made (e.g.,

contrast was not altered).
Imaging: HILO illumination

To increase the signal-to-background ratio, yeast were imaged using highly

inclined laminated optical sheet (HILO) illumination (32,33) on a home-

built Nikon Ti-U system with a 561-nm dipole-pumped solid-state laser

(MPB Communications, Pointe-Claire, QC, Canada). A Nikon CFI Plan

Apo Lambda 100 � 1.45 NA objective was used along with a dichroic

quadband with 488/561/647/752 lines (Chroma) and an ET605/70m filter.

Images were acquired on an electron-multiplying charge-coupled device

(iXon Ultra 897, Andor) operating in frame transfer mode at 10 Hz, as

described (34). To preserve the fidelity of images, no adjustments other

than averaging and brightness levels were made (e.g., contrast was not

altered).
Imaging: deconvolution microscopy

Iteratively deconvolved wide-field sequences of images were acquired on a

DeltaVision system (GE Healthcare, Little Chalfont, UK) equipped with a

CMOS camera and a 60 � 1.40 NA objective (Olympus). Cell suspensions

were introduced to homemade flow chambers made from #1.5 cover slips

passivated with concanavalin A. Unbound cells were washed out with

depleted media taken from the supernatant of 1 mL of sample spun down

at 1200 rpm for 2 min or (for hypoosmotic shock experiments) with water.

Z-stacks were acquired at 200 nm spacing, usually at 0.15 s exposure per

frame, and were deconvolved using SoftWorx software (GE Healthcare).

From the deconvolved Z-stacks, brightest-point projections were computed.

The projection time series datasets were then corrected for photobleaching

using a histogram-matching algorithm implemented in ImageJ, and, finally,

were Kalman filtered to reduce noise, also in ImageJ.
Imaging: structured illumination microscopy

Samples were mounted as for deconvolution and imaged using an OMX-SR

instrument (GE Healthcare) equipped with a 63 � 1.42 NA objective

(Olympus). The immersion oil refractive index was typically 1.516.

Z-stacks were acquired at 120 nm spacing and images were deconvolved

using the SoftWorx deconvolution package. Weiner spatial filter constants

from 0.001 to 0.010 yielded similar reconstructions.
Imaging: standard epifluorescence

Both the synthetic GUV membranes and blebbed giant plasma membrane

vesicle membrane imaged in Figs. 1, a and b, S3, and S4, and in Movie

S8 were imaged as previously described (18,35). To preserve the fidelity

of images, no adjustments other than averaging and brightness levels

were made (e.g., contrast was not altered).
Thermal cycling

For both in vivo and cell-free yeast vacuole samples, temperature was

controlled by air from a heat gun and monitored using a calibrated thermo-

couple. The thermocouple tip was inserted between the cover slip and slide

to make direct contact with the sample. The edges of the cover slip and slide

were sealed with vacuum grease to prevent water loss due to evaporation. In

experiments in which temperature data was collected, a graph is provided
Biophysical Journal 113, 2425–2432, December 5, 2017 2427
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within the figures and, for the in vivo vacuoles, within the movies. The syn-

thetic membrane GUV shown in Fig. S3 and Movie S8 was temperature

controlled as previously described, and the temperature was cycled around

its miscibility transition temperature of 46.1�C.
Cell lysis to create cell-free vacuoles

Cells were harvested in a swinging-bucket rotor (3200 � g) for 10 min at

room temperature, resuspended in 0.1 M Tris (pH 9.4) and 10 mM dithio-

threitol, and incubated for 10 min at 30�C. The cells were again sedi-

mented in a swinging-bucket rotor (3200 � g) for 5 min at room

temperature and then resuspended in spheroplast buffer (600 mM sorbitol,

50 mM potassium phosphate pH 7.5, and 8% v/v depleted media, saved

from the first centrifugation step). Lytic enzyme (Zymolyase 20T, Seiki-

gaku; further purified by ion exchange chromatography) was added to

threefold higher concentration than in our standard vacuole prep (36) to

adjust for cell wall composition in yeast grown into the stationary phase,

and the cells were incubated for 1 h at 30�C. The spheroplasted cells

were sedimented in a swinging-bucket rotor (3200 � g) for 5 min at

4�C. For hypoosmotic lysis, spheroplasts were resuspended in 15% ficoll

buffer (10 mM Pipes-KOH pH 6.8, 200 mM sorbitol, and 15% w/v ficoll)

and diethylaminoethyl-dextran was added to a final concentration of

0.005–0.01% w/v. Spheroplasts were incubated for 2 min on ice, then

3 min at 30�C. The resulting spheroplast lysates were stored on a wet

ice bath for no more than 4 h before use.
Mounting cell-free vacuoles on slides

A thin agarose cushion was prepared by spin coating 55 mL of molten 0.8%

(w/v) agarose in Pipes sorbitol buffer (10 mM Pipes-KOH pH 6.8 and

200 mM sorbitol) on plasma-cleaned glass cover slips. Vacuole lysates

were diluted 1:10 with molten 0.8% w/v low-melt agarose in Pipes sorbitol

buffer. The solution was mixed by gentle vortexing, deposited onto agarose-

coated slides, and imaged by the same procedure as for living cells. Immo-

bilization of vesicles within agarose gels does not affect the diffusion

coefficient of individual lipids in vesicle membranes (37).
Osmotic gradient

A simple flow cell was constructed from two cover slips joined along their

edges by spacers of double-sided tape. The bottom cover slip was coated in

concanavalin A. Yeast cells in their depleted media were drawn into the

flow cell by capillary action and absorbed to the concanavalin A-coated

cover slip. To induce hypoosmotic swelling of the vacuole, a volume of de-

ionized water, equal to the volume of sample loaded into the flow cell, was

deposited at one end of the microfluidic chamber. Fluid was then wicked

from the opposite end of the flow cell to introduce water into the flow cell.
Movie S1 corresponds to the above sequence, played at 10� speed. The dynam

from seconds 13.4–40.2 above, appears in seconds 1–4 of Movie S1. To see thi
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RESULTS AND DISCUSSION

The first hallmark of liquid phases that we observe in vacu-
ole membranes is that two domains can coalesce in time-
scales of seconds. In synthetic GUVs with taut
membranes, liquid domains diffuse freely over the vesicle
surface, collide with other domains, and coalesce as in
Fig. S4 until eventually only one domain of each type
remains (38). In synthetic GUVs with excess area (more
area than necessary to enclose a spherical volume), domains
in pseudohexagonal arrays are observed to bulge in to or out
of the vesicles and are hindered from colliding (17,39–41).
Similarly, the pseudohexagonal domains of yeast vacuoles
bulge inward toward the vacuole lumen (6,9,24) and appear
to be hindered from colliding. When bulging domains are
not labeled, the labeled background membrane has a faceted
appearance, as in Fig. 2.

We hypothesized that domain collision in vacuoles might
be triggered by applying a hypoosmotic gradient to yeast
cells, which causes the vacuoles inside to swell due to
elevated internal turgor pressure. This was indeed the
case: we capture events of domains colliding and quickly
coalescing in Fig. 2 and Movie S1. We observe the reverse
spontaneous process in Fig. S7 and Movie S3 (played at
30� speed) by applying a hyperosmotic gradient. During
coalescence, the domain boundaries rearrange to minimize
the total length of domain interfaces. This is consistent
with minimization of energy arising from line tension
between the two membrane phases.

Once the kinetic barrier for two domains to collide is
overcome, the fastest coalescence of domains that we
observe in yeast vacuoles occurs on the same timescale (sec-
onds) as coalescence of domains that can be an order of
magnitude larger in synthetic vesicles (38). These observa-
tions are consistent with the expectation that fluids in living
yeast cells, namely the cytoplasm and the vacuole contents
(including high concentrations of high molecular mass poly-
phosphate), have higher viscosities than the viscosities of
fluids used in synthetic GUV preparations (42–44).

Domain coalescence is technically challenging to image,
so is rarely observed. Coalescence can be identified only
when domains are large enough to image without
FIGURE 2 Rapid coalescence of in vivo micron-

scale domains in a single yeast vacuole membrane

over time. Yeast cells were grown as in Fig. 1,

mounted in a flow chamber, subjected to a hypoos-

motic gradient, and imaged by z-sectioning and

iterative deconvolution at ambient temperature

(�23�C). Maximum brightness projections of the

vacuole hemisphere closest to the microscope

objective are presented. Arrows denote a region

where two dark domains coalesce. Stars (*) denote

a domain that changes shape from a hexagon to a

pentagon, minimizing the total length of the

domain interface. The scale bar represents 2 mm.

ic shift in the shape of the starred domain from a hexagon to a pentagon,

s figure in color, go online.
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superresolution techniques, yet small enough to merge.
Observation of domain coalescence in Fig. 2 required
deconvolution of image stacks and reconstruction of only
one hemisphere of the vacuole, the full three-dimensional
image obscured the merging event. These technical chal-
lenges likely lead to overrepresentation of slow events
within Fig. S6 and Movie S2 (played at 30� speed), and
the previous literature (6). We speculate that slow coales-
cence events result because a subset of vacuole domains
are associated with lipid droplets or with nuclear contact
sites (7,9,24). Therefore, only the fastest coalescence events
in vacuoles (as in Fig. 2 of the main text) are relevant for
comparison with timescales in model systems.

The second hallmark of liquid phases is the existence of a
miscibility transition with respect to an intrinsic thermody-
namic variable such as temperature, pressure, or membrane
composition, as in the schematic in Fig. S8. Cyclic changes
in any one of these thermodynamic variables cause domains
to reversibly appear and disappear in synthetic vesicles
(16,45). To test whether the domains in yeast vacuole mem-
branes arise from demixing of a single liquid phase into two
coexisting liquid phases, we subjected yeast to rapid temper-
ature cycles.

In Figs. 3 and S9 and Movies S4 and S5 (both played at
3� speed), we cycle the temperature of yeast cells in the
stationary phase of cell growth. At the standard growth tem-
perature of 30�C, yeast vacuoles exhibit dark domains on a
bright background marked by GFP-Vph1 (Fig. 1 c). At tem-
FIGURE 3 Micron-scale domains in an in vivo yeast vacuole reversibly van

representing 48 and 372 s, respectively, correspond to the labeled locations in

micrograph, a symbol illustrating the focal plane (horizontal line) at either the

which the vacuole was imaged in each micrograph. The temperature at which

Tmix. A thick, horizontal line, labeled Tmix, is drawn to highlight the transit

illumination. Movie S4 corresponding to this figure appears in the Supporti

16 s in Movie S4 and micrograph (k) appears at 2 min and 4 s. To see this
peratures above �37�C, the domains disappear and the
membrane is uniformly labeled.

EM results show that large proteins within a uniformly-
labeled membrane are randomly distributed across the entire
membrane (9). In our experiments, domains nucleate upon
cooling and are large enough to image within seconds. By
comparison, transcription and protein synthesis in yeast
occur on timescales of at least minutes. The ability of the
vacuole membrane to abruptly and reversibly switch
between two states (namely, the presence and absence of do-
mains), at a distinct temperature, and over multiple heating
and cooling cycles, is a defining feature of a phase
transition.

Cell viability is not affected by the temperature cycling
regime used in our experiments (Fig. S5 A; Tables S2 and
S3). Moreover, individual yeast cells that exhibit domains
in their vacuole membranes successfully grow and undergo
mitosis when supplied with fresh nutrients (6). Within a
population of yeast cells, the Tmix of the vacuole membrane
varies from cell-to-cell, just as it does in plasma membrane
vesicles (46), as might be expected for any biological
parameter regulated by an array of biochemical and physio-
logical variables.

To verify that the cyclical disappearance and reappear-
ance of vacuole domains is intrinsic to the membrane rather
than originating from factors in the yeast cytoplasm, we
extended the results of Fig. 3 to cell-free vacuoles.
Figs. 4 and S10 and Movie S6 (played at 3� speed) show
ish and reemerge through three temperature cycles. Micrographs (a)–(k),

the plot of temperature versus time. In the lower left-hand corner of each

top, equator, or bottom of the vacuole (circle) specifies the focal plane at

open symbols on the graph change to filled symbols (and vice versa) is

ions; the line is not a statistical fit. Vacuoles were imaged using HILO

ng Material and plays at 3� speed such that micrograph (a) appears at

figure in color, go online.
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FIGURE 4 Micron-scale domains in a cell-free yeast vacuole reversibly vanish and reappear through temperature cycles. This figure is one of three cycles

in Fig. S10. Micrographs (a)–(i) correspond to the labeled locations in the plot of temperature versus time. To counteract effects of photobleaching of Vph1-

GFP through time, brightness levels were increased in micrographs (e) and (f), and excitation intensity was increased in micrographs (g), (h), and (i). Other

details are as described for Fig. 3. Movie S6 corresponding to this figure appears in the Supporting Material and plays at 3� speed; such that micrograph (a)

appears at 2.1 s in Movie S6 and micrograph (i) appears at 2 min and 42.5 s. Preparation of cell-free vacuoles is described in the Materials and Methods. To

see this figure in color, go online.

Rayermann et al.
that domains in cell-free vacuoles reversibly vanish and re-
appear as the temperature is cycled. The location at which
domains reappear depends on the speed of cycling. When
temperature is quickly cycled (as occurred in Figs. 3,
S10, top, and S11, rapid and Movie S7, which plays at
3� speed), domains disappear and renucleate at approxi-
mately the same positions on the vacuole. The same effect
occurs when synthetic GUVs undergo rapid temperature
cycling (as in Fig. S3 and Movie S8, which plays at
10� speed). This is because as the temperature increases,
domains disappear through a process in which the edge
blurs, as in Movie S5 (played at 3� speed); domains do
not disappear by becoming continually smaller. Edge blur-
ring is expected when labeled molecules are suddenly free
to diffuse over the entire surface of the membrane. When
the temperature is held above Tmix for longer periods,
such that lipids and proteins have ample time to diffuse
across the membrane and mix uniformly, domains nucleate
at new positions, both on vacuoles (Figs. 4, S10, bottom,
and S11, slow and Movie S9, which plays at 3� speed)
and on synthetic vesicles (Fig. S3 and Movie S8, which
plays at 10� speed). In the language of condensed matter
physics, this behavior is consistent with domains arising
through a mechanism of nucleation and growth rather
than with fluctuations arising through a mechanism of spi-
nodal decomposition of a membrane poised near a misci-
bility critical point (18,35).

The location of domains in vacuole membranes does not
appear to be governed by static protein scaffolds. By mass,
2430 Biophysical Journal 113, 2425–2432, December 5, 2017
about half of the vacuole membrane is protein, comparable
to �70% for a plasma membrane (21). Although vacuole
membranes may be associated with protein scaffolds, we
observe that domains have variable sizes, move across the
surface of vacuoles, smoothly and quickly coalescence
into larger domains, and renucleate in new locations. In
addition, domains persist after digestion of proteins on the
cytoplasmic face of isolated vacuoles (6). All of these prop-
erties are inconsistent with domain edges constrained by
static scaffolds.

The coalescence of small domains into larger ones fol-
lowed by reorganization of domain edges within yeast vac-
uole membranes (as in the starred domain in Fig. 2)
implies that the domains result from a miscibility phase
transition rather than from the extensive cross-linking
used to induce micron-scale domains in stimulated cell
membranes (12), from cell polarization (47–49), from
vacuolar fragmentation or deep invaginations due to hyper-
osmotic stress (50), or from the regulated assembly of con-
tacts between docked yeast vacuoles (30,51). Neither the
presence nor the absence of domains is perturbed by
ATP depletion (6). We can also rule out contact between
lipid droplets and vacuoles as a direct driver of vacuole
domain formation because only a subset of the domains
in vacuole membranes correlates with the presence of
docked lipid droplets (7,9,24). The presence of many
more domains than droplets requires an additional mecha-
nism, such as phase separation. The localized release of
sterols into the vacuole membrane through microlipophagy
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of docked lipid droplets, via the Npc1/2 system (7,9,24),
appears to be an indirect driver of phase separation across
the entire membrane. Finally, we note that the assembly of
docking domains before bilayer-bilayer fusion is consis-
tent with, and may be driven by, membrane phase behavior
(30,51,52).
CONCLUSION

Here, we show that large-scale membrane organization in
yeast vacuoles is the result of demixing of the membrane
into coexisting liquid phases and that this demixing is fully
reversible. This mechanism operates in live cells imaged
using noninvasive methods. In model vesicle membranes,
demixing occurs equally upon a change in temperature or
membrane composition. At constant temperature, cells may
regulate membrane phase separation in response to external
or internal cues. For example, the NPC1/2 cholesterol trans-
port system controls domain formation (9). Moreover, the
Slt2/Mpk1 kinase is essential for the formation of phase-
separated domains in the yeast vacuole (6). Previously, we
demonstrated that Slt2/Mpk1, a key node in the protein
kinase C-Rho1 signaling pathway, regulates both lipid acyl
chain composition and bilayer fluidity (53). The knowledge
that vacuole membranes reversibly demix into coexisting
liquid phases enables direct application of physical rules of
membrane phase behavior established in model systems to
living biological membranes. The description of domains
as arising from a mechanism of phase separation rather
than as less well-defined ‘‘raft-like’’ (9) domains provides a
tractable paradigm for future investigations of the regulation
and mechanisms of in vivo membrane domain partitioning.
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