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Abstract

The switch from a motile, planktonic existence to an attached biofilm is a major bacterial lifestyle transition that is often

mediated by complex regulatory pathways. In this report, we describe a CheY-like protein required for control of the motile-

to-sessile switch in the plant pathogen Agrobacterium tumefaciens. This regulator, which we have designated ClaR,

possesses two distinct CheY-like receiver (REC) domains and is involved in the negative regulation of biofilm formation,

through production of the unipolar polysaccharide (UPP) adhesin and cellulose. The ClaR REC domains share predicted

structural homology with characterized REC domains and contain the majority of active site residues known to be essential

for protein phosphorylation. REC1 is missing the conserved aspartate (N72) residue and although present in REC 2 (D193), it

is not required for ClaR-dependent regulation suggesting that phosphorylation, which modulates the activity of many CheY-

like proteins, appears not to be essential for ClaR activity. We also show that ClaR-dependent negative regulation of

attachment is diminished significantly in mutants for PruA and PruR, proteins known to be involved in a pterin-mediated

attachment regulation pathway. In A. tumefaciens, pterins are required for control of the intracellular signal cyclic

diguanylate monophosphate through the DcpA regulator, but our findings suggest that pterin-dependent ClaR control of

attachment can function independently from DcpA, including dampening of c-di-GMP levels. This report of a novel CheY-type

biofilm regulator in A. tumefaciens thus also adds significant details to the role of pterin-mediated signalling.

INTRODUCTION

Bacteria often reside in complex heterogeneous communi-
ties of surface-attached cells known as biofilms [1]. Biofilm
growth confers several advantages, in part due to the pro-
duction of an extracellular matrix that can be composed of
polysaccharides, protein and nucleic acid [2]. The extracel-
lular matrix provides protection from the harmful effects of
desiccation [3], antibiotics and other toxic substances [4, 5].
In addition to their protective properties, biofilms can facili-
tate both nutrient [6] and genetic exchange [7, 8]. Patho-
genic biofilm infections are often difficult to treat, largely
due to substantial antibiotic tolerance [9], and novel thera-
peutics are needed. Therefore, gaining a better understand-
ing of the signalling pathways, molecules and key proteins
that regulate bacterial attachment and biofilm formation
may provide insights into targeted control strategies.

Agrobacterium tumefaciens is a member of the Alphapro-
teobacteria and is a facultative plant pathogen that causes

the neoplastic disease crown gall through inter-kingdom
gene transfer to plants [10–12]. A. tumefaciens can attach to
both biotic and abiotic surfaces [13, 14] and has been devel-
oped into an informative model of the motile-to-sessile
transition in bacteria [15, 16]. Utilizing a surface contact-
dependent [17] unipolar adhesin known as the unipolar
polysaccharide (UPP), A. tumefaciens stably attaches to sur-
faces via a single pole [16, 18]. In addition to the UPP, cellu-
lose can also play a role in attachment [19, 20].

A. tumefaciens attachment and biofilm formation are con-

trolled by multiple environmental and regulatory factors [15]

such as low pH [21, 22], metal and nutrient availability [18,

23] and redox conditions [13]. Motility and chemotaxis have

been shown to play a role in attachment to surfaces [24], with

aflagellate mutants, those with unpowered flagella and those
with defects in chemotaxis exhibiting severe deficiencies in

biofilm formation. However, not all non-motile A. tumefaciens

mutants are decreased for biofilm formation. For example,
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mutants in the flagellar master regulators visN/visR are aflagel-
late, but exhibit dramatically increased levels of biofilm forma-
tion and UPP production, revealing the complex connections
between the motile and sessile states [25].

One of the key regulators of attachment in many bacteria is
the second messenger cyclic-diguanylate monophosphate
(c-di-GMP) [26–28]. In A. tumefaciens, c-di-GMP was
described in early reports as controlling cellulose biosynthe-
sis [29], and has been subsequently shown also to be
involved in regulation of UPP production [25], with
enhanced levels of c-di-GMP both increasing UPP levels
and uncoupling UPP formation from surface attachment
[25]. We have recently shown that the diguanylate cyclase
and phosphodiesterase activities of the DcpA regulator can
drive both synthesis and degradation of c-di-GMP, respec-
tively, and that the protein is an important regulator of UPP
production and biofilm formation [30]. DcpA enzymatic
activity is controlled by a signalling pathway that requires
the function of small metabolites related to folate, known as
pterins. A specific monapterin type(s) influences DcpA
activity via the pteridine reductase, PruA and the predicted
pterin-binding protein, PruR.

A previous report from our laboratory [25] described a
transposon screen that isolated several negative regulators
of UPP production and biofilm formation due to differences
in colony pigmentation in the presence of the dye Congo
Red, known to bind certain polysaccharides and proteins
with b-amyloid folds [31]. In mutants disabled for cellulose
production (a polysaccharide that also binds Congo Red),
the intensity of Congo Red colony pigmentation is remark-
ably proportional to UPP production. Standard solid
bacteriological media (1.5% agar) do not induce UPP pro-
duction, and thus colonies pigment only lightly when
Congo Red is supplemented in the medium. Defined growth
medium supplemented with Congo Red was used to isolate
mutants with elevated Congo Red pigmentation (the ECR
phenotype), and these mutants uniformly had increased
UPP production. This screen isolated four main mutant
classes, including the visNR locus, which encodes the master
regulators of motility in A. tumefaciens [25]. Transposon
insertions were also discovered in the pruR-dcpA operon
and separately in the distal pruA locus, which we now know
comprise the pterin-mediated regulatory pathway described
above [30]. The remaining class of ECR mutants consisted
of transposon insertions in the Atu1631 gene [25]. UPP
production was uncoupled from surface contact in
Atu1631-disrupted strains, closely mimicking the pheno-
type associated with an elevated c-di-GMP state.

In this report, we find that Atu1631 negatively regulates
attachment and biofilm formation in A. tumefaciens and,
because of its similarity to the ubiquitous chemotaxis regu-
lator CheY, we name it ClaR (CheY-like attachment regula-
tor). In contrast to CheY, however, ClaR possesses two
predicted CheY-like receiver (REC) domains. We show that
despite the structural homology and conservation of several
key active site residues, the negative regulatory activity of

ClaR does not require phosphorylation of the conserved
aspartate residues in either domain for full activity. ClaR
does require, however, the presence of the PruA-PruR
pterin-regulatory module for proper function. In addition
to expanding pterin regulation in A. tumefaciens, this work
illustrates a novel mechanism for regulation of attachment
and biofilm formation in A. tumefaciens.

METHODS

Reagents, strains and plasmids

All strains, plasmids and oligonucleotides used in this study
are listed in the Supplementary Materials, Tables S1 and
S2 (available in the online Supplementary Material), respec-
tively. Oligonucleotide primers were synthesized by Inte-
grated DNA Technologies (Coralville, IA). DNA sequencing
was performed on an ABI 3730 Sequencer (Indiana Molecu-
lar Biology Institute, Bloomington, IN) or by ACGT Inc.
(Wheeling, IL). Plasmids were introduced into E. coli via
heat-shock transformation with chemically competent cell
preparations and into A. tumefaciens via either conjugation
or electroporation [32]. The E. coli strains used for conjuga-
tion of plasmids or plasmid DNA transformation were
grown in LB broth (Difco Bacto tryptone at 10 g l�1, Difco
yeast extract at 10 g l�1 and NaCl at 5 g l�1) with or without
1.5% (w v�1) agar. A. tumefaciens strains were grown on
either LB or AT minimal medium [33] supplemented with
0.5% (w v�1) glucose and 15mM ammonium sulfate
(ATGN). To prevent accumulation of iron oxide precipitate,
the FeSO4 prescribed in the referenced AT recipe was omit-
ted, with no effect on growth. For biofilm cultures, 22 µM
FeSO4�7H2O was added to ATGN medium directly before
inoculation. For sacB counter-selection, 5% (w v�1) sucrose
(Suc) replaced glucose as the sole carbon source (ATSN).
Antibiotics, chemicals and culture media were obtained
from Sigma-Aldrich and Fisher Scientific. When necessary,
antibiotics were added to the medium as follows: for E. coli,
100 µg ml�1 ampicillin, 50 µg ml�1 gentamicin (Gm) and
50 µg ml�1 kanamycin (Km); and for A. tumefaciens, 300 µg
ml�1 Gm and 300 µg ml�1 Km. Isopropyl-b-D-thiogalacto-
pyranoside (IPTG) was used at 400 µM when required. For
Congo Red plates, the dye was dissolved in methanol at 20
mg ml�1 and passed through 0.2 µm syringe filters immedi-
ately before use to remove aggregates. Congo Red was added
to ATGN medium for a final concentration of 100 µgml�1

to generate ATGN-CR agar medium. For calcofluor plates,
a 200 µg ml�1 stock of calcofluor white (fluorescent white)
dye was added to LB plates to yield a final concentration of
20 µg ml�1. Plates were kept in the dark until use to avoid
degradation of the dye.

For assay plates containing either Congo Red or calcofluor,
A. tumefaciens cultures were grown to mid-exponential
phase, normalized to an OD600 of 0.5 and spotted (5 µl)
onto ATGN-CR or LB calcofluor (with IPTG as required).
After 48 h incubation at 28

�
C, photographs were taken

under white light for Congo Red, and under UV light expo-
sure for calcofluor.
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Controlled expression plasmids

For plasmid-borne expression, predicted coding sequences
were inserted into the LacIQ encoding, IPTG-inducible
expression vector pSRKGm [34], fusing the coding sequence
to the lacZ start codon and Shine-Dalgarno sequence to
create a Plac fusion. Sequences were PCR amplified from
A. tumefaciens C58 genomic DNA using the corresponding
primers for each gene (Table S2) and Phusion DNA poly-
merase (New England Biolabs, Beverly, MA). PCR products
were ligated into pGEM-T Easy (Promega), their sequence
confirmed, excised by restriction enzyme cleavage and
ligated with appropriately cleaved pSRKGm. The presence
of the correct, in-frame coding sequence was verified by
restriction digestion prior to electroporation into competent
A. tumefaciens cells.

Site-specific mutagenesis

An altered version of the QuikChange mutagenesis protocol
(Agilent Technologies, Santa Clara, CA) was used to engi-
neer site-specific mutations in claR. Briefly, two comple-
mentary primers were designed with the required base pair
change flanked by ~15 bp of original wild-type sequence on
each side. The oligos were utilized in a thermal cycler reac-
tion (16 cycles) of the entire plasmid using the high-fidelity
Phusion DNA polymerase to generate nicked plasmid deriv-
atives with altered sequences. Vector amplification was con-
firmed via gel electrophoresis, 1 µl of the methylation-
dependent restriction endonuclease Dpn I was added to
digest unmodified/methylated wild type plasmid, and the
digested mixture was transformed into competent E. coli.
Plasmid clones were isolated and sequenced to certify intro-
duction of the desired mutation.

Construction of in-frame markerless deletions

In-frame deletions of A. tumefacines genes were created
using a previously described method [32]. Phusion DNA
polymerase was used to amplify 500–750 bp of sequence
upstream (P1 and P2) and downstream (P3 and P4) of the
gene to be deleted. Extreme 5¢ and 3¢ ends of genes were left
intact. Primers P2 and P3 were designed with 5¢ sequences
(lowercase in Table S2, 15–20 bp) with reverse complemen-
tarity to each other’s 3¢ proximal sequence. These comple-
mentary sequences on the two primers enabled splicing by
overlapping extension (SOE) of the two PCR products, as
previously described [32]. Both flanking sequences were
amplified and gel purified. A second PCR reaction, in which
the two purified products were used as both templates and
primers, generated the final spliced product, which was
ligated into pGEM-T easy (Promega, Madison, WI). Subse-
quent DNA sequencing ensured proper splicing. The dele-
tion construct was then removed using restriction enzymes
and ligated into the suicide vector pNPTS138 cleaved with
compatible restriction enzymes. The pNPTS138 plasmid
confers Km resistance (KmR) and sucrose sensitivity (SucS).
Derivatives of pNPTS138 were introduced into A. tumefa-
ciens C58 by conjugation with pNPTS138 containing S17-1/
lpir E. coli. Single-crossover integration into the chromo-
some is required to obtain KmR transformants, as the ColE1

origin of pNPTS138 does not replicate in A. tumefaciens.
Plasmid integration was confirmed by patching onto
ATGN-Km and ATSN-Km to identify SucS derivatives.
Excision of the integrated plasmid was then facilitated by
growing overnight cultures of SucS KanR derivatives and
plating dilutions onto ATSN. Plasmid excision was con-
firmed by patching SucR clones onto ATSN and ATGN-Km
to identify KanS derivatives. Diagnostic PCR, using primers
flanking the deletion site, was used to confirm deletion of
the target gene.

Growth and analysis of static biofilms

A. tumefaciens biofilms were grown and analysed basically
as described previously [13]. In summary, trimmed PVC
coverslips were placed upright in 12-well polystyrene cul-
ture plates (Corning Inc.) and UV sterilized. Mid-to-late
exponential phase cultures were then subcultured into
ATGN (with added IPTG, 400 µM) to an OD600 of 0.05 and
incubated statically at room temperature for approximately
48 h. For crystal violet (CV) quantification, coverslips were
rinsed with ddH20, stained with 0.1% (w v�1) CV and
rinsed once more with ddH20. CV-stained biomass was
then quantified by immersing coverslips in 1ml of 33% ace-
tic acid to solubilize CV. Data collection was performed by
reading absorbance of soluble CV at 600 nm (A600) on a
Biotek Synergy HT microplate reader. Values were normal-
ized for planktonic growth by dividing the CV A600 by the
OD600 of the remaining culture in the biofilm well.

Soft agar motility assay

A. tumefaciens swimming motility was assayed as previously
described [35]. Briefly, A. tumefaciens cultures were grown
to mid- to late exponential phase and spotted (5 µl) into the
centre of ATGN plates with 0.3% (w v�1) Bacto agar. Plates
were dried on a bench for approximately 1 h and then
placed in a container at room temperature alongside
a beaker of saturated potassium sulfate. Plates were incu-
bated for 5 days, at which time pictures were taken.

LC-MS/MS analysis of c-di-GMP levels

A. tumefaciens derivatives were grown in ATGN medium
(plus 400 µM IPTG if needed) at 28

�
C to stationary phase

(>OD600 : 1.0). Culture densities were normalized so that all
samples had the same cell density once resuspended in
extraction buffer. Culture aliquots were spun for 5min at
10 000 g at 4

�
C and the pellet was immediately resuspended

in 250 µl extraction buffer (methanol/acetonitrile/dH2O
40 : 40 : 20+0.1N formic acid cooled at �20

�
C) by vigorous

pipetting and vortexing. After incubation at �20
�
C for

30min, the extractions were transferred to new microfuge
tubes on ice. Cell debris was removed by centrifugation at
10 000 g for 3min., after which 200 µl of supernatant was
transferred into new tubes on ice. Samples were neutralized
within 1 h of preparation by adding 4 µl of 15% NH4HCO3

per 100 µl of sample, aimed to set a pH of 7~7.5.

Before analysis, the sample was vacuum centrifuged to
remove the extraction buffer and resuspended in an equal
volume of water. Ten microlitres of each sample was then
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analysed using liquid chromatography coupled with tandem
mass spectrometry (LC-MS/MS) on a Quattro Premier XE
mass spectrometer (Waters Corporation) coupled with an
Acquity Ultra Performance LC system (Waters Corpora-
tion). Detection and quantification of c-di-GMP was per-
formed as previously demonstrated [36]. To calculate the
c-di-GMP concentration, chemically synthesized c-di-GMP
(Axxora) was dissolved in water at concentrations of 250,
125, 62.5, 31.2, 15.6, 7.8, 3.9 and 1.9 nM and analyzed using
LC-MS/MS, in the process generating a standard curve.

Statistical analysis

Statistical significance between data sets was determined by
performing paired, two-tailed Student’s t-tests using Micro-
soft Excel software. A statistically significant difference was
represented by P-values �0.05.

RESULTS

Transposon mutants in a CheY homologue result in
UPP overproduction

Five independent A. tumefaciens transposon mutants with
the ECR phenotype had insertions that mapped to Atu1631,
four within the predicted Atu1631 coding sequence (Fig. 1a)
and a fifth insertion located upstream in the presumptive
promoter region. All of these transposon mutants have
previously been shown to exhibit elevated UPP labelling,
implicating Atu1631 as a UPP-negative regulator [25]. The
annotated Atu1631 coding sequence is 747 base pairs (249
aa), and is located on the A. tumefaciens circular chromo-
some 243 bp downstream of Atu1632 (Fig. 1a), a gene
predicted to encode a dimethylglycine dehydrogenase.
Downstream and convergently transcribed with Atu1631 is
Atu1630, with a gene product homologous to a phospholi-
pase D family protein.

The annotated Atu1631 protein contains tandem predicted
CheY-type receiver or REC domains, common in two-com-
ponent response regulators (Fig. 1b). REC1 (Pfam PF00072,
E-value 4.6�10�6) is defined by residues 21–121, while the
C-terminal REC2 domain (Pfam PF00072, E-value
2.6�10�22) is defined by residues 144–252. No other anno-
tated domains are predicted on Atu1631. Therefore,
Atu1631 was re-designated ClaR (CheY-like attachment
regulator). There is no sensor kinase homologue within
close proximity (<10 kb) of the claR gene.

REC domains typically contain phospho-accepting aspartate
residues that are phosphorylated by cognate sensor kinases
as part of two-component systems [37], one of the most
prominent bacterial signalling mechanisms. The well-stud-
ied, canonical CheY proteins of E. coli and Salmonella typhi-
murium are composed of a single REC domain, and these
proteins are central to the modified two-component system
that controls bacterial chemotaxis [38]. After accepting a
phosphate group from the histidine kinase CheA [39],
CheY interacts with the flagellar switch protein FliM [40] to
modulate the speed and/or direction of flagellar rotation.
The crystal structures of S. typhimurium and E. coli CheY

were two of the first available crystal structures of bacterial
response regulators [41, 42]. These studies, along with
others, have uncovered specific amino acid residues in addi-
tion to general secondary and tertiary structures of CheY,
defining their roles in the phosphorylation signalling cas-
cade [43].

The two REC domains of ClaR were aligned to several charac-
terized CheY proteins in addition to the REC domains from
the well-studied E. coli NtrC and OmpR multi-domain
response regulators (Fig. 1c). All REC domains contain the
conserved phosphor-accepting aspartate (D57 in E. coli CheY)
[41, 44]. In contrast to REC2 (D193), REC1 of ClaR does not
contain this aspartate residue, and instead has an asparagine
residue substituted at this position (N72). Both the REC1 and
REC2 domains contain the conserved D/E-D/E motif (D12D13

in E. coli) that has been shown to be important for coordinat-
ing the Mg+2 ion necessary for phosphorylation [44, 45]. The
REC1 and REC2 domains of ClaR also both possess a con-
served threonine/serine residue (Fig. 1c, T87 in E. coli, T98
ClaR REC1 and S223 ClaR REC2), hypothesized to play a role
in the coupling of the phosphorylation event to the conversion
of CheY into an activated, signalling-proficient form [46].
Lastly, both REC1 and REC2 contain a positively charged resi-
due (K109 in E. coli, K120 ClaR REC1 and R245 ClaR REC2)
that is thought to stabilize the phosphorylated active site by
forming a salt bridge with Asp12 in CheY [47]. Therefore,
both the REC domains of ClaR contain some (REC1) or all
(REC2) key residues necessary for receiver domain function.

ClaR negatively regulates biofilm formation in A.

tumefaciens

A markerless, in-frame deletion mutant of claR was con-
structed and tested for the ability to form biofilms on PVC
coverslips using a 12-well plate format [18, 25]. The DclaR
mutant exhibits a more than two-fold increase in biofilm
formation compared to the wild-type strain (Fig. 2a, P-value
of <0.05 by paired t-test vs WT). This elevation is consistent
with the enhanced levels of biofilm formation previously
seen in the pruA and dcpA genetic backgrounds (Fig. 2a,
[25]). As expected, UPP production is absolutely required
for biofilm formation in the claR mutant (Fig. S1). Disabling
the ability to synthesize cellulose (Dcel) diminishes biofilm
formation substantially, suggesting that both cellulose and
the UPP contribute to the increased attachment of the claR
mutant, although prior work clearly shows that cellulose is
not involved in wild-type A. tumefaciens biofilm formation
under laboratory conditions [18]. Unlike the pruA mutant,
deletion of claR does not affect motility or production of the
acidic polysaccharide succinoglycan (Fig. S2a, b). Unlike the
pruA or dcpA mutants, which display increased c-di-GMP
levels due to loss of DcpA PDE activity [30], the intracellu-
lar concentration of c-di-GMP is not significantly elevated
in the claR mutant (Fig. S2c). A non-polar deletion of the
Atu1632 coding sequence immediately upstream of claR
does not result in an enhancement of biofilm formation
(Fig. S3).
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Surprisingly, provision of the annotated claR coding
sequence (claR-Annot.) on an IPTG-inducible, multi-copy
plasmid in the DclaR mutant did not restore biofilm forma-
tion to WT levels (Fig. 2b). Alignment of the 249 aa pre-
dicted claR coding sequence with closely related rhizobial
bi-directional best-hit homologues (orthologous sequences
from Agrobacterium vitis, Agrobacterium radiobacter and
Rhizobium leguminosarum, Fig. S4) revealed an additional
28 N-terminal amino acid residues that are not included in
the annotated A. tumefaciens claR. A longer 278-codon

version of claR (claR-Ext.), including these 28 additional res-
idues, was in fact able to complement biofilm formation of
an Atu1631 mutant back down to WT levels (Fig. 2b). This
indicates that removal of the N-terminal 28 aa residues of
ClaR disrupts its function and/or stability. As a result, the
extended 277 aa version of ClaR was used in all subsequent
experiments (and the amino acid coordinates cited above
are relative to this longer sequence). Overall, these results
provide genetic confirmation that ClaR is a negative regula-
tor of A. tumefaciens biofilm formation.

(a) 

(c) 

. .:* :: * . . . : : :* : . : : .:: . . . : :
Atu1631-Rec1 --------ILLAEDSNVFTQMVSMRLNEMLGVSVEVCRSFEELQACYEHSPEPVTLAISNINLPGAEKGEALEYLIDLS----IPTIVFTSTFHEATRETLIAKDVVDYILKD-------------------   101
Atu1631-Rec2 --------VLIVDDSPTARALLSSRLKRYNFR-VSLADSGAKALEILRANP-DIGLVVTDYNMPDIDGFELTRRIRTVRGSHELRIIGVSSSTNRLLSARFLKAGGNDFMLRPFIDEEF-------------   109

A.tumefaciens-CheY1 ----MKKKVLTVDDSRTIRNMLLVTLNNAGFETIQ-AEDGIEGLEVLEQS--NPDVIVTDINMPRLDGFGFIEGVRRNEKYRAIPILVLTTESDAEKKNRARQAGATGWIVKPFDPAKLIDAIERVTA----   121

A.tumefaciens-CheY2 MSLAEKIKVLIVDDQVTSRLLLSDALTQLGFKQITSAGDGEQGLKIMEQQ--PHHLVISDFNMPKMDGLGFLHAVRANPTTKKAAFIILTAQGDRALVQKAAQLGANNVLAKPFTIDKMRAAIEAVFGSLK-   129
E.coli-CheY -MADKELKFLVVDDFSTMRRIVRNLLKELGFNNVEEAEDGVDALNKLQAG--GYGFVISDWNMPNMDGLELLKTIRADGAMSALPVLMVTAEAKKENIIAAAQAGASGYVVKPFTAATLEEKLNKIFEKLGM   129

E.coli-NtrC --------VWVVDDDSSIRWVLERALAGAGLT-CTTFENGAEVLEALASK--TPDVLLSDIRMPGMDGLALLKQIKQR--HPMLPVIIMTAHSDLDAAVSAYQQGAFDYLPKPFDIDEAVALV---------   110

E.coli-OmpR --------ILVVDDDMRLRALLERYLTEQGFQ-VRSVANAEQMDRLLTRE--SFHLMVLDLMLPGEDGLSICRRLRSQ--SNPMPIIMVTAKGEEVDRIVGLEIGADDYIPKPFNPRELLARIR--------   111
1.......10........20........30........40........50........60........70........80........90.......100.......110.......120.......130..

Mg+2 Binding Phosphorylation 
Site 

(b) 

Fig. 1. A biofilm regulator with two CheY-like receiver domains. (a) Diagram of claR genetic locus (Atu1631). Atu1632 is a predicted

dimethylglycine dehydrogenase and Atu1630 is a predicted phospholipase D family protein. Gene sizes are to scale. ECR screen trans-

poson insertions are notated by lines capped with reverse arrowheads (b) Gene topology of ClaR. Domains predicted using Pfam data-

base (http://pfam.xfam.org/). All domains are to scale. (c) Alignment of ClaR REC domains to known REC domains. Red boxes notate

essential active site residues known to be required for phosphorylation. Aligned REC domain amino acid residues are as follows: ClaR

REC1 : 21–121; ClaR REC2 : 144–252; A. tumefaciens CheY1 : 1–121; A. tumefaciens CheY2 : 1–129; E. coli CheY: 1–129; E. coli OmpR:

7–117; E. coli NtrC: 6–115. Alignment performed with ClustalX software (www.clustal.org) using multiple alignment mode.
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ClaR REC domains are structurally conserved but
phosphorylation site mutants retain activity

To provide a comparison to the known secondary and ter-
tiary structures of CheY, the structures of the ClaR REC1
and REC2 domains were predicted utilizing the PHYRE2

structure prediction algorithm (http://www.sbg.bio.ic.ac.uk/
phyre2) [48]. E. coli CheY (PDB:3CHY) possesses a charac-
teristic structure composed of a five-stranded parallel b-
sheet core flanked by five a-helices (Fig. 3a). Both REC1
and REC2 are predicted to possess a similar structure, shar-
ing the b-sheet core and the same general position of the
conserved active sites mentioned above (Fig. 3b, c). How-
ever, REC1 and REC2 are predicted to possess only four a-
helices, without the 5th helix (H5) found in CheY (Fig. S5a,
b). In E. coli CheY, the H4-b5-H5 secondary structure ele-
ment (Fig. 3a, light blue) has been shown to provide an
interface for protein–protein interaction with the flagellar
switch [46]. Although both REC1 and REC2 are lacking this
H5 helix, they do appear to share structural conservation
with each other in this region. Structural alignments of
CheY with REC1 and REC2 show a relatively high degree of
overall structural homology (Fig. S5a, b), with RMSD values
of 0.98 and 1.11, respectively. The conserved aspartate resi-
due is absent in the REC1 domain, with an asparagine resi-
due at this position (N72). We therefore hypothesized that
phosphorylation of the REC2 domain of ClaR might be
important for its regulatory function.

The conserved aspartate phosphorylation site on the REC2
domain of ClaR (D193) was separately mutated to aspara-
gine and alanine, both residues that would be expected to
abrogate the ability of the protein to be phosphorylated.
Plasmid-borne expression of both claR mutant alleles (Plac-
claR D193A and Plac-claR D193N) in the DclaR mutant
resulted in modest, yet significant, decreases in biofilm for-
mation (Fig. 4, P-value of <0.05 by paired t-tests vs. claR).
These data indicate that the predicted phosphorylation site
of ClaR is not absolutely required for function. Both of the
D193A and D193N ClaR alleles were able to reduce biofilm
formation in the claR mutant, but not to the same extent as
the wild-type copy of claR (Fig. 4, P-value of <0.05 by paired
t-tests vs. DclaR Plac-claR). This partial decrease in activity
may reflect protein misfolding and perhaps turnover, rather
than a strict requirement for phosphorylation.

ClaR interactions with the A. tumefaciens pterin-
dependent control pathway

Previous work from our laboratory characterized the promi-
nent role of the PruA-PruR-DcpA signalling pathway in the
control of A. tumefaciens attachment and biofilm formation
[30]. DcpA has two activities related to the c-di-GMP sec-
ond messenger: a diguanylate cyclase (DGC) activity that
can catalyse c-di-GMP synthesis, and a phosphodiesterase
(PDE) activity that drives its degradation. In laboratory cul-
ture conditions, the phosphodiesterase activity of the DcpA
protein is required to restrict UPP production to those cells
engaged in surface colonization, presumably through main-
taining low cellular levels of c-di-GMP in free-swimming
cells. The strong bias towards the dominant PDE activity of
DcpA requires the pruA gene, encoding a pteridine reduc-
tase that synthesizes a derivative of the metabolite tetrahy-
dromonapterin, and pruR, a gene that forms a bi-cistronic
operon with dcpA and encodes a putative pterin-binding
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Fig. 2. ClaR regulates A. tumefaciens biofilm formation. (a) A. tumefa-

ciens quantitative biofilm formation on PVC coverslips after 48 h static

growth at 28
�
C. Adherent biomass quantified by staining with crystal

violet (CV). CV absorbance quantified by absorbance at 600 nm (A600).

In parallel, the OD600 of planktonic culture was determined. CV absor-

bance was normalized to culture growth by calculating the A600/OD600

ratio. Values are the result of two independent biological replicates

consisting of three technical replicates each. Error bars: ±1 SD. (b) 48 h

PVC coverslip biofilms quantified as described in Fig. 2(a). claR Annot.:

750 bp claR annotated in NCBI database. claR Ext.: annotated claR plus

additional 84 bp added to 5¢ end of gene. Dash represents strain with-

out plasmid introduced. Values are the results of two independent bio-

logical replicates consisting of three technical replicates each. Error

bars: ±1 SD.
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protein [30]. Independent null mutants in dcpA, pruA and
pruR have essentially the same ECR phenotype with ele-
vated production of UPP and hyper-adherence [30]. To test
for any genetic or regulatory interaction between ClaR and
this pathway, the effect of claR ectopic expression on biofilm
formation and UPP production was tested in several mutant
backgrounds. As observed before, plasmid-borne claR
expression in the DclaR mutant results in a decrease of
adherence back to near WT levels (Fig. 5a). Strikingly, the
claR plasmid also acted to decrease attachment (Fig. 5a),
Congo red staining (Fig. 5b) and c-di-GMP levels (Fig. S2c)
in the dcpA mutant background compared to the plasmid-
less mutant strains. Inversely, dcpA expression (WT and
DGC-PDE +variants) in a claR mutant reduces biofilm for-
mation to near-WT levels (P-value of <0.05 by paired t-tests
vs. DclaR), and this requires DcpA PDE activity (Fig. S6, P-
value of <0.05 by paired t-test of DGC+PDE- DcpA vs
DclaR).

Unexpectedly, ClaR overexpression failed to significantly
decrease biofilm formation or UPP production in the pruA
or pruR mutant backgrounds (Fig. 5a, b, P-value of >0.05 by
paired t-tests vs. pruA and pruR). We previously found that
the pteridine reductase activity of PruA is abolished by
mutation of the catalytic site tyrosine to alanine (Y163A),
and this abrogated its activity in vitro and in vivo, as well as
its ability to control biofilm formation [30]. The plasmid-
borne claR allele introduced into the pruA Y163A allelic
replacement mutant background was also ineffective at
decreasing biofilm formation or Congo Red staining, similar
to what was observed in the DpruA null mutant (Fig.
S7a, b). These results indicate that both PruA and PruR are
required for ClaR-mediated negative regulation of UPP-
dependent attachment in A. tumefaciens. Furthermore, the
control of ClaR activity seems to be linked specifically to
PruA-catalysed pterin biosynthesis.

DISCUSSION

In this report, we describe the genetic and phenotypic analy-
sis of A. tumefaciens ClaR (Atu1631), initially discovered
utilizing a transposon mutagenesis screen for negative regu-
lators of UPP production [25]. We show here that ClaR is
also a negative regulator of A. tumefaciens biofilm forma-
tion, and that it possesses tandem conserved CheY-like REC
domains (REC1 and REC2), similar to those involved in
phosphotransfer in the canonical CheY-type proteins
involved in chemotaxis [38]. The REC1 domain in ClaR has
an asparagine at the typical position (N72) for the phospho-
accepting aspartate residue, but in contrast REC2 has an
aspartate at this position (D193). Mutation of the REC2
aspartate (D193A) demonstrates that this residue is not
required for ClaR-dependent regulation, suggesting that
phosphorylation may not play an important role in ClaR
activity. Our findings also suggest that ClaR control is inte-
grated with the pterin-dependent PruA-PruR-DcpA path-
way [30]. Although plasmid-borne expression of claR
returns the elevated biofilm phenotype of a dcpA mutant
back to wild-type levels, it does not do so in pruA or pruR
mutants.

CheY domain-containing proteins in A. tumefaciens

There are multiple A. tumefaciens proteins that contain
CheY-like REC domains. The chemotaxis locus in A. tume-
faciens and related rhizobia differs somewhat from the well-
studied E. coli model system, with the presence of two CheY
homologues (CheY1/CheY2) while lacking a CheZ phos-
phatase [49]. Both CheY1 and CheY2 contribute to chemo-
taxis, but cheY2 mutants exhibit the most severe defect in
chemotactic motility [50]. Based primarily on studies in
Sinorhizobium meliloti, CheY2 is thought to act as the main
mediator of chemotaxis [51]. In contrast, CheY1 is hypothe-
sized to act as a phosphate sink, in effect fulfilling the role of
CheZ in modulating the sensitivity of the chemotactic

E. coli - CheY(a) ClaR-REC1(b) ClaR-REC2(c)

Fig. 3. Comparison of ClaR predicted secondary structures to CheY. (a) Experimentally determined crystal structure of E. coli CheY

([41], PDB ID: 3CHY). a-Helices and b-sheets coloured in green and red, respectively. Blue colouring represents predicted CheY pro-

tein–protein interaction surface. Active site residues known to be required for phosphorylation highlighted in magenta. Structure visu-

alized using UCSF Chimera (https://www.cgl.ucsf.edu/chimera/). (b) Predicted structure of ClaR REC1 domain (residues 1–121).

Structure predicted using PHYRE2 structure prediction algorithm (http://www.sbg.bio.ic.ac.uk/phyre2) [48]. Structure colouring

described in Fig. 3(a). (c) Predicted structure of ClaR REC2 domain (residues 144–252). Structure predicted also using PHYRE2 struc-

ture prediction algorithm. Structure colouring described in Fig. 3(a).
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pathway [52]. Several lines of evidence suggest that ClaR is
not a component of the chemotaxis pathway. As we demon-
strate above, a DclaR mutant does not display a motility
defect (Fig. S2a). In addition, the components of the canoni-
cal chemotaxis pathway have been characterized in A. tume-
faciens and they are shared with other members of the
Rhizobiaciae [50–52]. Therefore, we predict that ClaR pos-
sesses a separate and distinct regulatory output.

In A. tumefaciens, there are other examples of proteins that
possess CheY-like REC domains but are not directly
involved in chemotaxis. One of the best described is PleD
(also called CelR). Homologues of PleD contain dual REC
domains coupled to a c-di-GMP-synthesizing diguanylate
cyclase (DGC) domain, the first of which was characterized
as an important cell cycle regulator in Caulobacter cres-
centus [53]. The DGC activity of PleD in C. crescentus is
controlled by phosphorylation [54, 55], predominantly via
the DivJ kinase and PleC phosphatase [56]. In A. tumefa-
ciens, high levels of pleD expression result in elevation of
intracellular c-di-GMP levels with a concomitant increase in
UPP production, and this requires the PleD DGC catalytic
GGDEF motif [25]. PleD has also been demonstrated to
play a role in the regulation of A. tumefaciens cellulose pro-
duction, biofilm formation and virulence [25, 57]. In addi-
tion to its role in attachment and polysaccharide
production, PleD is thought to influence A. tumefaciens
division and development [58].

Phosphorylation and ClaR function

We have found that the aspartate residue on ClaR REC2 is

not absolutely required for negative regulation of attach-

ment and biofilm formation, suggesting that phosphoryla-

tion is not a critical aspect of ClaR activation (although the

D193 mutants are somewhat less effective than wild-type

claR, an observation perhaps due to defects in protein fold-

ing or altered stability). This observation does not exclude
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Fig. 4. ClaR phosphorylation site not absolutely required for protein

function. 48 h PVC coverslip biofilms quantified as described in Fig. 2

(a). Dash represents strain without plasmid introduced. Values aver-

age three independent biological replicates consisting of three techni-

cal replicates each. Error bars: ± SD.
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Fig. 5. ClaR activity in various A. tumefaciens mutants. (a) 48 h PVC

coverslip biofilms quantified as described in Fig. 2(a). Dash represents

strain without plasmid inserted. Values average three independent

biological replicates consisting of three technical replicates each.

Error bars: ± SD. (b) Congo Red colony phenotypes of indicated A. tume-

faciens strains. Strains were grown to mid-exponential phase,

normalized to OD600 0.5 and spotted onto ATGN plates

containing ~100 µgml�1 Congo Red dye and IPTG. Photographs were

taken after 48 h of growth at 28
�
C. Dash represents strain lacking the

introduced plasmid.
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the possibility that ClaR is phosphorylated by an as yet
unidentified kinase, but rather that phosphorylation of this
residue is not absolutely required for ClaR-dependent regu-
lation of attachment and biofilm formation. In structural
studies, phosphorylation of CheY-like REC domains did not
cause major conformational rearrangements [59], and there
remains some uncertainty about the exact mechanism of
how phosphorylation-mediated REC domain activation
leads to the formation of productive protein–protein or
inter-domain interactions [47, 59, 60]. It is additionally a
possibility that ClaR has structural flexibility that allows
interaction with a downstream partner(s) in the absence of
phosphorylation.

Alternatively, phosphorylation via an as yet unidentified
kinase might enhance or stabilize these interactions to a
degree that is undetectable by our phenotypic assays. It is
therefore possible that ClaR phosphorylation potentiates the
negative regulation of UPP production and biofilm forma-
tion by ClaR. A related phenomenon is observed with PleD
in C. crescentus, with the non-phosphorylated protein pos-
sessing low DGC activity that is further stimulated by DivJ-
mediated phosphorylation [54]. Future work probing for
possible ClaR interaction partners, with particular focus on
its phosphorylation state and the members of the PruA-
PruR-DcpA pathway, will shed light on the molecular
requirements for ClaR-dependent signalling.

Receiver domain-containing proteins can have distinct cel-
lular roles depending on the phosphorylation state of the
protein [61]. One example is B. subtilis DegU, with the
phosphorylated form of the protein activating genes
involved in biofilm formation and the unphosphorylated
form promoting genetic competence [62, 63]. Phosphoryla-
tion-independent dimerization and activity has been
observed for a variety of response regulators [61]. In some
instances, a conserved non-phosphorylated aspartate resi-
due is required for dimerization and full activity [64]. This
may be the case with ClaR, with the modest decrease in
activity for the D193A claR allele due to the lack of proper
intermolecular interactions.

Che-protein control of non-chemotaxis phenotypes

Despite ClaR having a pronounced regulatory effect on UPP
production and biofilm formation, motility is not affected
in a claR mutant (Fig. S2a). This observation is unsurpris-
ing, as there are several examples in the literature of CheY-
like proteins controlling non-motility phenotypes. The fact
that half of bacterial genomes that contain che loci encode
multiple cheY homologues, with many genomes containing
greater than four predicted chemosensory systems, further
reinforces this concept [65]. Chemosensory systems have
been functionally classified by the regulation of three cate-
gories of bacterial phenotypes [66]: flagellar motility, Type
IV-pili mediated motility and alternative cellular functions
(ACF).

ACF phenotypes regulated by chemosensory systems are
diverse and found in a variety of bacteria. Myxococcus

xanthus encodes eight distinct chemosensory systems that
include several prominent examples of ACF systems. The
Che3 system plays no role in motility but predominantly
controls entry into development, specifically promoting
fruiting body formation [67]. Developmental gene expres-
sion is also controlled by Che3 activity. Another M. xanthus
Che-type system, the Dif (Che2) chemosensory system, has
been shown to regulate both social gliding motility and sub-
sequent fruiting body formation [68]. DifD, a CheY homo-
logue, negatively regulates fibril polysaccharide production
via an unknown mechanism.

Rhodospirillum centenum, a photosynthetic member of
the Alphaproteobacteria, contains three chemosensory
loci [66]. The first locus (Che1) contains the canonical
chemotaxis system, while the second (Che2) encodes a
cytosolic pathway that regulates swarming motility
through the synthesis of both polar and lateral flagella
[69]. The third locus (Che3) is not associated with motil-
ity but instead plays a role in R. centenum cyst develop-
ment [70].

Chemosensory systems can also play an important role in
c-di-GMP metabolism and the regulation of bacterial
attachment. WspR, which regulates attachment pheno-
types in Pseudomonas aeruginosa [71, 72], is a CheY
homologue that is encoded as part of a predicted seven-
gene chemosensory locus. WspR contains a REC domain
coupled to a GGDEF motif, and its diguanylate cyclase
activity is significantly increased upon phosphorylation of
the REC domain [72]. Phosphorylation of WspR, which
only occurs upon surface contact, also induces localization
of the protein into distinct cytoplasmic clusters [73, 74].
The mechanism of signal transduction coupling surface
contact to a protein phosphorylation cascade is currently
unknown.

ClaR interaction with PruA-PruR-DcpA regulatory
pathway

Our previous work revealed that the pteridine reductase
PruA and the putative pterin-binding protein PruR were
required to bias the activity of the DcpA protein towards a
PDE-dominant state. Until the current study, we considered
this to be specifically through DcpA. Our findings with
ClaR suggest that this prior DcpA-specific model is over-
simplified. Plasmid-borne expression of claR can effectively
reverse the elevated adherence and ECR phenotypes of a
dcpA deletion mutant. The increased c-di-GMP pools in a
dcpA mutant are reduced by elevated ClaR levels (Fig. S2c,
P-value of <0.05 by paired t-tests of DdcpA Plac-claR vs.
DdcpA), indicating that ClaR possibly interacts with mem-
bers of the c-di-GMP regulon in A. tumefaciens besides
DcpA. We also cannot exclude the possibility that ClaR
might also interact directly with biosynthetic proteins for
UPP and cellulose to modulate their activity, analogous to
regulatory interactions between CheY and the flagellar
motor complex [40].
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We were, however, surprised to find that the effect of the
plasmid-borne claR gene absolutely requires the presence of
both PruA and PruR for its regulatory activity, as shown by
the epistatic effect of pruA and pruR mutations in strains
expressing the plasmid-borne claR gene (Fig. 5). Specifically,
ClaR requires PruA enzymatic activity for proper function,
as the claR plasmid is likewise ineffective in a mutant back-
ground that is abrogated for PruA-catalysed pterin synthesis
(Fig. S7). These findings are intriguing and functionally sep-
arate the impact of claR, as well as pruA and pruR, from
DcpA activity. Models in which ClaR interacts with DcpA

to exert its activity are refuted by the robust phenotypic
impact of plasmid-borne expression of claR in the DdcpA
mutant. The simplest model is that, in addition to the
impact of pterins on DcpA activity, in parallel, ClaR activity
is also pterin-responsive, and thus also requires PruA and
PruR (Fig. 6). Dual pterin-dependent adherence regulation
via ClaR and DcpA would explain the observation that the
DpruA mutant displays significantly stronger adherence
stimulation than the DdcpA mutant (although the pruR
mutant does not). Our recent findings suggest that PruR
resides in the periplasm (Feirer and Fuqua, unpublished

Fig. 6. Model of ClaR regulation. The tentative model of ClaR regulation is based on data described in the figures and text, and on pre-

viously published work [30]. ClaR requires PruA and PruR, but not DcpA, to exert negative regulation of A. tumefaciens biofilm forma-

tion. The biosynthesis of the dominant PruA-dependent monapterin, 2¢OMet-H4MPt, is depicted, with the compound represented as a

double-ringed structure with a short acyl tail. The physical association of the monapterin species with PruR in the periplasm has not

been proven, but is supported by recent work. Solid arrows are enzymatic reactions and dashed arrows are putative regulatory inter-

actions. The ClaR dual REC domain structure with the conserved D residue is shown. Synthesis of c-di-GMP is indicated for GTP by

DcpA (thin arrow) and by the other active DGCs in A. tumefaciens (double-stalked arrow) that all contribute to cellular pools of the sig-

nal. The bold arrow for c-di-GMP breakdown by DcpA is meant to show that this activity dominates under standard conditions. The

Wzy-type complex is diagrammatically shown for the presumptive UPP biosynthetic machinery.
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data), and thus it seems likely that PruR cannot exert its
effect directly, and perhaps functions to impact ClaR activ-
ity through another transmembrane receptor distinct
from DcpA.
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