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Mapping metabolic changes by noninvasive,
multiparametric, high-resolution imaging using
endogenous contrast

Zhiyi Liu,1* Dimitra Pouli,1* Carlo A. Alonzo,1† Antonio Varone,1‡ Sevasti Karaliota,2

Kyle P. Quinn,1,3 Karl Münger,4 Katia P. Karalis,2§¶ Irene Georgakoudi1‖
Monitoring subcellular functional and structural changes associated with metabolism is essential for understanding
healthy tissue development and the progression of numerous diseases, including cancer, diabetes, and
cardiovascular and neurodegenerative disorders. Unfortunately, established methods for this purpose either
are destructive or require the use of exogenous agents. Recent work has highlighted the potential of endogenous
two-photon excited fluorescence (TPEF) as a method to monitor subtle metabolic changes; however, mechanistic
understanding of the connections between the detected optical signal and the underlying metabolic pathways
has been lacking. We present a quantitative approach to detecting both functional and structural metabolic bio-
markers noninvasively, relying on endogenous TPEF from two coenzymes, NADH (reduced form of nicotinamide
adenine dinucleotide) and FAD (flavin adenine dinucleotide). We perform multiparametric analysis of three optical
biomarkers within intact, living cells and three-dimensional tissues: cellular redox state, NADH fluorescence
lifetime, and mitochondrial clustering. We monitor the biomarkers in cells and tissues subjected to metabolic pertur-
bations that trigger changes in distinct metabolic processes, including glycolysis and glutaminolysis, extrinsic and
intrinsic mitochondrial uncoupling, and fatty acid oxidation and synthesis. We demonstrate that these optical
biomarkers provide complementary insights into the underlying biological mechanisms. Thus, when used in
combination, these biomarkers can serve as a valuable tool for sensitive, label-free identification of changes
in specific metabolic pathways and characterization of the heterogeneity of the elicited responses with
single-cell resolution.
INTRODUCTION
Metabolism is responsible for all the life-sustaining chemical processes
that support cellular function through molecular and energetic trans-
formations (1). Numerous pathways have evolved to sustain cellular
bioenergetics, and their balance is critical for normal development
and aging. Conversely, metabolic perturbations or dysfunctions are
often implicated in numerous diseases, including obesity, diabetes,
cancer, and cardiovascular and neurodegenerative disorders (2–4).
Metabolic responses can be highly dynamic and heterogeneous both
temporally and spatially, and this inherent heterogeneity can signifi-
cantly affect disease development or response to treatment (5). Ab-
sorption spectroscopy has been used to assess the mitochondrial
phosphorylation activity and redox states of individual mitochondrial
cytochromes since the pioneering studies of Chance andWilliams (6, 7)
on isolated mitochondria. Although these first studies were very tech-
nically innovative and able to provide functional state information for
the cytochromes participating at different stages of the electron
transport chain, they were restricted by limitations including require-
ments for high concentration of mitochondrial proteins, operation at
room temperature, limited spectral bandwidth, and slow spectrometer
scanning rates (6, 7). Subsequent studies overcame these limitations by
optimizing the system design (8, 9) and extended the applications to
intact floating cells (10). Recent advances in high-resolution respirom-
etry combinedwith absorption spectroscopy allowed accurate analysis
of oxygen kinetics during cellular respiration processes (11). Despite
the success of dynamic assessments of the relationship between cyto-
chrome redox states and oxygen consumption, the bulk nature of these
spectroscopicmeasurements cannot provide insights into cellular het-
erogeneity under dynamic conditions. Traditional imaging tools for
assessing metabolic activity in vivo typically require the addition of
exogenous agents and have limited resolution and sensitivity (12, 13).
More sensitive, quantitative metabolic assays, such as those based on
mass spectrometry and carbon labeling (14–16), cannot be performed
with living cells and require cell and tissue homogenization; thus, their
ability to capture dynamic or heterogeneity aspects of metabolic re-
sponses is limited. High-resolution fluorescence imaging–based
approaches that rely on exogenous fluorescent probes that are sensitive
to mitochondrial membrane potential or target specific cellular organ-
elles or proteins overcome the latter limitations (17) but require cellular
manipulations and can be confounded by artifacts related to the
distribution of the fluorophores, especially in more complex, three-
dimensional (3D) tissues. Therefore, quantitative, high-resolution, label-
free methods to noninvasively examine metabolic processes in 3D tissues
in vivo are critically needed to help us better characterize and elucidate
the role of different metabolic pathways in disease development and as
potential therapeutic targets. Modalities targeting chemical molecules
can provide direct or indirect assessment of cellular metabolism. For
example, Raman microspectroscopy is able to map the redox state of
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mitochondrial cytochromes in a label-free, noninvasive manner (18), but
its sensitivity is typically limited by weak Raman signals. Pump-probe
microscopy is another label-free approach, which provides subcellular
resolution of the chemical composition of endogenous pigments and
does not require the target to fluoresce. For example, pump-probe im-
aging differentiated melanoma from melanocytic nevi by identifying a
marked difference in the chemical variety of melanin between them
(19). However, the requirement of relatively complex laser systems that
need to produce two or more different, stable, and well-synchronized
trains of ultrashort laser pulses for pump-probe microscopy limits its
application (20).

Two-photon excited fluorescence (TPEF) has emerged as a powerful
modality for sensitive, quantitative, label-free, high-resolution assess-
ments of metabolic activity and cellular responses in vitro and in vivo
(21–23). The endogenous fluorescence of NAD(P)H (reduced form of
nicotinamide adenine dinucleotide phosphate) and FAD (flavin ade-
nine dinucleotide), two key metabolic coenzymes involved in several
importantmetabolic pathways, has served as the optical source of con-
trast for these optical metabolic assessments (24, 25). The TPEF inten-
sity ratio of these two fluorophores has been used in numerous studies
as a metric of the cellular redox status (26–28). Specifically, we have
shown that the optical redox ratio, defined as the TPEF intensity of
FAD/[NAD(P)H + FAD], is highly correlated with mass spectrometry–
based assessments of NAD+/(NADH + NAD+), indicating that the
FAD TPEF signal is in equilibrium with the cellular NAD+ content
(29, 30). The optical redox ratio correlates even more highly with the
biochemical redox ratio of NAD+/(NADH + NAD+) than that of
FAD/(NADH + FAD) (29, 30), which is likely due to the unequal con-
tribution of different flavoproteins to the detected fluorescence (31).
The fluorescence of FAD is substantially quenchedwhen bound tomost
proteins, and it has been reported that the major source of the overall
flavin fluorescence emanating from cells appears to be lipoamide de-
hydrogenase (LipDH) protein complexes, whose concentration, in turn,
correlates to local NAD+ concentrations (31). Others also confirmed the
optical redox ratio as a valid dynamic index of cell metabolism by
observing a significant correlation between this metric and the oxygen
consumption rate assessing two different breast cancer cell lines (MCF-7
and MDA-MB-231), under both normal culture conditions and, for
MCF-7, in response to cell respiration inhibitors and uncouplers (32).
The fluorescence lifetimeofNAD(P)Hhas also beenused as ametabolic
indicator because it depends on whether NAD(P)H is in its free or
bound state, with longer characteristic lifetimes varying over ~1 to 6 ns
depending on the specific identity of the complex to which NADH is
bound (33–35).NADH inmitochondria is assumed to be primarily pro-
tein bound in contrast to that in cytosol, and a longer NADH lifetime
indicates more bound fraction contributions (36, 37). These metrics are
sensitive to processes such as differentiation and apoptosis, and changes
in their values have been attributed to alterations in the relative levels of
oxidative phosphorylation, glycolysis, glutaminolysis, and fatty acid
synthesis (29, 30, 38–40). The use of the biomarkers in combination
in the form of the optical metabolic index, which depends on both in-
tensity and lifetime redox metrics, has been identified as a more robust
indicator of metabolic responses of cancer spheroids to different treat-
ment regimens than using each optical redox indicator separately (39).
This suggests that these metrics are sensitive to the complementary
aspects of cellular metabolism, but these connections have not been
examined in detail.

More recently,we reportedon the extractionofmitochondrial cluster-
ing as a quantitativemetric of mitochondrial organization, based on the
Liu et al., Sci. Adv. 2018;4 : eaap9302 7 March 2018
automated analysis of NAD(P)H TPEF images (29, 41–44). Increased
clustering values typically representedmore fissioned/fragmentedmito-
chondrial organizations (42–44). We demonstrated that this biomarker
is sensitive to the ability ofmitochondria to dynamically fuse and fission
throughout the life of a cell to optimize energy production and distri-
bution or to protect the cell from insult (44). Specifically, we showed
that mitochondrial clustering increases when glycolytic metabolism
increases during proliferation and mitochondria assume more frag-
mented phenotypes, whereas mitochondrial clustering decreases when
the rate of glutaminolysis increases and fused mitochondrial networks
becomemore prevalent (Fig. 1A) (43).We have further established that
this approach can characterize dynamic changes in mitochondrial
organization in human tissues in vivo in response to perturbations such
as hypoxia and reperfusion (44). Furthermore, we have used this anal-
ysis to reveal highly reproducible depth-dependent variationswithin the
human skin epithelia of healthy subjects that correspond to distinct
levels of cellular differentiation and expression of dynamin-related
protein 1 (DRP1) and human mitochondrial fission 1 protein (hFis1),
which play a key role in the orchestration of mitochondrial fission (44).
Finally, we established that skin cancers (melanoma and basal cell car-
cinoma) abrogate these depth-dependent variations, most likely as a
result of the metabolic changes that they invoke (44).

Thus, it is clear that a wealth of highly sensitive, quantitative, struc-
tural, and functionalmetabolic information can be extracted by analysis
of endogenous TPEF images that are intimately related to cellular
function. However, a key limitation of independently implementing
each one of these approaches is that each of these approaches, when
used alone, provide only narrow insight into the specific metabolic
perturbation that leads to the change of the reported optical meta-
bolic metric. For example, a lower redox ratio may be the result of
either enhanced glycolysis or fatty acid synthesis (29, 30). Therefore,
we sought to assess the effects of specific metabolic perturbations on all
three optical readouts (that is, the optical redox ratio, the NADH flu-
orescence lifetime, and mitochondrial clustering) in a systematic way.
We specifically examined the effects of glycolysis and glutaminolysis,
extrinsic and intrinsic mitochondrial uncoupling, fatty acid synthesis,
and fatty acid oxidation (Fig. 1) because these are pathways often im-
plicated in a wide range of pathologies. We found that the changes de-
tected in the combination of all three metabolic metrics provide unique
complementary insights and the highest classification accuracy on the
specific type of metabolic perturbation experienced by the cells
examined. Thus, the combined use of these optical metabolic metrics
could serve as an important tool for detecting both functional and
structural information related to metabolism in a sensitive and quan-
titative manner. This information may lead to critically important in-
sights into the metabolic pathways involved in the development of
numerous diseases with metabolic involvement and the identification
of new and effective therapeutic targets.
RESULTS AND DISCUSSION
Enhanced glycolysis and glutaminolysis elicit opposite
changes in the biochemical and structural optical
metabolic readouts
Changes in the balance between the relative levels of glycolysis and ox-
idative phosphorylation likely constitute the most prevalent cellular
metabolic adaptation not only in response to changing oxygenation
conditions but also in response to changing biosynthetic and proliferative
needs (45). Therefore, we assessed the impact of hypoxia and glucose
2 of 14
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Fig. 1. Schematic relating changes in NADH and FAD concentrations to metabolic pathways. (A) Pathways mainly affected during hypoxia and glucose starvation. ADP,
adenosine diphosphate; ATP, adenosine triphosphate; PDH, pyruvate dehydrogenase; LipDH, lipoamide dehydrogenase; ETC, electron transport chain; acetyl-CoA, acetyl–coenzyme A;
TCA, tricarboxylic acid. (B) Pathways involved in using the cytosolic NADH reducing power for ATP production. The glycerol-3-phosphate (G3P) shuttle (60), electron flow, and complexes
(61) are zoomed in by the dashed purple box. MDH, malate dehydrogenase; AST, aspartate transaminase; LDH, lactate dehydrogenase. (C) Pathways focusing on fatty acid b-oxidation
and fatty acid synthesis. UCP1, uncoupling protein 1 (zoomed in by the dashed brown box); LCFA, long-chain fatty acid; FFA, free fatty acid; ETF, electron transport flavoprotein.
Liu et al., Sci. Adv. 2018;4 : eaap9302 7 March 2018 3 of 14
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starvation as two examples of metabolic perturbations that have
well-defined and opposite effects on those metabolic pathways. Hy-
poxia selectively inhibits oxidative phosphorylation and enhances
glycolytic flux, whereas glucose starvation elicits the reverse effect.
We exposed primary human foreskin keratinocytes (HFKs) to tran-
sient hypoxia by changing the media in which the cells are normally
cultured with media that had been nitrogen-bubbled for 6 hours.
NADH TPEF images were captured at an excitation of 755 nm with
a non-descanned photomultiplier tube placed behind a 460 ± 20–nm
band-pass filter and attached to a time-correlated single photon
counting (TCSPC) electronics module (fig. S1A). In this manner, both
the TPEF NADH decay characteristics (that is, lifetime) and the
corresponding integrated intensity were captured. FAD TPEF images
were recorded at an excitation of 860 nm using a 525 ± 25–nm band-
pass filter (fig. S1B). The optical redox ratio was calculated for each
pixel as the FAD/(NADH + FAD) TPEF intensity (fig. S1C). Although
both NADH and NADPH may have contributed to the signal that we
Liu et al., Sci. Adv. 2018;4 : eaap9302 7 March 2018
attribute to NADH, we have shown by mass spectrometry that there
are negligible levels of NADPH in these cells under these conditions,
and the optical redox ratio is highly correlated with the corresponding
ratio assessed based on the corresponding concentrations of NADH
andFAD (29, 30).We find that the optical redox ratio drops significantly
and immediately upon introduction of the cells to the hypoxic media,
and it increases gradually while the oxygen content in the media in-
creases as it diffuses from the microincubator environment (Fig. 2A
and movie S2). Redox ratio values acquired over identical time scales
from control cultures are very stable (movie S1), demonstrating that
the observed changes are due to hypoxia (Fig. 2A). On the basis of the
raw NADH and FAD images (fig. S2, A and B), representative redox
ratio maps from cells exposed to normal and hypoxic media (immedi-
ately after hypoxia exposure) are shown in Fig. 2D and illustrate lower
redox ratio (indicated by the bluer hues) for cells exposed to hypoxia.
This significant decrease of the redox ratio is quantified in Fig. 2E
from four independent experiments. The decrease in redox ratio is
Fig. 2. Optical readouts of HFKs under metabolic pathways of glycolysis or glutaminolysis. Dynamic changes of (A) redox ratio, (B) bound NADH fraction, and
(C) mitochondrial organization during the first 30 min after treatment. (D) Representative maps of redox ratio. (E) Means and SDs of redox ratio. (F) Representative maps
of bound NADH fraction. (G) Means and SDs of bound NADH fraction. (H) Representative images of clone-stamped mitochondria. (I) Mean and SDs of mitochondrial
clustering. For the representative images shown in (D), (F), and (H) corresponding to hypoxia treatment, data were collected immediately after hypoxia exposure. The
significance symbols on top of hypoxia and glucose starvation bars reveal significant differences compared with the normal media treatment. n = 4 cultures per group.
Scale bars, 50 mm. *P < 0.05, **P < 0.01.
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accompanied by a corresponding decrease in the boundNADH frac-
tion (Fig. 2B), as quantified from the phasor-based analysis of the
NADH TPEF lifetime data previously described in detail (34). This
method provides a fast, graphical representation of the decay rate of the
fluorescence intensity, which can be further processed to extract the
contributions of NADH in bound form (that is, associated with a long
lifetime) relative to the total NADHTPEF signal detected (fig. S1,D and
E) (35, 40, 46). Representative images coded by the bound NADH frac-
tion and corresponding mean values from all experimental repeats are
shown in Fig. 2 (F and G) (corresponding phasor plots are shown in fig.
S2C). Finally, Fourier-based analysis of the NADH TPEF intensity
images, which have been pre-processed to include primarily intra-
cytoplasmic intensity variations and lack features associated with the
nuclei and cell borders (fig. S1, F to H), indicates that hypoxia leads
to significantly enhanced mitochondrial clustering (Fig. 2, H and I,
and fig. S2D). However, unlike the gradual recovery of the redox ratio
(Fig. 2A), coinciding with the slow diffusion of atmospheric oxygen
back into the media, the elevated mitochondrial clustering persists for
the duration of ourmeasurements (Fig. 2C). The changes in the trend of
these three optical metrics are summarized in Table 1.

This decrease in redox ratio upon the onset of hypoxia is consistent
with previous studies and is expected as the lack of oxygen abolishes the
mitochondrial oxidative capacity and shifts cellular metabolism to an
exclusively glycolytic profile (Fig. 1A) (22, 47). Thus, the cytosolic and
mitochondrial pools ofNADH increase (Fig. 1A), leading to the observed
decreased redox ratio. A dominant contribution from the cytosolic, free,
NADH pool is also consistent with the observed reduction in the
NADH-bound fraction resulting from the analysis of the lifetime data.
The detected increase in mitochondrial clustering is consistent with
mitochondrial fragmentation, resulting from the hypoxia-driven dis-
engagement of the electron transport chain and the corresponding
decrease in themitochondrialmembrane potential (44). The persistence
of fragmentation while the biochemical equilibrium is under recovery
further agrees with the complex bioenergetics of mitochondrial fusion
that necessitates sufficientATPavailability andmitochondrialmembrane
polarization (48). This observation is also consistent with numerous
previous studies that examinedmitochondrial dynamics under hypoxic
conditions using both endogenous TPEF and exogenous fluorescent
mitochondrial markers (49).

Glucose starvation in the sameHFK cultures elicited the exact oppo-
site combination of changes in the opticalmetabolic readouts compared
to those observed during the hypoxic insult (Fig. 2). As the glycolytic
Liu et al., Sci. Adv. 2018;4 : eaap9302 7 March 2018
flux is diminished, mitochondrial bioenergetic adaptation is required to
support cellular homeostasis. To counteract the lack of the glycolytic
carbon source, pyruvate, glutamine uptake is elevated (30). Glutamine
enters themitochondria in the form of glutamate, which is converted to
a-ketoglutarate and fuels the TCA cycle (Fig. 1A) (30). The abrogation
of the cytosolic, free, NADH pools and the increased mitochondrial
oxidative flux yield an increase of the mitochondrial, bound NADH
fraction (Fig. 2, B, F, and G, and fig. S2C) and an increase in the overall
cellular redox ratio (Fig. 2, A, D, and E; fig. S2, A and B; and movie S3).
The detected levels of decreasedmitochondrial clustering relative to the
control population (Fig. 2, C, H, and I) are further supported by previ-
ous studies by our group (43) and others (50), showing that nutrient
starvation leads to mitochondrial reorganization to a more fused state
(fig. S2D). The latter has been associated with prevention of mitochon-
drial autophagy and increased oxidative efficiency to maintain ATP
levels (30, 43, 51).

Extrinsic uncoupling by CCCP leads to an expected increase
in the optical redox and mitochondrial clustering and a less
intuitive increase in the bound NADH fraction
We then sought to investigate how extrinsic and intrinsic mechanisms
of mitochondrial uncoupling affected the optical readouts. Mitochon-
drial uncoupling is an important metabolic perturbation because it is
implicated in life-span extension, thermogenesis, ischemic precondi-
tioning, and othermetabolic processes, through its effects onmitochon-
drial dynamics, cellular metabolic rate, and reactive oxygen species
(ROS) production (52, 53). Mitochondrial electron and proton leaks
have a major impact on mitochondrial coupling efficiency and pro-
duction of ROS (54). Electron leak from the electron transport chain
before cytochrome c oxidase can cause superoxide production (54).
Proton leaks can be basal or inducible, with the former being unregulated
and the latter being biologically mediated by specific mitochondrial in-
ner membrane proteins [for example, adenine nucleotide translocase
and uncoupling proteins (UCPs)] (54). Extrinsic chemical uncoupling
induced by carbonyl cyanide m-chlorophenyl hydrazine (CCCP), a
chemical protonophore that causes a proton leak, diminishes mito-
chondrial ATP production by collapsing the proton gradient over the
mitochondrial membrane and is expected to augment the rates of gly-
colysis and theTCAcycle (Fig. 1B). Increased glycolytic flux is necessary
to sustain ATP availability and produce reducing equivalents and carbon
substrates that enter themitochondrial matrix and fuel the TCA cycle,
which is accelerated to compensate for the proton leak (Fig. 1B).
Table 1. Changes of optical readouts under different metabolic perturbations. FA, fatty acid; BAT, brown adipose tissue. ↑, increase; ↓, decrease;↔, no change.
Metabolic perturbation
 Biological specimens
 Redox ratio
 Bound fraction
 Mitochondrial clustering
Hypoxia
 Human foreskin keratinocytes, C2C12 myoblasts
 ↓
 ↓
 ↑
Glucose starvation
 Human foreskin keratinocytes, C2C12 myoblasts
 ↑
 ↑
 ↓
Chemical uncoupling
 HL-1 cardiomyocytes, C2C12 myoblasts
 ↑
 ↑
 ↑
Cold activation
 BAT
 ↑
 ↓
 ↑
FA supplementation (oleate)
 C2C12 myoblasts
 ↓
 ↓
 ↔
FA supplementation (palmitate)
 C2C12 myoblasts
 ↓
 ↓
 ↑
Adipogenic differentiation
 Mesenchymal stem cells
 ↓
 ↑
 ↑
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Because the redox state of the cytosolic NAD+ pool is a primary regu-
lator of the glycolytic rate (55), the cytosolic NADH/NAD+ ratio must
bemaintained at low levels for glycolysis to continue to occur and supply
mitochondrial substrates (56). Thismay be achieved in threeways. First,
lactate dehydrogenasemay reduce pyruvate flux into lactate, usingNADH
to perform the reduction to restore the NAD+ pool (Fig. 1B) (57).
Alternatively, NADH generated during glycolysis can “enter” the
mitochondria via the malate-aspartate shuttle (Fig. 1B) (58), which
can function effectively in that direction only when the NADH/NAD+

ratio is higher in the cytosol than in the mitochondrial matrix; other-
wise, its direction is reversed. Last, the G3P shuttle (Fig. 1B, marked by
the purple dashed box) (59, 60), alongside the malate-aspartate trans-
porter, can provide a secondary, rapidly operating biochemical
pathway used for the reoxidation of glycolytically formed NADH
and entry of its reducing power directly into the electron transport
chain through coenzyme Q (61). CCCP-induced uncontrolled respi-
ration leads to a more oxidized cellular state, as expressed by the elevated
optical redox ratio of HL-1 mouse cardiomyocytes treated with CCCP
(Fig. 3, A and B; fig. S3, A and B; and Table 1) versus their respective
control. In this context, a decrease in bound NADH is expected as the
mitochondrial NADH is consumed. In agreement with previous studies,
longer NADH lifetimes are detected (Fig. 3, C and D; fig. S3C; and
Table 1) (62). One hypothesis (63) is that the dissipation of the pH
gradient over themitochondrial innermembrane leads tomitochon-
drial matrix acidification. This, in turn, affects the structural dynamics
of the electron transport chain proteins with which NADH interacts in
its bound form (64), while minimally affecting the free NADH lifetime
(65), thus overall increasing the contribution of the boundNADHto the
observed lifetime. Other hypotheses cannot be excluded. For example,
changes in the NADH/NAD+ ratio, which affect the binding dynamics
of the NADH-related enzymes and thus their lifetime components (66),
Liu et al., Sci. Adv. 2018;4 : eaap9302 7 March 2018
along with redistribution of the cellular NADH pools to enhance com-
pensatory pathways, as discussed above, would be in agreement with
the detected higher redox ratio, decreased available cellular NADH
(62), increased lactate production (67), and increased contributions
from long (>750 ps) NADH lifetimes (62). The latter agree with life-
times measured from NADH bound to malate dehydrogenase, G3P de-
hydrogenase, and lactate dehydrogenase (33, 66, 68). Last, changes in the
rotational parameters of the mitochondrial matrix enzymes to which
NADHbinds could also contribute to the detected increases from the
longer-lifetime, bound NADH. It has been shown that CCCP in-
duces mitochondrial depolarization and subsequent fragmentation,
which is consistentwith the detected increasedmitochondrial clustering
levels (Fig. 3, E and F; fig. S3D; and Table 1), and CCCP-induced
depolarization further leads to mitochondrial matrix condensation
(69–71). A more condensed matrix would yield increased viscosity,
which is a microenvironmental parameter known to increase NADH
lifetime due to prolonged rotational diffusion time and decreased rota-
tional mobility (72).

NADH fluorescence lifetime reveals the involvement of
alternative metabolic pathways in response to intrinsic
uncoupling in BAT versus CCCP-induced
extrinsic uncoupling
Intrinsic mitochondrial uncoupling is performed by a number of pro-
teins belonging to the mitochondrial anion carrier family (73), with a
subgroup named “UCPs.” The first one identified, UCP1, is the most
famous of the four and primarily mediates nonshivering thermogenesis
in BAT (74), acting as a dynamic LCFA anion/H+mitochondrialmatrix
symporter (Fig. 1C, as marked by the brown dashed box) (75). We in-
duced nonshivering thermogenesis by cold exposure (76) andmonitored
the impact of sympathetic system activation and the subsequent intrin-
sic norepinephrine-induced stimulation of brown fat depots ofC57BL/6
mice both ex vivo and in vivo (Fig. 4, A to C, and fig. S4). This pertur-
bation represents a case of intrinsic inducible proton leak.We observed
consistent changes in the optical metabolic readouts in both cases. The
redox ratio (Fig. 4, D, E, J, andK; fig. S5, A, B, E, and F; and Table 1) and
mitochondrial clustering (Fig. 4, H, I, N, and O; fig. S5, D and H; and
Table 1) are significantly increased, in agreement with our observations
of CCCP-induced uncoupling. This is a reflection of a more oxidized
state of the activated brown fat depots due to higher turnover rates in
the electron transport chain. Furthermore, adrenergic stimulation due
to cold exposure is known to induce DRP1-dependent mitochondrial
fragmentation (77) before the depolarization associated with free fatty
acid release, UCP1 function, and heat production (70). In this case,
proper mitochondrial fission is necessary to potentiate mitochondrial
depolarization and OPA-1 (optic atrophy 1)–related cristae restructur-
ing, leading ultimately tomatrix swelling (77). The latter further hints at
the different fissioning responses between the extrinsic and intrinsic
mechanisms studied. As originally expected and contrary to the CCCP
outcomes, the NADH bound fraction in the cold-activated BAT was
reduced (Fig. 4, F, G, L, and M; fig. S5, C and G; and Table 1). The dis-
crepancy between the extrinsic and intrinsic uncoupling lifetime readouts
could be attributed to the involvement of alternative metabolic pathways
in the BAT tissue function and the differential mitochondrial dynamics
responses affecting the matrix density. Activated BAT tissue is known to
primarily use fatty acids (Fig. 1C) as a direct oxidative substrate to gen-
erate acetyl-CoA and reducing equivalents (FADH2 and NADH) to
maintain the proton gradient (78). Glycolytic fluxes are mainly driven
toward cytosolicATPproduction through lactate conversion andpartially
Fig. 3. Optical readouts of HL-1 cardiomyocytes in response to chemical un-
coupling by CCCP. (A) Representative maps of redox ratio. (B) Means and SDs of
redox ratio. (C) Representative maps of bound NADH fraction. (D) Means and SDs
of bound NADH fraction. (E) Representative images of clone-stamped mitochon-
dria. (F) Means and SDs of mitochondrial clustering. The significance symbols on
top of CCCP bars reveal significant differences compared with the control group.
n = 4 cultures per group. Scale bars, 30 mm. *P < 0.05, **P < 0.01.
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also serve an anaplerotic function (79), that is, to replenish citric acid
cycle intermediates (that is, oxaloacetate), which would in turn facilitate
the capacity of the TCA cycle to maintain elevated levels of fatty acid
oxidation. As such, the cytosolic-mitochondrial shuttling mechanisms
described earlier (that is, the malate/aspartate and the G3P shuttle) are
not expected to play significant roles in this case. Increased levels of free
fatty acids may inhibit the mitochondrial flavin moiety of the G3P
shuttle, shifting its direction to the production of G3P (78), a molecule
necessary for free fatty acid incorporation into triacylglycerols and sub-
sequent lipid droplet storage, which is a process still active during BAT
activation (80). In addition, UCP1’s uncoupling function is dynamic,
based on the availability of free fatty acids released from the induced
lipolysis (Fig. 1C) (75). Accordingly, the degrees of uncoupled thermo-
genesis and respiration are swiftly and sensibly regulated; under adre-
nergic stimulation and free fatty acid release, uncoupled thermogenesis
and respiration are up-regulated, consuming themitochondrial NADH
and FADH2 and thus increasing the redox ratio and lowering the bound
fraction contributions. The decreased matrix condensation due to the
mitochondrial swelling would also increase the rotational mobility of
the enzymatic complexes, thus reducing their lifetimes. Whereas gas-
eous anesthetics, such as isoflurane, which was used during in vivo
Liu et al., Sci. Adv. 2018;4 : eaap9302 7 March 2018
imaging, have been shown to disrupt BAT thermogenesis in isolated
brown adipocytes, hamsters, and rats (81, 82), BAT metabolism
supported by both lipolysis and glucose uptake is not abolished. A re-
cent positron emission tomography (PET) imaging studyperformedwith
2% isoflurane anesthesia (higher than the 1.5%maintenance dosewe use)
revealed both 18F-FDG uptake and a decrease of the total lipid vacuoles
following adrenergic stimulation by disodium salt [CL316,243] (a b3-
adrenergic receptor stimulator) (83). Thus, our results likely underrepre-
sent the level of changes that may be present in the absence of isoflurane
anesthesia and support the sensitive nature of our measurements.

Saturated fatty acid overload induces a significant decrease
in the optical redox ratio and bound NADH fraction and an
increase in mitochondrial clustering as mitochondria
become dysfunctional
Finally, we focused on the investigation of fatty acidmetabolism through
fatty acid loading and fatty acid synthesis (Fig. 5). Fatty acidmetabolism
is highly relevant in increasinglymore prevalentmetabolic disorders,
including obesity, liver dysfunction, cardiomyopathy, and diabetes
(84, 85). Using established protocols, we treated C2C12 mouse myoblasts
(86) with either oleate, as a representative unsaturated fatty acid, or
Fig. 4. Optical readouts of BAT in response to cold activation, ex vivo or in vivo. (A) Schematic of the location and composition of BAT. The yellow circle on the
mouse indicates the location of BAT used for imaging. (B) Schematic of the experimental treatment. (C) Schematic for the in vivo imaging of BAT, whose boundary is
indicated with a dashed line. Arrow points the main artery entering and branching into the depots, which is a characteristic anatomical guide to identify the BAT tissue.
(D and J) Representative maps of redox ratio. (E and K) Means and SDs of redox ratio. (F and L) Representative maps of bound NADH fraction. (G andM) Means and SDs
of bound NADH fraction. (H and N) Representative images of clone-stamped mitochondria. (I and O) Means and SDs of mitochondrial clustering. The significance
symbols on top of cold bars reveal significant differences compared with the control group (room temperature). For both ex vivo and in vivo experiments, n = 3 mice
per group. Scale bars in (D), (F), and (H), 50 mm. Scale bars in (J), (L), and (N), 100 mm.*P < 0.05.
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palmitate, a saturated fatty acid (87). Both saturated and unsaturated
fatty acids were chosen because studies have previously shown distinct
outcomes with regard to cellular parameters, including ROS and ATP
production and mitochondrial dynamics (87). During fatty acid catab-
olism, FADH2, NADH, and acetyl-CoA are produced sequentially until
all the carbons of the fatty acid chain are used (Fig. 1C). Acetyl-CoA
normally enters the TCAcycle to complete its oxidation andproduction
of reducing equivalents, whereas NADH enters the electron transport
chain through complex I and FADH2 through the electron transfer fla-
voprotein and Q complex directly, thus bypassing complex I. Increased
b-oxidation due to fatty acid overload is expected to introduce primarily
an excess of mitochondrial NADH and therefore to reduce the optical
redox ratio and increase the bound lifetime contributions. Both fatty
acids lead to a decrease in the redox ratio (Fig. 5, A and B; fig. S6, A
andB; andTable 1) as anticipated.Wemeasured significantly decreased
levels of NADH-bound fraction upon treatment with oleate and even
lower levels upon exposure to palmitate (Fig. 5, C and D; fig. S6C; and
Table 1). We detected no changes in the mitochondrial clustering of
oleate-treated cells, whereas palmitate treatment induced increased
mitochondrial clustering (Fig. 5, E and F; fig. S6D; and Table 1). These
findings are in accordance with our studies (fig. S7) and those of others
(87), showing that palmitate induces mitochondrial dysfunction and
fragmentation due to increased ROS production, whereas oleate pre-
servesmitochondrial function and architecture. The distinct mitochon-
drial dynamics outcomes could be attributed to the diverse chemical
characteristics of the fatty acids. Although both fatty acids are expected
to create an energetic burst, oleate’s double bond requires an NADPH-
mediated oxidation step, which slows the catabolic rate and steadily
consumesNADPH,which is regenerated by consuming the proton gra-
Liu et al., Sci. Adv. 2018;4 : eaap9302 7 March 2018
dient (88).Moreover, unsaturated fatty acids aremore easily incorporated
into triacylglycerols (89) and are chemically better mitochondrial un-
couplers than their saturated counterparts (90); thus, oleate can bemore
easily stored intracellularly, and while it creates an energetic surplus, it
also steadily and mildly consumes the proton gradient and uncouples
the proton motive force from ATP production. This, in turn, promotes
the forward flow of electrons through the respiratory chain and de-
creases the chances of Q complex competition overload (by the FADH2

and theNADH that compete to oxidize complexQ; Fig. 1C) (73). Thus,
the cell evades the formation of ROS by complex I induced by reversed
electron transport function and preserves mitochondrial function and
architecture. In contrast, palmitate lacks the beneficial characteristics
described for oleate and induces rapid ROS formation, mitochondrial
fragmentation, mitochondrial dysfunction, and ultimately decreased
ATP production (87). We suspect that the unexpected NADH lifetime
reductionmaybedue to cytosolicNADHcontributions fromperoxisomal
b-oxidation and reversedmalate-aspartate shuttle function. Peroxisomal
b-oxidation producesNADH in a similarmanner to themitochondrial
one. Reoxidation of the intraperoxisomal NADH is necessary for the
b-oxidation to continue, and that can only happen in the cytosol and
the mitochondria. Therefore, a shuttling mechanism is necessary to
regulate intraperoxisomal NAD+/NADH, transferring NADH to the
cytosol. Although a peroxisomal to cytosolic shuttling mechanism
has not been definitely identified yet in eukaryotes, evidence exists
for a lactate/pyruvate-based redox shuttle (Fig. 1C) (91). The cytosolic
NADH can then be recycled through one of the two cytosolic-to-
mitochondrial NAD(H)-redox shuttles previously described. As
mentioned, the malate-aspartate shuttle is bidirectional and depends
strongly on the cytosolic and mitochondrial NADH/NAD+ ratios.
Fig. 5. Optical readouts during the processes of fatty acid oxidation and synthesis. (A to F) Readouts of C2C12 myoblasts under b-oxidation induced by supple-
menting oleate (unsaturated fatty acid) or palmitate (saturated fatty acid). (G to L) Readouts of mesenchymal stem cells (MSCs) at various stages of lipogenesis. (A and
G) Representative maps of redox ratio. (B and H) Means and SDs of redox ratio. (C and I) Representative maps of bound NADH fraction. (D and J) Means and SDs of
bound NADH fraction. (E and K) Representative images of clone-stamped mitochondria. (F and L) Means and SDs of mitochondrial clustering. Regarding fatty acid
oxidation, otherwise indicated, the significance symbols on top of oleate or palmitate bars reveal significant differences compared with the vehicle treatment. n = 3 cultures
per group. Scale bars, 30 mm. Regarding fatty acid synthesis, the significance symbols on top of adipogenic bars reveal significant differences compared with the MSC
propagation group. n = 4 cultures per group. Scale bars, 50 mm. *P < 0.05, **P < 0.01.
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Whenmitochondrial b-oxidation levels are high,mitochondrialNADH
accumulates. Because a high mitochondrial NADH/NAD+ ratio would
inhibit b-oxidation (92), the shuttle could act in reverse, shuttling
NADH to the cytosol. The G3P shuttle includes a reversible NADH-
to-G3P oxidation step and an irreversible G3P-to-FADH2 reduction.
During high levels of free fatty acids, the FADH2 reduction is attenu-
ated, promoting the cytosolic NADH oxidation–to–G3P production
step and triacylglycerol biosynthesis. Through this mechanism, palmi-
tate, because of its decreased triacylglycerol incorporation, is anticipated
to have an even lower bound NADH fraction than oleate, which is
consistent with our findings. Further, in the case of palmitate, a contin-
uously increasing cytosolic NADH/NAD+ due to palmitate’s energetic
burst anddecreased triacylglycerol incorporationwouldultimately inhibit
both peroxisomal andmitochondrialmetabolism. Such a continuous and
uncontrolled cellular redox decrease could be amajor participant in the
lipotoxicity, accumulation of metabolic intermediates, and cell death
observed after prolonged incubation times with palmitate alone (87).

Fatty acid synthesis leads to the accumulation of bound
NADH in mitochondria and an increase in mitochondrial
clustering to facilitate biosynthesis
Last, to examine the impact of fatty acid synthesis, we monitored the
differentiation of MSCs into adipocytes. We found that fatty acid syn-
thesis is accompanied by a decrease in the redox ratio (Fig. 5, G and H;
fig. S8, A and B; and Table 1). This is a change that we previously
reported (29) and is attributed to mitochondrial biogenesis (27, 93)
and the accumulation of mitochondrial NADH as glucose catabolism
outpaces ATP production to support the biosynthetic drive that con-
sumes TCA intermediates (that is, citrate; Fig. 1C) (24, 72, 94). These
processes also lead to a corresponding increase in the bound NADH
fraction (Fig. 5, I and J; fig. S8C; and Table 1). The associated increase
in mitochondrial clustering (Fig. 5, K and L; fig. S8D; and Table 1) is
consistent with mitochondrial truncation and branching to efficiently
surround the lipid droplets and facilitate lipid biosynthesis compared
to the more extended mitochondrial networks of the undifferentiated
human MSCs (71).

Multiparametric functional assessment provides
complementary insights into the underlying biological
mechanisms and enables quantitative characterization of
the heterogeneity in cellular responses
The optical measurements of each perturbation shown above were
performed in different biological systems. To assess the consistency of
opticalmeasurements when applying the same perturbation to different
biological systems and to compare these optical readouts in a more
physiologically consistent context, we performed further treatments
including hypoxia, glucose starvation, and CCCP uncoupling to C2C12
myoblasts. As shown in fig. S9, these perturbations lead to exactly the
same trends in the relative change of redox ratio, boundNADH fraction,
and mitochondrial clustering (see also fig. S10) as those acquired from
HFKs orHL-1 cardiomyocytes. As summarized inTable 1, these studies
reveal the potential of using a combination of endogenous opticalmeta-
bolic readouts to acquire sensitive and quantitative insights into not only
the presence of a metabolic change but also the underlying metabolic
processes that produced the change. For example,whereas both enhanced
glycolysis and fatty acid synthesis lead to a decrease in the optical redox
ratio and an increase in mitochondrial clustering, the NADH-bound
fraction decreases in the former and increases in the latter case. Thus,
characterization of all three optical metabolic readouts enables us to
Liu et al., Sci. Adv. 2018;4 : eaap9302 7 March 2018
identify the underlying mechanisms driving the detected metabolic
change in a more rigorous manner (Fig. 6A). To further investigate the
degrees of informational complementarity of the optical biomarkers, we
quantified their classification potential at the cellular level because
cellular diversity represents one of the greatest challenges in deciphering
biological function and response to treatment (95). Ultimately, single-
cell functional analysis is key to understanding the complex behavior
and heterogeneity of biological systems. We extracted the metabolic
readouts of 1517 randomly selected cells (939 belonging to the groups
of cells exposed to perturbations that led to changes in glycolysis, glu-
taminolysis, uncoupling, and fatty acid oxidation or synthesis and 578
belonging to the respective control groups) and then analyzed the rela-
tive differences of each cell belonging to the perturbation groups (48 to
108 cells per perturbation) with respect to the control group’s mean cell
behavior (Fig. 6B). Note that the cell-based readouts corresponding to
the same perturbation, although acquired from different biological
systems (including hypoxia, glucose starvation, or chemical uncoupling,
as revealed by hues in Fig. 6, A and B), spatially overlap. As a means to
quantify that overlap,weused a predictive classification approachwhere
the data of the C2C12 myoblasts from the hypoxia, glucose starvation,
and CCCP treatments were used as a test set, and all other data were
used as a training set to extract the discriminant analysis classification
functions. The latter classified the C2C12 test data to the appropriate
underlyingmetabolic perturbations with an accuracy of 94.8%. Because
of the detected functional and metabolic output similarities for each of
the perturbations wheremultiple biological specimens were interrogated,
data weremerged into a unified perturbation group for further analysis.
The three-metric combination produced the best separation and quan-
titatively yielded the highest original (91.6%) and cross-validated accu-
racy (91.6%) in classifying the 939 cells into the seven experimental
perturbations examined. In contrast, the utilization of only one or
two metrics at a time yielded varying accuracies ranging from 35.5 to
70.9% (with only onemetric; fig. S11) or 66.5 to 87.8% (with twometrics;
fig. S11). The consistency in the quantitative changes that are observed
in response to changes in the same metabolic pathways in different
cellular systems is highly promising in terms of truly using this 3D
change space as a guide to gaining insights into the metabolic origins of
observed optical metabolic readout changes. Additional studies are
needed to explore the dose dependence and sensitivity of responses,
such as the ones associated with CCCP uncoupling or palmitate and
oleate supplementation, in greater detail. Enzymatic inhibitors could
also be used to further assess specific metabolic pathways in a well-
designedmanner. In addition, some pathways, such as the ones involved
in BAT activation or adipogenic differentiation, will be relevant only for
specific populations of cells. However, the fact that changes in these
more specialized metabolic pathways occupy unique volumes within
the multiparametric metabolic optical readout space highlights the
potential of the method. The distributions of these 1517 cells in each
biological system are shown in Fig. 6C, which enables a holistic visual-
ization of multivariate optical measures of cellular functional heteroge-
neity. In most cases, as evident by the enlarged ellipsoids, there is an
increase in overall heterogeneity in treated groups, which reveals cellular
diversity in response to perturbations, consistent with numerous previ-
ous studies (5, 96). The heterogeneity in response, as visualized by dis-
tinct changes in the ellipsoids’ overall 3D orientation and quantified by
the heterogeneity index (table S1) (96), is not always driven by the same
optical biomarker, further signifying themarkers’ functional complemen-
tarity. The ability to perform single-cell analysis to probe functional
heterogeneity relying on entirely endogenous sources of contrast, within
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Fig. 6. Holistic visualization of data sets by combining all three optical metrics. (A) A combination of relative changes of the redox ratio, NADH-bound fraction,
and mitochondrial clustering metrics at the biological replicate level distinguishes all the metabolic perturbations. Colors used for representation of the different
perturbations and biological specimens are shown on top. For each of the perturbations where data from multiple cell lines are shown, light and dark hues are used
to differentiate between biological specimens. (B) A combination of relative changes of these three metrics at the cell level yields an original classification accuracy of 91.6%
and a cross-validated classification accuracy of 91.6% in differentiating these metabolic perturbations. Ellipsoids represent 70% of data coverage. Color representation is the
same as in (A). (C) 3D scatterplots based on single-cell analysis for visualization of heterogeneity across individual cells in different biological systems. The colors used for
different experimental groups are indicated below each panel.
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intact, live cells and tissues, dynamically over time, offers significant advan-
tages over traditional, metabolic assays, which are generally performed on
cell extracts. This is also an advantage over the more traditional in vivo
metabolic imaging modalities, such as PET and functional magnetic
resonance imaging, which have superb depth penetration capabil-
ities over multiphoton imaging but lack this level of resolution.

In conclusion, our findings show that multiparametric two-photon
imaging of endogenous molecules and subcellular structures is a valu-
able investigational approach that enables noninvasive and quantitative
assessments of metabolic alterations at the single-cell or tissue level.
Further, our studies demonstrate that we can gain significant insights
into not only the presence of metabolic changes but also the nature
of the metabolic processes that are altered. Although the complete
network of metabolic pathways is incredibly complex and the intensity
or time-decay signals that we detect do not directly reveal the origins of
detected changes, the systematic analysis and results we present offer a
useful initial roadmap for identifying changes inmajor specificmetabol-
ic processes that are typically altered during the development of diseases
in which cellular metabolism is known to play a significant role. Thus,
we expect that this will be an important new platform for characterizing
metabolic activity in physiologically relevant contexts (that is, live cells
and tissues) that can be used to understand and detect diseases or
monitor the metabolic impact of new treatments.
MATERIALS AND METHODS
Cell culture and BAT preparation
Details regarding the cell culture, treatment, and the preparation of BAT
tissue samples are described in the Supplementary Materials.

TPEF data acquisition
Images were obtained using a custom-built microscope with a 40×
[numerical aperture (NA), 1.1] or a 25× (NA, 0.95) water-dipping
objective equipped with a tunable (710 to 920 nm) Ti:sapphire laser
(Mai Tai, Spectra-Physics; Supplementary Materials).

Optical redox ratio calculation
To process the optical redox ratio, the fluorescence intensity of either
NADH or FAD at each pixel was first taken as the total photon counts
detected during the integration time without spatial binning. For cell
cultures, the cytoplasm of cells, the material within a living cell exclud-
ing the cell nucleus, was selected based on an intensity threshold (fig. S1F),
whereas the segmentation of cell cytoplasm and lipid areas for BAT
tissues was extracted by a combination of fluorescence intensity and
lifetime information (fig. S4) (97). Pixel-wise redox ratio maps were
created using fluorescence intensities as FAD/(FAD + NADH). These
redox ratio maps were color-coded in MATLAB and multiplied by
merged grayscale intensity images of NADH and FAD for visualization
purposes (29, 30), as demonstrated in Figs. 2 to 5. Themean redox ratio
was acquired by averaging the redox ratio values within only the cell
cytoplasm areas, excluding background and nucleus. Further studies
that more carefully examine the nuclear autofluorescence signal may
provide additional insights.

Phasor fluorescence lifetime analysis
Using a commercial TCSPC electronics module, we acquired the
NADH fluorescence decay Im,n at each pixel of an image, where (m, n)
is the pixel location. Then, real and imaginary parts of the Fourier
transform of the decay curve at each pixel were used to determine
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the x- and y-axis coordinates of a phasor (fig. S1D), as previously
defined (35, 40). A phasor is generally defined as a vector, whose di-
rection relative to the x axis represents the phase of a wave and whose
length represents the amplitude. Using this approach, fluorescence
lifetime spectra characterized by a monoexponential decay were
mapped onto a point that fell on the universal semicircle (fig. S1D).
More complicated decay curves were represented by points within
the semicircle. The phasors of spectra well described by a biexponential
decay fell on a line within the semicircle, with the two points where the
line intersected the semicircle representing the short and long lifetime
components. The relative distance of the point on that line provided an
estimate of the fractional contributions of the free (short lifetime) and
bound (long lifetime) NADH components (fig. S1D). The bound
NADH fraction was estimated based on the location of the centroid
of ellipses that represented the distributions of the detected fluorescence
decay data. This metric was used throughout this study to resolve
NADH lifetime information. The fractional contribution can be quan-
tified per pixel, yielding the color-coded (by MATLAB) bound NADH
fraction imagemaps (fig. S1E) (34). ThemeanboundNADH fraction of
each image was acquired by averaging the values within only the cell
cytoplasm areas.

PSD-based mitochondrial clustering characterization
To assess mitochondrial clustering, we used a previously established,
automated Fourier technique to obtain power spectral density (PSD)
curves from each image (41, 42). Briefly, using a binary mask (fig.
S1F), low-intensity regions, which mainly corresponded to background
or weakly fluorescent nuclei, were excluded, and only cell cytoplasmic
regions remained. Then, the image intensity patterns within the cell cy-
toplasm regions were cloned and randomly positioned in the blank
space of the image to create a new image without distinct cell borders
and only cell mitochondrial patterns spanning the entire image (fig.
S1G) (42, 43). This clone-stamping approach led to a more accurate as-
sessment of the mitochondrial organization than using the raw image
by eliminating artifacts caused by cell borders (42). Upon Fourier
transformation, a PSD frequency curve was created for each image.
As in previous work (41), we identified an inverse power-law behavior
of PSD curve at high spatial frequencies (>0.1 mm−1, corresponding to
the size of mitochondria), suggesting a fractal organization of mito-
chondria and appearing as a linear portion in log-log space. We then
fitted this linear portion between 0.1 mm−1 and the frequency at 98%
of the entire PSD region (marked by a blue asterisk; fig. S1H) and
acquired the exponential power, b, which is an indicator of the mito-
chondrial clustering used in this study. Note that each clone-stamping
operation generated a slightly different image, which yielded a slightly
different b value as well. To address this issue, we performed the clone-
stamping 20 times for each image and reported the average b value of
these 20 calculations as the mitochondrial clustering of the image.

Cell-based analysis
To assess the ability to distinguish different metabolic pathways by a
combination of redox ratio, bound NADH fraction and mitochondrial
clustering at the cellular level, and the heterogeneity of these three
optical metrics under different perturbations, we performed the cell-
based analysis complementary to the well-based (or animal-based)
one. Briefly, we randomly selected six to eight cells from each image of
field and acquired the mean redox ratio, mean bound NADH fraction,
and mitochondrial clustering within the cytoplasm area of each cell.
Specifically, the mitochondrial clustering was calculated by clone-
11 of 14



SC I ENCE ADVANCES | R E S EARCH ART I C L E
stamping the cytoplasm area of the selected cell to create a new
image followed by Fourier transformation. These cell-based data
were then grouped according to different perturbations for dis-
criminant analysis (Fig. 6B and fig. S11) or for visualization of
heterogeneity (Fig. 6C). Because of the functional and metabolic
output similarities, the ex vivo and in vivo BAT cold activation
data were merged into a single group.

Statistical analysis
For samples with multiple groups (HFKs and C2C12 cells), an analysis
of variance (ANOVA) with Tukey’s post hoc test was used to assess sig-
nificant differences in redox ratio, NADHbound fraction, ormitochon-
drial organization using JMP 12 (SAS Institute). Otherwise, a two-tailed
t test was used. Results were considered significant at P < 0.05. To eval-
uate the one-, two-, or three-metric separation models, canonical linear
discriminant analysis was performed. Discrimination accuracies were
calculatedwith the linear discriminant functions determined and applied
using the entire data set and a leave-one-out cross-validation scheme
acquired by running discriminant function analysis using SPSS. Simi-
larly, for evaluating the predictive classification performance of the
three-metric model and calculating the discrimination accuracy, the
classification functions extracted from the training data set were ap-
plied to the data representing the test set.
SUPPLEMENTARY MATERIALS
Supplementary material for this article is available at http://advances.sciencemag.org/cgi/
content/full/4/3/eaap9302/DC1
Cell culture and treatment
BAT preparation
TPEF data acquisition
Segmentation algorithm for BAT image analysis
Calculation of heterogeneity index
fig. S1. Schematic of integrated analysis processing.
fig. S2. Raw data set for HFK cells under metabolic pathways of glycolysis or glutaminolysis,
corresponding to representative images shown in Fig. 2.
fig. S3. Raw data set for HL-1 cells under chemical uncoupling, corresponding to
representative images shown in Fig. 3.
fig. S4. Schematic of image segmentation of cytoplasm and lipids by taking into account both
FAD fluorescence intensity and NADH bound fraction.
fig. S5. Ex vivo and in vivo raw data set for BAT under the treatment of cold activation,
corresponding to representative images shown in Fig. 4.
fig. S6. Raw data set for C2C12 cells at various stages of b-oxidation, corresponding to
representative images shown in Fig. 5 (A to F).
fig. S7. Fluorescence images of C2C12 cells with MitoTracker Green FM staining under different
fatty acids supplement.
fig. S8. Raw data set for MSCs during lipogenesis, corresponding to representative images
shown in Fig. 5 (G to L).
fig. S9. Optical readouts of C2C12 myoblasts in response to hypoxia, glucose starvation, or
CCCP-induced chemical uncoupling.
fig. S10. Fluorescence images of C2C12 cells stained with tetramethylrhodamine ethylester
(20 nM) under various treatments.
fig. S11. Classification of metabolic pathways using only one or two of the three optical
metrics.
table S1. Individual heterogeneity index for each optical metric under different perturbation.
movie S1. Dynamic redox ratio maps of HFKs treated by normal media.
movie S2. Dynamic redox ratio maps of HFKs treated by hypoxia media.
movie S3. Dynamic redox ratio maps of HFKs treated by no-glucose media.
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