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A metabolic mechanism for oxalic acid biosynthesis in the wood-
rotting basidiomycete Fomitopsis palustris has been proposed on
the basis of biochemical analyses of glucose metabolism. There
was a strong correlation between glucose consumption and ox-
alate production. Oxalic acid was found to accumulate in the
culture fluid in about 80% of the theoretical yield or about 5-fold,
on the basis of the fungal biomass harvested. The results clearly
indicate that glucose was not completely oxidized to CO2 by the
tricarboxylic acid (TCA) cycle but converted mainly to oxalate. The
determination of the 12 enzymes concerned has revealed the
occurrence of the unprecedented metabolic coupling of the TCA
and glyoxylate cycles that support oxalate biosynthesis. In this
metabolic system, isocitrate lyase (EC 4.1.3.1), together with ox-
aloacetase (EC 3.7.1.1), was found to play a pivotal role in yielding
oxalate from oxaloacetate via the acetate-recycling routes. More-
over, malate dehydrogenase (EC 1.1.1.37), with an extraordinarily
high activity among the enzymes tested, was shown to play an
important role in generating NADH by oxidation of malate to
oxaloacetate. Thus, it is proposed that the wood-rotting basidio-
mycete acquires biochemical energy by oxidizing glucose to
oxalate.

Metabolism of oxalic acid, which occurs in a wide variety of
higher plants, cultures of molds, and even in human urine

as an end product, has long been investigated from a medicinal
viewpoint (1). Oxalic acid has three chemical natures: it is as
proton and electron source and a strong metal chelator, despite
its simple chemical formula of (COOH)2. Due to its unique
multiple chemical natures, it has been receiving much attention
for its various ecological qualities, such as: (i) bioremediation of
a wide variety of organic pollutants (2) with lignin biodegrada-
tion systems (3–7); (ii) inactivation of copper-containing wood
preservatives by wood-rotting fungi (8, 9); (iii) detoxification of
aluminum toxicity in Al-resistant buckwheat (10); (iv) crop
damage caused by oxalic acid-producing phytopathogens (11,
12); (v) the biofertilizer effect of ectomycorrhizal fungi (13, 14);
and (vi) being an electron source for nitrogen fixation in
symbiotic rhizobia in a legume plant (15). In addition, oxalic acid
is known as the general physiological trait that most brown-rot
basidiomycetes, including Fomitopsis palustris, accumulate oxalic
acid at greater concentrations in culture fluid, whereas white-rot
ones do not because they metabolize andyor decompose oxalic
acid by various mechanisms (16–19). Nevertheless, the white-
rots were observed to accumulate Ca-oxalate during wood decay
processes (20).

However, no systematic biochemical analysis of glucose me-
tabolism for oxalate biosynthesis has been conducted in earlier
investigations. Therefore, a physiological role of oxalate produc-
tion in wood-rotting basidiomycetes has not yet been clarified.
Previously, we have reported the occurrence of the two oxalate-
producing enzymes, glyoxylate (GLOX) oxidase and oxaloac-
etase (OXA), in the wood-rotting fungus F. palustris (21, 22). We
have purified and characterized a flavohemoprotein glyoxylate
dehydrogenase (GLOXDH) that catalyzes dehydrogenation of
glyoxylate to oxalate in the presence of cytochrome c (23). Quite
recently, we have also found that the glyoxylate-producing
enzyme, isocitrate lyase (ICL), and the glyoxylate-using enzyme,

malate synthase (MS), the GLOX cycle key enzymes, commonly
occur in white- and brown-rot basidiomycetes, although they
were grown on the glucose medium. Thus, it has been hypoth-
esized that oxalate biosynthesis may link with the TCA and
GLOX cycles (24).

In this context, it is of importance to elucidate a physiologically
intrinsic role of the oxalic acid biosynthesis as a metabolic model
for a wide variety of oxalate-producing organisms. In this paper,
biochemical analyses of glucose metabolism were conducted in
relation to oxalate production and activities of all of the enzymes
involved in the metabolic system. The results have revealed the
occurrence of a metabolic coupling of the TCA and the GLOX
cycles in coordination with the biosynthesis of oxalic acid in the
brown-rot fungus F. palustris. Moreover, an acetate-recycling
system has been discovered. Also, ICL (EC 4.1.3.1), which is
shared by these two cycles, has been revealed to be a pivotal
enzyme involved in a new biochemical device for producing
oxalic acid. The oxalate biosynthesis in this fungus was charac-
terized as the oxalate fermentation, through which biochemical
energy is generated for the growth of the fungus. Here we report
an unprecedented metabolic system that explains an important
physiological role of the oxalate biosynthesis in the wood-rotting
basidiomycete F. palustris.

Materials and Methods
Chemicals. All chemical and biochemical reagents were of reagent
grade. NADP, acetyl CoA, DL-isocitric acid, and 2-oxoglutaric
acid were obtained from Nacalai Tesque (Kyoto). CoA and
b-NAD1 were from Oriental Yeast (Tokyo), thiamine pyro-
phosphate was from Wako Pure Chemicals (Osaka), and glyox-
ylic acid and cytochrome c were purchased from Sigma. The
protein assay kit was from Bio-Rad. Oxalic acid, acetic acid, and
glucose assay kits were purchased from Boehringer Mannheim.

Organism and Growth Conditions. One of the copper-tolerant
brown-rot basidiomycetes, F. palustris (formerly called Tyromy-
ces palustris) (Berkeley et Curtis) Murill, which is a Japanese
industrial fungus for wood-preservative efficacy tests, was used
as a model fungus. The fungus was cultivated in modified Kirk’s
medium (200 ml) containing 2% (wtyvol) glucose and 24 mM
ammonium tartrate as the carbon and nitrogen sources, respec-
tively (25). Alternatively, the fungus was grown on peptone-
containing medium with 2% glucose (24) to compare enzyme
activity between the two different culture media.

Preparation of Cell-Free Extracts and Enzyme Assays. Cell-free ex-
tracts were prepared from the fungal mycelia in the same way as
previously reported (24). All 12 enzyme activities in the fungal
extracts were determined spectrophotometrically by using a
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double-beam spectrophotometer (Hitachi model U-3000, Hita-
chi, Tokyo) equipped with a temperature controller and external
recorder. Each of the assayed enzymes (1–12) listed in Table 1
catalyzed the reaction step with the same number (1–12) as
shown in Fig. 5. ICL and MS activities were determined by the
methods of Dixon and Kornberg (26). ICL activity was assayed
by measurement of the increase in absorbance at 324 nm because
of the formation of phenylhydrazone derivative of glyoxylate
produced from isocitrate. MS activity was determined on the
basis of the consumption of acetyl-CoA with the decrease in
absorbance at 232 nm. Malate dehydrogenase (MDH), 2-oxo-
glutarate dehydrogenase (ODH) and isocitrate dehydrogenase
(IDH) activity was determined by measuring the increase in
absorbance at 340 nm due to the reduction of NAD or NADP,
on the basis of the reported methods (27, 28). Aconitase activity
was determined by measurement of the increase in absorbance
at 240 nm (29). Citrate synthase activity was assayed by mea-
surement of the decrease in absorbance at 232 nm due to
consumption of acetyl-CoA. Acetyl-CoA synthase activity was
determined by the modified coupling assay method, as described
by Londesborough et al. (30). Succinate dehydrogenase activity
was determined on the basis of a modified Moore and Ewaze
method (28). Fumarase activity was determined by measuring
the conversion of malate to fumarate (31). GLOXDH activity
was determined by measurement of the increase in absorbance
at 550 nm due to the reduction of cytochrome c (23). OXA
activity was determined by measurement of the decrease in
absorbance at 255 nm due to the hydrolysis of oxaloacetate (22).

Enzyme activities were expressed in terms of total (mmol
min21zculture21) and specific activity (mmol min21zmg21 pro-
tein), unless otherwise stated. One unit of enzyme activity is
defined as the amount of enzyme that catalyzes the formation of
1 mmol product per minute or the consumption of 1 mmol
substrate per minute under the conditions described.

Determination of Proteins, Glucose, Oxalate, Acetate, and Other
Organic Acids. Protein concentrations were determined by the
Bio-Rad method (32) with BSA as the standard. Glucose, oxalic
acid, and acetic acid content in the culture fluid was quantita-
tively determined enzymatically by using the glucose, oxalic acid,
and acetic acid assay kits, respectively, following the methods
provided by Boehringer. Other organic acids, including oxalic
acid, were analyzed by GC-MS (Shimazu GC-MS QP-5050A)
after derivatization of the acids with N-(t-butyldimethylsilyl)-

N-methyltrif luoroacetoamide, according to the reported meth-
od (33).

Results and Discussion
Metabolic Conversion of Glucose to Oxalic Acid in F. palustris. First,
focusing on the prominent oxalic acid-producing fungus (F.
palustris) known as the copper-tolerant brown-rot fungus, we
determined the amount of glucose consumed, the amount of
oxalic acid, and the fungal biomass produced during the culti-
vation period, showing a strong correlation between glucose
consumption and oxalic acid production (Fig. 1). Fig. 1 also
shows that the amounts of oxalic acid produced correlate with
decrease in pH (from 5.0 to 2.0) in the culture fluid. At the end
of cultivation (day 13), the amounts of glucose consumed, oxalic
acid produced, and the fungal biomass obtained were found to
be 10.5, 7.0, and 1.5 g, respectively. Thus, yields of oxalate and
biomass produced were 67 and 14%, respectively, on the basis of
total glucose consumption and the rest, 19%, was for CO2
released and other metabolites, if any. This finding suggests that
glucose was not completely oxidized to CO2 by the TCA cycle.
Correcting total glucose consumption with the weight of the
biomass shows that about 9 g of glucose was consumed, mostly
for oxalate production, because fungal biomass is assumed to be
composed of mainly carbohydrates, which are roughly equivalent
to the amount of glucose. Thus, the corrected oxalate yield was
estimated to be 80%. As a rule, the following equation (Eq. 1)
could be derived for the overall conversion of glucose to oxalic
acid in this fungus. The equation expresses that 1 mol glucose
(180 g) is converted to 2 mol oxalic acid (180 g).

C6H12O6 1 5 O2 3 2 ~COOH!2 1 2 CO2 1 4H2O [1]

So, it is intriguing to inquire why the conversion of glucose to
oxalate by this fungus is so high, what a kind of biochemical
device is involved in producing this organic acid, and for what.
To answer these questions, enzymatic analyses of biochemical
systems involved in the metabolic conversion of glucose to oxalic
acid were conducted.

Enzymatic Analyses. First, we attempted to compare activities of
the two branch-point enzymes, i.e., NADP-specific isocitrate
dehydrogenase (IDH) [2] as the TCA cycle key enzyme and ICL
[1] as the GLOX cycle key enzyme, as shown in Fig. 2, because
it has not been clarified yet which of these two enzymes is more
major in yielding succinate from isocitrate as a common pre-
cursor in wood-rotting fungi. Fig. 3 A and B show the changes in
total and specific activities, respectively, of the two branch-point
enzymes (ICL and IDH) and ODH [3]. Interestingly, the results

Fig. 1. Relationship between glucose consumption and oxalate and fungal
biomass production accompanied by pH reduction during the cultivation of
F. palustris. Circles, glucose; squares, pH; triangles, oxalic acid; diamonds,
biomass.

Table 1. Activities of the enzymes involved in a metabolic
system for oxalate biosynthesis

Number* Enzymes assayed Specific activity†

1. Isocitrate lyase (ICL) 671
2. Isocitrate dehydrogenase (IDH) 88
3. 2-Oxoglutarate dehydrogenase (ODH) 0
4. Succinate dehydrogenase 33
5. Fumarase 261
6. Malate dehydrogenase (MDH) 5,840
7. Citrate synthase 1,475
8. Aconitase 691
9. Malate synthase (MS) 568
10. Oxaloacetase (OXA) 300
11. Acetyl-CoA synthase 17‡

12. Glyoxylate dehydrogenase (GLOXDH) 65

*The enzymes, listed in numerical order, correspond to enzymes that catalyze
the reaction numbered in the metabolic system in Fig. 5.

†Enzymatic activities (nmol min21zmg21 protein) were determined for fungus
grown for 4 days on ammonium tartrate-containing medium.

‡The enzyme was assayed for the 2-day-old mycelia of the fungus.
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clearly indicate that ICL activity is much greater than IDH
activity (the ratio of ICL to IDH is 8:1) throughout the cultiva-
tion period, which contrasts sharply with the reported findings
that the former [1] was not or little detected, whereas the latter
[2] was predominant when microorganisms were grown on
glucose (34–37). Furthermore, ODH [3], as another key enzyme
of the TCA cycle, was not detected, and NAD-specific IDH also
was not found (data not shown). Thus, it has been shown that this
fungus has the modified TCA cycle with ICL [1] as a major
enzyme and does not contain the Krebs TCA cycle, which
oxidizes 1 mol acetyl-CoA to 2 mol CO2 (dotted line in Fig. 2);
a biochemical role of ICL in the TCA cycle in this fungus is to
cleave isocitrate, yielding succinate and glyoxylate (Fig. 2). These
findings are in good accordance with Eq. 1. Smaller amounts of
oxoglutarate formed after decarboxylation of isocitrate by IDH
[2] may be bypassed to succinate via glutamate and g-aminobu-
tyrate route as a minor pathway, as found in other bacteria (38,
39) and fungi (28, 40, 41).

Second, we also measured activities of MS as another key
enzyme of the GLOX cycle and the two oxalate-producing
enzymes, OXA and GLOXDH, in comparison with ICL activity.
Fig. 4 A and B show changes in total and specific activities,
respectively, of these four enzymes from the same cultures
during the cultivation period. The results show that activities of
both ICL and MS increased more markedly at the earlier stage
of cultivation than the two oxalate-producing enzymes (OXA
and GLOXDH) and were more or less maintained at a higher
level, with a gradual decrease in activity thereafter. This means
that the activity of both GLOX key enzymes was not repressed
by glucose but was strongly expressed as constitutive enzymes, in

sharp contrast with the general behavior of the GLOX enzymes
(34). However, the activity of OXA was greater than that of
GLOXDH, which decreased more rapidly than the former after
day 4 of the cultivation period, indicating that OXA was a major
enzyme in producing oxalate. It is noteworthy that the changes
in activity of OXA are in good accordance with those of the
GLOX key enzymes. The result obtained is consistent with the
previous finding that the activities of all four enzymes increased
in parallel during cultivation (24). Thus, we infer that both TCA
and GLOX cycles cooperatively couple with the oxalate-
producing enzyme system, as proposed in Fig. 5.

Then, in this experiment, we were motivated to detect all 12
enzymes involved in the metabolic system in this fungus. Table
1 shows that all of the enzymes except ODH were active to a
varying degree, and that the greatest activity was found for
MDH: 5,840 nmol min21zmg21 protein. The reason for the high
activity of MDH may be that the enzyme is intrinsically required
for catalyzing the reaction step [6] at the four different reaction
sites in the metabolic system in Fig. 5. By changing the nitrogen
nutrient from ammonium tartrate to peptone, similar results
were obtained; MDH with 2,639 nmol min21zmg21 protein was
recorded. Importantly, ICL and OXA predominate over IDH
and GLOXDH, respectively, regardless of the culture media.
Furthermore, acetyl-CoA synthase [11] was detected in a sig-
nificant amount. This indicates that acetate liberated from
oxaloacetate hydrolyzed by OXA was recycled by recycling
routes C and D involving acetyl-CoA synthase [11] (Fig. 5). In
fact, free accumulating acetate was not detected at all by rigorous
enzymatic analysis. Moreover, no other free organic acid could
be detected by GC-MS analysis. Thus, we conclude that acetate
and other intermediary organic acids were not leaked out of the
metabolic system into the culture fluid but were metabolized to
oxalate with high efficiency as the result of the coordination of
the acetate-recycling system (recycling routes C and D) with the
TCA (A) and GLOX (B) cycles (Fig. 5).

Biochemical Role of a Metabolic System for Biosynthesis of Oxalic
Acid. On the basis of physiological and enzymatic analyses of the
metabolism of glucose, a metabolic system for oxalate biosyn-
thesis in F. palustris was discovered, as shown in Fig. 5. The
metabolic system consists of two cycles, TCA and GLOX, which
cooperatively couple with each other and also coordinate with
the acetate-recycling routes (C and D) to bring the liberated
acetate back into the GLOX cycle via acetyl-CoA. Because the
activity of GLOXDH is much lower than that of OXA, glyoxylate
may not be oxidized effectively to oxalate (step 12) but may be
condensed with acetyl-CoA to form malate by MS (step 9). Thus,
most oxalate is inferred to be produced from oxaloacetate and

Fig. 2. Occurrence of the modified TCA cycle with ICL in the wood-rotting
fungus, F. palustris. Normal routes in the Krebs TCA cycle are indicated with
dotted line. [1], ICL; [2], IDH; [3], ODH.

Fig. 3. Change in total and specific activities of ICL, IDH, and ODH during cultivation of F. palustris. The total (A) and the specific (B) activities are defined in
the text. Circles, ICL; diamonds, IDH; triangles, ODH.
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to be hydrolyzed by OXA involved in both recycling routes (C
and D).

In principle, the metabolic system in Fig. 5 indicates that 2 mol
acetyl-CoA, derived from 1 mol glucose through the glycolysis
shunt, enter Cycles A and B first and finally exit as oxalate of the
end product from recycling routes C and D. A biochemical role
of the metabolic system is to primarily oxidize acetyl-CoA to
yield oxalate, which accumulates in the culture fluid, because this
fungus does not contain oxalate-decomposing enzyme systems
such as oxalate oxidase (42), oxalate decarboxylase (43, 44), and
the ligninolytic systems occurring in white-rot fungi (3–7).

It is noteworthy that, among all of the enzymes determined,
MDH had extraordinarily high activity, which shows that MDH
plays a major role in generating energy (NADH, equivalent to 3

ATP) by oxidation of malate to oxaloacetate, which is the direct
precursor of oxalic acid. Thus, evidently, oxalate production is
coupled with energy production.

Subsequently, it has been established that oxaloacetate cannot
be shuttled through the membrane system of mitochondria and
glyoxysomes, and not oxaloacetate but malate may flow out from
Cycle A or B to be oxidized to form oxaloacetate (Fig. 5). To
maintain the level of intermediates in both cycles, the TCA and
GLOX cycles are replenished with succinate and glyoxylate,
respectively. Consequently, the proposed mechanism indicates
that not only is the GLOX cycle anaplerotic to the TCA cycle but
also vice versa, to keep both cycles coupling. From the literature
surveyed, the metabolic system found in this investigation is the
first example of metabolic coupling or interdependency of the

Fig. 4. Change in total and specific activities of the GLOX key enzymes (ICL and MS) and the oxalate-producing enzymes (OXA and GLOXDH) during the
cultivation of F. palustris. The total (A) and the specific (B) activities are defined in the text. Circles, ICL; diamonds, MS; triangles, OXA; squares, GLOXDH.

Fig. 5. A proposed metabolic mechanism for the oxalate biosynthesis in the wood-rotting basidiomycete F. palustris. (A) the TCA cycle; (B) GLOX cycle; (C and
D) acetate-recycling routes. For the enzyme catalyzing each step reaction ([1]–[12]), see Table 1.
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TCA and GLOX cycles, which has never been reported from any
other organism. However, Li et al. (45) have discovered a
different type of oxalate-producing system involving acetyl-CoA
from the plant pathogen Burkholderia glumae. Moreover, ICL,
which is shared by the two coupling cycles, is focused as a crucial
enzyme for the oxalate biosynthesis in this fungus. Quite re-
cently, we have reported that itaconate, as a specific inhibitor of
ICL, potently inhibited the oxalate biosynthesis and conse-
quently the growth of the fungus, confirming the pivotal role of
the enzyme for the fungal growth (24), which supports the
reaction mechanism proposed in Fig. 5.

Taking into account the biochemical energy generated and
consumed in the metabolic system in Fig. 5, overall oxidation of
2 mol acetyl-CoA, yielding 2 mol oxalate, results in the gener-
ation of a net amount of 4 NADHs and 2 ATPs or production
of 14 ATPs, on the assumption that no other metabolic pathway
oxidizes acetyl-CoA. Because white-rot fungi not only biosyn-
thesize oxalate from wood carbohydrates but also produce it
from lignin degradation products, such as the side-chain cleav-
age (46) and aromatic ring cleavage products (47), and further
metabolize it, they can get more energy from oxalate via formate,
which is a source of NADH generated by formate dehydroge-
nase. In fact, formate dehydrogenase has been reported for the
first time to occur in the white-rot fungi, including Coriolus

versicolor (48). Because of their advantage in energy acquisition
over brown-rot fungi, which cannot decompose lignin to yield
oxalate nor metabolize it, white-rot fungi with a much greater
number of species have probably succeeded in occupying higher
positions in nature through biochemical evolution.

Taken together, the results of this investigation provide un-
precedented evidence for the occurrence of metabolic linkage of
oxalate biosynthesis with both TCA and GLOX cycles, which are
coupled with each other to supply oxaloacetate of the oxalate
precursor in the wood-rotting fungi. The highly ordered meta-
bolic coupling system may serve as a metabolic machinery for the
oxalate biosynthesis accompanied by energy production. Con-
sequently, it has been proposed as a new concept that the
wood-rotting basidiomycete F. palustris acquires biochemical
energy for growth by oxidizing glucose to oxalate, which may be
a general feature of both brown- and white-rot fungi during the
wood decay process. However, further research remains to
elucidate biochemical mechanisms controlled by the regulatory
key enzymes involved in the metabolic system.
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42. Anguilar, C., Urzúa U., Koenig, C. & Vicuña, R. (1999) Arch. Biochem.

Biophys. 366, 275–282.
43. Dutton, M. V., Kathiara, M., Gallager, I. M. & Evans, C. S. (1994) FEMS

Microbiol. Lett. 116, 321–325.
44. Mehta, A. & Datta, A. (1991) J. Biol. Chem. 266, 23548–23553.
45. Li, H-Q., Matsuda, I., Fujise, Y. & Ichiyama, A. (1999) J. Biochem. 126,

243–253.
46. Kersten, P. J. & Kirk, T. K. (1987) J. Bacteriol. 169, 2195–2201.
47. Umezawa, T. & Higuchi, T. (1987) FEBS Lett. 218, 255–260.
48. Mii, K., Hattori, T. & Shimada, M. (1996) Wood Res. 83, 23–26.

11130 u www.pnas.orgycgiydoiy10.1073ypnas.191389598 Munir et al.


