PROTOCOLS

Slow Infusion of Recombinant Adeno-Associated Viruses
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Recombinant adeno-associated viruses (rAAVs) are the leading in vivo gene delivery platform, and have
been extensively studied in gene therapy targeting various tissues, including the central nervous system
(CNS). A single-bolus rAAV injection to the cerebrospinal fluid (CSF) space has been widely used to target
the CNS, but it suffers from several drawbacks, such as leakage to peripheral tissues. Here, a protocol is
described using an osmotic pump to infuse rAAV slowly into the mouse CSF space. Compared to the single-
bolus injection technique, pump infusion can lead to higher CNS transduction and lower transduction in

the peripheral tissues.

Keywords: adeno-associated virus, central nervous system, gene therapy, intrathecal delivery

INTRODUCTION

NUMEROUS STUDIES HAVE demonstrated that recom-
binant adeno-associated viruses (rAAVs) can de-
liver their DNA payload in various tissues in vivo,
and mediate safe and efficient transgene expres-
sion. In many cases, a simple systemic delivery of
rAAV suffices to target multiple peripheral tissues,
such as the liver, heart, and skeletal muscle.
However, rAAV delivery to the central nervous
system (CNS) encounters the blood—brain barrier
(BBB) that restrains most drugs, including rAAV-
based therapeutics, from entering the CNS from
blood circulation. A major breakthrough in CNS
gene therapy came from several laboratories,
demonstrating that rAAV packaged in several se-
rotypes such as AAV9 and AAV.rh10 can cross the
BBB and transduce neurons and glia in rodents
and nonhuman primates (NHPs).'™ Based on the
preclinical success, a clinical trial using systemic
rAAV9 to treat spinal muscular atrophy (SMA) in
infants was initiated, and the remarkable safety
and therapeutic efficacy was recently reported.’
Nevertheless, using systemic rAAV to target CNS
as a therapeutic strategy faces several obstacles.

First, it requires a high vector dosage, especially
for adult patients, and therefore poses a significant
manufacturing burden. Second, the gene delivery
efficacy can be greatly reduced by the presence of
pre-existing neutralizing antibodies (NAbs) that
are prevalent in adult human populations. Third, it
carries the risk of off-target gene delivery to pe-
ripheral tissues and inducing potential immuno-
toxicities. To address these considerations, direct
rAAV delivery to the CNS remains an attractive
option for therapeutic development.
Intraparenchymal injection of rAAVs can re-
sult in localized gene delivery® to treat CNS dis-
ease that afflicts a defined brain region. To treat
more diffused CNS pathology, multiple injections
would be required for a human brain, and therefore
may not be practically feasible. Because the CNS
is bathed in cerebrospinal fluid (CSF), injecting
rAAVs directly to the CSF has been tested for CNS
gene delivery.”® Later studies have mainly fo-
cused on targeting the dorsal root ganglion (DRG)
containing the cell bodies of sensory neurons in
the spinal cord, aiming to treat neuropathic pain,
whereas targeting the cells residing deep in the
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parenchymal has been limited or not studied at
all.'®'® More recently, several BBB-crossing AAV
serotypes such as AAV9 and AAV.rh10 were tested
for more widespread CNS gene delivery following
CSF injection. Overall, these studies have demon-
strated that direct injection of rAAV9 or rAAV.rh10
into the CSF space can lead to robust transduction
of neurons and glia in multiple species, including
the mouse,516-18 rat 19 cat 202! dog 2223 pig 2425
and NHPs.?3:25-30 Peripheral tissue transduction
can be reduced compared to systemic delivery of
the same dose, although not completely diminished
in most cases.!®19242627 1, NHP studies, CSF
rAAV delivery has been shown to resist peripheral
NAbs to some extent.?62® Toward translation to
clinic use, several studies have demonstrated the
therapeutic efficacy of CSF rAAV to treat different
CNS diseases in animal models, including SMA,?°
amyotrophic lateral sclerosis (ALS),313? Rett syn-
drome,®® and lysosomal diseases with CNS in-
volvement.?>3*37 A clinical trial is underway to
treat giant axon neuropathy (GAN) by intrathecal
injection of a rAAV9 vector (ClinicalTrials.gov
Identifier: NCT02362438).

CSF delivery is usually performed by intracere-
bral ventricular (ICV) injection, intra-cisterna
magna (CM) injection, or intrathecal (IT) injection.
ICV and CM injections require specialized equip-
ment, whereas IT injection is a relatively simple
procedure and can be performed in an outpatient
setting. Currently, a single-bolus rAAV injection is
used in CSF delivery, although it was shown that
three boluses to the cervical, thoracic, and lumbar
regions are required for a widespread spinal cord
gene delivery in pigs.?* For both rodents and larger
model species, further refinement and evaluation
of CSF rAAV delivery are underway to improve
CNS targeting.®® For IT injection in mice, it has
been previously reported that the injection speed

Table 1. List of reagents

Reagents Supplier Specific handling Storage conditions
0.9% sodium  Hospira — RT
chloride
rAAV solution  Variable — <4°C; avoid repeated
freezing and thawing
Isoflurane Piramal Subjected to RT
regulatory policy
Ketoprofen Zoetis Subjected to RT
regulatory policy
Ketamine Henry Schein Subjected to RT
Animal Health regulatory policy
Xylazine Santa Cruz Subjected to RT
Animal Health regulatory policy

rAAV, recombinant adeno-associated virus; RT, room temperature.

has an impact on the gene delivery pattern along
the neuroaxis, with slow injection favoring the
spinal cord.?® Recently, an osmotic pump was used
to infuse rAAV9 or an engineered vector slowly to
the mouse subarachnoid space over a period of
about 1 day, and widespread spinal cord trans-
duction was found.“° In this protocol, a step-by-step
procedure is described involving the IT placement
of a catheter in a mouse model for the slow infusion
of rAAV9 by an osmotic pump. In addition, a sim-
ilar procedure for ICV infusion is also described.
Compared to a single-bolus injection, both infusion
routes can mediate higher CNS targeting and re-
duced peripheral tissue transduction.

MATERIALS
1. Reagents are listed in Table 1

1.1. Preparation of ketamine/xylazine. Mix
2mL of ketamine stock (100 mg/mL), 0.2mL of
xylazine stock (100 mg/mL), and 7.8 mL of 0.9%
saline to a total volume of 10 mL. Store at 4°C for
a maximum of 2 weeks. For intraperitoneal (i.p.)
injection, use 100 ul./20 g of body weight.

1.2. Preparation of ketoprofen.  Dilute 100 uL of
stock (100 mg/mL) in 9.9mL of 0.9% saline. For
1.p. injection, use 100 uL/20 g of body weight.

Table 2. List of supplies

Item Supplier Note

Alzet mini-osmotic Alzet, order # 0000292 —

pump, model 2001D

Tissue culture plate, 48-well Variable —
Tubes, 2mL Variable Sterilize by
autoclaving
Mouse intrathecal catheter Alzet, order # 0007743 —
Small bead (~1mm ID; handcraft store Sterilize by
~3mm 0D) autoclaving
Krazy Glue Variable —
Tissue culture plate, six-well Variable —
Conical tube, 50 mL Variable —

Filling needle for 200 uL pumps Alzet, order # 0007987 —

Syringe, TmL BD, ref # 309659 —

Gauze Dukal, order # 1212 —

Insulin syringe, ZBGW/Z Becton Dickinson, —
order # 329461

Puralube® ophthalmic ointment Dechra —

Alcohol pads Dukal, ref # 852 —
Povidone-iodine prep pads Dynarex, order # 1108 —
Scalpel Miltex, ref # 4-410 —
Cotton-tip applicator Puritan, ref # 25-806 1WC —
Suture Ethicon, 661G —
Razor blade Variable —

Alzet, order # 0008851 —
Alzet, order # 0008670 —
ASTM, D-4236 —

Brain infusion kit 3
Loctite 454 adhesive
Marker pen, fine-tip
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Table 3. List of tools and equipment

Equipment Brand and model Note
Hair clipper Oster —
Laminar flow hood Variable Providing an

aseptic environment
Forceps, general use Variable Sterilize by autoclaving
Hemostatic forceps Variable Sterilize by autoclaving
Incubator Variable Set to 37°C
Forceps, fine-tip Variable Sterilize by autoclaving
Surgical scissors, Variable Sterilize by autoclaving

general use
Anesthesia machine VetEquip —
Spatula Fisherbrand, cat. # Sterilize by autoclaving
21-401-10

Stereotaxic instrument Stoelting —

Micro-drill with a fine bit

Cannula holder
Heat therapy pump

Ideal, part # 67-1000

Stoelting, item # 51636
Stryker, model # TP700

Sterilize the bit
by autoclaving

1.2. Preparation of intrathecal catheters.

6.

10.

Open the number of catheters needed, and
obtain enough beads.

. Thread the ODg 23mm portion of a catheter

through a small bead (to be used later as a
suture anchor), and place the bead at the
junction of the ODg23mm portion and the
ODg 76mm portion (Fig. 1A).

. Add a small drop of Krazy Glue onto the

bead. The glue will fill in the space between
the catheter and the bead.

. Place the catheter and bead assembly on a

six-well tissue culture plate. Do not let the
glue touch the plasticware.

Air dry for 30 min, and verify that the bead
is secured onto the catheter. Collect all

Heating pad Adroit, AP-R 60 —
Cautery World Precision —
Instrument,

item # 500392

2. Supplies are listed in Table 2

3. Tools and equipment are listed in Table 3

PROCEDURE

Note: Wherever possible, work under a laminar
flow hood, and use aseptic techniques with steril-
ized materials, as indicated in the Materials sec-
tion. All animal procedures require approval from
regulatory agencies such as the Institutional Ani-
mal Care and Use Committee.

1. Intrathecal delivery

1.1. Priming osmotic pumps. The osmotic
pumps have to be primed before implantation, so
that infusion starts immediately after subcutane-
ous implantation. The 2001D (200 uL; 1 day infu-
sion time) pumps are primed in 0.9% saline for 4 h,
according to the manufacturer’s instruction.

1. Open the number of pumps and flow mod-
erators needed.

2. Obtain the same number of 2 mL tubes, and
add 0.5mL of 0.9% saline to each tube.

3. Insert the metal tube of a flow moderator
into a pump.

4. Place one pump and flow moderator as-
sembly into a 2mL tube, so that the pump
body is submerged in 0.9% saline but the
flow moderator is not. Close the tube.

5. Incubate at 37°C for 4h.

catheters into a 50mL conical tube for
temporary storage.

1.3. Filling the primed osmotic pumps with rAAV
preparation.

11. After the pumps have been primed for 4 h,
place them at room temperature.

12. Attach a blunt filling needle to a 1mL sy-
ringe, and withdraw enough rAAV prepa-
ration (~ 200 uL for each pump).

13. With the needle pointing up, gently tap
the syringe to remove air bubbles. Push the
plunger to dispense air in the syringe. Place
aside.

14. Take one pump and flow moderator as-
sembly out of 0.9% saline, and place in an
upright position in a 48-well tissue culture
plate. Remove excess saline near the open-
ing of the pump with gauze.

15. Pull the flow moderator out of the empty
pump using a pair of forceps and place aside.

16. Insert the filling needle attached to the sy-
ringe to the bottom of the pump. Slowly
push the plunger to dispense the rAAV
preparation. While filling, gradually lift
the syringe and needle assembly for com-
plete filling. Once the pump is full, a small
drop of rAAV preparation appears near the
opening of the pump. Pull the filling needle
out of the pump.

17. Hold the metal tube of the flow moderator
tightly with a pair of hemostatic forceps,
and remove the rubber part and plastic part
with a pair of forceps.
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Figure 1. Procedure demonstration. (A) An intrathecal (IT) catheter with a bead secured on it. (B) A catheter is placed into the subarachnoid space, with a
bead sutured onto the muscle to prevent displacement of the catheter. (C) A catheter and pump assembly is covered under the skin after surgery. Top view
(top panel) and side view (bottom panel) are shown. (D) The placement of a cannula, catheter tube, and pump assembly during surgery. (E) The removable tab
on the cannula is removed by heating using a cautery.

18.

19.

20.

Insert the metal tube partially into the fil-
led pump until a small drop of rAAV prep-
aration appears at the end of the flow
moderator. Discard the other parts of the
flow moderator.

Return the filled pump and flow moderator
assembly to the 2mL tube containing 0.9%
saline. Close the tube and label with proper
information, such as rAAV name and ex-
perimental group.

Repeat steps 14-19 until all pumps are fil-
led. Use a new filling needle and syringe for
each rAAV preparation to prevent cross-
contamination.

1.4. Filling the catheters with rAAV preparation.

21.

22.

Pick up one catheter using a pair of forceps.
Pull the stylet from the ODg 23mm portion of
the catheter, so that the other end of stylet
stays inside the catheter near the junction
of the ODg 76mm portion and OD1 ggmm portion.
Withdraw enough rAAV preparation (~ 10 uL
for each catheter) using an insulin syringe.
Remove air in the syringe as described in
step 13.

23.

24.

Insert the syringe needle into the OD1 gomm
portion of the catheter. Use a pair of for-
ceps to hold the catheter onto the syringe
tightly, and slowly push the plunger to fill
the catheter with the rAAV preparation until
a small drop appears at the ODgosmm tip.
Slowly remove the syringe needle out of the
catheter while continuing to fill the entire
catheter. Avoid trapping air inside the
catheter.

Reposition the stylet, so that one end is
flush with the ODg 23mm tip.

Note: Filling each catheter immediately prior to
use is recommended.

1.5. Preparation of mice for surgery.

25.

26.
27.

Shave the fur on the lower back using a hair
clipper. The skin region subjected to sur-
gery should be exposed. Return the shaved
mice to their housing cages.

Turn on oxygen flow and isoflurane vaporizer.

Turn valves to control the oxygen/isoflurane
flow to the induction chamber, and place
one mouse in the induction chamber until
fully anesthetized.
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28. Administer 100 uL of diluted ketoprofen per
20 g of body weight by i.p. injection.

29. Turn valves to control the oxygen/isoflurane
flow to the nose cone, and place the an-
esthetized mouse under the nose cone in a
prone position for continuous anesthesia.
Verify successful anesthesia by a toe pinch
resulting in no reflection.

30. Cover both eyes with eye ointment.

31. Clean the shaved skin with a povidone-
iodine pad followed by an alcohol pad three
times.

Note: Using mice that are older than 6 weeks or
that weigh at least 20 g is recommended. Using the
C57BL/6J strain of either sex has been successful.

1.6. Intrathecal placement of a catheter (Supple-
mentary Video S1; Supplementary Data are avail-
able online at www.liebertpub.com/hgtb).

32. Hold the mouse by pinching the hip joints,
and make a 1.5cm incision along the mid-
line on the skin of the lower back with a
scalpel. Make another small incision in the
muscle underneath the skin incision. The
muscle incision should be ~1 mm to the left
or right of the midline. Use a cotton appli-
cator to remove blood in case of bleeding.

33. Use a blunt pump filling needle to probe the
spine gently under the muscle incision to
identify a catheter entry point. A tail flick
may be observed when the needle is placed
correctly.

34. Place the probing needle aside, and pick up
the filled catheter with a pair of fine for-
ceps. Make sure the stylet is flush with the
0Dy 23mm tip.

35. Insert the ODgosmm tip through the en-
try point previously identified by using
the probing needle, and gently advance the
catheter until the bead reaches the muscle
surface. Successful positioning of the cath-
eter should result in mouse tail flick reflex
during catheter advancement.

36. Suture the muscle, and make a knot around
the bead to secure the catheter onto the
muscle (Fig. 1B).

1.7. Implantation of the filled osmotic pump.

37. Gently pull the stylet out of the catheter.

38. Make an open space at the upper back re-
gion using a small spatula to gently sepa-
rate the skin from muscle.

39. Attach the filled pump and flow moderator
assembly to the OD{ gomm end of the cathe-
ter. The connection region between the flow
moderator and catheter should be ~2mm.
Insert the flow moderator into the pump as
deep as possible.

40. Place the pump in the open space at the up-
per back. It is necessary to bend the catheter.

41. Suture the skin so that the pump and the
entire catheter are covered under the skin
(Fig. 1C).

1.8. Postoperative recovery.

42. Administer 200 uL. of 0.9% saline by i.p. in-
jection, and place the mouse to a housing
cage with bedding. Mice should be housed
individually after surgery.

43. The mouse is expected to wake up from
anesthesia within a few minutes. Successful
operation should result in no motor defect.

Note: Paralysis shortly after surgery may in-
dicate spinal cord damage during catheter place-
ment. However, it is not common (<10% of mice)
after establishing the method by extensive practice.

1.9. Removal of an implanted osmotic pump.

44. Anesthetize a mouse as described in step
1.5. Cut open the suture on the skin, and
cut the suture on the bead.

45. Slowly pull the catheter attached to the
pump out of the spinal space, and put aside.

46. Suture the muscle and skin, and return the
mouse to the housing cage for recovery.

47. To verify successful operation of osmotic
pressure, remove the flow moderator and
quickly cut open the pump with a sharp
razor blade. The reservoir inside of the
pump should appear to be squeezed.

Note: Typically, the 2001D pumps are removed
40-42h after implantation. Leaving a pump in an
animal for longer period of time may result in pump
damage and leakage of salt from the pump.

2. ICV delivery

2.1. Priming osmotic pumps and filling with rAAV
preparation.

1. Refer to steps 1.1 and 1.3.

2.2. Preparation of stereotaxic instrument and
mice for surgery.

2. Place stereotaxic instrument on a flat sur-
face, and connect all cables and accessories.
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. Administer 100 uL. of diluted ketamine/xy-

lazine per 20 g of body weight to a mouse by
1.p. injection. Verify successful anesthesia
by a toe pinch.

Administer 100 uL of diluted ketoprofen by
i.p. injection, and cover both eyes with
ointment.

. Shave the fur on the head and neck region

using a hair clipper.

. Secure the mouse in a prone position using

ear bars attached to a stereotaxic instru-
ment. The head surface should be horizon-
tal by visual examination.

. Clean the shaved region using a povidone-

iodine pad followed by an alcohol pad three
times.

2.3. ICV placement of a cannula for brain
infusion.

8.

10.

11.

12.

13.

14.

Cut open the skin on the head and neck
region (~2.5cm) with a pair of small scis-
sors, and pull the skin apart to the sides to
expose the skull.

. Dry the skull surface with a cotton-tip ap-

plicator to visualize the bregma better.

Open a set of brain infusion cannula, in-
cluding a cannula with a removable tab, a
catheter, and four depth-adjustment spac-
ers. Slide one depth-adjustment spacer onto
the cannula tube and glue it to the cannula
base using Loctite adhesive. This modifica-
tion shortens the cannula length to 2.5 mm
and places the cannula tip into lateral ven-
tricles when the cannula is properly placed.

After the adhesive dries, secure the cannula
to a cannula holder by tightly clamping the
removable tab, and attach the cannula
holder to the stereotaxic frame. The can-
nula tube should be straight and upright by
visual examination. The connector to cath-
eter tube should be in parallel with the
mouse body, pointing backward.

Adjust the X, Y, and Z arms of the stereo-
taxic frame to place the cannula tip right on
top of the bregma. Set the frame position as
(0, 0, 0).

Slightly lift the cannula by adjusting the Z
arm, and adjust the X and Y arms to (-0.9,
-0.2) for the left ventricle, or (+0.9, —0.2) for
the right ventricle.

Lower the Z arm to bring the cannula tip
close to the skull surface, and mark a small

15.

16.

17.

18.

19.

20.

21.

22.

23.

24.

25.

dot on the skull surface right below the
cannula tip with a fine-tip marker pen.

Lift the cannula by adjusting the Z arm,
and drill a burr hole at the marked position
with a fine-bit electric drill. Gently drill
through the skull without damaging brain
tissue.

Cut the catheter tube to 2cm long, and at-
tach the catheter tube to the cannula. Fill
the cannula and catheter tube assembly
with rAAV preparation using an insulin
syringe until a small drop appears at the
cannula tip.

Lower the cannula by adjusting Z arm to
bring the cannula tip close to the burr hole.

Make an open space at the neck and upper
back region using a small spatula to sepa-
rate the skin gently from the muscle.

Attach the flow moderator of a filled osmotic
pump (from step 2.1) to the catheter tube.
The connection region between the flow
moderator and catheter should be ~2mm.
Insert the flow moderator into the pump as
deep as possible.

Place the pump in the open space at the
upper back region.

Apply several drops of Loctite adhesive to
the cannula base.

Slowly lower the cannula to insert the can-
nula tube into the brain until the cannula
base is flush with the skull surface (Fig. 1D).

After 5min, release the cannula from the
cannula holder, and lift the cannula holder
by adjusting the Z arm.

Break the junction between the cannula
and the removable tab by heating with a
cautery (Fig. 1E).

Suture the skin, so that the cannula and the
catheter tube are covered under the skin.

2.4. Postoperative recovery from ICV placement
of a cannula.

26.

27.

28.

Release the mouse from the ear bars, and ad-
minister 500 uL of 0.9% saline by i.p. injection.

Place the mouse into a housing cage with
bedding. Keep the cage on a heating pad
helps recovery. After surgery, mice should
be housed individually.

The mouse is expected to wake up from
anesthesia within 1h. Successful operation
should result in no motor defect.
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A rAAV9.Fluc B ScAAV9.EGFP
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Figure 2. IT pump infusion of recombinant adeno-associated virus serotype 9 (rAAV9) in mouse transduced spinal cord. (A) /n vivo imaging showing the
firefly luciferase expression from a single-stranded rAAV9.CB6-Fluc vector delivered by either a single-bolus IT injection of 5x 10'° GC in 5 uL (bolus) or IT
pump infusion of 2x 10'2 GC in 200 xL (pump). (B) Epi-fluorescence imaging of native EGFP signal from a self-complementary (sc) AAV9.CB6-EGFP vector. Brain
and spinal cord were dissected from mice receiving either a single-bolus IT injection of 5x 10" GC in 5 uL (bolus) or IT pump infusion of 2x 10" GC in 200 L
(pump). (C) Immunofluorescence staining of mouse spinal cord tissue cryosections. Tail vein: injection of 2x 10'? GC of scAAV9.CB6-EGFP through tail vein in
an adult mouse. Pump: IT pump infusion of the same vector of the same dose. Yellow arrows: co-localization of EGFP and NeuN (a neuronal cell marker)
staining signals indicates transduction of neurons in the ventral horns. White arrows: lack of co-localization. Scale bar: 50 um.
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A Bolus Pump
(1x10" GC) (1x10" GC)
B TA muscle
Naive
Bolus
Pump

Figure 3. Comparing IT bolus injection and pump infusion of the same dose (1x 10" GC) of scAAV9.CB6-EGFP. (A) Native EGFP signal from lumbar spinal cord
tissue sections. (B) Native EGFP signal and bright field (BF) images of cryosections of the liver, heart, and tibialis anterior (TA) muscle. Scale bar: 200 um.
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Figure 4. The high EGFP expression in spinal cord resulting from IT pump infusion caused microgliosis. Native EGFP and anti-IBA1 immunostaining signals
from spinal cord tissue sections. Mice were treated with either (A) 1x10"" GC of scAAV9.CB6-EGFP (scAAV9.EGFP) or (B) 1x 10" viral particles of empty
rAAV9 vectors without a packaged genome (rAAV9.empty). Arrowhead indicates the increased IBA1 immunostaining signal that corresponds to the region with
strong EGFP expression in the lumbar region.
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2.5. Removal of an implanted osmotic pump for
brain infusion.

29. Anesthetize a mouse as described in step
1.5. Cut open the suture.

30. Cut the catheter tube in the middle, and
remove the pump and the attached catheter.

31. Seal the end of the catheter attached to the
cannula using a cautery (Supplementary
Video S2).

32. Place the remaining catheter attached to
the cannula under the skin, and suture the
skin.

33. Return the mouse to the housing cage.
34. Verify successful operation of osmotic pres-
sure, as described in step 1.9.

Note: Typically, the 2001D pumps are removed
40—42h after implantation. Leaving a pump in an

Bolus

C Liver

animal for longer period of time may result in pump
damage and leakage of salt from the pump.

3. Expected results

3.1. With rAAV9 packaging either a single-
stranded genome or a self-complementary genome,
it was found that IT pump infusion resulted in
more widespread and higher transduction of the
spinal cord than a bolus IT injection (Fig. 2A and
B). This is in part due to a higher delivery vol-
ume (200 yL.) and dose enabled by the pump infu-
sion, whereas bolus injection is typically limited
to <10 uL.. Neurons in the ventral horns can be
transduced following IT pump infusion (Fig. 2C).

3.2. When the same dose of rAAV9 (1x 10! GC)
was delivered by either a bolus IT injection or pump
infusion, it was observed that pump infusion re-
sulted in higher spinal cord transduction than the
bolus injection (Fig. 3A). Notably, transduction of

merge

Heart TA muscle

Naive

Bolus

Pump

Figure 5. Comparing intracerebral ventricular (ICV) bolus injection and pump infusion of scAAV9.CB6-EGFP. (A) The immunostaining or native EGFP signals of
mouse brain sections following either an ICV bolus injection of 2x 10'° GC (bolus), or ICV pump infusion of 1x 10" GC (pump). (B) Immunostaining of EGFP and
NeuN of brain sections following ICV pump infusion. Co-localization of the signals indicates transduction of neurons in the hippocampus. Scale bar: 100 um. (C)
Native EGFP signal and BF images of cryosections of the liver, heart, and TA muscle. Scale bar: 50 um.
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peripheral organs, including liver, heart, and skel-
etal muscle, was reduced compared to a bolus in-
jection (Fig. 3B).

3.3. We observed an increase in immunostaining
against IBA1 after IT pump infusion of scAAV9-
EGFP, indicating microgliosis (Fig. 4A). This is likely
caused by the overexpression of the foreign protein
EGFP, because strong IBA1 immunostaining over-
laps with the region of high EGFP expression
(Fig. 4A). It is not caused by the AAV9 capsid or the
surgical procedure because infusion of empty rAAV9
particles did not lead to microgliosis (Fig. 4B).

3.4. Following ICV pump infusion of 1x10** GC
of scAAV9-EGFP, it was observed that pump in-
fusion led to more widespread and higher EGFP
expression in the brain than a single-bolus injec-
tion of 2x10'° GC of the same vector (Fig. 5A).
Neurons can be transduced following ICV pump in-
fusion (Fig. 5B). Reduced transduction in the heart
with ICV pump infusion, and similar transduction in
the liver and skeletal muscle was observed com-
pared to a bolus injection (Fig. 5C), although more
vectors were delivered with pump infusion.

TROUBLESHOOTING

1. No tail flicker reflex is observed during IT
catheter placement, indicating that the catheter is
not placed correctly. During initial practice of this
surgical procedure, euthanized animals were ta-
ken and the muscle tissue covering the lumbar
region was removed to expose the vertebrae. This
allowed the catheter entry point to be visualized,
therefore allowing better control over catheter
placement. In experiments using anesthetized
mice, using a blunt-end probing needle helps to
identify the proper catheter entry point, but the
procedure still needs extensive practice. To verify
correct placement of an IT catheter, a syringe can

be attached to the catheter tubing (instead of a
pump) to inject some tracer dye, followed by ex-
amining the stained spinal cord.

2. Hind-limb paralysis immediately after IT
catheter placement. During catheter insertion into
the spinal region, keep the stylet wire flush with
the opening of the catheter tubing. An exposed
stylet tip will likely cause damage of the spinal cord
tissue, resulting in paralysis. If the insertion end of
the catheter is bent after several failed trials, pull
the stylet out of the catheter, cut off the bent part,
and reposition the stylet back to the catheter. Do
not shorten the catheter tubing.

3. Brain infusion cannula is not secured on skull.
Dry the skull surface with a cotton-tip applicator.
Keep the skull surface horizontal. A tilted skull
surface will not align with the cannula base well,
and therefore the cannula will not be glued firmly
onto the skull. Apply the adhesive right before
lowering the cannula tube into the brain to prevent
drying of the adhesive.
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