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Metabolic responses to hypoxia play important roles in cell
survival strategies and disease pathogenesis in humans. How-
ever, the homeostatic adjustments that balance changes in
energy supply and demand to maintain organismal function
under chronic low oxygen conditions remain incompletely
understood, making it difficult to distinguish adaptive from mal-
adaptive responses in hypoxia-related pathologies. We integrated
metabolomic and proteomic profiling with mitochondrial respi-
rometry and blood gas analyses to comprehensively define the
physiological responses of skeletal muscle energy metabolism to 16
days of high-altitude hypoxia (5260 m) in healthy volunteers from
the AltitudeOmics project. In contrast to the view that hypoxia
down-regulates aerobic metabolism, results show that mitochon-
dria play a central role in muscle hypoxia adaptation by supporting
higher resting phosphorylation potential and enhancing the effi-
ciency of long-chain acylcarnitine oxidation. This directs increases
in muscle glucose toward pentose phosphate and one-carbon
metabolism pathways that support cytosolic redox balance and
help mitigate the effects of increased protein and purine nucleotide
catabolism in hypoxia. Muscle accumulation of free amino acids
favor these adjustments by coordinating cytosolic and mitochon-
drial pathways to rid the cell of excess nitrogen, but might ulti-
mately limit muscle oxidative capacity in vivo. Collectively, these
studies illustrate how an integration of aerobic and anaerobic
metabolism is required for physiological hypoxia adaptation in
skeletal muscle, and highlight protein catabolism and allosteric
regulation as unexpected orchestrators of metabolic remodeling in
this context. These findings have important implications for the

management of hypoxia-related diseases and other conditions
associated with chronic catabolic stress.

Metabolic adaptations to hypoxia underlie phenotypic re-
sponses to a diverse range of physiologic and pathogenic stimuli.
Responses of skeletal muscle metabolism to reduced oxygen avail-
ability are thought to influence physical capacity and systemic
energy homeostasis in high-altitude environments (1), heart fail-
ure (2), and chronic obstructive pulmonary disease (3, 4). How-
ever, the metabolic adjustments that facilitate physiological adap-
tation to hypoxia remain unclear, and must be defined to
distinguish adaptive from maladaptive changes in hypoxia-related
conditions. Despite longstanding interest in this topic (5, 6), con-
sensus on fundamental aspects of muscle metabolism in hypoxia
remains elusive, particularly regarding mitochondria (7, 8), the pri-
mary site of organismal energy metabolism and oxygen utilization.

Early reports of higher oxidative enzyme activities in muscle
from humans and animals residing at high altitude led to the
hypothesis that an enhanced capacity for aerobic metabolism is
essential for survival in hypoxic environments (9). This idea was
later challenged by evidence for lower mitochondrial volume den-
sity in high-altitude natives (10) and lowlanders following moun-
taineering expeditions (11, 12). However, despite these decre-
ments, both populations exhibit preserved or enhanced muscle
energetics and work capacity in hypoxia following prolonged
exposure (13, 14), suggesting that improvements in bioenergetic
efficiency may be the signature of successful hypoxia adaptation (5).
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scriptional reprogramming of cellular metabolism in hypoxia,
which generally favors glycolytic over mitochondrial metabo-
lism (15, 16) and improved oxygen binding by cytochrome oxi-
dase (17). This pattern is consistent with some (12, 18), but not
all studies of muscle metabolism at high altitude (19 –22). This
likely reflects the complex interplay of factors known to in-
fluence metabolic substrate supply and demand in hypoxic
environments (7), and emphasizes that changes in selected
“marker” enzymes or transcriptional regulators might not fully
represent adaptive metabolic responses. More recent applica-
tion of “omics” approaches and high-resolution mitochondrial
respirometry have begun to shed light on the complexity of
muscle metabolic adjustments to hypoxia (23–25). However,
the integrated responses that balance energy demands and
stress signals to maintain muscle homeostasis remain unclear,
particularly in the absence of additional energetic stress that
often accompanies studies of human hypoxia adaptation (i.e.
trekking or climbing) (12, 25).

In the present study, we combined targeted metabolomic and
proteomic profiling of skeletal muscle with mitochondrial
respirometry and systemic metabolic assessments of healthy
volunteers from the AltitudeOmics expedition (26) at their
resident altitude near sea level and following 16 days of high-
altitude hypoxia acclimatization. We hypothesized that inte-
grating these complimentary approaches would elucidate
previously undiscovered physiological shifts in muscle sub-
strate utilization that resolve some of the longstanding contro-
versies in the field (7). Our results reveal a cooperative rear-
rangement of cytosolic and mitochondrial metabolism that
argues against a classic shift from aerobic to anaerobic energy
supply as the primary aim of physiological hypoxia adaptation
in skeletal muscle. Rather, we identify protein and purine nucle-
otide catabolism as major orchestrators of metabolic remodel-
ing through allosteric and substrate-level regulatory mecha-
nisms, which redirect glucose utilization and favor more
efficient fatty acid oxidation in combination with subtle stoi-
chiometric shifts in metabolic enzyme expression. This inte-
grative view of muscle metabolism at high altitude provides a
new foundation for understanding physiological responses
to hypoxia and catabolic stress.

Results and discussion

Systemic responses to high-altitude hypoxia

Study participants (7 male, 7 female; 21 � 2 years of age) were
a subset of 21 individuals involved in the AltitudeOmics project
(26). All were healthy Caucasians born and raised below
1500 m, and had not traveled to altitudes �1000 m for at least 3
months before the study. Selected physiological parameters
were collected at their resident altitude near sea level (SL;
Eugene, OR, 131 m), immediately upon reaching the laboratory
at 5260 m �1 month later (A1; Mt. Chacaltaya, Bolivia), and
following 16 days of habitual daily activity at the same altitude
(A16) (Table 1). Participants were transported to the high-alti-
tude camp by automobile to standardize the hypoxic exposure
and avoid the energetic demands of trekking during acclimati-
zation. Body weight loss occurred from A1 to A16 as expected
(27), but was limited by encouraging habitual intake of carbo-

hydrate, fat, and protein dietary sources and light daily activity
to minimize effects of negative energy balance, exertional
stress, and inactivity. All participants exhibited reductions in
resting blood oxygen transport (oxyhemoglobin saturation and
arterial PO2) at A1 that partially recovered at A16, consistent
with the classic hypoxia acclimatization response (28). Maxi-
mal oxygen uptake (VO2max) was typical of healthy, recre-
ationally active individuals at SL, and was depressed at A1 and
A16, reflecting well-established limitations of hypoxia on the
maximal rate of tissue oxygen utilization. The resting respira-
tory exchange ratio (RER; VCO2/VO2) also declined and
remained lower throughout hypoxia, indicating a persistent
shift in resting metabolic substrate utilization.

Hypoxia improves muscle mitochondrial energetics and
increases metabolic substrate availability

A loss of muscle oxidative capacity is a hallmark feature of
hypoxia-related disorders, and has been attributed to a decline
in tissue mitochondrial content and function (2, 4). Muscle
mitochondrial responses to physiological hypoxia are less clear
(7), with functional measures often being inconsistent with
enzymatic and histological estimates of tissue organelle content
(22). To comprehensively investigate muscle mitochondrial
energetics, we performed high-resolution respirometry on per-
meabilized fiber bundles from vastus lateralis muscle biopsies
freshly obtained under resting post-absorptive conditions at SL
and A16. Two respirometry protocols including up to five met-
abolic substrates were employed to generate mass-corrected
oxygen flux values representing 16 distinct respiratory states as
described in Table S1 (complete data in Fig. S1). The maximal
(noncoupled) mitochondrial electron transfer system (ETS)
capacity of muscle fibers fueled by a combination of carbohy-
drate (pyruvate), amino acid (glutamate), and fatty acid (palmi-
toylcarnitine) oxidation was unchanged from SL to A16 (ETS
capacity; Fig. 1A). However, the ETS capacity of human skeletal
muscle exceeds the ADP-stimulated “coupled” oxidative phos-
phorylation (OXPHOS)-linked respiratory capacity (29), which
tended to increase from SL at A16 under identical substrate
conditions (Fig. 1B). This equated to a 38% increase in
OXPHOS coupling control at A16 (Fig. 1C), indicating that a
greater proportion of mitochondrial respiratory capacity is
utilized during ATP synthesis when fueled by convergent
substrate oxidation pathways. Collectively, these studies

Table 1
Physiological responses to high-altitude hypoxia
Data were collected at sea level (SL; Eugene, OR, 131 m), immediately upon reaching
the laboratory at 5260 m (A1; Mt. Chacaltaya, Bolivia), and following 16 days of
exposure to the same altitude (A16). Data are mean � S.E. of data obtained only
from the 14 subjects used in the present study, reported previously as part of the
larger AltitudeOmics cohort (26). The following abbreviations are used: SaO2, arte-
rial oxyhemoglobin saturation; PaO2, arterial partial pressure of oxygen; VO2max ,
maximal oxygen consumption during a stationary cycling time trial; RER, respira-
tory exchange ratio (ratio of expired CO2 to O2 uptake under resting conditions).

SL A1 A16

Body weight (kg) 70 � 3 71 � 2 68 � 2a

SaO2 (%) 98 � 2 74 � 1a 81 � 1a,b

PaO2 (mm Hg) 102 � 2 35 � 1a 45 � 1a,b

VO2max (ml/kg/min) 49 � 1 32 � 1a 36 � 2a

RER (VCO2/VO2) 0.96 � 0.03 0.84 � 0.02a 0.82 � 0.02a

a p � 0.05 versus sea level.
b p � 0.05 versus A1.
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indicate that the mitochondrial respiratory capacity of skel-
etal muscle is preserved following 16 days of physiological
hypoxia, and the existing OXPHOS machinery is more
responsive to energy demand (ADP) when abundant mixed
substrates are available.

Improved mitochondrial coupling control of muscle fibers at
A16 is consistent with the conclusions of previous studies of
humans acclimatized to high altitude (23, 25), suggesting an
enhancement of muscle bioenergetics in physiological hypoxia.
However, results of in vitro experiments do not necessarily
reflect metabolic substrate handling in vivo. Therefore, we per-
formed nontargeted LC/MS metabolomic analyses of flash-fro-
zen sections of the same muscle biopsies at SL and A16, which
revealed significant changes in 119 of 250 identified metabolites
(q � 0.05). These included increases in glycolytic intermediates,
amino acids, and fatty acids (Fig. 1D), indicating a greater avail-
ability of metabolic substrates in hypoxic skeletal muscle under
resting conditions in vivo. Although this generally reflects
greater muscle metabolic flux in hypoxia, variations within
major metabolite classes and pathways suggested shifts in sub-
strate utilization that justified more detailed analysis.

Remodeling of the muscle metabolic proteome in hypoxia

To further integrate the findings of respirometry and
metabolomic analyses, we next evaluated the expression of 134
intermediary metabolism enzymes identified by tandem-mass
tag LC/MS/MS proteomic profiling of the same muscle biop-
sies at SL and A16 (Fig. 1E). Observed changes were generally
minor (�20%) with high variability of signals normalized to
total ion (peptide) count. Thirty-eight proteins changed signif-
icantly from SL to A16 (q � 0.05), 31 of which decreased, rep-

resenting primarily mitochondrial, but also glycolytic pathway
enzymes (Table S2). The total ion count of all (120) mitochon-
drial proteins evaluated (per mg of muscle protein) was
unchanged at A16 (97 � 3% of SL; p � NS). Interestingly, the
seven proteins that significantly increased at A16 included key
enzymes in glycolysis and fatty acid oxidation, and catalytic
subunits of mitochondrial respiratory Complex I (CI). There-
fore, hypoxia appears to retain selected components of both
cytosolic and mitochondrial muscle metabolism under resting
physiological conditions, rather than inducing a global shift
from aerobic to anaerobic energy pathways seen in hypoxia-
related pathologies (30, 31) and some studies of high-altitude
trekkers and climbers (7, 25).

A general reduction in muscle metabolic enzyme content at
high-altitude is consistent with previous reports (5, 24), and
may reflect a reduction in energy expenditure to improve met-
abolic efficiency in hypoxia. However, analysis of global (per
sample peptide) trends in enzyme expression might not capture
relative changes within and between metabolic pathways that
mediate important changes in substrate handling, particularly
in heterogeneous skeletal muscle samples. We hypothesized
that re-evaluating the metabolic proteome relative to a central
metabolic “hub” would increase statistical power and facilitate
more congruent integration of our datasets. Citrate synthase
(CS) was selected as this hub based on its position at the con-
vergence of carbohydrate, protein, and fatty acid catabolism,
and its routine use as a marker of muscle oxidative capacity and
mitochondrial density (32). Moreover, muscle CS decreased 5%
from SL to A16 (Table S2; q � 0.04) despite maintenance of
mitochondrial respiratory capacity and improved OXPHOS

Figure 1. Remodeling of muscle metabolism in hypoxia. A–C, mitochondrial respiration in permeabilized muscle fibers fueled by a combination of malate,
pyruvate (Pyr), glutamate (Glut), and palmitoylcarnitine (FA) representing the maximal noncoupled ETS capacity (A), the maximal ADP-stimulated (OXPHOS)
rate (B), and OXPHOS coupling control (OXPHOS/ETS; C). D, summary of targeted LC/MS metabolomic analysis of muscle biopsies (A16/SL; log2 scale). E,
summary of tandem-mass tag LC/MS/MS proteomic profiling of muscle biopsies and normalized to total sample peptide ion count (TIC, gray) or citrate synthase
expression (PerCS, black) corresponding to the data in Table S2b (A16/SL; log2 scale) (n � 15/group). CI-V, complexes I-V of the oxidative phosphorylation
(OXPHOS) system; PerCS, normalized to sample citrate synthase; TIC, total ion count; *, p � 0.05 A16 versus SL.
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control, suggesting that stoichiometric shifts within the mito-
chondrial proteome might better explain adaptations of mito-
chondrial metabolism to hypoxia. As predicted, normalizing
enzyme levels to sample CS reduced overall inter-participant
signal variability by two-thirds and revealed significant changes
in 48 enzymes involved in cytosolic and mitochondrial metab-
olism, the majority of which increased from SL to A16 (Fig. 1E,
black bars). To elucidate the potential impact of these changes
in the metabolic adaptation to hypoxia, we next integrated con-
gruent datasets from proteomic, metabolomics, and respirom-
etry studies in the context of major intermediary metabolic
pathways for interpretive analysis, beginning with muscle high-
energy phosphate and nucleotide metabolism.

Hypoxia increases resting phosphorylation potential and
purine nucleotide turnover

Consistent with an observed improvement of muscle
OXPHOS coupling control in vitro (Fig. 1A), resting muscle
ATP levels and the ATP/ADP ratio were higher at A16 com-
pared with SL (Fig. 2A). This was accompanied by higher
orthophosphate (Pi) and lower ADP content, corroborating in
vivo evidence from 31P-magnetic resonance spectroscopy on
resting gastrocnemius muscles of climbers and trekkers follow-
ing an expedition to Mount Everest (13). In addition to ADP
control of OXPHOS, phosphocreatine (PCr) plays a key role in
maintaining cellular ATP levels through the creatine kinase
(CK) reaction (33). Muscle PCr and creatine (Cr) increased
from SL to A16 to a similar degree as ATP, resulting in stable
resting PCr/Cr and ATP/PCr ratios (Fig. 2B). Notably, similar
increases in resting muscle PCr and ATP were recently
reported in high-altitude Sherpas, but not Western lowlanders,
following a 2–3 week trekking ascent to Everest Basecamp
(5300 m) from Kathmandu (1300 m) (25). This discrepancy in
Westerner responses might reflect the confounding energetic
stress of mountain trekking during hypoxia acclimatization in
untrained lowlanders that was not experienced by our partici-
pants, and is plausibly less evident in professional high-altitude
porters. Muscle CK isozymes were not uniformly altered by
hypoxia in our participants, but expression of the mitochon-
drial isoform (mtCK) significantly increased relative to CS at
A16 (Fig. 2C). This could support higher cytosolic ATP levels by

maintaining favorable mitochondrial ADP levels to preserve
basal OXPHOS levels in hypoxia. Consistent with this interpre-
tation, muscle oxygen extraction is maintained at SL levels at
5260 m (34), suggesting that mitochondria remain the primary
source of muscle ATP production under resting conditions.
Taken together, these data indicate that acclimatization to
physiological hypoxia improves resting muscle phosphoryla-
tion potential, perhaps through improved ADP-control of
OXPHOS and enhanced phosphagen buffering of mitochon-
dria-derived ATP. In contrast, resting skeletal muscle ATP/
ADP and PCr/Cr both decline in chronic obstructive pulmo-
nary disease patients (35), highlighting distinct bioenergetic
responses to physiologic versus pathologic (or prolonged)
hypoxia.

Although the overall adenine nucleotide content of muscle
was unchanged from SL to A16, adenosine levels markedly
declined, likely due to catabolism evidenced by accumulation of
degradation products (Fig. 2D). Higher muscle hypoxanthine
and urate levels specifically corroborate evidence that purine
degradation may be an important source of reactive oxygen
species in hypoxic muscle through xanthine oxidase (36). How-
ever, muscle AMP levels were maintained at A16, indicating a
concomitant activation of nucleotide salvage pathways in con-
junction with increased purine nucleotide cycle (PNC) activity.
Elevated PNC activity is thought to limit excess energy con-
sumption and acidification of skeletal myocytes in hypoxia by
maintaining a high ATP/ADP ratio (37, 38), which favors an
allosteric inhibition of glycolytic flux (Fig. 2C). All three PNC
enzymes significantly increased relative to CS at A16 (Fig. 2C;
q � 0.05), suggesting that this pathway may indeed be favored
over conventional oxidative metabolism in hypoxia. Accord-
ingly, the first and rate-limiting enzyme of the PNC, AMP
deaminase, is up-regulated by HIF-1� (39). Expression of the
subsequent PNC reamination enzymes is regulated by c-Myc
(40), which complements HIF-1� to fine-tune metabolic repro-
gramming of hypoxic cancer cells (41). PNC flux may also be
driven by an accumulation of aspartate, which promotes
malate–aspartate shuttle (MAS) activity through cytosolic gen-
eration of malate from fumarate (Fig. 2C). This coupling of the
PNC and MAS links purine nucleotide turnover with mito-

Figure 2. High-energy phosphate and purine nucleotide metabolism. A and B, muscle adenine nucleotides (A) and phosphagen (B) changes from SL to A16
detected by LC/MS. C, schematic summary of muscle high-energy phosphate and purine nucleotide metabolism. Enzymes that increased relative to CS from
SL to A16 (q � 0.05) are in red filled boxes. Enzymes shown in boxes were found to increase (red fill), decrease (blue fill), or not change (gray fill) from SL to A16
relative to CS in the muscle proteome corresponding to data in Table S2b (q � 0.05). Metabolites depicted were found to increase (red font), decrease (blue font),
or not change (black font) from SL to A16 (q � 0.05), or were undetected (gray font) by LC/MS. D, changes in muscle nucleosides and purine degradation
products from SL to A16. E, evidence of elevated MAS activity and stable NADH (NAD) redox status from SL to A16 (n � 10 –14). HPX, hypoxanthine; PNC, purine
nucleotide cycle; *, q � 0.05 versus SL in FDR-adjusted paired t tests.
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chondrial NADH oxidation, which is vital for sustaining muscle
energetics and cytosolic redox potential (42, 43). Consistent
with this interpretation, muscle levels of malate and aspartate
both increased at A16, whereas the NAD�/NADH ratio
remained stable (Fig. 2E). Therefore, elevated PNC/MAS
flux under resting conditions may be a key adaptive response
to maintain muscle redox homeostasis and increase the cyto-
solic ATP/ADP ratio. This may in turn exert allosteric con-
trol over metabolic substrate utilization and bioenergetic
flux in hypoxia.

Hypoxia directs muscle glucose utilization toward biosynthetic
pathways

Consistent with a greater reliance on glucose metabolism in
hypoxia reported in most studies (7), higher serum and muscle
lactate, lower serum glucose, and higher muscle glucose and
glucose 6-phosphate (Glc-6-P) reflect greater muscle utiliza-
tion of both circulating and intramuscular glucose stores at A16
(Fig. 3A). This is complimented by higher CS-normalized levels
of muscle hexokinase and glycogen metabolism enzymes, but
not subsequent enzymes catalyzing the “investment phase” of
the glycolytic pathway (Fig. 3B). As discussed above, the higher
cytosolic ATP/ADP ratio at A16 favors inhibition of glycolysis
at phosphofructokinase (PFK), which diverts Glc-6-P toward
glycogen synthesis and the pentose phosphate pathway (PPP)
under conditions of increased glucose availability. Parallel ele-
vations in 6-phosphogluconolactone (PGL) and sedoheptulose
7-phosphate (SH7P), intermediates of the oxidative and non-
oxidative phases of the PPP, suggest that flux through this path-
way is indeed elevated at A16 (Fig. 3C). The PPP generates
ribose sugars for nucleotide synthesis and is a primary source of
cellular NADPH, which maintains a favorable reduced/oxi-
dized GSH ratio (GSH/GSSG, Fig. 3D) required for cytosolic
antioxidant defense by the GSH peroxidase system. Therefore,
diverting glucose to the PPP may help mitigate effects of muscle
adenosine degradation in hypoxia by supporting nucleotide sal-
vage and neutralizing H2O2 generated by xanthine oxidase, as is
increasingly appreciated in cancer cell metabolism (44).

The PPP ultimately generates glyceraldehyde 3-phosphate
(GAP), which also increased at A16 (Fig. 3E) and can re-enter
the distal portion of the glycolytic pathway at glyceraldehyde-
3-phosphate dehydrogenase (GAPDH). This reaction requires
NAD� as a cofactor, which must be regenerated from NADH
oxidation in the cytosol. This can be accomplished by MAS
activity or cytosolic glycerol-3-phosphate dehydrogenase
(G3PDHc), both of which rely on mitochondrial reactions to
maintain cytosolic NAD�. G3PDHc increased relative to CS at
A16, as well as the mitochondrial NADH:NADPH transhydro-
genase and catalytic subunits of CI (Fig. 3B), consistent with
mitochondrial adaptations that favor preservation of cytosolic
redox potential in hypoxia.

Lactate dehydrogenase also supports cytosolic NADH oxida-
tion, but was not significantly elevated at A16, despite higher
muscle and serum lactate levels. Interestingly, pyruvate levels
uniformly declined from SL to A16 in all but one individual, in
contrast to the variable increases seen in lactate and upstream
glycolytic intermediates (Fig. 3F). Pyruvate OXPHOS capacity
was maintained in muscle fibers at A16 (Fig. 3G), but was likely
inhibited at pyruvate dehydrogenase by higher ATP/ADP
under resting conditions in vivo. Higher ATP and alanine
observed at A16 also favor allosteric inhibition of pyruvate
kinase (PK), suggesting a potential block in pyruvate formation
from upstream glycolytic intermediates. However, glycolytic
enzymes immediately upstream of PK increased relative to CS,
particularly phosphoglycerate kinase (PGK), which is the only
glycolytic enzyme that significantly increased relative to total
peptide at A16 (Fig. 3B center, Table S2b). In addition to fueling
glycolytic enzymes downstream, the product of PGK can be
oxidized to 3-phospho-hydroxypyruvate. This reaction links
glycolysis to one-carbon metabolism (1CM) pathways (45),
which comprise the folate and methionine cycles and trans-
sulfuration reactions to generate an array of products including
purines, creatine, and GSH (Fig. S2) (46). Muscle 3-phospho-
hydroxypyruvate levels increased uniformly in all participants
from SL to A16, along with multiple 1CM pathway metabolites

Figure 3. Hypoxia directs muscle glucose toward biosynthetic pathways. A, serum and muscle glucose and lactate, and muscle glucose 6-phosphate (G6P)
changes from SL to A16. B, schematic of muscle glucose metabolism including enzymes that increased (red filled boxes), decreased (blue fill), or were unchanged
(gray fill) relative to CS from SL to A16 (q � 0.05) corresponding to data in Table S2b. Blue bordered enzymes decreased relative to total sample peptide from SL
to A16 (q � 0.05). Metabolites depicted were found to increase (red font), decrease (blue font), or not change (black font) from SL to A16 (q � 0.05), or were
undetected (gray font) by LC/MS. C–H, selected muscle pentose phosphate pathway intermediates (C), the reduced/oxidized GSH ratio (D), pyruvate and lactate
(E and F), permeabilized muscle fiber pyruvate � malate OXPHOS capacity (G), and 1 carbon metabolism pathway substrates/products (H) at SL and A16. 3PHP,
3-phospho-hydroxypuruvate; DMG, dimethylglycine; PGL, phosphoglucolactone; SH7P, sedohepulose-7-phosphate; GAP, glyceraldehyde-3-phosphate. *, q �
0.05 versus SL in FDR-adjusted paired t tests.
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including dimethylglycine and taurine (Fig. 3H). Canonical
functions of 1CM include nucleotide biosynthesis, amino acid
homeostasis, and epigenetic regulation (by methylation) in the
context of development and cell proliferation (46). Accord-
ingly, there is increasing focus on the role of 1CM in cancer
metabolism and growth (47), which has revealed additional
functions including mitochondrial NADPH production and
redox control in hypoxia (48). To our knowledge, this is the first
evidence linking 1CM to hypoxia adaptation in skeletal muscle,
where it might balance increases in purine nucleotide degrada-
tion and support cytosolic redox balance in conjunction with
PPP activity.

Taken together, these analyses indicate that 16 days of phys-
iological hypoxia directs increases in muscle glucose toward
biosynthetic PPP and 1CM pathways, which may be critical for
maintaining myocyte homeostasis. A greater reliance on glu-
cose metabolism in hypoxia is often attributed to an up-regula-
tion of glycolytic enzymes by HIF-1� to enhance anaerobic
ATP production (5, 16). Consistent with this mechanism, we
observed subtle increases in HIF-dependent HK, PGK, and
AMP deaminase at A16, which catalyze key reactions in the
scheme presented above. However, other HIF-regulated
enzymes, most notably PFK and PK, were unchanged or lower
at A16, indicating a more complex fine-tuning of glucose
metabolism. Expression of PPP and 1CM enzymes was gener-
ally unaffected by hypoxia, but shunts to these pathways could
occur independently through inhibition of PFK and PK by
observed elevations in ATP and alanine under resting condi-
tions (Fig. 3B). We propose that this allosteric regulation of
basal glucose metabolism is a central feature of physiological
hypoxia adaptation in skeletal muscle, driven in part by eleva-

tions in PNC and MAS activity in response to an accumulation
of amino acids from protein catabolism. This hypothesis was
further explored by integrating our datasets in the context of
amino acid metabolism in the following section.

Muscle proteolysis supports PNC/MAS flux and anaplerotic
imbalance in hypoxia

Muscle proteolysis is a well-established phenomenon in
hypoxia (49, 50), and occurred in the present study as evidenced
by the accumulation of 17 proteinogenic amino acids in muscle,
and elevated serum levels of alanine, creatinine, and urea at A16
(Fig. 4A). Protein catabolism may be protective in hypoxia for
several reasons (27), but also requires myocytes to balance
accumulating anaplerotic carbons and amino nitrogen with
cataplerotic reactions to rid the cell of ammonia while meeting
cellular energy demands (51). The majority of amino nitrogen is
released from skeletal muscle as alanine and glutamine, which
are synthesized from other amino acids using pyruvate and
�-ketoglutarate (�-KG) as carbon backbones. The branched-
chain amino acids (BCAAs) leucine (Leu) and isoleucine (Ile)
are primary mediators of alanine and glutamine biosynthesis
(52), and along with aspartate (Asp), were the most robustly
elevated free amino acids in muscle at A16 (Fig. 4A). Therefore,
we evaluated the potential metabolic fates of these amino acids
and their metabolites in the context of established protein
catabolism and anaplerotic pathways (Fig. 4B).

BCAA catabolism in skeletal muscle begins with the
transamination of �-KG to glutamate by branched-chain ami-
notransferase, yielding branched-chain ketoacids that are ulti-
mately oxidized as succinyl-CoA in the citric acid cycle (CAC)
(Fig. 4B, yellow path). Elevated Asp and PNC flux at A16 favor

Figure 4. Muscle proteolysis alters balance of CAC intermediates in hypoxia. A, accumulated muscle-free amino acids and serum metabolites reflecting
increased muscle proteolysis at A16. B, schematic summary of principal muscle amino acid catabolism reactions (yellow path) and their interaction with the
canonical CAC (orange path), malate-aspartate shuttle (blue path), PNC (green path), and pyruvate transamination (pink path). Enzymes shown in boxes were
found to increase (red fill), decrease (blue fill), or not change (gray fill) from SL to A16 relative to CS in the muscle proteome corresponding to data in Table S2b
(q � 0.05). Metabolites depicted increased (red font), decreased (blue font), or did not change (black font) from SL to A16 (q � 0.05), or were undetected (gray
font) by LC/MS. C, correlations (second order polynomial) of muscle leucine (Leu) and isoleucine (Ile) with glutamate. D, selective loss of muscle CAC interme-
diates between citrate and fumarate from SL to A16. E, correlations of muscle malate with alanine (exponential) and lactate (linear). ADP-stimulated (OXPHOS)
respiration of permeabilized muscle fibers with substrates linked to CI (pyruvate � glutamate � malate) (F), CII (succinate � rotenone), and the ratio of the two
(CI/CII) (G) (n � 12–14). PPP, pentose phosphate pathway; 1CM, one-carbon metabolism; *, q � 0.05 A16 versus SL.
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conversion of glutamate to glutamine (Gln), which is released
from muscle as a means of ridding the cell of ammonia (53) (Fig.
4B, green path). Although serum Gln was not elevated at A16
(Fig. 4A), it is preferentially uptaken and oxidized by kidney
under conditions of metabolic acidosis to maintain acid-base
balance (54). We found robust inverse correlations between
muscle glutamate and both Leu and Ile levels at A16 (Fig. 4C)
consistent with enhanced BCAA catabolism through this path-
way (52). However, glutamate can also serve as the substrate for
transamination of pyruvate by alanine transaminase (ALT),
which regenerates �KG and promotes muscle nitrogen release
as alanine (Fig. 4B, red path). Higher muscle Asp at A16 also
supports this reaction by maintaining a favorable glutamate/
�-KG ratio catalyzed by aspartate aminotransferase (Fig. 4B,
blue path). Importantly, all these pathways favor an accumula-
tion of malate and net loss of �-KG, generating an anaplerotic
imbalance upstream of fumarate that was observed at A16 (Fig.
4D). Under these conditions, the majority of malate is likely
generated in the cytosol by PNC/MAS activity, where it can be
decarboxylated to pyruvate by cytosolic malic enzyme (ME1).
ME1 strongly favors pyruvate production in human skeletal
muscle (55), and increased relative to CS at A16 in the present
study (Fig. 4B, Table S2b). Therefore, we hypothesize that
higher malate flux through ME1 plays a key role in coupling the
alanine transaminase and aspartate aminotransferase reactions
to support feed-forward muscle nitrogen release from protein
and nucleotide catabolism in hypoxia. Strong positive correla-
tions of malate with alanine and lactate at A16 support this
hypothesis (Fig. 4E), and suggest that ME1 could be a major
source of pyruvate in hypoxia when ATP demand is low. This
would help to preserve upstream glycolytic intermediates for
the PPP and 1CM, and limit loss of �-KG needed to maintain
basal levels of oxidative metabolism in hypoxia.

The pathways illustrated in Fig. 4B rely on mitochondrial
NADH oxidation to support dehydrogenase reactions in BCAA
catabolism and the MAS, which is accomplished primarily by
the NADH dehydrogenase in CI of the mitochondrial respira-
tory system. We evaluated CI-dependent OXPHOS capacity of
muscle fibers with a combination of malate, pyruvate, and glu-
tamate as substrates, and found no change from SL to A16 (Fig.
4F). This parallels the observed preservation of pyruvate
OXPHOS capacity (Fig. 3E), and indicates that the selective loss
of CAC intermediates upstream of fumarate at A16 is not due to
reduced muscle oxidative capacity. In fact, the three CAC
enzymes downstream of citrate were increased relative to CS at
A16 (Fig. 4B, Table S2b), consistent with a relative increase in
the capacity to generate and oxidize �-KG in hypoxia. Succi-
nate OXPHOS capacity (supported by succinate dehydroge-
nase, or mitochondrial Complex II, CII) was unchanged from
SL to A16, but declined relative to the CI-linked OXPHOS
capacity (Fig. 4G). This is consistent with the greater reliance
on NADH oxidation and a re-routing of CAC intermediates
that favors either reduced synthesis of succinate, or perhaps its
extrusion from the cell along with lactate and alanine (56).
Release of succinate from muscle or other tissues would explain
its observed accumulation in serum at A16 (Fig. 4A), where it
can promote adaptive responses through its role as a pleiotro-
pic endocrine/paracrine signaling molecule (57). However, the

resulting anaplerotic imbalance might impair muscle mito-
chondrial capacity to meet the elevated energy demands in vivo
(e.g. during exercise) (52), compounding the limitations of
reduced O2 delivery and perhaps favoring the loss of muscle
mitochondrial capacity reported following more prolonged or
energetically taxing hypoxic exposures (e.g. trekking and climb-
ing expeditions) (8).

Taken together, these analyses suggest that protein catabo-
lism plays a central role in muscle metabolic responses to
hypoxia by promoting a loss of �-KG and accumulation of
malate. This supports adaptive shifts in glucose utilization that
balance increases in catabolic stress, while contributing to basal
energy production and redox homeostasis through mitochon-
drial NADH oxidation. In addition, �-KG is a rate-limiting
cofactor for HIF-1� hydroxylation by prolyl hydroxylase
domain proteins (58), which mediate proteasomal degradation
of HIF-1� under basal conditions (59). Thus, �-KG cataplerosis
due to protein and nucleotide catabolism at A16 could favor
HIF-1� stabilization independent of changes in muscle PO2,
further promoting adaptive responses in hypoxia. However,
limiting the depletion of �-KG is critical for maintaining met-
abolic homeostasis under these conditions. This requires sus-
tained anaplerotic input from sources other than pyruvate and
glutamate, which tend to be inhibited or depleted as discussed
above. Therefore, we next evaluated the hypothesis that
enhanced capacities for ketone or fatty acid oxidation help
maintain anaplerosis to support resting skeletal muscle energy
metabolism in high-altitude hypoxia.

Altered mitochondrial protein stoichiometry parallels
improvements in long-chain acylcarnitine oxidation capacity

Consistent with a greater reliance on mitochondrial NADH
oxidation at A16, select catalytic and accessory subunits of CI
robustly increased at A16 compared with SL (Fig. 5, Table S2b).
However, several other mitochondrial proteins, including two
accessory CI subunits, decreased at A16. Whether these stoi-
chiometric shifts in CI subunits represent adaptive structural
modifications or transient changes in the number of intact
complexes is unclear. Hypothetically, either could enhance CI
interaction with other inner membrane protein complexes to
support more efficient NADH oxidation and electron channel-
ing (60, 61). Concomitant increases in CS-normalized levels of
coenzyme Q6 monooxygenase (COQ6) at A16 (Fig. 5, Table
S2b) suggest that ubiquinone biosynthesis may also be favored
to support enhanced CI oxidation and electron transfer under
conditions of abundant mixed substrate availability.

Ketones are major anaplerotic substrates when muscle pro-
teolysis is elevated and pyruvate oxidation is limited, and so
may be an important energy source for skeletal muscle in high-
altitude hypoxia (27). In this study, muscle hydroxybutyrate
(HB) decreased significantly from SL to A16, whereas serum
HB was unchanged and isobutyrate declined (Fig. 5A). CS-
normalized levels of hydroxyacid– oxoacid transhydrogenase
increased at A16, perhaps reflecting a greater preference for
muscle HB oxidation. However, this reaction could be limited
by the reduced availability of �-KG discussed above, indicated
by a significant loss of hydroxyglutarate that correlated closely
with �-KG at A16 (Fig. 5B). Therefore, the capacity for muscle
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ketone oxidation appears to be preserved or enhanced in
hypoxia, but reduced substrate availability might ultimately
limit its contribution to resting muscle energy metabolism.

Fatty acids are the primary energy source for resting skeletal
muscle under aerobic conditions. This likely persists at A16, as
evidenced by a mean RER value of 0.82 (Table 1) and similar
levels of resting muscle oxygen extraction previously reported
at 5260 m and SL (34). Muscle-free fatty acid levels were highly
variable and tended to increase at A16, whereas serum lipids
were generally unchanged (Fig. 5C), perhaps reflecting an
increase in muscle fatty acid uptake or utilization. A greater
capacity for fat oxidation in physiological hypoxia is suggested
by some studies of humans (20) and animals (19) native to high-
altitude environments. However, most studies of short-term
hypoxia adaptation in humans have concluded either no
change or a decrease, based largely on the content or activity
of selected fatty acid metabolism enzymes such as �-hydroxya-
cyl-CoA dehydrogenase or carnitine palmitoyltransferase-1
(CPT1) (7). In agreement with these reports, muscle levels of
both �-hydroxyacyl-CoA dehydrogenase and CPT1 were
unchanged from SL to A16 in the present study, along with
several other fatty acid transport and oxidation enzymes. How-
ever, CPT2 increased relative to CS and total peptide from SL to
A16, suggesting a specific improvement in the capacity to oxi-
dize long-chain acylcarnitines.

To investigate this hypothesis directly, we evaluated the
palmitoylcarnitine-supported OXPHOS capacity of permeabi-
lized muscle fibers at SL and A16, and found increases in nearly
all participants (Fig. 5D). This in vitro measurement of muscle

long-chain acylcarnitine oxidation correlated inversely with
systemic RER at A16, validating its relevance to whole-body
fatty acid utilization under resting conditions in vivo. Palmi-
toylcarnitine-supported respiration in the absence of ADP
(LEAK) was unchanged from SL to A16, which equated to a
significant improvement in palmitoylcarnitine OXPHOS cou-
pling efficiency (Fig. 5E). Similar increases in OXPHOS cou-
pling were not observed when pyruvate or succinate was used as
a substrate (Fig. 5F), ruling out a generalized improvement in
respiratory chain efficiency or phosphorylation control by the
ATP synthase. This was seen despite CS-normalized decreases
in cytochrome c oxidase subunit 4-1 (COX4-1) classically asso-
ciated with HIF-1�-dependent COX subunit remodeling to
improve oxygen binding in hypoxia (17). In addition, moderate
decreases in multiple ATP synthase subunits and other compo-
nents of the ADP phosphorylation “interactosome” (62) were
observed at A16 (Fig. 5, Table S2b), despite maintenance of
maximal ADP-dependent respiratory capacity in muscle fibers
(Fig. S1). Whether these changes reflect an early down-regula-
tion of mitochondrial ATP production or improvements in bio-
energetic efficiency is unclear and merits further study. Collec-
tively, these studies underscore the importance of integrated
metabolic flux analysis when evaluating mitochondrial adapta-
tions to hypoxia, and suggest that a specific enhancement of
acylcarnitine oxidation capacity mediates improvements in
OXPHOS coupling control observed under mixed substrate
conditions (Fig. 1C). This might manifest in vivo as a greater
sensitivity to ADP in low energy flux states when fatty acids
serve as a primary fuel, consistent with the lower RER and

Figure 5. Ketone and fatty acid oxidation. Schematic illustrates mitochondrial fatty acid and ketone oxidation pathways with associated enzymes and
electron transfer proteins that increased (red fill), decreased (blue fill), or remained unchanged (gray fill) relative to CS from SL to A16 (corresponding to data in
Table S2b; q � 0.05). Metabolites shown increased (red text), decreased (blue), or did not change (black) from SL to A16, or were not detected by LC/MS (gray).
A, muscle and serum ketones. B, lower muscle 2-hydroxyglutarate (2-HG) correlates closely with �-KG at A16. C, muscle fatty acids and serum lipids. D, higher
ADP-stimulated (OXPHOS) respiratory capacity of muscle fibers with palmitoylcarnitine � malate (fatty acid) correlates inversely with systemic respiratory
exchange ratio at A16 (dotted line represents the 95% confidence interval). E, no change in muscle fiber respiration in the absence of ADP (LEAK) equates to
higher palmitoylcarnitine OXPHOS coupling efficiency at A16. F, no change in muscle pyruvate- or succinate-linked OXPHOS coupling from SL to A16. See
supporting Tables S1 and S2 for complete data and abbreviation listing. *, q � 0.05 versus SL in A and B; *, p � 0.05 by paired t test in D and E.
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higher muscle ATP/ADP ratio observed under resting condi-
tions at A16.

In contrast to these findings, previous studies have reported
no change or a decrease in muscle acylcarnitine OXPHOS
capacity following 2– 4-week exposures of up to 5300 m alti-
tude (23, 25). This discrepancy may reflect differences in the
hypoxia acclimatization protocol or populations studied. How-
ever, it is also notable that these previous studies used the 8-car-
bon octanoylcarnitine as a substrate, which bypasses specific
long-chain fatty acid oxidation enzymes on the inner mito-
chondrial membrane for oxidation in the canonical matrix
�-oxidation cycle (Fig. 5 scheme, orange arrow). The 16-carbon
palmitoylcarnitine used in the present study represents the
long-chain fatty acids utilized by muscle in vivo, which require
the very long-chain acyl-CoA dehydrogenase (VLCAD) for oxi-
dation in humans (63). These are subsequently metabolized by
the trifunctional protein complex (TFP; also known as long-
chain acyl-CoA dehydrogenase, LCHAD), which catalyzes all
three remaining reactions of the �-oxidation cycle (64) (Fig. 5
scheme, green arrow). Interestingly, both VLCAD and TFP
increased relative to CS at A16, and localize to the inner mito-
chondrial membrane where they facilitate direct channeling of
intermediates to the electron transferring flavoprotein and CI
(65). In contrast, only a partial channeling occurs through the
matrix enzymes responsible for oxidizing medium- and short-
chain fatty acids (66). Inborn deficiencies in either VLCAD or
TFP are associated with higher morbidity and mortality than other
fatty acid oxidation enzyme defects (67, 68), underscoring their
importance in fatty acid catabolism and metabolic homeostasis.
We postulate that retention or up-regulation of these enzymes in
hypoxia, perhaps along with CPT2 and select CI subunits, may
limit toxic accumulation of acylcarnitines (69) and improve the
efficiency of resting muscle energy metabolism.

Potential regulatory mechanisms

HIF-1� has been widely implicated in cellular metabolic
adaptation to hypoxia (15), but its role in skeletal muscle
responses to high altitude is less clear (70). We were unable to
detect HIF-1� protein in any sample at SL or A16 by Western
blotting in the present study, despite validating our antibody in
hypoxic C2C12 myoblasts and ischemic human vastus lateralis
(Fig. S3). Therefore, the significant hypoxemia observed at A16
was evidently insufficient to decrease muscle PO2 to a level
required for sustained HIF-1� stabilization under routine sed-
entary conditions. This is consistent with a high functional
reserve of muscle oxygen diffusion capacity at high altitude
(71), and suggests that muscle metabolic responses to hypoxe-
mia (e.g. induction of proteolysis discussed above) likely pre-
dominate over tissue hypoxia per se in the present study. How-
ever, we cannot rule out the possibility that muscle HIF-1�
stabilization occurred transiently during an earlier phase of
hypoxia exposure, thereby partially contributing to the meta-
bolic phenotype observed at A16.

To explore the basis for improved muscle OXPHOS capacity
observed at A16, we evaluated AMP-activated protein kinase
(AMPK) and GTPase optic atrophy 1 (OPA1) as established
regulators of mitochondrial metabolism (72) and dynamics (73)
in response to energetic stress. However, total and Thr-121

phosphorylated AMPK were unchanged from SL to A16 (Fig.
6B), consistent with the preservation of muscle AMP and
higher ATP/ADP ratio (Fig. 2). OPA1 tended to decline from SL
to A16 (Fig. 6C, p � 0.06), perhaps reflecting a trend toward
mitochondrial cristae remodeling favoring less fusion consis-
tent with reduced levels of prohibitins (Table S2A) and ATP
synthase subunits (Fig. 5A) at A16 (74). However, it is unclear
whether these changes would support the improvements in
muscle OXPHOS function observed at A16.

Given the selective enhancement of fatty acid-linked
OXPHOS at A16, we investigated protein levels of the peroxi-
some proliferator-activated receptor � (PPAR�), the master
transcriptional regulator of muscle fatty acid metabolism (75).
We found that whereas expression at the expected molecular
mass of 50 kDa was unchanged, expression of distinct bands at
27 kDa tended to increase, resulting in a higher combined pro-
tein expression at A16 in several subjects (Fig. 6D). The func-
tional relevance of this 27-kDa band is unclear, but higher total
PPAR� expression (50 � 27 kDa band density) in paired
A16/SL subject samples correlated with muscle palmitoylcar-
nitine OXPHOS capacity at A16 (Fig. 6, E and F), suggesting
a positive regulatory role on muscle fat oxidation. Notably,
PPAR� haplotypes have been linked to the evolutionary adap-
tation of humans to high altitude (76), with unclear functional
implications. Collectively, these results highlight the need for fur-
ther investigation of the roles that fatty acid metabolism and
PPAR� play in the physiological adaptation to high altitude, and
perhaps other conditions associated with chronic hypoxemia.

Summary and conclusions

Understanding the homeostatic adjustments of aerobic tis-
sues to a low oxygen environment is essential for distinguishing
adaptive from maladaptive responses in hypoxia-related condi-
tions. Although still controversial, the prevailing view is that
chronic hypoxia induces a shift from aerobic to anaerobic

Figure 6. Putative regulators of muscle metabolic adaptation to high-
altitude hypoxia. A–D, representative blots (A) and graphical summaries of
muscle protein expression (20 �g) of total and phosphorylated AMP kinase-�
(AMPK�; B), GTPase optic atrophy 1 (OPA1; C), and PPAR� (D). E, individual
subject data of paired SL and A16 (same gel) PPAR� protein blots (50 � 27
kDa). F, paired A16/SL blot density ratios of total PPAR� (50 � 27 kDa) posi-
tively correlate with palmitoylcarnitine-supported OXPHOS capacity at A16
(data from Fig. 5E). *, p � 0.05 by paired t test.
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metabolism that includes a down-regulation of mitochondrial
capacity, favoring glycolytic over fatty acid energy supply (7).
The present study demonstrates that a loss of muscle mito-
chondrial capacity is not obligatory for at least the early phase of
high-altitude hypoxia adaptation. Rather, mitochondria play a
central role in adaptive responses by supporting greater resting
muscle phosphorylation potential and enhancing the efficiency
of fatty acid oxidation. This favors allosteric inhibition of key
regulatory enzymes in glycolysis, which directs glucose toward
pentose phosphate and one-carbon metabolism pathways that
support cytosolic redox balance and purine nucleotide homeo-
stasis. Muscle accumulation of free amino acids from protein
catabolism appears to be a primary driver of this response by
coordinating cytosolic and mitochondrial pathways to rid the
cell of ammonia. This generates an anaplerotic imbalance that
may be initially adaptive, but could ultimately limit muscle oxi-
dative capacity in vivo independent of oxygen availability.

These findings bear a striking resemblance to emerging per-
spectives on cancer metabolism, where a similarly integrated
view of metabolic adaptation has begun to transcend the classic
Warburg hypothesis (77). The handling of accumulated amino
acids from protein catabolism may be a pivotal regulator of
both systems by redirecting oxidative metabolism and facilitat-
ing either cellular remodeling or growth. Muscle wasting is a
hallmark of all hypoxia-related pathologies as well as surgical
trauma, advanced diabetes, aging, and cancer cachexia. There-
fore, therapeutic interventions that target muscle protein
catabolism might reveal unanticipated benefits in hypoxia-re-
lated conditions and certain cancers. Mechanistically, future
studies are needed to define the respective contributions of the
PNC, 1CM, and long-chain acylcarnitine oxidation pathways to
physiological hypoxia adaptation, and the regulatory basis for
associated stoichiometric shifts in the mitochondrial and cyto-
solic proteomes. These processes are likely to be orchestrated
by a complex interplay of transcriptional, allosteric, and sub-
strate-level regulation that will require integrative experimen-
tal approaches and interpretation to clarify further.

Experimental procedures

Human subjects and sample collection

Subjects (7 male, 7 female; 21 � 2 years of age) were a ran-
domly selected subset of 25 individuals studied at SL (Eugene,
OR) and following 16 days at 5260 m (A16) on Mt. Chacaltaya in
the Bolivian Andes during the 2012 AltitudeOmics project (26).
All subjects engaged in light voluntary activity and were pro-
vided ad libitum meals to minimize confounding effects of neg-
ative energy balance and inactivity. All procedures conformed
to the Declaration of Helsinki and were approved by the Uni-
versities of Colorado, Oregon, and Utah Institutional Review
Boards and the United States Department of Defense Human
Research Protection Program Office. Physiological measures in
Table 1 were obtained through indirect calorimetry and pulse
oximetry on the subset of subjects from the AltitudeOmics
project studied in the present investigation (see supporting
Materials and methods for full disclosure of data previously
reported from the full subject cohort). Vastus lateralis muscle
biopsies were obtained under resting post-absorptive condi-

tions at least 24 h following any exercise using the Bergström
technique under local anesthesia (1% lidocaine subcutane-
ously) (78). Sections (100 –150 mg) were immediately placed in
ice-cold biopsy preservation media (BIOPS) containing (in mM)
10 Ca2�-EGTA, 20 imidazole, 50 potassium/MES, 0.5 DTT,
6.56 MgCl2, 5.77 ATP, and 15 phosphocreatine at pH 7.1 for
preparation of permeabilized fibers, or snap frozen in liquid
nitrogen for storage at �80 °C for future biochemical analysis.

Mitochondrial respirometry

Mitochondrial metabolism was evaluated in permeabilized
muscle fiber bundles prepared as previously described (29)
using two Oxygraph-2k high-resolution respirometers (Oro-
boros Instruments, Innsbruck, Austria). Oxygen flux was mon-
itored in real-time by resolving changes in the negative time
derivative of the chamber oxygen concentration signal normal-
ized to fiber wet weight following standardized instrumental
and chemical background calibrations performed daily (instru-
mental) or before every experiment (chemical background).
Respirometry chambers were maintained at 37 °C in a hyper-
oxygenated environment (275– 400 �M O2) to avoid potential
limitations in oxygen diffusion on respiratory capacity of per-
meabilized fiber bundles (29). A detailed description of the res-
piration protocols and respiratory states generated by the
sequential titration of each constituent are provided in Table
S1. All samples were run in duplicate and averaged, and occa-
sionally a third or fourth time if the response of repeats lacked
uniformity. Any fiber preparations exhibiting a greater than
10% increase in flux in response to cytochrome c (indicating
loss of outer mitochondrial membrane integrity) were excluded
from analyses.

Metabolomic profiling

Metabolites were extracted from snap-frozen serum (10 �l)
or muscle biopsies (10 mg) in ice-cold methanol/acetonitrile/
water (5:3:2), separated on a Kinetex XB-C18 column (Phe-
nomenex), and analyzed using a UHPLC system (Vanquish,
Thermo, San Jose, CA) coupled to a Q Exactive quadrupole-
Orbitrap mass spectrometer (Thermo, San Jose, CA). Calibra-
tion was performed before each analysis against positive or neg-
ative ion mode calibration mixes (Piercenet, Thermo Fisher,
Rockford, IL) to ensure �1 ppm error of the intact mass.
Metabolite selection was performed against the KEGG pathway
database using Maven software (Princeton, NJ) and confirmed
against a library of over 630 standard compounds (Sigma;
IROATech, Bolton, MA). See supporting “Materials and meth-
ods” for a more detailed description of the metabolomic profil-
ing procedures.

Proteomic profiling

Muscle proteomic analyses were performed by Tandem
Mass Tag labeling LC-MS/MS, which enables multiplexing of
sample groups to maximize the internal validity and sensitivity
of treatment comparisons. Trypsin-digested samples were
labeled with a unique reporter tag (TMT 10-Plex, Thermo
Pierce), then subjected to offline UPLC-UV fractionation and
concentration for LC-MS/MS analysis. Paired (SL and A16)
samples from individual subjects were analyzed simultaneously
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to determine protein abundance changes from SL to A16, using
SL as the reference sample in each multiplexed pairing, with a
false discovery rate (FDR) for peptides set at 0.1%. Data were
searched against the human Uniprot protein database in MAS-
COT Server (version 2.3) and imported into Scaffold Q�S for
data refinement and quantification of reporter tag intensity. A
detailed description of proteomic profiling methods is provided
under supporting “Materials and methods”.

Western blotting

Muscle expression of selected regulatory proteins was evalu-
ated in 20 �g of protein extracts of muscle biopsies by standard
immunoblotting procedures as described previously (79). Pri-
mary antibodies were all from Cell Signaling (Danvers, MA)
except PPAR� (Abcam, Cambridge, MA; number 24509S) used
at 1:500 –1000 dilutions, normalized to actin or total protein
(Ponceau S) staining for loading control.

Statistical analyses

SL and A16 data were compared by paired t-tests using Bon-
ferroni-Hochberg corrections for multiple comparisons with a
FDR of 0.05 for metabolomic and 0.20 for proteomic profiling
to denote statistical significance at q � 0.05. A standard p �
0.05 was used for physiology and respirometry data and
selected Pearson correlation analyses.
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