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* Background Secondary cell walls (SCWs) form the architecture of terrestrial plant biomass. They reinforce
tracheary elements and strengthen fibres to permit upright growth and the formation of forest canopies. The cells
that synthesize a strong, thick SCW around their protoplast must undergo a dramatic commitment to cellulose,
hemicellulose and lignin production.

* Scope This review puts SCW biosynthesis in a cellular context, with the aim of integrating molecular biology
and biochemistry with plant cell biology. While SCWs are deposited in diverse tissue and cellular contexts
including in sclerenchyma (fibres and sclereids), phloem (fibres) and xylem (tracheids, fibres and vessels), the
focus of this review reflects the fact that protoxylem tracheary elements have proven to be the most amenable
experimental system in which to study the cell biology of SCWs.

e Conclusions SCW biosynthesis requires the co-ordination of plasma membrane cellulose synthases,
hemicellulose production in the Golgi and lignin polymer deposition in the apoplast. At the plasma membrane where
the SCW is deposited under the guidance of cortical microtubules, there is a high density of SCW cellulose synthase
complexes producing cellulose microfibrils consisting of 18-24 glucan chains. These microfibrils are extruded into
a cell wall matrix rich in SCW-specific hemicelluloses, typically xylan and mannan. The biosynthesis of eudicot
SCW glucuronoxylan is taken as an example to illustrate the emerging importance of protein—protein complexes in
the Golgi. From the trans-Golgi, trafficking of vesicles carrying hemicelluloses, cellulose synthases and oxidative
enzymes is crucial for exocytosis of SCW components at the microtubule-rich cell membrane domains, producing
characteristic SCW patterns. The final step of SCW biosynthesis is lignification, with monolignols secreted by
the lignifying cell and, in some cases, by neighbouring cells as well. Oxidative enzymes such as laccases and

BOTANY

Founded 1887

peroxidases, embedded in the polysaccharide cell wall matrix, determine where lignin is deposited.
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INTRODUCTION

The emergence of lignified secondary cell walls (SCW5s) is one
of the most important evolutionary events allowing plants to
dominate the terrestrial environment. These strong and rigid
walls provide physical support for the plant and reinforce con-
duits for long-distance transport in the xylem. While tracheary
elements (i.e. vessels and tracheids) play key physiological
roles in water and mineral transport, the bulk of the world’s
SCW biomass is in the form of fibres in secondary xylem (i.e.
xylary fibres) and in primary growth (i.e. sclerenchymous
fibres) (Fig. 1). Although only a sub-set of cells in any given
plant form SCWs, in many woody plants, such as trees, the ma-
jority of the plant’s mass is composed of SCWs in the form of
fibres, tracheids and vessels.

The woody tissues of plants are important for human cul-
tures and economies. Globally, wood is burned for fuel, used
in construction of buildings and furnishings, in the production
of paper and fibres, and carved to make tools and art. More
recently, the lignocellulosic biomass of SCWs has been targeted
as a resource for renewable biofuels. The degree to which this
resource can be exploited is largely determined by the ultras-
tructure and chemistry of the SCWs produced by plants. This

chemistry has the capacity to affect the inherent recalcitrance
of SCWs to biochemical processing for biofuel production, and
therefore the economic viability of second-generation biofuels
(Marriott et al., 2016). SCWs could also be exploited by repur-
posing agriculture or forestry waste by-products rich in lignin
into value-added products (Ragauskas et al., 2014). A thorough
understanding of the SCW and how it is produced will allow
identification and tailoring of wall compositions that are opti-
mal for these types of industrial processes.

Classically, SCWs are strong, thickened cell walls defined
by being deposited after the plant cell has finished its expan-
sion. In contrast, primary cell walls (PCWs) are defined as the
walls formed during cell expansion that resist the forces exerted
by turgor pressure, and are flexible and extensible enough to
facilitate morphogenesis. These classical definitions generally
correlate with characteristic cell wall chemical compositions;
however, exceptions are found. For example, the arabidopsis
seed coat epidermis has a specialized cell wall that is laid down
after the cell has finished expansion, so classically should be
considered a secondary cell wall, but compositionally it is
similar to the primary wall as it is pectin and xyloglucan rich
(Haughn and Western, 2012). Another exception to the classi-
cal definition includes fibres from fescue (Festuca arundinacea
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FiG. 1. SCWs in primary and secondary stem growth. Illustrative examples of SCWs in water-conducting cells (vessels, tracheids) and supportive fibres. (A and

B) SCWs in primary growth. (A) SCWs in monocot primary growth exemplified in a cross-section of a grass stem internode where vascular bundles with large

metaxylem vessels are encased in SCW-rich sclerenchyma (e.g. Brachypodium). (B) SCWs in eudicot primary growth illustrated in a stem cross-section prior

to onset of secondary thickening (e.g. Brassica). SCWs are found in the vascular vessels and fibres, which are continuous with the thick interfascicular fibres.

(C and D) SCWs in secondary growth, marked by the presence of the vascular cambium. (C) Gymnosperm secondary growth showing thick SCWs in the water-

conducting and supportive tracheids of the secondary xylem (e.g. Pinus). (D) Angiosperm secondary growth showing SCWs in the water-conducting vessels and
the supportive fibres (e.g. Populus).

Schreb.) leaf blades, where SCW deposition occurs in conjunc-
tion with expansion (MacAdam and Nelson, 2002).

The goal of this review is to examine SCW biosynthesis in a
cell biology context, with emphasis on how the protoplast pro-
duces large amounts of the SCW components, how they are
secreted and how the precise patterns of SCWs are generated.
This activity takes place in SCW-producing cells derived from
procambium in axially growing organs, from the vascular cam-
bium in wood formation or in extraxylary fibres arising from
ground tissue (Fig. 1), with common mechanisms within the
protoplast driving SCW production in each case. As the cell
shifts production from PCW to SCW biosynthesis, the entire
cell wall biosynthetic machinery is remodelled in response to
transcriptomic cascades in tracheids, fibres or vessels (reviewed
in Taylor-Teeples et al., 2014; Nakano et al., 2015). A new set
of cellulose synthase (CESA) enzymes are produced and traf-
ficked to the cell surface, accompanied by rearrangements of
the cytoskeleton. The types of cell wall matrix polysaccha-
rides being made in the Golgi switch (e.g. in eudicots, from
pectin and xyloglucan rich to glucuronoxylan rich), and secre-
tion is focused to SCW domains. Typically, the final step of
SCW synthesis is the deposition of polyphenolic lignin in the
polysaccharide matrix. The remodelling of the cell during
SCW production occurs in an overlapping series of events:
the transition from PCW to SCW, SCW synthesis dominated
by polysaccharide production, SCW maturation dominated

by lignification and often co-occurring with programmed cell
death (Fig. 2). As with the strict definition of SCW, exceptions
to this sequence abound, such as the gelatinous type of SCW
exemplified by bast fibres which are high in cellulose but lack-
ing lignin (Gorshkova et al., 2012).

CELLULOSE

Cellulose is the most abundant biopolymer on earth, with an
estimated annual production of 10'°-10'! t (Hon, 1994). The
majority of this cellulose is produced in the SCWs of terrestrial
plants, as it comprises up to 60 % of the SCW, compared with
20-30 % in PCWs (reviewed in McNeil et al., 1984). Cellulose
is composed of linear chains of B-(1-4) glucans, which aggre-
gate to form highly crystalline cellulose microfibrils that are held
together by many intra- and intermolecular hydrogen bonds and
Van der Waals forces (Kim et al., 2013). The overall structure
of cellulose microfibrils differs between PCWs and SCWs, most
notably with a higher crystallinity and degree of polymerization
in SCWs affecting its strength and rigidity (McNeil et al., 1984).
Despite this importance, the cellular and enzymatic mechanisms
controlling these features of cellulose microfibrils remain poorly
understood. Here we discuss recent advancements in our under-
standing of the CESA enzymes and the cellular mechanisms
influencing their activity during SCW biosynthesis.
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FiG. 2. The onset and completion of secondary cell wall (SCW) synthesis involves changes in many cellular processes. The transition from primary cell wall

(PCW) to SCW deposition encompasses reorganization of microtubules, an exchange of primary cellulose synthases (CESAs) for specialized secondary CESAs

and a shift in Golgi production from primary wall pectins and hemicelluloses (e.g. xyloglucan and arabinoxylans) to secondary wall hemicelluloses (e.g. xylans

and mannans). Lignification occurs later in SCW production, though the lignin monomers (monolignols) and oxidative enzymes (e.g. laccases and peroxidases)

required for their polymerization may be synthesized and secreted earlier. Cells that are dead at maturity undergo programmed cell death, after which lignification
may continue using monolignols produced by neighbouring parenchyma.

SCW cellulose biosynthetic enzymes

Cellulose is synthesized by CESA enzymes in the plasma
membrane (reviewed by McFarlane et al., 2014). Each CESA
is hypothesized to synthesize a single glucan chain by polym-
erizing glucose derived from cytosolic UDP-glucose. This
hypothesis is strongly supported by X-ray crystallography
studies of the BcsA—BcsB cellulose synthase complex of the
bacterium Rhodobacter sphaeroides, in which BcsA was phys-
ically associated with one glucan chain (Morgan et al., 2013).
This demonstrated that each CESA enzyme has the catalytic
structure necessary to carry out polymerization (Morgan et al.,
2013; Omadjela et al., 2013). Although the crystal structure of
plant CESAs remains to be resolved, computationally predicted
structures of a cotton SCW CESA modelled on the bacterial
CESA suggest that plant and bacterial CESAs have similar fea-
tures, further supporting a one CESA—one glucan chain model
(Slabaugh er al., 2014; Sethaphong et al., 2015).

The number of CESA genes varies among plant species,
with different sets of CESAs required for cellulose synthesis
in PCWs and SCWs (Carroll and Specht, 2011). In arabidop-
sis, for example, CESA1, CESA3 and one of CESA2/5/6/9
are required for PCW production, while CESA4, CESA7 and
CESABS are needed for SCW production (Persson et al., 2005).
The CESAs involved in SCW synthesis were first identified
in knock-out mutants in arabidopsis by their characteristic
irregular xylem (irx) phenotype in arabidopsis stem sections
(Turner and Somerville, 1997), now considered a diagnostic
phenotype for SCW disruption of many kinds. The knock-
out alleles, cesa4™, cesa7™ and cesa8™!, had approx. 70 %
less cellulose than wild-type plants (Taylor ef al., 1999, 2000,
2003). However, not all SCW CESA mutants have an irregu-
lar xylem phenotype. The missense fragile fibre (fra) mutants,

cesa7' and cesa8", have normal vessels but reduced SCW
thickness in fibres and a significant decrease in cellulose con-
tent (Zhong et al., 2003). Mutations in SCW CESAs can also
affect PCW components, as the missense mutant cesa7"™"'" has
altered pectin and xyloglucan structures, predicted to be a result
of perturbed cell wall integrity signalling (Bosca et al., 2006).
Expression analyses using either antibodies raised against the
class-specific region unique to each SCW CESA or green fluor-
escent protein (GFP) tagging of CESA revealed that CESA4,
CESA7 and CESAS are present at the same time in develop-
ing tracheary xylem and interfascicular fibres (Gardiner et al.,
2003; Taylor et al., 2003). This combination of expression pat-
terns and mutant phenotypes strongly suggests that these pro-
teins synthesize cellulose for SCWs.

CESA complex (CSC) formation and function

Although each CESA is believed to be capable of glucan
synthesis independently, in planta cellulose is synthesized at
the plasma membrane by a multiprotein complex called the
cellulose synthase complex (CSC). Freeze-fracture/transmis-
sion electron microscopy (TEM) or negative staining/TEM of
various moss and vascular plant plasma membranes showed
hexameric rosette structures approx. 25 nm in diameter on the
extracellular face, with a larger 40 nm globular structure on the
cytosolic face (Giddings et al., 1980; Mueller and Brown, 1980;
Bowling and Brown, 2008). In freeze-fracture images of xylem
vessels from Lepidium sativum roots, rosettes were only seen
in domains where the SCW is forming (Herth, 1985). Antibody
labelling against the catalytic domain of CESAs confirmed that
the rosettes seen in freeze-fracture/TEM in developing cotton
fibres did indeed contain CESA proteins (Kimura ef al., 1999),
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verifying the interpretation that a rosette corresponds to a single
CSC. Historically, it was believed that >36 CESAs made up
a complete CSC, based on the number of chains that would
account for the observed microfibril widths and the 6-fold
symmetry of rosettes (McFarlane et al., 2014). However, re-
cent studies using improved analytical techniques and compu-
tational modelling have shown that CSCs are more likely to be
composed of either 18 CESAs (Newman et al., 2013; Oechme
et al., 2015; Nixon et al., 2016; Vandavasi et al., 2016) or 24
CESAs (Fernandes et al., 2011; Thomas et al., 2013; Oehme
et al., 2015). As such, the emerging model of the CSC is a hex-
amer of CESA trimers or tetramers, producing 18-24 3-(1-4)
glucan chains that assemble into a microfibril.

Each CSC must also contain a mix of at least three types
of CESA proteins. Co-immunoprecipitation (ColP) experi-
ments demonstrated that when one of the three CESAs is lost,
the large CSC complex is no longer detected, the remaining
two CESAs no longer interact and they accumulate to lower
levels compared with the wild type. This was the case in both
PCW CESAs (Desprez et al., 2007) and SCW CESAs (Taylor
et al., 2003). Furthermore, quantitative western blots, and CoIP
followed by mass spectrometry quantification, have suggested
that the three CESA classes have a stoichiometric ratio of 1:1:1
within a complex (Gonneau et al., 2014; Hill et al., 2014).
Interestingly, null mutants of SCW CESA genes are still able
to produce some cellulose, albeit with altered crystallinity and
lower abundance (Taylor ef al., 2003). It may be that the other
classes of CESA can partially compensate for the absent CESA
class. This is supported by studies showing partial complemen-
tation of an SCW cesa8 mutant by an ectopically driven PCW
CESAL, and of a PCW cesa3 mutant by SCW CESA7 (Carroll
et al.,2012). Alternatively, the remaining CESAs may form ab-
errant CSCs or act as monomers, producing cellulose of lower
quality on their own (Arioli et al., 1998). Heterologous expres-
sion of a single Populus trichocarpa SCW CESA, PttCESAS,
in the yeast Pichia pastoris resulted in the formation of protein
complexes and cellulose microfibril production (Purushotham
et al., 2016). In yeast expressing Pi#fCESA8 with N-terminal
truncations, microfibrils were not formed, though production of
cellulose chains continued (Purushotham et al., 2016). As the
N-terminus is a region important in CESA—-CESA interactions,
this indicates that CSC formation is required for aggregation of
cellulose into microfibrils.

It is not currently understood why multiple CESA isoforms
are needed to form a complete CSC or why different CESAs
appear to have distinct functions. Genomic analysis of several
plant species revealed that the specialization of CESA classes
has persisted through much of the evolution of land plants
(Carroll and Specht, 2011). Primary amino acid sequence
comparisons indicate that the hypervariable and class-specific
regions of CESAs are more conserved among orthologues than
paralogues, leading to the hypothesis that the conserved amino
acids within a class of CESAs reflect functional specialization
(Pear et al., 1996; Doblin, 2002). Part of this specialization
may be conferred by phosphorylation, as these regions contain
several highly conserved phosphorylation sites, which have
been shown with site-directed mutagenesis and phosphoryla-
tion assays to be involved in regulating CESA activity (Taylor,
2007; Chen et al., 2010, 2016; Sanchez-Rodriguez et al.,
2017). However, other domains such as the far N-terminus
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and C-terminus contain sequences that are highly conserved in
some CESA classes but lost in others, implying that specificity
may extend beyond the previously proposed regions (Carroll
and Specht, 2011). Recent work creating a comprehensive
set of hybrid SCW CESAs, in which several domains from
the three SCW CESAs in arabidopsis were swapped and then
tested for complementation of SCW cesa mutants, showed that
class specificity was not dependent on either the class-specific
or the hypervariable domains (Kumar et al., 2017). Instead, the
suite of CESAs may be required because each CESA isoform
has a specific location and fit within the complex (Wang et al.,
2006; Kumar et al., 2017). Analyses of chimeric PCW CESAs
have shown that when the C-terminal half of CESA3 is fused
to the N-terminal half of CESA1 and transformed into cesal"™"!
mutants, a dominant-negative effect on plant growth was found,
implying that the non-functional chimeric protein was occupy-
ing the site of the normal functioning CESAs (Wang et al.,
2006). The hybrid SCW CESA swapping experiments show
that CESAS8 is most accepting of other CESA domains, sug-
gesting that it may have a peripheral position in the complex,
while CESA7 was the least accepting of other CESA domains,
implying that it may be in a more constrained position (Kumar
et al., 2017). Still, it is difficult to conclude that the multiple
isoforms exist to play structural roles in a complete CSC until
we have a higher resolution view of how each CESA interacts
with its partners.

Assembly of CSCs from the CESA monomers is believed
to occur in the Golgi apparatus (Haigler and Brown, 1986).
Although rosettes have been observed in the endoplasmic re-
ticulum (ER) in a single freeze-fracture image (Rudolph,
1987), little additional evidence suggests that complex forma-
tion begins here. Indeed, other freeze-fracture imaging (Haigler
and Brown, 1986) and fluorescent microscopy of tagged PCW
and SCW CESAs (Paredez et al., 2006; Wightman and Turner,
2008; Crowell et al., 2009; Gutierrez et al., 2009; Watanabe
et al., 2015) have not detected rosettes or significant CESA
fluorescent label in pre-Golgi compartments. Further evidence
for complex formation in the Golgi comes from analysis of
the Golgi-localized STELLO proteins (Zhang et al., 2016).
STELLOs were shown to interact with PCW and SCW CESAs
in the Golgi, and the STELLO double mutant had altered dis-
tribution of CESAs in the Golgi, a reduction in PCW and SCW
CSC formation, decreased PCW CSC delivery to the plasma
membrane and altered CSC velocity (Zhang et al., 2016). This
highlights the importance of the Golgi in CSC formation, and
provides evidence that proper complex formation affects the
function of the CESAs at the plasma membrane. However, it is
still unclear how STELLOs might mediate CESA complex for-
mation in the Golgi and if other proteins are involved.

Biosynthesis of cellulose at the plasma membrane

The dynamics of cellulose synthesis at the plasma mem-
brane is another area of cellulose biology that has been ex-
tensively investigated. Fluorescently-tagged PCW CESAs in
CSCs have been shown to move through the plasma membrane
(Paredez et al., 2006). This movement is thought to be pow-
ered by the polymerizing activity of the CSCs pushing against
the newly synthesized cellulose microfibril embedded in the
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wall (Herth, 1980; DeBolt et al., 2007; Diotallevi and Mulder,
2007). Imaging of fluorescently tagged PCW CSCs showed
that they move in linear, bi-directional trajectories at speeds
of 70-500 nm min™!, which has been proposed to correspond
to 300—-1000 glucose molecules min™' (Paredez et al., 2006).
CSC speeds increase at higher temperatures, a property that has
been proposed to regulate the growth rate of the cell (Fujita
et al.,2011). All of these measurements of PCW CESA veloci-
ties were taken in the epidermal cells of arabidopsis hypocotyls
using spinning-disk confocal microscopy; direct measurement
of SCW CESA is challenging as native tracheary elements are
deep within plants, not on the surface (Wightman and Turner,
2008; Wightman et al., 2009).

One solution to the challenge of SCW CESA imaging was
to visualize fluorescently tagged SCW CESAs in transdiffer-
entiating SCW-producing protoxylem cells (Watanabe et al.,
2015). By inducing xylem cell fate in epidermal cells of
arabidopsis, SCW CESAs were directly imaged, demonstrat-
ing their intense accumulation in plasma membrane domains
adjacent to forming SCWs and depletion in other plasma
membrane regions. These domains also closely co-localized
with bundles of cortical microtubules, which were previ-
ously shown to mark areas of SCW deposition (Hepler and
Fosket, 1971; Gardiner et al., 2003; Wightman and Turner,
2008). The restriction of CSCs to SCW regions leads to a sig-
nificantly higher density of CSCs than is seen in PCW pro-
duction (Watanabe et al., 2015). Clusters of CSCs have been
observed to move in co-ordinated trajectories along a single
track, which leads to the large aggregations of highly ordered
cellulose microfibrils that are seen in SCW domains and not
PCWs (S. Li et al., 2016). Thus, the high density and tightly
co-ordinated tracking of CSCs in SCW domains (Fig. 3) plays

A
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a key role in forming the thickened, cellulose-rich SCWs in
developing xylem cells.

The localization of CSCs in SCW domains of developing
xylem cells has been found to be dependent on CESA acyl-
ation (Kumar et al., 2016b). Such post-translational modifica-
tions have been proposed to increase the hydrophobicity of the
CESAs, increasing their association with the plasma membrane
lipids and ensuring CSCs remain in the plasma membrane as
the cellulose pushes the CSC down, depressing the membrane
(Diotallevi and Mulder, 2007; Kumar et al., 2016b). The add-
ition of acyl-groups to the CESAs may facilitate formation of
lipid microdomains that have been hypothesized to be crucial
for CSC function (Guerriero et al., 2010; Kumar et al., 2016b).
Cells with patterned SCW deposition provide an opportunity to
test if the membrane environment around CSCs differs from the
rest of the plasma membrane. The high density of SCW CSCs
should enrich any associated membrane features in the SCW
domains, which would then be distinct from the other mem-
brane domains that lack CSCs.

The length of the cellulose chains in the wall (degree of poly-
merization) has been linked to both the speed of CSCs and the
lifetime of a CSC at the plasma membrane (Bashline et al.,
2014). If lifetime determines degree of cellulose polymeriza-
tion, then we would expect the pool of SCW CESAs to have
a longer half-life, as cellulose in SCWs is usually greater than
three times longer than in PCWs (McNeil et al., 1984). Due
to the high density of CSCs at the plasma membrane, and the
difficulty in tracking a particle travelling the circumference of
the cell, the lifetime of CSCs at the plasma membrane has not
been directly measured. The lifetime at the plasma membrane
of PCW CSCs was indirectly estimated to be about 21 min,
based on freeze-fracture experiments of the moss Funaria

B Secondary cell wall synthesis

FiG. 3. Cellular changes accompanying SCW biosynthesis. (A) Part of a developing protoxylem tracheary element prior to SCW deposition (left) is seen in

cross-section (right). Primary CESA complexes (CSCs) (red) in the plasma membrane (PM) produce cellulose for the primary cell wall (PCW). Accompanied se-

cretory vesicles (turquoise) deliver hemicelluloses, pectins and glycoproteins to the wall by fusing with the PM. Microtubules (MTs) are widely dispersed and run

roughly perpendicular to the long axis of the cell. Also shown are the endoplasmic reticulum (ER), a multivesicular body (MVB) and the vacuole. (B) Production

of SCWs in protoxylem results in a helical SCW (left). A cross-section of a single SCW thickening (right) shows that microtubules have become bundled and line

the PM at the region of SCW formation. A dense population of secondary wall CSCs (green) are restricted to the SCW domain. Vesicles traffic CSCs and deliver
hemicelluloses (e.g. xylan and mannan) and glycoproteins (e.g. laccases) to the SCW.
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hygrometrica after treatment with monensin, an inhibitor of
the Golgi-mediated secretion pathway (Rudolph and Schnepf,
1988). These values are comparable with the estimated life-
time of 5-20 min from live-cell imaging of PCW CSC delivery
and densities at the plasma membrane (Bashline et al., 2013;
Sampathkumar et al., 2013). In western blot analysis, levels
of the cotton (Gossypium hirsutum) SCW GhCESALI rapidly
declined after protein synthesis inhibition by cycloheximide,
while other membrane proteins persisted for well over 4 h
(Jacob-Wilk et al., 2006). The authors estimated that the SCW
CESAs have a half-life of <30 min. These estimates all sup-
port the view of CESAs as actively turning over in both PCWs
and SCWs, consistent with the large population of intracellular
CESAs seen in live-cell imaging (Wightman and Turner, 2008;
Crowell et al., 2009; Gutierrez et al., 2009; Watanabe et al.,
2015). Given the similarity in estimated lifetimes of PCW and
SCW CESAs, the large increase in cellulose chain length in
SCWs compared with PCWs may instead be dependent on
other factors such as the speed of cellulose synthesis, or over-
all membrane fluidity; however, further experimental work is
required to test this hypothesis.

Microtubule guidance of CSCs

CSCs closely follow the tracks of cortical microtubules
lying underneath the plasma membrane in both PCW (Paredez
et al., 2006; Fujita et al., 2011) and SCW synthesis (Watanabe
et al., 2015), supporting the model that cortical microtubules
dictate the orientation of cellulose deposition in cell walls
(Ledbetter and Porter, 1963). This is highlighted in SCW syn-
thesis, where treatment with the microtubule-depolymerizing
drug oryzalin led to the loss of CSC banding patterns at SCW
domains (Gardiner et al., 2003; Wightman and Turner, 2008;
Watanabe et al., 2015). In PCWs, this microtubule guidance
has been shown to be dependent on the cellulose synthase
interacting (CSI) proteins CSI1/POM2 and CSI3 (Gu et al.,
2010; Bringmann et al., 2012; Li et al., 2012; Lei et al., 2012,
2013). Similar functions have now been demonstrated during
SCW synthesis. CSI1/POM2 was enriched in microtubule pull-
downs of arabidopsis SCW-producing cell cultures (Derbyshire
et al., 2015). Aberrant SCW patterning was then observed in
cells where CST1/POM?2 was knocked down using RNA inter-
ference (RNAi) (Derbyshire ef al., 2015). Similar patterning
defects were recently characterized in native tracheary elements
of arabidopsis and rice (Oryza sativa) knock-downs (Schneider
etal.,2017). This study also showed that CSI1/POM2 co-local-
izes and co-migrates with SCW CSCs at the plasma membrane.
Loss of CSI1/POM2 results in the uncoupling of CSC trajec-
tories from microtubule tracks during early stages of SCW
formation, further supporting a role for these proteins in SCW
patterning (Schneider et al., 2017).

Although CSII/POM2 suggests a mechanism for micro-
tubule guidance of CSCs, CSCs may in turn exert force on the
underlying cortical microtubules, leading to cross-talk between
CSCs and microtubule patterning and dynamics. Indeed, dis-
ruption of cellulose synthesis during PCW production with
CESA inhibitors, or via mutations, has been shown to alter the
cortical microtubule network (Fisher and Cyr, 1998; Paredez
et al., 2008). This is highlighted in mutants of the cellulose
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synthase—microtubule uncoupling (CMU) proteins, where the
force of CSC movement along a linear trajectory was able to
displace microtubules that they encountered (Liu ef al., 2016).
CMU proteins bind microtubules in vitro, and are hypothesized
to anchor the microtubules to the plasma membrane (Liu et al.,
2016). The displacement force exerted by CSCs on the underly-
ing cortical microtubules may help explain the observed cross-
talk between CSCs and microtubule patterning and movement.
Companion of cellulose synthase (CC) has also been shown to
link CESAs to microtubules, as fluorescently tagged CC co-
localized and moved with CESA particles at the plasma mem-
brane, indicating that CC may be a part of CSCs (Endler et al.,
2015). Loss of these proteins decreased CESA delivery to the
plasma membrane and CESA velocity during salt stress (Endler
et al., 2015). Additionally, loss of CCs severely inhibited
microtubule re-formation, while the presence of CCs promoted
microtubule polymerization (Endler et al., 2015). The roles of
CCs and CMUs have yet to be explored during SCW synthesis,
although they have been identified in cells undergoing SCW
formation (Derbyshire et al., 2015). Thus, it is reasonable to
hypothesize that both sets of proteins play a role in ensuring
that CSCs remain within the strict confines of SCW-forming
plasma membrane domains, similar to CSI1/POM2. This may
be especially important in SCW production given the large
density of CSCs present in these domains, which may lead to
larger forces on the underlying cortical microtubules. The loss
of these proteins might lead to more diffuse SCW domains as
the microtubules would no longer restrict CSC movement.

Non-CESA proteins involved in cellulose synthesis.

In addition to microtubule-associated proteins, a number of
other proteins have been implicated in cellulose production
in SCW synthesis. One such protein, KORRIGAN (KOR),
is a membrane-bound endo-(1,4)-B-glucanase that has been
linked to control of cellulose crystallinity across plant spe-
cies (Maloney and Mansfield, 2010; Maloney et al., 2012). In
PCWs, loss of KOR or its endoglucanase activity resulted in
decreased CSC velocity and defects in microtubule organiza-
tion (Paredez et al., 2008; Lei et al., 2014) ultimately leading
to decreases in cellulose content (Sato et al., 2001; Lane et al.,
2001). The importance of KOR in SCW cellulose synthesis is
reflected by its identification as one of the first irregular xylem
(irx2) mutants (Szyjanowicz et al., 2004). Recently it has been
shown, through yeast two-hybrid screens, bimolecular fluor-
escence complementation (BiFC) and live-cell imaging, that
in PCWs, KOR directly interacts with CESAs and is a part of
CSCs (Mansoori et al., 2014; Vain et al., 2014). However, the
exact molecular role of KOR in cellulose synthesis remains
to be resolved. This is a common theme among many of the
other proteins linked to cellulose synthesis, especially those
associated with SCW cellulose synthesis, including Tracheary
Element Differentiation-Related6 (TED6) and TED7, trans-
membrane proteins that may be a part of CSCs in SCWs
(Endo et al., 2009; Rejab et al., 2015); COBRA-LIKEA4, a lipid
anchored protein with a putative cellulose-binding domain (Li
etal.,2003; Liu ez al., 2013); and CHITINASE-LIKE1(CTL1)/
POMI1 and CTL2, which can bind to glucan polymers, but lack
glucanase activity (Zhang et al., 2004; Sanchez-Rodriguez
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et al., 2012). Mutation or loss of any of these genes results in
reduced cellulose content and quality within SCWs, making
investigation into how each of these gene products contributes
to SCW cellulose biosynthesis exciting areas of future study.

HEMICELLULOSES

When cellulose microfibrils are extruded from the CSC at
the plasma membrane into the forming SCW, they interact
with hemicelluloses to form a stable network (Simmons
et al., 2016). The Golgi-synthesized hemicelluloses make up
10-40 % of the SCW, and are essential for normal growth
and development (reviewed in Scheller and Ulvskov, 2010;
Rennie and Scheller, 2014; Kumar et al., 2016a). The type
and quantity of SCW hemicelluloses varies with species and
cell type, but in general xylans and mannans are most com-
mon (Scheller and Ulvskov, 2010). Xylans of the eudicot
SCW are characterized by a $-(1,4)-linked xylose backbone,
decorated with side chains of glucuronic acid (glucuronoxy-
lan), while conifer xylans are also substituted with varying
amounts of arabinose (Ebringerovd, 2005). A recent survey
of monocot xylans suggests that non-grass monocots have
more eudicot-like glucuronoxylan-containing SCWs, while
grasses contain arabinose-substituted SCW xylans (Pefa
et al., 2016). Mannans are the most abundant hemicellulose
in conifer SCWs, and smaller amounts are also found in the
walls of dicots and grasses (reviewed in Rodriguez-Gacio
et al., 2012). These carbohydrates have a 3-(1,4)-linked man-
nose and glucose backbone, and, in conifers, side chains of
galactose are seen. Xylans and mannans are also variously
acetylated and/or methylated, a process that is thought to be
important for ensuring their solubility and their final conform-
ation (Urbanowicz et al., 2012; Pawar et al., 2013; Rennie
and Scheller, 2014). Subsequent deacetylation of xylan was
recently shown to be important for proper patterning of rice
SCWs (Zhang et al., 2017).

The cell biology of xylan and mannan synthesis and depos-
ition is centred in the Golgi (Fig. 4). The Golgi is character-
ized by its complex, three-dimensional structure, including the
forming cis-face that interacts with the ER, the medial Golgi
where hemicellulose synthesis is thought to occur, and the frans-
Golgi cisternae and frans-Golgi network (TGN) where secretory
vesicles form. Recent research into biosynthesis of SCW hemi-
celluloses has identified and characterized many of the glyco-
syltransferases, substrate transporters and other Golgi-resident
proteins important for hemicellulose biosynthesis (reviewed in
Hao and Mohnen, 2014; Kumar et al., 2016a). Similarly, numer-
ous cell biology studies have characterized the vesicle budding,
tethering and fusion machinery of the plant endomembrane
system, which are necessary for Golgi function (reviewed in
Worden et al., 2012; Gendre et al., 2015; Kim and Brandizzi,
2016). However, these two fields have not been well integrated,
so it is unclear how glycosyltransferases are co-ordinated to
produce SCW hemicelluloses within specific regions of the
Golgi, and how the associated trafficking machinery maintains
these Golgi-resident proteins. Here, we explore the Golgi as a
platform for hemicellulose biosynthesis, and discuss how the
complex structure and function of the Golgi can support the
massive production of hemicelluloses required for the SCW.
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F1G. 4. Cross-section of part of a SCW-producing Golgi cisterna. The Golgi
contains resident proteins (e.g. xylan biosynthetic complexes, CESA-like
mannan synthase and substrate transporters) and cargo (hemicelluloses such
as xylan and mannan, glycoproteins such as laccases, and CESAs), which are
modified or produced in the Golgi and secreted to the SCW.

Hemicellulose biosynthetic complexes

During SCW production, the Golgi is remobilized from
PCW production to begin assembly of xylans and mannans, and
to modify and traffic the large number of proteins required for
proper cellulose and lignin deposition, e.g. CESAs and laccases/
peroxidases. This requires loading the flattened, membrane-
bound cisternae of the Golgi stacks with the many proteins
necessary to carry out these functions. Synthesis of xylan alone
is thought to require over a dozen proteins including glyco-
syltransferases, acetyltransferases, methyltransferases, sub-
strate transporters and proteins involved in substrate synthesis
(reviewed in Rennie and Scheller, 2014; Kumar et al., 2016a).
These proteins must then work in concert in the Golgi to enable
efficient xylan synthesis.

One way in which cells could encourage efficient hemicel-
lulose production in the Golgi is via the formation of protein
complexes. There is growing evidence that complex forma-
tion is a key feature of many types of Golgi-resident proteins,
including those involved in N-glycan processing and mannan
and xylan synthesis (reviewed in Oikawa et al., 2013). For
example, three sets of proteins have been implicated in synthe-
sis of the xylan backbone in arabidopsis SCWs: IRX9/IRX9L
(Lee et al., 2010; Wu et al., 2010), IRX10/IRX10L (Brown
et al.,2009; Wu et al., 2009) and IRX14/IRX14L (Keppler and
Showalter, 2010). Evidence that xylan biosynthetic proteins can
form a complex comes from ColP and BiFC studies of PCW
production of arabinoxylans in wheat (Triticum aestivum) and
asparagus (Asparagus officianalis), demonstrating in planta
heterodimerization of xylan biosynthetic proteins orthologous
to the arabidopsis proteins (Zeng et al., 2010, 2016). Each pro-
tein was also shown to homodimerize in planta, further increas-
ing the size of the proposed xylan biosynthetic complex to at
least six members (Zeng et al., 2016). The formation of the
core xylan biosynthetic complex containing IRX9, IRX10 and
IRX14 may also be a prerequisite for their Golgi localization,
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as transiently expressed asparagus IRX9, IRX10 and IRX14
were retained in the ER unless co-expressed with the other two
proteins (Zeng et al., 2016). This may explain why protein—pro-
tein interactions were not detected in pairwise combinations of
arabidopsis IRX9, IRX10 and IRX14 using a luciferase assay
(Lund et al., 2015). Furthermore, because IRX10 lacks a trans-
membrane domain, it may be maintained in the Golgi via its
interactions with IRX9 or IRX14, as has been shown for the
mature luminal form of the pectin biosynthetic protein GAUT1
and its partner GAUT7 (Atmodjo et al., 2011).

The different functions of IRX9, IRX10 and IRX14 in a xylan
biosynthetic complex have been dissected using site-directed
mutagenesis of the arabidopsis (Ren et al., 2014) and asparagus
proteins (Zeng et al., 2016). Mutation of the proposed gly-
cosyltransferase catalytic and UDP-xylose substrate-binding
domains of IRX9/IRX9L did not impede complementation
of the mutant phenotype or xylosyltransferase activity of the
biosynthetic complex, indicating that their function may be
structural rather than enzymatic (Ren et al., 2014; Zeng et al.,
2016). Similarly, IRX 14 has been proposed to be important for
substrate binding (Zeng et al., 2016) or priming of xylan syn-
thesis (Ren et al., 2014), as its function was impaired when
the substrate-binding site was mutated. Finally, catalytic func-
tion has been ascribed to IRX10/IRX10L, as heterologously
expressed Arabidopsis IRX10L has been shown to have xylan
xylosyltransferase activity in vitro (Urbanowicz et al., 2014).
This function is likely to be conserved among IRX10 ortho-
logues and paralogues, as xylosyltransferase activity has also
been observed for IRX10 from psyllium (Plantago ovata) and
Physcomitrella patens (Jensen et al., 2014). Proteins involved
in decoration of the xylan backbone may also be incorporated
into the protein complex, as a PCW xylan biosynthetic com-
plex isolated from wheat also showed arabinosyltransferase and
glucuronosyltransferase activity necessary for side chain add-
ition (Zeng et al., 2010). Furthermore, because the UDP-xylose
substrate for xylan backbone synthesis is now believed to be
synthesized in the cytosol (Kuang et al., 2016; Zhong et al.,
2016), the Golgi-localized UDP-xylose transporters, especially
UXT1, are hypothesized to be similarly associated with the
xylan biosynthetic complex to ensure adequate substrate avail-
ability (Ebert et al., 2015).

Models of Golgi processing and their implications for hemicellulose
biosynthesis

Despite the evidence for hemicellulose biosynthetic complex
formation in the Golgi, we still know little about how these pro-
teins are arranged in the cisternae. This is important because
the Golgi is the platform on which hemicellulose biosynthesis
occurs and, as such, is as critical to hemicellulose synthesis as
the plasma membrane is to cellulose biosynthesis. As materials
move through the Golgi stack, there are changes in pH, cister-
nal structure, and lipid, polysaccharide and protein composition
(reviewed in Day et al., 2013; Ito et al., 2014). Because of this
changing microenvironment across the Golgi, the localization
of hemicellulose biosynthetic enzymes in the Golgi stack could
affect their activity, what proteins they can interact with, the
availability of their substrates, how they maintain their position
in the Golgi and how their products transit the Golgi.

Meents et al. — The cell biology of secondary cell wall biosynthesis

A wide variety of evidence suggests that Golgi cisternae
mature over time; cis-cisternae evolve into medial- and trans-
cisternae with differing compositions of resident proteins and
gradual modification and accumulation of cargo (reviewed in
Glick and Luini, 2011). In this traditional cisternal maturation
model, hemicellulose biosynthetic proteins are predicted to
maintain their position in the stack of maturing cisternae via
recycling in coat protein I- (COPI) coated vesicles budding
from the cisternal margins. At the same time, the hemicellu-
lose products are predicted to accumulate in swollen cisternal
margins, and then be released in secretory vesicles budding at
the trans face of the Golgi. However, the processes partitioning
hemicellulose biosynthetic proteins from their products during
cisternal maturation are not well understood. Furthermore, a
few studies suggest that Golgi processing is not so straightfor-
ward. In addition to its role in vesicle formation, COPI has now
been shown to facilitate formation of tubules containing an-
terograde cargo in mammalian cell culture (Yang et al., 2011).
These tubules were then shown to be involved in either antero-
grade or retrograde intra-Golgi trafficking, depending on the
activity of a small GTPase (Park et al., 2015). Much of the ma-
chinery governing Golgi structure and function, including ves-
icle formation and fusion proteins, are highly conserved among
eukaryotes (Klute et al., 2011). The diverse functions of COPI,
in formation of vesicles and tubules, and in anterograde and
retrograde trafficking, may be similarly conserved among yeast,
animals and plants. This raises questions about the precise role
of COPI in mediating trafficking of hemicellulose biosynthetic
proteins and sequestering them from hemicellulose cargo.

There is a growing body of evidence showing that the for-
mation of protein complexes can itself affect the localization
of resident proteins in the Golgi stack, which has interesting
implications for the arrangement of SCW hemicellulose bio-
synthetic complexes in the Golgi. Earlier models, based on
freeze-fracture/TEM and immuno-gold labelling/TEM, pre-
dicted that glycosyltransferases are arranged in protein arrays
in the compressed cisternal centres, and that their finished cargo
accumulate in the swollen margins (Staehelin et al., 1990). This
sequestration of polysaccharide cargo may depend on its phys-
ical properties such as size, solubility and conformation. More
recent cryo-TEM tomography of Chlamydomonas Golgi cor-
roborates the presence of protein arrays bridging the lumen in
the centres of trans-cisternae (Engel et al., 2015), but there is
still no direct evidence that these structures contain glycosyl-
transferases. Furthermore, live-cell imaging contradicts this
model, as many hemicellulose biosynthetic enzymes, including
IRX9L (Zhang et al., 2016), have a characteristic ‘ring-shaped’
Golgi localization, suggesting that these proteins may instead
be depleted in cisternal centres. Additionally, in mammalian
cells, inducible oligomerization of an engineered Golgi-resident
protein was found to shift the localization of that protein revers-
ibly toward more frans-cisternae and cisternal centres (Rizzo
et al., 2013). The formation of large hemicellulose biosynthetic
complexes may similarly affect their localization and function
in the plant Golgi.

The division of the Golgi into discrete cisternae has long
been hypothesized as a mechanism of spatially segregating
sequential processing stages, and hence different glycosyl-
tranferases and processing enzymes, across the Golgi stacks.
While the strongest evidence for this ‘assembly-line’ model of
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Golgi processing comes from N-glycan glycoprotein literature
(reviewed in Schoberer and Strasser, 2011), this sequential gly-
cosylation model has been extrapolated to PCW polysaccharide
biosynthesis (Chevalier et al., 2010). In these models, carbohy-
drate backbone synthesis is often proposed to occur earlier in
the Golgi, followed by addition of side chains, methylation and
acetylation. If the SCW hemicellulose backbone biosynthetic
complexes also contain the proteins required for carrying out
such modifications, then it would suggest that this kind of stack
sub-compartmentalization is not occurring. However, analysis
of xylans in various xylan biosynthetic mutants suggests that
the methylation rate of glucuronic acid residues is independent
of the rate of xylan synthesis, which is consistent with a post-
backbone synthesis methylation model (Zhong et al., 2005;
Pefa et al., 2007; Kuang et al., 2016). Furthermore, many
SCW xylans have a conserved oligosaccharide at their reduc-
ing end (Pefa et al., 2016), which has been hypothesized to be
either a primer for consecutive xylan synthesis or a terminator
of synthesis, transferred en bloc to the completed xylan back-
bone (York and O’Neill, 2008). In either model, different steps
in xylan synthesis are proposed to occur sequentially. Xylans
also have alternating ‘major’ and ‘minor’ domains with dif-
fering patterns of glucuronic acid substitution (Bromley et al.,
2013). These different domains may reflect variation in the rate
of substitution on a consecutively synthesized xylan backbone,
but they could also be synthesized independently and then
assembled into a single strand later in the Golgi. Ultimately, it
is reasonable to hypothesize that some measure of spatial seg-
regation occurs across Golgi cisternae during xylan production,
but this model will have to be reconciled with the growing rec-
ognition of the importance of biosynthetic complexes, at least
for backbone synthesis.

Simultaneous synthesis of SCW hemicellulose and protein cargos

Production of the large volume of hemicelluloses required
for SCW deposition requires the co-ordinated action of the hun-
dreds of Golgi stacks making up the cell’s Golgi apparatus. The
number of Golgi stacks is predicted to increase with both cell
size and the demand for Golgi cargo. For example, during seed
coat development in arabidopsis, or in rapidly growing tobacco
BY-2 cells, an increase in the number of Golgi stacks coincides
with an increase in Golgi residents and cargo necessary for ex-
tensive production and secretion of cell wall materials (Young
et al., 2008; Toyooka et al., 2014). The onset of SCW pro-
duction may therefore coincide with a similar increase in the
number of individual Golgi stacks in these cells.

At any given time during SCW production, the Golgi appar-
atus is synthesizing several types of polysaccharides, carrying
out N- and O-glycan processing, and processing the numerous
and varied proteins destined for the vacuole, plasma membrane
or cell wall. This raises the question of whether each Golgi
stack in the cell carries out these functions simultaneously, or if
distinct sub-populations of Golgi bodies specialize in different
kinds of processing. TEM immunolabelling experiments have
shown that Golgi in epidermal cells of arabidopsis seeds and
suspension-cultured cells of sycamore maple can produce pec-
tin and xyloglucan simultaneously (Zhang and Staehelin, 1992;
Young et al., 2008), suggesting that Golgi do not specialize in
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one type of polysaccharide synthesis. If this holds true in SCW
biosynthesis, we can expect that xylans and mannans, and pos-
sibly glycoproteins, are made simultaneously in each Golgi
stack.

POST-GOLGI TRAFFICKING OF SCW CARGO

Diverse populations of post-Golgi vesicles in SCW biosynthesis

At the trans-face of the Golgi, hemicelluloses and secreted
proteins are sequestered from the Golgi-resident proteins, and
packaged into secretory vesicles for delivery. This process is
thought to occur as the curved, and collapsing trans-Golgi cis-
terna matures into a TGN composed of a highly interconnected
cluster of secretory and clathrin-coated vesicles (Kang et al.,
2011). In developing pine tracheids, the TGN and associated
vesicles were found to contain mannans being secreted to the
SCW (Samuels et al., 2002). At the TGN, diverse kinds of
cargo must be packaged into vesicles for secretion to the SCW,
and it is currently unclear whether secreted polysaccharide and
protein cargo are trafficked in different populations of vesicles.
If they are trafficked together, glycosylated SCW proteins, such
as the laccases and peroxidases required for lignin polymeriza-
tion, could physically interact with the polysaccharides before
they are secreted, and thereby affect SCW assembly. In mutants
of the post-Golgi trafficking protein ECHIDNA, PCW polysac-
charide cargo is misdirected to the vacuole while some pro-
tein cargo is not, indicating that there are different mechanisms
for targeting these different types of cargo from the TGN to
the plasma membrane (Gendre et al., 2013; McFarlane et al.,
2013). Whether these mechanisms include segregation into
independent populations of secretory vesicles remains to be
determined. The possibility of cargo segregation at the Golgi is
supported by a recent study in mucilage-producing root border
cells of alfalfa (Medicago sativa) that identified two popula-
tions of vesicles, with distinct polysaccharide cargos, budding
from different locations in the Golgi stack (Wang et al., 2017).
The TGN also serves a dual function in the cell, as a sorting hub
for both exocytosis and endocytosis in either a Golgi-associated
or a Golgi-free form (Viotti et al., 2010; Kang et al., 2011).
From the TGN, endocytic materials can be re-secreted to the
plasma membrane or travel to the vacuole for degradation, via
multivesicular bodies (reviewed in Uemura, 2016). The import-
ance of endocytosis in SCW deposition is often underempha-
sized, but it has an important function in the recycling of lipids
and trafficking machinery from the plasma membrane to the
TGN, thereby allowing continued secretion of hemicellulose
and proteins.

One important but enigmatic population of post-Golgi com-
partments are the small CESA compartments (SmaCCs), which
dynamically interact with the Golgi and plasma membrane
during SCW biosynthesis (Watanabe e al., 2015). SmaCCs
are a diverse population of compartments, as only a sub-set of
SmaCCs co-localized with the TGN marker VHAa-al (Crowell
et al., 2009). They have been shown to deliver CSCs to the
plasma membrane in both PCW and SCW formation (Gutierrez
et al., 2009; Watanabe et al., 2015), and experiments with
PCW CESAs have also implicated them in CESA endocytosis
and recycling (Crowell et al., 2009; Gutierrez et al., 2009).
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CESAs in the plasma membrane are known to be reversibly
internalized under osmotic stress and upon treatment with
drugs such as isoxaben (Crowell et al., 2009; Fujimoto et al.,
2015). The endocytic nature of SmaCCs is strongly supported
by data showing that CESA internalization under stress coin-
cides with accumulation of a population of SmaCCs tethered
to microtubules, termed microtubule-associated cellulose syn-
thase compartments (MASCs) (Crowell er al., 2009). PCW
CESA signal near the plasma membrane co-localizes with
clathrin light chains (CLCs), implying that CESAs are endo-
cytosed via a clathrin-dependent pathway (Miart et al., 2014).
Together, these data have led to the hypothesis that SmaCCs are
involved in routine recycling of CESAs from the plasma mem-
brane to the TGN before re-secretion (Bashline et al., 2013).
Interestingly, CESA endocytosis does not co-localize with FM
4-64, a standard endocytic marker (Gutierrez et al., 2009),
which may reflect exclusion of this dye from the lipids around
an endocytosing CSC.

The importance of endocytosis in CESA function is further
demonstrated by data showing that loss of the clathrin adap-
tor proteins, u2/AP2M or TWD-40-2, results in an increase in
CESA signal at the plasma membrane (Bashline et al., 2013,
2015). The loss of both adaptor proteins leads to decreases in
CSC velocities and deficiencies in cellulose content (Bashline
etal.,2015). CESA endocytosis was also found to be important
during SCW production in rice (Xiong et al., 2010). A dynamin-
related protein implicated in clathrin-mediated endocytosis,
DRP2B, had aberrant SCW structures when overexpressed or
lost (Xiong et al., 2010). The function of CESA endocytosis is
not currently known, but, given the decrease in cellulose quality
or quantity in mutants deficient in CESA internalization, endo-
cytosis may be a quality control mechanism ensuring degrad-
ation of non-functional CESAs, while functional proteins are
integrated into new CSCs for re-secretion (Bashline et al.,
2013, 2015). The mechanism by which CESAs are targeted for
endocytosis has not been elucidated, as it occurs infrequently
under normal conditions (Bashline et al., 2013), but clues may
be provided by studying the transition from PCW to SCW syn-
thesis (Z. Li et al., 2016), when PCW CESAs may be internal-
ized in bulk.

Targeting of secretory vesicles to SCW domains

After secretory vesicles form, they must be targeted to their
site of exocytosis at the forming SCW. Secretory vesicles are
targeted to cortical microtubule arrays that line regions of the
plasma membrane where the SCW is being actively deposited
(Oda et al., 2015; Watanabe et al., 2015). This is highlighted
in arabidopsis metaxylem cell cultures, where microtubule pat-
terning was shown to be established and maintained by recruit-
ment of the microtubule-depolymerizing protein kinesin-13A
to specific plasma membrane regions (Oda and Fukuda, 2012,
2013). This important patterning function of microtubules was
leveraged to identify and characterize other players in SCW
secretion via a microtubule pull-down and proteomics analysis
in arabidopsis xylem cell culture (Derbyshire et al., 2015).
Among the 600+ identified proteins, several of the microtubule-
associated proteins, including MAP65 and AIR9, displayed
altered SCW patterning when knocked down or overexpressed.
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In plant cells, actin microfilaments are responsible for
myosin-mediated cytoplasmic streaming of cellular con-
tents, including the Golgi and post-Golgi vesicles (reviewed
in Tominaga and Ito, 2015). Live-cell imaging in PCW-
producing cells showed that CESA-containing vesicles travel
along endoplasmic actin microfilaments throughout the cell
(Sampathkumar et al., 2013). Actin disruption by drug treat-
ment or actin mutants resulted in an uneven accumulation of
CESAs at the plasma membrane near Golgi stacks (Crowell
et al., 2009; Gutierrez et al., 2009; Sampathkumar et al., 2013),
indicating that while CESAs were successfully delivered to the
plasma membrane in the absence of actin, their distribution was
altered. Actin has also been implicated in proper SCW pattern-
ing, as disruption of actin polymerization resulted in aberrant
microtubule banding and SCW patterning in Zinnia xylem cell
cultures (Kobayashi et al., 1988), and loss of CESA banding
in native arabidopsis root tracheary elements (Wightman and
Turner, 2008). This phenotype may be a result of altered paus-
ing of Golgi in regions close to SCWs, as paused Golgi go on to
deliver CSCs to the plasma membrane in cells producing both
PCWs and SCWs (Crowell et al., 2009; Gutierrez et al., 2009;
Sampathkumar et al., 2013; Watanabe et al., 2015; Schneider
et al., 2017). However, Golgi pausing at SCW domains contin-
ued when the microtubules lining them were depolymerized,
implicating actin in the process of Golgi pausing (Wightman
and Turner, 2008; Schneider et al., 2017).

Secretory vesicles must also be tethered to their target mem-
branes prior to fusion. Tethering of vesicles to the plasma mem-
brane in eukaryotes can be facilitated by the octomeric exocyst
complex, which interacts with proteins on vesicles and their
target membranes (reviewed in Synek et al., 2014). Two exo-
cyst components, EXO70A1 and EXO84B, localize to SCW
domains, and mutants in exo70Al and exo84B have aberrant
SCW patterning, with an accumulation of large vesicles in
developing tracheary elements (Li et al., 2013; VukaSinovié
et al., 2017). While CESA banding at SCW domains was dis-
rupted in exo70AI and exo84B mutants, patterned secretion of
laccases did not appear to be affected (Vukasinovic et al., 2017),
suggesting that luminal secreted proteins may traffic in differ-
ent vesicles compared with the membrane-bound CESAs. In
developing xylem, a population of post-Golgi vesicles contain-
ing the Vesicle Tetheringl (VETH) and conserved oligomeric
Golgi (COG) protein complex are associated with the micro-
tubules lining SCW domains (Oda et al., 2015). Furthermore,
fluorescence resonance energy transfer (FRET) microscopy
showed that members of the exocyst complex interact with the
VETH-COG complex (Vukasinovi¢ et al., 2017). However,
VETH-labelled compartments track the plus-ends of micro-
tubules, and are therefore not fully compatible with certain
populations of SmaCCs/MASCs (Oda et al., 2015), which are
associated with both plus- and minus-ends (Gutierrez et al.,
2009), again suggesting the presence of multiple populations
of SmaCC vesicles.

Additionally, proper vesicle targeting to the plasma mem-
brane is dependent on the composition of phosphatidylinositol
phosphate (PIP) lipids on the different organelle membranes
(reviewed in Krishnamoorthy er al., 2014; Heilmann and
Heilmann, 2015). Differentially phosphorylated PIPs have
important roles in establishing membrane identity and allow-
ing docking of distinct kinds of proteins. The phosphorylation
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state of PIPs is regulated by various kinases (PIPKs) and phos-
phatases (PTases). In arabidopsis roots, the PIP kinase PIP4K,
and other endomembrane machinery, is associated with bud-
ding secretory vesicles containing PCW hemicelluloses (Kang
et al., 2011). The PIP kinase PI3K, which produces PI3P
lipids, has been shown to be essential for proper delivery of
PCW CESAs to the plasma membrane (Fujimoto et al., 2015).
PI-binding proteins may have a conserved function in SCW-
producing cells, helping to establish the membrane identity
of secretory vesicles and their target membranes, allowing for
proper budding and tethering of vesicles destined for the SCW.
This is supported by a study showing reduced SCW thickness
in arabidopsis fibre cells in a PIP phosphatase mutant (fra3)
(Zhong et al., 2004).

In the post-Golgi trafficking of SCW hemicelluloses, CSCs
and glycoproteins, all the components necessary to build the
SCW are delivered to the plasma membrane in a co-ordinated
manner. The cytoskeleton directs this delivery to produce the
spiral, annular or pitted patterns of the SCW in different cell
types. This process creates the polysaccharide scaffold of the
SCW, into which the lignin polymer is deposited.

LIGNIN

Unlike the other components of SCWs, which are polysacchar-
ide in nature, lignin is a heteropolymer of 4-hydroxyphenylpro-
panoids derived from the amino acid phenylalanine. Typically,
lignin forms when the three monolignols (p-coumaryl alcohol,
coniferyl alcohol and sinapyl alcohol) are oxidized to monol-
ignol radicals in the SCW, and undergo combinatorial coup-
ling into H-, G- and S-lignin, respectively. Lignification is the
last step of SCW biosynthesis, establishing the final, function-
ally mature wall that supports the plant and persists after vas-
cular cells, such as vessels, undergo programmed cell death.
With lignin comprising about 30 % of woody cell wall biomass
(Campbell and Sederoff, 1996), this aromatic polymer repre-
sents an important SCW component. Our understanding of lig-
nin has advanced recently due to both fundamental research in
molecular genetics, biochemistry and genomics, and research
motivated by bioenergy applications (reviewed by Bonawitz
and Chapple, 2010; Vanholme et al., 2010; Mottiar et al.,
2016). While this has revealed many aspects of the biosynthetic
machinery associated with the general phenylpropanoid path-
way and monolignol biosynthesis, we have only recently been
able to put monolignol production, monolignol export and the
heterogeneity of extracellular polymerization of lignin into the
context of diverse lignifying plant cells in complex tissues.

Monolignol biosynthesis

Monolignols are made in the cytosol via the general phenyl-
propanoid and monolignol biosynthetic pathways, as demon-
strated by many studies documenting loss-of-function mutants
and plants with knock-downs of pathway genes in arabidop-
sis, poplar and alfalfa (reviewed by Bonawitz and Chapple,
2010; Dixon et al., 2014). Loss of monolignol biosynthetic
genes leads to complex metabolic and transcriptomic pheno-
types, which were revealed with a systems biology approach
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(Vanholme et al., 2012). In arabidopsis, mutant lines with
reduced lignin levels had upregulation of the upstream shiki-
mate and phenylpropanoid pathways, while the mutants with
similar lignin levels but altered composition had decreases in
shikimate and phenylpropanoid gene expression (Vanholme
et al., 2012). One important consistent feature of studies of
mutant plants with altered expression of monolignol biosyn-
thetic genes is the plasticity of the lignin polymer to accept
non-canonical monomeric units (Bonawitz and Chapple, 2010;
Dixon et al., 2014; Mottiar et al., 2016). The lignin polymer
commonly has a composition rich in S and G monolignols.
However, this composition is flexible, as variability is seen not
only in lignin biosynthetic mutants, but also in natural lignins
from diverse plant species which contain atypical monolignols
(Chen et al., 2013; Zhao, 2016). In addition, a common pheno-
type of monolignol biosynthetic mutants is accumulation of
phenolic glucosides of metabolites upstream of the genetic
lesion, or of biosynthetically related metabolites (Morreel
et al., 2004; Anderson and Chapple, 2014; Dixon et al., 2014).
These studies not only identify the genes responsible for mon-
olignol biosynthesis, but they also demonstrate the complex
metabolic feedback networks governing phenylpropanoid and
monolignol metabolism.

The expression of monolignol biosynthetic genes in ligni-
fying cells has been well documented (Barros et al., 2015).
However, as many xylem cells continue to lignify after pro-
grammed cell death, it has been hypothesized that in addition
to the lignifying cell itself, ‘good neighbour’ cells, living par-
enchyma in the xylem adjacent to the lignifying cells, may con-
tribute monolignols to the shared cell wall (Hosokawa et al.,
2001; Pesquet et al., 2013). In lignifying arabidopsis stems, a
SCW CESA promoter was used to drive monolignol knock-
down using microRNA specifically in cells developing thick-
ened SCW, so any resulting lignification was the result of good
neighbours (Smith ez al., 2013). Interestingly, vascular bundles
continued to lignify, suggesting that xylem parenchyma cells
were good neighbours, an interpretation that was verified by
knocking down monolignol biosynthesis using a xylem—paren-
chyma-specific promoter (Smith et al., 2017). In contrast to the
vascular bundles, when monolignol biosynthesis was knocked
down in the sclerenchymous fibres, their lignification was
strongly adversely affected, indicating that the interfascicular
fibres of the arabidopsis stem are cell-autonomous for lignifica-
tion (Smith ef al., 2013, 2017). These experiments indicate that
lignification of a tissue is the result of a community of cells,
some of which produce their own monolignols, and some of
which accept or donate monolignols.

Modification of monolignol metabolism can have a strong
impact on the growth of a plant, as seen in the lignin modifi-
cation-induced dwarfism of a number of arabidopsis mutants
such as ¢3’h, hct, ccrl and cse (Bonawitz and Chapple, 2010;
Vanholme et al., 2012). While at first glance, this is attributed to
the irregular xylem phenotype due to weakened SCW, it s likely
that soluble phenolic signalling compounds also play important
roles. For example, lignin modification-induced dwarfism of
¢3’h/ref8 can be relieved by loss of function of specific compo-
nents of the conserved eukaryotic transcriptional co-regulatory
complex Mediator (MED) (Bonawitz et al., 2012, 2014). Plants
with triple med5a med5b c¢3’h mutations had wild-type growth
and lignin levels, although the quality of the lignin was shifted
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from the typical S/G of the wild type to almost entirely H-lignin
(Bonawitz et al., 2014). Analysis of loss- and gain-of-function
med5a med5b mutants, as well as analysis of the soluble phen-
olic profiles of fahl/f5h mutants point to a role for MED5a/b as
a repressor of phenylpropanoid metabolism (Bonawitz et al.,
2012; Anderson et al., 2015). Additional MED-independent
mechanisms must operate since the med5a med5b mutant back-
ground does not rescue all lignin modification-induced dwarf-
ism mutants, e.g. c4h (Bonawitz et al., 2014). Restoring lignin
to a sub-set of cells, as in the good neighbour experiments
above (Smith ez al., 2013), or in vessel-specific rescue of lignin
modification-induced dwarfism mutants, is also sufficient to re-
store wild-type growth despite the overall lignin reductions in
the whole plant (Yang er al., 2013; Vargas et al., 2016). The
relationships between plant growth and developmental lig-
nification of SCWs are just emerging, and these data suggest
that biomass loss is not an inevitable consequence of a plant
with lower lignin levels. From a bioenergy perspective, tissue-
specific changes in lignification, with considerations of vessel
integrity and lodging, are likely to be preferable to constitutive
knock-down of lignin components.

Monolignol export from cells

The monolignol biosynthetic reactions occur within the cyto-
sol, or in close proximity to the ER, of monolignol-producing
cells (Schuetz et al., 2014; Barros et al., 2015). The mechanism
of monolignol export from the site of synthesis to the region
of the cell wall in which the monolignols become polymerized
remains unclear. While in conceptual overviews, lignification is
usually simply depicted as the polymerization of three canon-
ical monolignols, there are possible roles for monolignol glu-
cosides (Le Roy et al., 2016) and oligolignols (Morreel et al.,
2004; Huis et al., 2012) in the lignification process. This may
depend on the taxa, lignifying tissue and cell type. For example,
in gymnosperms, but not angiosperms, large amounts of conif-
erin (the [3-glucosyl derivative of coniferyl alcohol) are detected
during active lignification (Savidge, 1989). This correlation led
to the view that coniferin is the precursor for lignin formation in
gymnosperms (Terashima et al., 2016). Coniferin accumulating
in vacuoles of lignifying tracheids (Tsuyama and Takabe, 2014)
could be released upon programmed cell death to participate in
the final stages of lignification following [3-glucosidase cleav-
age of the glucose, and coniferyl alcohol radical formation by
laccases/peroxidases. However, autoradiography of developing
pine tracheids showed phenylpropanoids rapidly incorporated
into cell walls while the cells were still living, without strong
labelling of the coniferin pool in the vacuole (Kaneda et al.,
2008). This may indicate that both coniferyl alcohol and conif-
erin can be incorporated into gymnosperm lignin, as suggested
by feeding experiments (Tsuji et al., 2004). Earlier in lignifi-
cation, coniferyl alcohol could be exported to the cell wall,
then the vacuolar coniferin pool could be released at the time
of programmed cell death. This model is supported by high-
resolution mapping of coniferin in developing tracheids of
gingko wood, using cryo-scanning electron microscopy (SEM)
and time of flight-secondary ion mass spectrometry, where tra-
cheids have large vacuolar reserves of coniferin up to the point
of programmed cell death (Aoki et al., 2016). In contrast, in

Meents et al. — The cell biology of secondary cell wall biosynthesis

angiosperms, monolignol glucosides do not accumulate, and
several lines of evidence suggest that they do not participate in
lignification (Le Roy et al., 2016). An interesting observation
that arises out of metabolite profiling of plant tissues actively
forming lignin is that there are not large pools of intermediates
in the monolignol pathway, or the monolignols themselves, in
the cells, although oligolignols are detected in the extracellular
environment (Chen et al., 2003; Morreel et al., 2004; Laitinen
et al., 2017). In lignifying arabidopsis stems, targeted metabo-
lomics reported coniferyl alcohol levels at 3 nmol g! f. wt, and
sinapyl alcohol levels near 23 nmol (Jaini et al., 2017). With
lignin levels in these stems at about 20 % of the dry weight, it
is clear that the soluble precursors of lignin are rapidly assimi-
lated into the polymer. The scant pools and rapid incorporation
of precursors suggests that there are efficient export mecha-
nisms for these components.

So how do monolignols get from inside the lignifying
cell, or a ‘good neighbour’ cell, and out into the developing
SCW? Previously, a model of vesicle-mediated monolignol
export was suggested based on autoradiography of chemi-
cally fixed samples prepared for TEM (Pickett-Heaps 1968).
However, studies with cryo-fixed samples do not support the
model that monolignols are secreted via the endomembrane
system (Kaneda et al., 2008; Smith et al., 2013). The small
size of monolignols, and their demonstrated ability to parti-
tion into the membrane of synthetic lipid disks, supports the
idea that monolignols could instead exit the cell by passive
diffusion (Boija and Johansson, 2006; Boija et al., 2007). In
this model, monomer export could be driven by the concen-
tration gradient between the cytosol, where monolignols are
being actively synthesized, and the cell wall matrix, where
they rapidly polymerize into lignin. The rate of diffusion of
the monolignols across the plasma membrane would have to
be very high to account for the rapid and extensive lignifica-
tion occurring in the maturing SCW. However, only low lev-
els of monolignol diffusion across the membrane of plasma
membrane vesicles have been reported (Miao and Liu,
2010). Perhaps this is expected, since the in vitro conditions
of isolated plasma membrane vesicles that were tested did
not include a lignin polymerization system, so there would
not have been a removal of monomers from the system and
therefore no force driving the unidirectional movement of
monolignols.

Another, not mutually exclusive, model for monolignol
export proposes that monolignol export to the cell wall occurs
via plasma membrane-localized transporters such as ATP-
binding cassette (ABC) transporters (Li and Chapple, 2010;
Miao and Liu, 2010; Kaneda et al, 2011; Alejandro et al.,
2012). Transport of coniferyl alcohol monolignols into plasma
membrane-enriched vesicles was not sensitive to disruption of
transmembrane proton gradients, but treatment with chemicals
known to act as ABC transporter inhibitors, such as vanadate or
nifedipine, reduced monolignol accumulation in these vesicles
(Miao and Liu, 2010). Interestingly, monolignol-glucosides were
not transported in plasma membrane-enriched vesicles, but they
were taken up by vacuole-enriched vesicles in an ATP-dependent
manner (Miao and Liu, 2010). In addition, H*/coniferin antiport
activity was demonstrated in vesicles prepared from endomem-
branes of hybrid poplar and Japanese cypress secondary xylem
tissue (Tsuyama et al., 2013). While these studies implicate an
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ATPase-dependent monolignol transport activity, characteriza-
tion of candidate transporters has been elusive.

A set of candidate monolignol export ABC transporters
was previously identified based on their co-expression with
phenylpropanoid biosynthesis genes in developing arabidop-
sis inflorescence stems (Ehlting et al., 2005). However, no
lignin-related phenotypes have been observed in the knockout
mutants of these transporters (abcbl1, abcbi4, abcbl5, abcg29
and abcg33) (Kaneda er al., 2011). Further characterization of
ABCG?29 demonstrated that it is a plasma membrane-localized
protein, and expressed in endodermal cells and vascular tissue,
the primary locations of lignification in the root (Alejandro
et al., 2012). Assays in yeast microsomes showed that this pro-
tein was capable of transporting p-coumaryl alcohol, but did
not show transport activity for coniferyl alcohol or sinapyl al-
cohol. Knock-out mutations in the ABCG29 gene resulted in a
slight root lignin phenotype (Alejandro et al., 2012). Together
these data suggest that ABCG29 may be a candidate monol-
ignol exporter for p-coumaryl alcohol units in roots. However,
since most angiosperm lignin has only small amounts of
H-lignin, and therefore a low requirement for p-coumaryl al-
cohol transport, further studies are required to find other trans-
porters capable of efficiently exporting coniferyl alcohol and
sinapyl alcohol.

Monolignol polymerization in the SCW

Lignification depends on the oxidative enzymes that will
activate the monomers for combinatorial coupling into lignin
in the cell wall. Both laccases (Berthet ef al., 2011; Zhao et al.,
2013) and peroxidases (Shigeto ef al., 2015) have been shown
to contribute to lignification in different cell types. It has been
difficult to pinpoint functions of peroxidase gene products,
as they are expressed, often redundantly, in a wide variety of
cell types, organs and developmental stages, and are found in
large multigene families, e.g. 73 peroxidase genes are encoded
in the arabidopsis genome (Shigeto and Tsutsumi, 2016).
Arabidopsis mutant phenotypes have been modest, but meas-
urable changes have been found in lignin content in the ligni-
fied inflorescence stem (Herrero ef al., 2013; Fernandez-Pérez
et al., 2015b; Shigeto et al., 2015). Interestingly, both PRXS52
and PRX72 have phenotypes in the interfascicular fibres, but
not in the vessels (Fernandez-Pérez et al., 2015a, b), which is
consistent with transcriptomic data showing relatively low per-
oxidase gene expression, compared with laccase expression,
in developing vessels (Yamaguchi et al., 2011). Cell-specific
knock-down of the arabidopsis PEROXIDASE64 (PRX64) in
the Casparian strip of the root endodermis led to inhibition of
lignin deposition (Lee et al., 2013). Furthermore, inhibition
of peroxidase activity by potassium iodide scavenging of free
hydrogen peroxide prevented lignification in the endodermis of
arabidopsis roots (Lee et al., 2013), and in the cell cultures of
spruce (Laitinen et al., 2017). In addition to demonstrating the
essential role of peroxidases in oxidizing monolignols during
lignification in the spruce model system, detailed metabolomic
and transcriptomic characterization of lignifying and lignin-
inhibited cultures revealed that the lignifying cells were deal-
ing with substantial oxidative stress. This study, and similar
work in arabidopsis (Dima et al., 2015) and poplar (Niculaes
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et al., 2014), suggests that monolignol radicals are formed in
the oxidative environment of the cytoplasm as well as the cell
wall, resulting in a complex pool of dimers and oligolignols
that the cell must metabolize. Both glucosylation, with seques-
tration to the vacuole, and export are hypothesized responses to
generation of intracellular oxidation products. Together, these
data strongly support roles for peroxidases in lignification; the
challenge is to elucidate when and where peroxidases act in
development.

Our current paradigm of monolignol radical formation
and cross-linking of the lignin polymer arose from the early
demonstration that incubation of fungal laccases with mon-
olignols in vitro leads to polymer formation (Freudenberg,
1965). Correlation analysis of genes co-expressed with known
SCW genes in arabidopsis led to the identification of LAC4/
IRX12 (Brown et al., 2005). In addition, lac4 lacl7 mutants
were subsequently characterized with additive reduced lignin
phenotypes (Berthet et al., 2011). In Brachypodium, loss of
function of LACS led to reduced lignin, particularly in the
interfascicular fibres (Wang et al., 2015). The role of laccases
was dramatically demonstrated in arabidopsis lac4 lacll lac17
triple mutants, that had a severe dwarf phenotype and barely
detectable lignin (Zhao et al., 2013). This work indicated that
laccases are non-redundant with peroxidases, and they clearly
have a role to play in lignification, at least in arabidopsis.
Laccase loss-of-function double mutants, lac4 lacl7, have se-
verely impaired monolignol incorporation into the spiral SCWs
of developing protoxylem tracheary elements (Schuetz et al.,
2014). When expressed using native promoters, fluorescently
tagged LAC4 and LAC17 were localized exclusively to these
SCW domains, and not in the PCW, and when LAC4 was over-
expressed with a strong constitutive promoter, it could trigger
the deposition of exogenously added monolignols into polymer
in the PCW (Schuetz et al., 2014). The strict localization of the
laccases in SCW domains, and their requirement for lignifica-
tion of protoxylem tracheary elements, highlights the role of
laccases in determining the patterning of lignification in these
cells. All of these studies demonstrate the importance of the
laccase and peroxidase oxidative enzymes in lignification pro-
cesses in different cell types and developmental stages.

As described above, these glycoproteins must traffic from
the ER through the Golgi, where they are glycosylated, and
be secreted to SCW domains. In essence, the living protoplast
produces and secretes the components necessary to direct the
deposition of the lignin polymer remotely in the extracellu-
lar matrix. Lignification begins while the polysaccharide cell
wall layers are still being deposited, prior to programmed cell
death (Terashima and Fukushima, 1988; Smith ef al., 2013).
This means that the oxidative enzymes will be secreted at the
same time as hemicelluloses and CSCs. Interestingly, correl-
ation analyses of signals from both hemicelluloses, labelled
with specific antibodies, and lignin autofluorescence, in
mature radiata pine wood demonstrated that the strongest lig-
nin signals were in the S1 and S3 layers and were associated
with xylan hemicelluloses, which are a relatively minor com-
ponent of the normal gymnosperm wood. Conversely, galac-
toglucomannan, the major conifer hemicellulose, dominated
the S2 layer and was associated with relatively lower lignin
(Donaldson and Knox, 2012). Similar observations were made
in another gymnosperm, Cryptomeria japonica (Kim et al.,
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2010; 2011). Assuming that the fluorescence intensity reflects
greater lignin levels, these data imply that several develop-
mental shifts must occur during tracheid development, where
co-ordinated production and secretion of both different hemi-
celluloses and varying oxidative enzymes could lead to the
observed heterogeneity of S1, S2 and S3 layers of the SCW.
Furthermore, in many cell types, such as tracheary elements
that rapidly undergo programmed cell death, lignification of
the wall continues post-mortem (Terashima and Fukushima,
1988; Hosokawa et al., 2001; Pesquet et al., 2013). This
requires that the oxidative enzymes are already secreted in the
appropriate SCW layer prior to cell death, and that the monol-
ignol supply must come from other sources.

This precisely programmed sequential deposition of
hemicelluloses and oxidative enzymes results in a heteroge-
neous distribution of lignin in SCWs at both the cellular and
tissue level. This has been described as the ‘topochemistry’
of lignin, and it has been revealed by diverse microscopy
techniques (reviewed by Donaldson, 2001). Observations
of the appearance of lignin in developing wood, using clas-
sical histochemistry and fluorescence microscopy, suggested
three stages of lignification: deposition in cell corners and
compound middle lamella; followed by slow lignification
during cellulose and hemicellulose biosynthesis of the thick
S2 layer; and finally the bulk of lignin deposition follow-
ing S3 formation (Donaldson, 2001). The details of lignin
composition, including the G-rich nature of the vessels and
higher S/G ratio in the fibres, have been mapped with time-
of-flight secondary ion mass spectrometry in wood samples
from maple (Saito et al., 2012), or with Fourier transform
infrared spectroscopy in poplar (Gorzsds et al., 2011).
Recently, new lignin imaging technologies, such as fluor-
escence lifetime imaging, have revealed greater discrim-
ination among fine spatial patterns of lignin heterogeneity
in the middle lamella and SCW layers in normal and reac-
tion wood of pine (Donaldson and Radotic, 2013). In add-
ition, the synthesis of fluorescently tagged monolignols that
incorporate into lignifying cell walls has permitted direct
visualization of monolignol incorporation into lignin poly-
mer (Tobimatsu et al., 2013; Schuetz et al., 2014). The use
of click-compatible monolignols is another novel method to
identify sites of active lignification in inflorescence stems of
arabidopsis, and a combination of click-monolignols with
inhibitors was used to demonstrate the requirement for lac-
cases and peroxidases in the lignification of different tissues
(Pandey et al., 2016). These techniques relying on incorpor-
ation of exogenous monolignols into the cell wall not only
confirm the sequence of lignification in cell corners and
middle lamella followed by SCW, but they also provide evi-
dence that the mobility of monolignols in the polysaccharide
matrix is not limited, as the tagged monolignols appear to
diffuse readily through both PCWs and SCWs (Tobimatsu
et al., 2013; Schuetz et al., 2014; Pandey et al., 2016). The
emerging view of the control underlying the topochemistry
of lignin is that lignin composition is dictated by the mon-
olignols made, depending on the transcriptome active in the
protoplasts of lignifying cells and neighbours. Monolignols
and dimers, and perhaps oligomers, exit the protoplast into
the wall where precisely positioned laccases and peroxidases
oxidize the subunits into the polymer.
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CONCLUSION

Secondary cell walls are composite materials of cellulose,
hemicelluloses and lignin, each deposited in precise and char-
acteristic patterns depending on their physiological function.
Thinking about the SCW in a cell biology context helps us to
see how these disparate biosynthetic processes are intercon-
nected, relying on many of the same organelles, such as the
Golgi and the microtubule-lined SCW domains of the plasma
membrane.

There are still many outstanding questions, such as the fol-
lowing. (1) Why are multiple CESA isoforms required to make
up a CSC for SCW synthesis? (2) What is the function of
the extensive endomembrane population of CESAs, found in
Golgi, TGN and SmaCCs/MASCs? (3) Why is the life span of a
CSC at the plasma membrane so short and how does this relate
to cellulose quality? (4) Are the proteins involved in addition of
hemicellulose side chains, and other accessory proteins, incor-
porated into hemicellulose biosynthetic complexes? (5) How
are Golgi-resident biosynthetic proteins recycled during cis-
ternal maturation? (6) Are CSCs, hemicelluloses and laccases/
peroxidases packaged into different populations of vesicles at
the TGN? (7) How are monolignols exported from the cell? (8)
What are the relative roles of laccases and peroxidases in differ-
ent cell types and tissues?

Perhaps given these myriad questions, it is not surprising that
it has been challenging to develop renewable biofuels and bio-
products made from SCW-rich biomass. The bioenergy research
world has promoted the study of diverse taxa, such as grasses
and poplar, and advanced our understanding of SCW biosyn-
thetic proteins and their products. Learning how these proteins
are arranged and controlled by the cell, and how they interact in
the Golgi, at the plasma membrane and in the SCW, may pro-
vide some unexpected insights that will contribute to exploit-
ation of this carbon-rich renewable resource.
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