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Abstract

C–C bond formations are frequently the key steps in cofactor and natural product biosynthesis. 

Historically, C–C bond formations were thought to proceed by two electron mechanisms, 

represented by Claisen condensation in fatty acids and polyketide biosynthesis. These types of 

mechanisms require activated substrates to create a nucleophile and an electrophile. More recently, 

increasing number of C–C bond formations catalyzed by radical SAM enzymes are being 

identified. These free radical mediated reactions can proceed between almost any sp3 and sp2 

carbon centers, allowing introduction of C–C bonds at unconventional positions in metabolites. 

Therefore, free radical mediated C–C bond formations are frequently found in the construction of 

structurally unique and complex metabolites. This review discusses our current understanding of 

the functions and mechanisms of C–C bond forming radical SAM enzymes and highlights their 

important roles in the biosynthesis of structurally complex, naturally occurring organic molecules. 

Mechanistic consideration of C–C bond formation by radical SAM enzymes identifies the 

significance of three key mechanistic factors: radical initiation, acceptor substrate activation and 

radical quenching. Understanding the functions and mechanisms of these characteristic enzymes 

will be important not only in promoting our understanding of radical SAM enzymes, but also for 

understanding natural product and cofactor biosynthesis.

1. Introduction

Naturally occurring organic small molecules are often characterized by their unique and 

complex structures. Such structures are frequently critical for their biological functions when 

the small molecules have to bind to target macromolecules with high specificity. In Nature, 

the complex and diverse structures of natural products are constructed through a series of 

enzyme-catalyzed reactions during their biosynthesis. One of the key steps common in most 

biosynthetic pathways is C–C bond formation to construct the carbon skeleton of the final 

natural products. Most frequently, such carbon skeleton formations are constructed by two-

electron chemistry reactions requiring activation of the carbon centers that are used as 
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nucleophiles and electrophiles. For example, polyketide synthases (PKS) are responsible for 

formation of the carbon skeletons of many natural products, and catalyze C–C bond 

formations through a Claisen condensation. In the typical PKS-catalyzed reactions, malonate 

or methylmalonate linked to the active site Cys residue of ketosynthase (KS) undergoes 

decarboxylation, and the resulting carbanion on the β-carbon attacks the thioester of a β-

keto acid intermediate linked to an acyl carrier protein (ACP) or coenzyme A (CoA). The 

malonate or methylmalonate are inherently activated for the decarboxylation, and the 

thioester of the β-keto acid intermediate is activated to receive the nucleophilic attack and 

subsequent dissociation from ACP or CoA. Therefore, these reactions require mechanisms 

to both generate the activated species and protect them from the environment until the two 

substrates encounter each other in the enzyme active site.

In the past decade, numerous free radical-mediated C–C bond formations have been 

identified in many natural product and cofactor biosynthetic pathways. These reactions 

install C–C bonds in positions distinct from those possible by the nucleophilic mechanisms 

and are, therefore, important for the creation of the unique and diverse structures of the 

metabolites. Most of these free-radical mediated C–C bond formations are catalyzed by 

radical S-adenosylmethionine (SAM) enzymes.1 The radical SAM enzymes form one of the 

largest enzyme superfamilies with more than 113 000 annotated sequences, and more than 

80 distinct demonstrated or proposed reactions. These enzymes are characterized by their 

ability to catalyze the reductive cleavage of SAM using oxygen sensitive, [4Fe–4S] clusters.
2 Most frequently, radical SAM catalyzed reactions transiently generate a 5′-deoxyadenosyl 

radical (5′-dA•) or its equivalent, which abstracts an H-atom from the substrate and initiates 

the free-radical mediated reaction (Fig. 1). Unlike many other enzymes that use free radicals 

as a mechanism for catalysis, the reactions catalyzed by radical SAM enzymes are 

independent of molecular oxygen and can be either oxidative or redox neutral reactions, 

which significantly extends the scope of their reactivities. Because of this unique reactivity, 

radical SAM enzymes are capable of introducing C–C bonds between unactivated or 

minimally activated sp3 and sp2 carbon centers. As a result, the use of these enzymes in 

biosynthetic pathways allows installation of C–C bonds in unconventional positions, 

providing a means to create structural diversity in natural products and cofactors. Thus, 

characterization of C–C bond forming radical SAM enzymes has become important for 

understanding the biosynthesis of many natural products. In this review, we will summarize 

the roles of C–C bond forming radical SAM enzymes in natural product and cofactor 

biosynthetic pathways and their catalytic mechanisms.

2. Overview of the mechanism of C–C bond formation by radical SAM 

enzymes

To date, known C–C bond formations by radical SAM enzymes proceed between sp3 and 

sp2 carbon centers. Fig. 2 shows the generalized mechanism of C–C bond formation by a 

radical SAM enzyme. In general, a radical is first generated on an sp3 carbon center of the 

donor substrate through H-atom abstraction by 5′-dA• or its equivalent (step 1). The 

resulting donor substrate radical attacks an sp2 carbon center of the acceptor substrate (step 

2). Eventually, the product radical is quenched to complete the catalytic cycle (step 3). Here, 
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we will take a closer look at this generalized scheme by considering the three requirements 

for specific radical mediated C–C bond formation in synthetic chemistry: radical initiation, 

acceptor activation and radical quenching. Such comparison highlights the similarities and 

differences between the synthetic and enzyme catalyzed reactions, and the role of enzymes 

in free radical mediated C–C bond formation.

In the radical SAM enzymes, reactions are initiated by H-atom abstraction by the high 

energy primary radical, 5′-dA• (Fig. 2, step 1), which defines the scope of substrates for 

radical SAM enzymes. The bond dissociation energy (BDE) for the 5′-dA• C5′–H bond is 

94–101 kcal mol−1,3 which is higher than most C–H bonds on sp3 carbon centers. Even C–H 

bonds of unactivated carbons of saturated hydrocarbons, such as octanoic acid (BDE 98–101 

kcal mol−1 (ref. 3)) in the reaction catalyzed by lipoyl synthase,4 can be cleaved. Methane, 

whose C–H BDE is 104–105 kcal mol−1,3 may be about the only unacceptable substrate. 

Therefore, by using 5′-dA•, radical SAM enzymes can abstract H-atoms from almost any 

organic molecule sp3 carbon center. On the other hand, 5′-dA• is not reactive enough to 

abstract an H-atom from sp2 centers, which typically have BDE of >110 kcal mol−1 for 

weakly or non-activated sp2 centers, such as benzene and pyridine, and >98 kcal mol−1 for 

activated sp2 centers such as pyrimidine. The reactivity of 5′-dA•, therefore, limits the 

reaction of radical SAM enzymes to that between sp3 and sp2 centers, and no radical SAM 

enzymes characterized to date are known to catalyze the conjugation of two sp2 centers.

Currently, 5′-dA• generation by the radical SAM enzymes is thought to proceed by 

homolytic cleavage of the SAM C5′–S bond through a back side attack on the SAM 

sulfonium by the unique Fe of the [4Fe–4S]+ cluster (Fig. 3a, homolytic mechanism). This 

proposal is based on the conformation of SAM bound to the [4Fe–4S] clusters in the resting 

state of the enzymes in solution as well as in crystals, in which the SAM S is in close 

proximity (3–4 Å) to the unique Fe, and the Fe–S–C5′ atoms are almost collinearly aligned 

(Fig. 3b).5–9 The interaction between the SAM cleavage product and the [4Fe–4S] cluster 

was also investigated in a state that mimics a reaction intermediate using the SAM analog, 

Se-adenosyl-L-selenomethionine (Se-SAM), and a substrate analog, trans-dehydrolysine, 

which traps a radical intermediate as an allylic radical.10 This study was performed using 

lysine 2,3-aminomutase (LAM) a radical SAM enzyme that catalyzes reversible cleavage of 

SAM, which is different from the majority of radical SAM enzymes which catalyze 

irreversible SAM cleavage. Incubation of LAM with Se-SAM and trans-dehydrolysine 

resulted in the accumulation of a catalytically competent allylic radical intermediate. 

Characterization of this allylic radical state of LAM by selenium X-ray absorption 

spectroscopy revealed a relatively short distance (2.7 Å) between the selenomethionine Se 

and the unique Fe of the [4Fe–4S] cluster.10 Together, these observations support the close 

proximity of the SAM S and the unique Fe of the [4Fe–4S] cluster. The back-side attack 

model was also suggested based on precedents in synthetic chemical reactions in which an 

alkyl group on sulfonium is displaced by an aryl radical with inversion of configuration at 

the sulfur.11 Therefore, in sum, these observations and considerations form bases for the 

current consensus for the backside attack mechanism. It is important to note that there is an 

~390 mV gap between the redox potentials of SAM and the radical SAM [4Fe–4S] clusters.
12 Therefore, the homolytic cleavage of SAM is a thermodynamically unfavorable process.13 

Significant ambiguity remains how the enzyme overcomes this redox potential gap.
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Recently, the presence of a previously unappreciated mechanism was suggested based on the 

characterization of pyruvate formate lyase activating enzyme (PFL-AE) by the Broderick 

and Hoffman lab.14 In this report, the authors observed a novel organometallic species with a 

covalent bond between the unique Fe of the [4Fe–4S] cluster in the 3+ state and C5′ of 5′-

dA (5′-dA–[4Fe–4S]3+, Fig. 3a). Currently, there are two mechanistic proposals to explain 

this observation. In the first model, SAM is cleaved homolytically, and the resulting 5′-dA• 

reacts with the unique Fe of the [4Fe–4S]2+ cluster to generate 5′-dA–[4Fe–4S]3+ (Fig. 3a, 

homolytic mechanism). In this mechanism, 5′-dA–[4Fe–4S]3+ is considered as a means to 

store the highly reactive 5′-dA• until the substrate is appropriately positioned for H-atom 

abstraction. Alternatively, 5′-dA–[4Fe–4S]3+ is formed by a nucleophilic attack of the 

unique Fe of the [4Fe–4S]2+ cluster on the C-5′ of SAM (Fig. 3a, heterolytic mechanism). 

In this case, 5′-dA–[4Fe–4S]3+ is a reaction intermediate preceding the formation of 5′-dA•, 

and the C5′–S bond of SAM is cleaved heterolytically. The heterolysis would proceed 

regardless of the redox potential gap between SAM and the [4Fe–4S]+ cluster, and therefore 

provides an explanation to overcome the gap. However, the heterolysis cannot proceed from 

the conformation of SAM–[4Fe–4S] complex observed in the crystal structures since the 

SAM C-5′ is too far removed from the unique Fe. Thus, if SAM cleavage proceeds via 
heterolytic cleavage, SAM has to undergo a conformational change that brings the C-5′ 
atom close to the unique Fe of the [4Fe–4S] cluster. Regardless of the mechanism, the 

observation of 5′-dA–[4Fe–4S]3+ emphasizes our incomplete understanding of the 

mechanism of SAM cleavage or the mechanism that controls the reactivity of 5′-dA•, both 

of which are critical for radical SAM enzymes to catalyze radical reactions with high 

specificity.

Another important aspect of the radical initiation is the reduction of the [4Fe–4S] cluster 

from the oxidized state (2+) into the catalytically relevant reduced state (1+, Fig. 3). As 

discussed in this review, accumulating evidence suggests that the nature of the reductant 

used is important for many radical SAM enzymes to perform physiologically relevant 

reactions. For example, when PqqE in the PQQ cofactor biosynthesis was assayed using a 

non-physiological chemical reductant, the enzyme catalyzed an abortive cleavage of SAM 

without any reaction between 5′-dA• and the substrate (see Section 3.2). In the case of NosL 

during biosynthesis of the antibiotic nosi-heptide, the use of chemical reductants altered the 

regiospecificity of C–C bond cleavage (see Section 5.1). In both cases, the artificial activity 

observed was suppressed when the assays were performed using the flavodoxin–flavodoxin 

reductase system, which is in general considered as the physiological reductant for most 

radical SAM enzymes.2,15–18 On the other hand, for the radical SAM enzyme Dph2 

involved in diphthamide tRNA modification formation, a specific reductase, Dph3, has been 

reported (see Section 6.1). These observations all suggest the significance of the 

physiologically relevant reductase for both in vitro mechanistic studies as well as 

understanding the function of radical SAM enzymes in general.

The next step in the mechanism of radical SAM catalyzed C–C bond formations is substrate 

radical attack onto an sp2 center of the acceptor (Fig. 2, step 2). In synthetic reactions, the 

specificity of radical attack is determined by several different factors related to the acceptor. 

The most frequently harnessed is perhaps the polar effect for acceptor substrates with 

electron withdrawing groups.19 In such reactions, nucleophilic radicals, or radicals with a 
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singly occupied molecular orbital (SOMO) of relatively high energy, prefer to react with 

electron-deficient alkenes (Fig. 4a). In this case, the electron-withdrawing group attached to 

the alkene substrate lowers the energy of the lowest unoccupied molecular orbital (LUMO) 

thereby permitting greater overlap between the SOMO of the radical and the LUMO of the 

alkene. This effect is best illustrated by the reactivity of the 5-carbomethoxy-5-hexenyl 

radical (Fig. 4b), which undergoes cyclization via the 6-endo mode rather than the typically 

favored 5-exo pathway.20 Other factors could also play important roles, such as 

stereoelectronic or steric substituent effects, mostly in cyclic systems such as carbohydrates.
21 While the significance of the enzyme active site environment on acceptor activation is not 

known, the inherent reactivity of the acceptor substrate has been suggested to be important 

for some radical SAM enzymes. For example, stereoelectronic control of radical quenching 

has been proposed for the reaction catalyzed by TunB during tunicamycin biosynthesis (see 

Section 3.4).22 In the case of PolH23 and MqnE,24 the radical on the donor substrate attacks 

C3′ of an enolpyruvyl functional group of the acceptor substrate that is activated with 

electron withdrawing carboxylic acid groups in a manner similar to the synthetic reactions 

(see Sections 4.1 and 5.3, respectively). Intriguingly, halogenation of the substrate in the 

MqnE reaction resulted in loss of the specificity of the radical attack.25 In the case of MoaA, 

the enzyme may activate the acceptor substrate using its auxiliary cluster (see Section 3.1). 

While further mechanistic investigations are needed to test such hypotheses, it is possible 

that acceptor activation plays a key role in the enzyme catalyzed radical reactions. It is also 

important to consider the reactivity of the acceptor substrate when investigating the 

mechanism of radical SAM enzymes, especially for those enzymes that catalyze complex 

rearrangement reactions.

The final step of radical mediated C–C bond formation is quenching of the radical 

intermediate (Fig. 2, step 3). In synthetic reactions, radical quenching almost always 

proceeds reductively. For example, in reactions mediated by the tributyltin radical (Bu3Sn•, 

Fig. 5), the reaction cycle is initiated by generation of a substrate radical (R•) by Bu3Sn• 

through abstraction of a halogen atom from an aryl or alkyl halide substrate (RX). R• then 

attacks an sp2 center of the radical acceptor substrate activated by an electron withdrawing 

group (EWG). The resulting radical is quenched by tributyltin hydride (Bu3SnH), yielding 

the product and regenerating Bu3Sn•. On the other hand, radical SAM enzymes offer more 

flexibility because their radical quenching can be reductive or oxidative. Therefore, the 

radical quenching mechanism adds diversity to the reactions catalyzed by radical SAM 

enzymes. Despite such unique and important reactivity, the mechanism of this step in radical 

SAM enzyme catalysis is largely unexplored. The only exception is that for PolH for which 

radical quenching was demonstrated to be mediated by a redox active Cys residue that is 

essential for stereospecificity of the reaction.23 In some enzymes such as MqnE,24 the 

radicals are not quenched immediately after C–C bond formation, and undergo further 

rearrangement reactions. Therefore, the mechanism of radical quenching could be used to 

diversify the type of C–C bond formation reactions catalyzed by radical SAM enzymes.

Since the C–C bond forming radical SAM enzymes are in the early stage of functional 

characterization, detailed mechanisms are not known for most of them. However, we 

consider the three mechanistic aspects described above to be critical for understanding the 

mechanisms of radical mediated C–C bond formations. Thus, in this review, at least one of 
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those three mechanistic aspects will be highlighted for each radical SAM enzyme discussed. 

Through these discussions, we aim to summarize the current understanding of the 

mechanism by which radical SAM enzymes control the fate of their free radical reactions.

3. The SPASM–twitch family

The SPASM–twitch family is the largest family of radical SAM enzymes. Its members 

contain extended C-terminal domains that harbor one or two auxiliary [4Fe–4S] clusters,
26,27 and the family is divided into two subfamilies. The SPASM subfamily was defined 

based on the C-terminal extension domain found in radical SAM enzymes involved in the 

maturation of sub-tilosin A, pyrroloquinoline quinone, anaerobic sulfatase, and 

mycofactocin. All SPASM C-terminal domains contain two auxiliary [4Fe–4S] clusters.26,27 

Members of the Twitch subfamily, which are distinct in terms of primary amino acid 

sequence, also harbor a C-terminal domain that is structurally homologous to the SPASM 

family except that it is truncated. As a result, Twitch C-terminal domains contain only one 

[4Fe–4S] cluster. An increasing number of enzymes in the SPASM–twitch family have been 

determined to catalyze C–C bond formations.

One of the key mechanistic paradigms for all SPASM–twitch family members is the redox 

function of their auxiliary [4Fe–4S] clusters. In general, functional characterization of the 

auxiliary clusters has been difficult for two major reasons. First, in many SPASM–twitch 

family members, with some exceptions from the recently characterized members,28,29 the 

auxiliary clusters are critical for the stability of the proteins, and mutations in the Cys 

ligands frequently result in insoluble protein expression.30,31 Second, the radical 

intermediates of the radical SAM enzyme reactions are transient and frequently kinetically 

masked by the preceding slow steps such as SAM cleavage, which precludes 

characterization of the [4Fe–4S] clusters in the state relevant to catalysis. Therefore, 

although redox functions are frequently proposed for these auxiliary clusters, very little 

evidence for those functions is available. The best characterized system is BtrN, which 

catalyzes oxidation of a hydroxyl group into a ketone during the conversion of 2-deoxy-

scyllo-inosamine (DOIA, Fig. 6a) into 3-amino-2,3-dideoxy-scyllo-inosose (amino-DOI) 

during the biosynthesis of the antibiotic butirosin.32 This enzyme catalyzes oxidation of a 

DOIA hydroxyl group to the amino-DOI ketone via H-atom abstraction from the DOIA C-1 

to yield a protonated ketyl radical intermediate33 that is oxidatively quenched by releasing a 

proton and an electron. This oxidative quenching was proposed to be catalyzed using the 

auxiliary cluster as the electron acceptor.34 However, enzymological evidence for this 

proposal is limited, and therefore a significant ambiguity still remains. Recent determination 

of the redox potentials of the Fe–S clusters in BtrN revealed that its auxiliary cluster is 255 

mV more difficult to reduce than the radical SAM cluster.35 Additionally, in the BtrN crystal 

structure, the distance between the auxiliary cluster and DOIA C-1 is comparable to or even 

slightly longer than that between the radical SAM cluster and DOIA C-1 (9.5 vs. 8.6 Å, Fig. 

6b).34 Thus, if the auxiliary cluster serves as the electron acceptor, there has to be a 

mechanism to facilitate electron transfer from the radical intermediate to the auxiliary 

cluster and to the terminal electron acceptor. Elucidation of the physiological redox partners 

may hold the key to understanding this radical quenching step. For most other SPAMS-

Twitch family members, including all of those that catalyze C–C bond formation, the redox 
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function of their auxiliary cluster(s) is unknown. As summarized below, we will discuss the 

function and mechanism of C–C bond formation by members of this family with particular 

focus on the roles of their auxiliary clusters.

3.1. MoaA in molybdenum cofactor biosynthesis

MoaA is one of the representative members of the Twitch subfamily and is involved in 

biosynthesis of the molybdenum cofactor (Moco). Moco is an enzyme cofactor essential for 

the catalytic functions of many redox enzymes. Unlike many other cofactors, Moco cannot 

be taken up as a nutrient and therefore requires de novo biosynthesis.36,37 As a consequence, 

the Moco biosynthetic pathway is essential for production of all the Moco-dependent 

enzymes. In humans, Moco biosynthesis is essential for healthy development of the brain, 

and genetic mutations in the Moco biosynthetic enzymes cause an inheritable and fatal 

metabolic disorder termed Moco deficiency (MoCD).38 More recently, Moco biosynthesis in 

pathogenic bacteria has been found to be critical for their ability to cause infectious diseases. 

In particular, pathogens such as Mycobacterium tuberculosis39 require Moco dependent 

nitrate reductase for the anaerobic respiration essential for survival in the low oxygen 

environment of the host body, and small molecule inhibitors of Moco biosynthesis have been 

shown to be effective for eradication of chronic tuberculosis in a mouse model.40

During Moco biosynthesis, MoaA, together with a second protein, MoaC, is responsible for 

the conversion of GTP into the intermediate, cyclic pyranopterin monophosphate (cPMP, 1 
in Fig. 7a). The mechanism of cPMP formation was first investigated using isotope labeling 

experiments, which indicated that the GTP C-8 guanine base is inserted between C2′ and 

C3′ of the GTP ribose moiety41 (Fig. 7a). This labeling pattern is distinct from all other 

pterin compounds, where the GTP C-8 is hydrolyzed and lost during the early steps of 

biosynthesis, suggesting the presence of a distinct biosynthetic mechanism for Moco.37 The 

involvement of MoaA in this process was described in the late 1990s,44 and the crystal 

structure of MoaA was solved in 2004.45 Still, its exact function had long been unknown. 

Because of the unique reactivities of radical SAM enzymes in general, MoaA was initially 

proposed to be responsible for all the complex transformations required for formation of the 

pyranopterin structure of cPMP from GTP,46 and its product was assumed to be pyranopterin 

triphosphate (2, Fig. 7b), the phosphorylated form of cPMP.47 This proposal had become the 

predominant view in the field after structural characterization of MoaA and MoaC by 

multiple labs in the 2000s and the early 2010s.37 However, recent characterization of the 

MoaA product revealed significantly different functions for the two enzymes.43 In this study, 

the oxygen-sensitive MoaA product was isolated under strictly anaerobic conditions and 

structurally characterized as 3′,8-cyclo-7,8-dihydro-GTP (3′,8-cH2GTP, 3 in Fig. 7c). 

Purified 3′,8-cH2GTPwas shown to be converted to cPMP by recombinant MoaC with a Km 

value lower than 60 nM,43 and the crystal structure of MoaC in complex with 3′,8-cH2GTP 

provided further evidence that 3′,8-cH2GTP is the MoaC substrate.48 Together, these 

observations provided strong evidence that the complex rearrangement required for 

pyranopterin ring formation is catalyzed by MoaC, with MoaA catalyzing C–C bond 

formation between the GTP C3′ and C8. This finding was in sharp contrast to the 

conventional view of the mechanism of cPMP formation, where MoaA was thought to be 

solely responsible for all the complex rearrangement reactions (Fig. 7b). Thus, the functional 
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characterization of MoaA, the C–C bond forming radical SAM enzyme, significantly 

changed the view of the pathway, and provided the first clear picture of the mechanism of 

pyranopterin backbone formation during Moco biosynthesis.

The role of MoaA in Moco biosynthesis can be compared to the first step of the reactions 

catalyzed by GTP cyclohydrolase I and II in the biosynthesis of other pterin-related 

compounds as seen in Fig. 7d. These enzymes catalyze the conversion of GTP into 

dihydroneopterin triphosphate or 2,5-diamino-6-ribosylamino-4(3H)-pyrimidinone 5′-

phosphate, respectively, with the first step of catalysis being hydrolysis of the guanine base 

C-8 as formic acid. This hydrolysis reaction makes the guanine base susceptible to 

subsequent complex rearrangement. By comparison, MoaA modifies GTP by forming a 

covalent bond between the C3′ and C8. The product of MoaA, 3′,8-cH2GTP (3), has a 

chemically labile aminal moiety that is proposed to be cleaved in the first step of the MoaC 

catalyzed rearrangement reaction.48 Intriguingly, MoaC does not require any cofactors, 

suggesting that no strong chemical activation is needed to convert 3′,8-cH2GTP into cPMP. 

Therefore, MoaA can be viewed as an activator of GTP to make it susceptible to the MoaC-

catalyzed rearrangement.

Elucidation of the catalytic function of MoaA made this enzyme one of the first 

characterized C–C bond forming radical SAM enzymes, and Fig. 8a shows the proposed 

mechanism for MoaA catalysis.43 In this model, MoaA catalyzes abstraction of the GTP 

H-3′ atom using 5′-dA•. H-atom abstraction at this position has been demonstrated using 

deuterated GTP,43,49 and in MoaA crystal structures, the SAM C-5′ is positioned close to 

the C3′ of GTP,45,46 consistent with this H-3′ abstraction mechanism (Fig. 8b). The 

resulting C-3′ radical (4) then attacks C8 of the guanine base to form an aminyl radical 

intermediate (5) that is subsequently reduced by transfer of both an electron and a proton to 

yield 3′,8-cH2GTP (3).

The crystal structure of MoaA revealed the presence of two [4Fe–4S] clusters in the active 

site45 (Fig. 8b). The N-terminal cluster is the canonical radical SAM cluster CXXXCXXC 

motif, whereas the C-terminal cluster is the auxiliary cluster with three Cys ligands and the 

N1 of the GTP guanine base as the Fe ligands (Fig. 8b).46,50 This binding mode was 

proposed to alter the tautomerization of the guanine base from the normally favored keto 

tautomer to the enol tautomer (Fig. 9a) based on modeling of the enol tautomer into the 

crystal structure.50 However, the effects of such tautomerization on the catalytic mechanism 

of MoaA was not clear. Here, we propose an alternative model, in which binding of GTP to 

the C-terminal [4Fe–4S] cluster facilitates protonation at N7 (Fig. 9b), which should 

facilitate attack by the C-3′ radical at C-8 and subsequent radical quenching. The effect of 

metal binding to N1 of guanine has been studied using complexes of Pt(II) with N9-methyl 

or N9-ethyl guanine (Fig. 9c).51,52 These complexes exhibit significantly increased pKas at 

N7 of 4–5. If [4Fe–4S] clusters have similar effects, the binding of GTP to the C-terminal 

[4Fe–4S] cluster would facilitate protonation at N-7 (Fig. 9b). Since neither protonation of 

O-6 nor the enol tautomer were observed in the Pt(II) complex,51 it is likely that the guanine 

base is in the keto tautomer. The location of O-6 in the keto form is consistent with H-

bonding interaction with the two catalytically essential Arg residues, R266 and R268. 

Similar H-bonding interaction between O-6 and the aminogroup of ethylenediamine was 
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observed in the X-ray crystal structure of N9-methylguanine in complex with Pt(II) (Fig. 9c).
51,52 Protonation of N-7 of GTP in the MoaA active site at the physiological pH likely 

requires additional assistance from the environment around N-7. While the MoaA crystal 

structure does not reveal specific residues around N-7 that could stabilize the protonated 

form,45,46 recent studies revealed that the C-terminal tail, which is disordered in the crystal 

structures, is likely serving as part of the active site.53 Therefore, the C-terminal carboxylate 

may provide an anion that stabilizes the protonated form of N-7. Based on these 

considerations, we propose the tautomerization and protonation state of the GTP guanine 

base in the MoaA active site to be that shown in Fig. 9b. Protonation at N-7 would make C-8 

more electron deficient, facilitating attack of the C-3′ radical at C-8. In addition, 

protonation at this position eliminates the need for a proton transfer during reduction of the 

aminyl radical intermediate. Therefore, this model provides explanation to multiple aspects 

of the mechanism of MoaA catalysis.

Theoretically, the C-terminal [4Fe–4S] cluster could also serve as an electron donor.43 

However, there is currently very little experimental evidence to support such a role for this 

cluster. For it to serve as the electron donor, the cluster would have to be reduced to the 1+ 

state. Our preliminary EPR characterization of wt-MoaA suggests that the N- and C-terminal 

clusters can be reduced by sodium dithionite in ~1 : 2 ratio (unpublished results), indicating 

that the C-terminal cluster is more easily reduced. Considering the reported redox potentials 

for the [4Fe–4S] clusters in radical SAM enzymes,12,54 the redox potential of MoaA’s C-

terminal cluster is likely between −0.4 and −0.6 V. Together with the previous report 

showing that the 5′,8-cyclo-deoxyadenosine aminyl radical can be reduced by the reduced 

form of methylviologen (E° = −0.45 V),55 the estimated redox potential of the C-terminal 

cluster is sufficiently reductive to reduce the aminyl radical. However, it is currently 

unknown if the C-terminal cluster is in the reduced form during catalysis.

Overall, these mechanistic considerations suggest that the MoaA active site likely provides 

the environment for both activation of the guanine base for attack by the C3′ radical as well 

as quenching of the putative aminyl radical. Therefore, MoaA could serve as a very good 

model system to understand how enzymes activate radical acceptor substrates to catalyze 

highly specific radical mediated C–C bond formations.

3.2. PqqE in pyrroloquinonline quinone biosynthesis56

PqqE is one of the founding members of the SPASM subfamily, and is responsible for the 

first step in biosynthesis of the cofactor pyrroloquinonline quinone (PQQ, see Fig. 10b for 

structure). PQQ is found in many dehydrogenases that catalyze oxidation of alcohols and 

aldose sugars mostly in Gram-negative bacteria.57 In particular, a membrane bound PQQ-

dependent glucose dehydrogenase acts in non-glycolytic energy production in the periplasm 

of many Gram-negative bacteria.58,59 This enzyme catalyzes oxidation of D-Glc and other 

aldose sugars into their corresponding lactones, while reducing the orthoquinone of PQQ to 

its quinol form. The reduced PQQ is then re-oxidized by release of two electrons used to 

reduce ubiquinone followed by ATP production.59 Isolated PQQ has a midpoint redox 

potential of +90 mV at pH 7, which is much more oxidative than flavin (−210 mV) or 

nicotinamide (−320 mV), but comparable to that of ubiquinone (+66 mV at pH 7).60 The 
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role of PQQ in mammals is much more controversial. While mammals do not produce PQQ, 

they acquire PQQ from their diet, and PQQ has been detected in mammalian blood, milk 

and tissues. In mouse models, exclusion of PQQ from the diet for several generations results 

in infertility.58 More recent studies suggest a role for PQQ in mitochondrial biogenesis.61 

While these studies indicate a requirement for low levels of PQQ in a mammalian diet, the 

full range of mammalian targets and precise mechanism of action remain to be elucidated.

PQQ is biosynthesized from the Glu and Tyr62,63 residues of the PqqA precursor peptide 

through the actions of the products of five genes in the PQQ gene cluster (Fig. 10a). While it 

was known that 3a-(2-amino-2-carboxyethyl)-4,5-dioxo-4,5,6,7,8,9-hexahydroquinoline-7,9-

dicarboxylic acid (AHQQ) is an intermediate of PQQ biosynthesis (Fig. 10b),64–66 the 

mechanism by which AHQQ is formed from the precursor peptide, PqqA, had long been 

unknown. Recently, PqqE, a radical SAM enzyme, was found to act on PqqA to catalyze C–

C bond formation between the γ position of the glutamate and the C-3 of the tyrosine to 

yield compound 6 (Fig. 10b).56 Intriguingly, PqqE’s C–C bond formation activity requires 

the presence of the chaperone protein PqqD.56 Sequences homologous to PqqD have been 

found in biosynthetic pathways for many ribosomally synthesized and post-translationally 

modified peptides (RiPPs).67 These sequences were later identified as RiPP precursor 

peptide recognition elements (RREs) that bind the leader peptide of RiPPs and facilitate 

insertion of the amino acid to be modified into the active site of the enzyme.68 In most RiPP 

pathways, the RRE sequence is a part of the biosynthetic enzyme. However, PqqD is a 

stand-alone RRE with a Kd of 0.13–0.39 μM for its interaction with PqqA, 10–12 μM for its 

interaction with PqqE, and 4.5 μM for the PqqA–PqqD–PqqE ternary complex.67 Recent 

NMR structural characterization of PqqD revealed that its PqqA binding sites are 

comparable to that of RREs in other RiPPs biosynthetic enzymes.69

Successful reconstitution of PqqE activity was achieved using a flavodoxin (FldA)/

flavodoxin reductase (FNR) system with NADPH as a reductant. Chemical reductants such 

as titanium(III) citrate or sodium dithionite do not yield crosslinked PqqA, and only result in 

abortive cleavage of SAM.70 While it is not known why the chemical reductants do not work 

for this system, one possibility is the need for a match in the redox potentials between the 

reductant and the radical SAM [4Fe–4S] clusters. As described below, it is possible that the 

auxiliary cluster may serve as an electron acceptor during the cross-linking reaction (see 

below), and therefore, its redox state could be critical for catalysis. In assays of PqqE from 

Methylobacterium extorquens, FldA from other organisms such as E. coli or Azotobacter 
vinelandii, was used because the physiological reductant for PqqE is not yet known. 

Considering the reported low turnover number of M. extorquens PqqE in these assays (4% 

after 24 h), identification of the physiological reductant is likely an important step toward 

better understanding of the mechanism of PqqE.

Based on the structures of the substrate and the product, a possible mechanism for PqqE 

catalysis is shown in Fig. 11.56 In this model, PqqE first abstracts a H-atom from the gamma 

position of glutamate. The resulting radical 7 then attacks the C3 position of tyrosine. 

Subsequent deprotonation could occur at the phenol OH (mechanism A) or 3-position 

(mechanism B), likely depending on the availability of the general base. This deprotonation 

accompanies release of an electron. The identity of the electron acceptor in this reaction 
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remains ambiguous, although the auxiliary [4Fe–4S] cluster may serve as the electron 

acceptor.

3.3. Streptide biosynthesis enzymes

RiPPs are an important class of natural products with a wide range of biological activities 

and diverse chemical structures that are frequently characterized by a cyclic structure that 

prevents their digestion by peptidases and enhances their stability.71,72 Currently, multiple 

different strategies have been characterized for the cyclization of these compounds, 

including thioether, ester, and amide linkages, and nitrogenous heterocycles. Recently, a 

subclass of RiPPs (such as streptide isolated from Streptococcus thermophilus) with a 

macrocyclic structure containing a unique Lys–Trp C–C crosslink has been reported (Fig. 

12).73 These streptide-related RiPPs are produced by many streptococci, and their 

production is regulated by a quorum sensing cascade involving a short hydrophobic peptide 

(SHP) streptococcal pheromone and the Rgg transcriptional regulator. The exact biological 

functions of streptide and related RiPPs are unknown.

Studies by the Seyedsayamdost lab revealed that the Lys–Trp C–C bond of streptide (blue 

highlight in Fig. 12) is formed by the radical SAM enzyme StrB,73 a member of the SPASM 

subclass of the radical SAM enzymes (Fig. 12). Purified and reconstituted StrB contains 

three [4Fe–4S] clusters; one [4Fe–4S] cluster bound to the canonical radical SAM motif and 

the other two being the auxiliary clusters associated with the SPASM motif.73 StrB was 

shown to form the C–C bond between the lysine β-carbon and the C-7 side chain of the Trp 

residue in its precursor peptide, StrA.73 The Seyedsayamdost and Ando labs solved the 

crystal structure of SuiB (a close ortholog of StrB) from Streptococcus suis.74 SuiB uses the 

precursor peptide SuiA, a homolog of StrA (Fig. 12), as a substrate.75 Three structures of 

SuiB were solved; one without any ligand, one with SAM, and one with both SAM and 

SuiA. The SuiB N-terminal domain adopts a typical RRE motif, which is thought to be 

responsible for recognition of the SuiA leader peptide. However, in the crystal structure, this 

leader peptide was primarily interacting with the catalytic barrel of SuiB formed by its 

radical SAM and SPASM domains. While the SuiA core peptide is disordered in the 

structure, computer simulation of the core peptide structure suggested that the binding mode 

of the leader peptide is consistent with positioning of the core sequence in the SuiB active 

site.74 Thus, binding of the leader peptide to the catalytic barrel of SuiB, rather than its RRE 

domain, is likely relevant to SuiB catalysis.

The mechanism of Lys–Trp C–C bond formation by StrB was first investigated using an 

StrA peptide substrate containing a [2H8]Lys residue, where incorporation of the deuterium 

atom into the 5′-dA product was observed.73 Subsequent studies using Streptococcus 
agalactiae AgaB, another ortholog of StrB, and analogs of its corresponding AgaA substrate 

peptide provided insights into the mechanism of the radical quenching step.75 In this study, 

the side chains of the Lys and Trp residues that undergo crosslinking were varied. The study 

revealed that while the amino group of Lys was essential for catalysis, replacement of the 

nitrogen atom of the Trp indole with sulfur was accepted, suggesting that the indole ring 

nitrogen is not essential. However, a phenyl ring was not accepted as a substrate, suggesting 

that the ring size is critical for the catalysis. Based on these observations, a catalytic 
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mechanism for AgaB was proposed whereby it abstracts an H-atom from the β-position of 

Lys and the resulting radical 8 attacks the Trp C7. The resulting Trp radical 9 is oxidized by 

release of an electron and a proton. Two mechanisms were proposed for this step as seen in 

Fig. 13.74 In one case (mechanism A), a base residue in the active site abstracts a proton at 

the 7′-position.75 In the second case (mechanism B), the amino group of the AgaA peptide 

substrate Lys residue serves as a general base.75 In both cases, one of the auxiliary clusters 

was proposed as the electron acceptor based on the structure and the previous proposals for 

other SPASM family members.

3.4. TunB in tunicamycin biosynthesis

TunB, a putative SPASM family member, is involved in the key C–C bond formation during 

biosynthesis of tunicamycins (Fig. 14a), representatives of a class of fatty acyl nucleoside 

antibiotics produced by several species of actinobacteria. Tunicamycins exhibit potent 

antibacterial activity by inhibiting bacterial translocase I (MraY) which catalyzes the 

conversion of myramyl peptide 1-phosphate onto a C51 lipid during peptidoglycan 

formation in bacterial cell walls.76 Tunicamycins also inhibit GlcNAc-1-P transferases 

which are involved in the biosynthesis of wall teichoic acids (teichoic acids that are 

covalently bound to peptidoglycan),77 a cell wall structure found in Gram-negative bacteria 

that is essential for the virulence of many pathogenic bacteria. Unfortunately, in mammals, 

tunicamycins disrupt N-linked protein glycosylation by inhibiting dolichol phosphate 

GlcNAc-1-P transferase, and also inhibit protein palmitoyltransferases. As a result, 

tunicamycins are extremely cytotoxic, limiting their use as therapeutic agents. Therefore, an 

understanding of their biosynthesis is important for the discovery of tunicamycin derivatives 

with less toxicity.

Tunicamycins are structurally characterized by the presence of the unique 11-carbon 

dialdose core tunicamine (red highlight in Fig. 14) conserved among antibiotics such as the 

streptoviridins, corynetoxins, and mycospocidins (Fig. 14a). Feeding experiments using 

isotopically labeled precursors indicate that tunicamine is biosynthesized from uridine 

diphosphate N-acetylglucosamine (UDP-GlcNAc) and uridine. Conjugation of these two 

precursors requires formation of a unique C5′–C6′ bond (Fig. 14a). Initially, this bond was 

proposed to form via nucleophilic attack of a carbanion generated on the C6″ of a UDP-

GlcNAc derivative on the C-5′ of uridine-5′-aldehyde.78 However, identification of the 

tunicamycin gene cluster (tun), which included the tunB gene coding for a putative radical 

SAM enzyme, led to a different proposal, where TunB is responsible for the formation of the 

C5′–C6′ bond in UDP-N-acetyltunicamine-uracil (12)79 (Fig. 14b). This proposal was 

supported by subsequent functional characterization of TunA and TunF, with TunA being 

shown to catalyze the dehydration of UDP-GlcNAc into 10 and TunF catalyzing subsequent 

epimerization at C-4″ of 10 to form UDP-6-deoxy-5,6-ene-GalNAc (11, Fig. 14b). 

Furthermore, tunicamycin producing bacteria lacking the tunB gene was found to 

accumulate a compound with mass identical to 11, consistent with the proposed function of 

TunB.22 Based on the amino acid sequence homology of TunB with radical SAM enzymes, 

this transformation was proposed to proceed by the radical mechanism shown in Fig. 

15,22,79 whereby TunB abstracts a H-atom from C-5′ of uridine, and the resulting C5′ 
radical attacks C6″ of 11. The resulting C-7′ radical intermediate (13) is then reductively 
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quenched to yield the product 12. The regio- and stereoselectivity of this reductive radical 

quenching was rationalized based on stabilization of the C7′ radical by an overlap of the 

C7′ SOMO radical and the LUMO of C8′–O8′, as well as quasi–homo–anomeric effects 

(Fig. 15), where the addition of a H-atom from the axial side is favoured.22 To date, the 

catalytic function of TunB has not been demonstrated in vitro, and no mechanistic studies 

have been performed. It would be of mechanistic interest to know whether the enzyme active 

site provides additional effects on the regio- and stereo-specificity of the reaction.

4. Radical SAM enzymes with N-terminal cofactor binding domains

An increasing number of radical SAM enzymes have been found to harbor an N-terminal 

domain that binds cobalamin or other cofactors. For example, RimO catalyzes 

thiomethylation of ribosomal protein S12 using persulfides bound to an auxiliary [4Fe–4S] 

cluster in its N-terminal UPF0004 domain.80 A structurally homologous N-terminal domain 

is also found in B12-dependent radical SAM enzymes where it binds the cobalamin cofactor.
81 While most functionally characterized members of this group so far are responsible for 

methylation of unactivated carbon or phosphorus centers, recent studies have revealed that 

some of these enzymes are responsible for carbon skeleton formations where the roles of 

B12 or the N-terminal domain itself are still unclear. Using the representative members, 

NikJ/PolH, OxsB and BchE, we will discuss the mechanism of C–C bond formation in this 

family.

4.1. NikJ and PolH in the biosynthesis of C-5′ extended nucleoside antibiotics

NikJ and PolH are unique members of this group as they do not require cobalamin, an 

auxiliary [4Fe–4S] cluster or any other cofactors for their reported catalytic functions. Still, 

these enzymes harbor an N-terminal extension that exhibits weak homologies to UPF0004 

and the cobalamin binding domains. The function of this NikJ/PolH N-terminal domain is 

currently unknown. NikJ catalyzes C–C bond formation during biosynthesis of the 

nikkomycins while PolH performs the same function during polyoxin biosynthesis. 

Nikkomycins and polyoxins are representative members of the peptidyl nucleoside (PN) 

class of antifungal natural products. PNs exhibit highly selective antifungal activities without 

any detectable toxicity to plants and animals by inhibiting chitin synthase, an enzyme 

required for the formation of chitin in the fungal cell wall.82 Because of their potency and 

selectivity, PNs have been used for agricultural purposes, and are currently under clinical 

investigation for human use.83

The pharmacophore of PNs is the C5′-modified nucleoside, aminohexuronic acid (AHA 

(17), Fig. 16), which mimics the uridine moiety of UDP-GlcNAc, the substrate for chitin 

synthase. AHA is formed from UMP and phosphoenol pyruvate (PEP) via the C5′-extended 

high-carbon nucleoside, octosyl acid (OA, 15), or its derivative octosyl acid 5′-phosphate 

(OAP, 16). The characteristic bicyclic structure of OA has also been found in other 

antifungal nucleoside natural products such as the ezomycins and malayamycins (Fig. 17a). 

Originally, the OA structure was thought to be formed via a 5′-aldehyde intermediate and 

attack of PEP C3′ on the aldehyde to form the C–C bond (Fig. 16, lower reaction).84 

However, in the 2000’s, NikO in the nikkomycin pathway, followed by PolA in the polyoxin 
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pathway, were found to catalyze the conjugation of PEP and UMP to yield 3′-enolpyruvyl 

UMP (EP-UMP, 14).85,86 This observation was unexpected and left the mechanism of C5′–

C6′ bond formation in OA ambiguous.

Recently, this mystery was solved by functional characterization of the radical SAM 

enzymes conserved between the nikkomycin and polyoxin pathways (NikJ and PolH, 

respectively) (Fig. 17a). In this study, PolH was heterologously expressed in E. coli, 
purified, and its single [4Fe–4S] cluster reconstituted.23 Activity assays of the recombinant 

PolH with various uridine nucleosides and nucleotides revealed that PolH specifically 

catalyzes the conversion of EP-UMP into OAP (16).23 The essentially identical observation 

was made for NikJ.23 Detailed kinetic characterization revealed that the kinetics of both 

enzymes are comparable to those of the corresponding EP-UMP forming enzymes, NikO 

and PolA, suggesting the likely physiological relevance of the observed activity.23 Later, the 

polH gene was shown to be essential for polyoxin biosynthesis, and deletion of the polH 
gene resulted in accumulation of a shunt metabolite, 5′-enolpyruvyl uridine.87 These 

combined results established that NikJ and PolH are responsible for C5′–C6′ bond 

formation during the biosynthesis of the octosyl structure in the PN biosynthetic pathways.

The OA structure found in other antifungal nucleosides such as the malayamycins and 

ezomycins, is also likely to be formed by a similar free-radical dependent mechanism (Fig. 

17a). In fact, when the genome sequence database was searched for homologs of PolH, most 

of them were found in putative operons for secondary metabolites that also code for the 

homologs of PolA.23 These analyses suggest that nucleoside natural products containing an 

OA moiety are likely more prevalent than is currently thought, and that the combination of 

the nikO and nikJ genes could serve as a genetic marker to identify biosynthetic gene 

clusters for nucleoside natural products structurally related to OA.

The characterization of NikJ and PolH revealed that the mechanism of carbon extension at 

C-5′ for the antifungal PNs is distinct from those reported for several different classes of 

antibacterial nucleoside natural products.88,89 In the case of the caprazamycin class of 

antibacterial nucleoside natural products (Fig. 17b), the C5′ extension proceeds via 
oxidation of UMP C-5′ to an aldehyde followed by an aldol condensation-type two-electron 

mechanism catalyzed by the PLP-dependent enzyme LipK that generates the C-5′ extended 

nucleoside 18 (Fig. 17b). On the other hand, functional characterization of the radical SAM 

enzymes, NikJ and PolH, suggested that the C-5′ extension in the biosynthesis of antifungal 

nucleoside natural products may proceed through a radical mechanism. The catalytic 

mechanism of PolH was studied using site-directed mutagenesis and biochemical and 

spectroscopic characterization.23 In the proposed mechanism (Fig. 18),23 PolH catalysis is 

initiated by abstraction of the H-5′ of EP-UMP (14) by 5′-dA•, followed by attack of the 

C-5′ radical (19) on C-3″ of the enolpyruvyl moiety to form a C7′ radical intermediate 

(20) which must then be reduced by transfer of both an electron and a proton. The key step 

in this mechanism is the C7′ radical quenching. As previously discussed, the mechanisms of 

radical quenching in radical SAM enzyme reactions are frequently ambiguous. For the 

SPASM–twitch family members, the auxiliary clusters were proposed as the electron donor/

acceptor, but no experimental evidence is currently available. In the case of NikJ/PolH 

catalysis, no other metallo-cofactor is required for their activity. Thus, the involvement of a 

Yokoyama and Lilla Page 14

Nat Prod Rep. Author manuscript; available in PMC 2018 July 18.

A
uthor M

anuscript
A

uthor M
anuscript

A
uthor M

anuscript
A

uthor M
anuscript



redox active amino acid residue was suspected. Ala scanning of Cys and Tyr residues 

conserved among homologs of PolH and NikJ identified C209 as a possible candidate. When 

C209 was mutated to a Ser, the enzyme produced a mixture of two products, OAP (16) and 

its C7′ epimer (21, Fig. 18).23 EPR characterization of the C209S mutant revealed 

accumulation of the C7′-centered radical intermediate (20).23 These observations suggested 

that the reaction proceeds through stereospecific quenching of the C7′-radical intermediate 

by the redox active C209 residue (Fig. 18). These studies on PolH provide the first evidence 

for a mechanism of radical quenching in C–C bond forming radical SAM enzymes, and 

demonstrate the significance of the radical quenching mechanism in the stereospecificity of 

the reaction.

The involvement of a redox active Cys residue in the radical quenching was also reported for 

NeoN (Fig. 19), a radical SAM enzyme that catalyzes an irreversible epimerization at the 5-

position of the glucosamine moiety of neomycin B by abstraction of a H-5′ atom followed 

by quenching of the C-5′ radical 22 from the opposite face of the molecule by a Cys 

residue.90 Mutation of this H-atom donating Cys residue resulted in rearrangement of the 

C-5′ radical 22 to eventually yield a carbocyclic compound 24 via a radical intermediate 23, 

and accumulation of a structurally uncharacterized radical intermediate (Fig. 19).90 The 

distinct fate of the accumulated radical as a response to mutation in the redox active Cys 

residue in NeoN and PolH may reflect the difference in the thermodynamic stability of the 

radical or the conformation of the carbohydrate radical species. The discovery of a Cys-

mediated radical quenching mechanism in two functionally and structurally distinct radical 

SAM enzymes suggests the potential generality of the use of Cys residues in the active-sites 

of radical SAM enzymes to provide controlled quenching of radical intermediates during 

enzyme catalyzed free radical reactions.

While NeoN and PolH share a Cys-mediated radical quenching mechanism, their 

mechanisms of reduction of those Cys radicals appears distinct. NeoN is a member of the 

SPASM–twitch subfamily and harbors at least one auxiliary [4Fe–4S] cluster, which has 

been proposed to be responsible for Cys radical reduction through an attack of the thiyl 

radical either to one of the Cys ligand of the [4Fe–4S] cluster90 or to one of the Fe of the 

[4Fe–4S]2+ cluster.91 In contrast, PolH does not harbor any auxiliary [4Fe–4S] clusters. 

Instead, NikJ/PolH contain conserved Tyr and Trp residues that may be responsible for 

reduction of the Cys radical and transfer of the radical to the protein surface where a 

physiological electron donor is available. Since six of these conserved Tyr and Trp residues 

are found in the functionally uncharacterized N-terminal domains of PolH and NikJ, this 

domain may be responsible for electron transfer to the Cys209 residue from the protein 

surface where reductant is available from either chemical reductant in vitro or physiological 

reductase in vivo. Further studies are required to understand the function of the N-terminal 

domains in PolH and NikJ.

4.2. OxsB in oxetanocin biosynthesis

OxsB is the most recently characterized member of the family of C–C bond forming radical 

SAM enzymes with N-terminal cofactor binding domains. OxsB catalyzes formation of the 

unique four-membered ring structure of oxetanocin A (OXT-A (28), Fig. 20a), an antiviral 
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first isolated and characterized from the fermentation broth of the Gram-positive soil 

bacteria Bacillus megaterium in the late 1980s.92,93 OXT-A has a unique oxetanosyl-N-

glycoside structure with an adenine base,93 and has been shown to have antiviral activity 

against HIV,94,95 herpes simplex,92 and hepatitis B96 by inhibiting viral DNA 

polymerization. Mechanism of action studies indicated that incorporation of phosphorylated 

OXT-A into newly synthesized DNA causes chain termination.94

Initial studies in B. megaterium revealed that the OXT-A biosynthetic gene cluster is 

encoded on a plasmid consisting of four different genes (oxsA, oxsB, oxrA and oxrB).97 

Two of these genes encode biosynthetic enzymes essential for OXT-A formation: the 

divalent metal dependent HD-domain98 phosphohydrolase OxsA and the cobalamin-

dependent radical SAM enzyme OxsB (Fig. 20a).81 Both of these genes have been 

heterologously expressed and characterized. Recombinant OxsA was shown to catalyze 

hydrolysis of phosphorylated OXT-A compounds.99 Recombinant OxsB harbored a single 

[4Fe–4S] cluster and hydroxocobalamin, consistent with its annotation as a cobalamin-

dependent radical SAM enzyme.81 Initially, no catalytic activity was observed in OxsB 

assays using various nucleosides and nucleotides. However, product formation was observed 

when OxsB assays were performed in the presence of OxsA using mono, di, or 

triphosphorylated 2′-deoxyadenosine as substrates.81 The product of these reactions was 

characterized as dehydro-OXT-A phosphate (26, Fig. 20a). Since OxsA catalyzes the 

hydrolysis of dAMP, dADP and dATP,99 the function of OxsB was proposed to be 

conversion of dAMP into dehydro-OXT-A phosphate (Fig. 20a). The reason for the 

requirement of OxsA for OxsB activity is not clear, but it was proposed that the two proteins 

form a heterocomplex.81 Following the OxsB reaction, the aldehyde 26 has to be reduced to 

the alcohol 27 prior to conversion to OXT-A. This reaction was found to be catalyzed by an 

unidentified oxidoreductase in the lysate of B. megaterium NRS 269.81

Further characterization of OxsB demonstrated that it generates 5′-dA in the presence of a 

reductant.81 Using [2′-2H2]2′-dAMP as a substrate, OxsB generated mono-deuterated 5′-

dA suggesting that the H-2′ is abstracted by 5′-dA•.81 Hydroxocobalamin was also found to 

be essential for OxsB activity, although its exact function remains unknown. Crystal 

structures of OxsB with [4Fe–4S] and cobalamin with and without SAM bound have been 

reported.81 Although the substrate bound structure was not solved, the crystal structure of 

OxsB in complex with SAM was used to map an approximate site of H-atom abstraction to 

be equidistant from both the SAM C-5′ and the cobalt of cobalamin at approximately 3.7 Å 

from each. The authors suggest that at this location, hydrogen atom abstraction could occur 

followed by a cobalamin-dependent reaction without any movement of either substrate or 

protein.81 Fig. 20b (mechanism A) shows the proposed mechanism of OxsB catalysis,81 

where the reaction is initiated by abstraction of the H-2′ atom followed by C3′–C4′ bond 

cleavage. The resulting C-4′ radical (30) attacks C-2′ to form the four-membered ring 

radical intermediate 31, and subsequent oxidative quenching of this radical species would 

yield dehydro-OXT-A 5′-phosphate (26). Cobalamin was proposed as the electron acceptor 

for this radical quenching step. While this mechanism is chemically reasonable, it does not 

explain the juxtaposition of the cobalamin cofactor and the putative substrate binding site. 

Therefore, we consider an alternative possibility that one of the radical intermediates attacks 
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Co(II) of cobalamin. One possible mechanistic option is described in Fig. 20b (mechanism 

B), where the C-4′ radical (30) attacks Co(II) of cobalamin to form a C4′–Co(III) 

intermediate (32) that can be collapsed into dehydro-OXT-A phosphate via nucleophilic 

closure of the oxetane ring by the favored 4-exo trig mechanism with heterolytic cleavage of 

the C4′–Co(III) bond. Further mechanistic investigations will provide insights into this 

fascinating radical SAM catalytic activity.

4.3. BchE in anaerobic bacteriochlorophyll biosynthesis

BchE is a founding member of the cobalamin-dependent radical SAM enzyme family100 and 

is involved in the biosynthesis of bacteriochlorophyll (BChl). BChl and chlorophyll (Chl) 

are central pigments for biological light harvesting and photosynthesis, and both are 

biosynthesized from protoporphyrin IX, a biosynthetic intermediate of heme. One of the key 

steps during BChl and Chl biosynthesis is formation of the fifth ring, the E-ring (Fig. 21), 

which enables harvesting of red light (>600 nm) for efficient photosynthesis. The E-ring is 

formed by oxidative cyclization of Mg-protoporphyrin monomethylester (MPE) to Mg-

divinylprotochlorophyllide methylester (MDVP) (Fig. 21), presumably through C-131 

oxidation followed by cyclization.101 Two distinct pathways for E-ring formation, which 

differ in oxygen dependency, have been reported.102–105 The aerobic pathway is conserved 

among most photosynthetic organisms from bacteria to plants, and involves the non-heme 

diiron monooxygenase, AcsF.106 The second, anaerobic pathway was found in 

photosynthetic purple bacteria, and involves BchE,107,108 a radical SAM enzyme with the 

cobalamin binding domain.107,109 The mechanistic dichotomy of the two pathways is 

apparent from isotope labeling experiments,105,110 whereby 18O from water is incorporated 

into the C-131-oxo when BChl is biosynthesized through the anaerobic pathway, while 

aerobic biosynthesis results in the incorporation of 18O from O2 and not from the solvent.

The transformation of MPE to MDVP involves a C–C bond formation between C-132 and 

C-15 and the oxidation of C-131 from methylene to ketone. It is intriguing that all of these 

reactions can be catalyzed by the single radical SAM enzyme, BchE. While BchE has not 

been purified and its catalytic activity has never been reconstituted in vitro, the requirement 

of cobalamin for BchE function was supported by the observation that disruption of 

cobalamin biosynthetic genes blocked BChl biosynthesis and resulted in accumulation of 

MPE.109 BChl biosynthesis in these mutants was recovered by the addition of cobalamin to 

the growth medium.109 Fig. 22 shows two potential mechanisms for BchE catalysis. The 

first key step in these mechanisms is the oxidation of C-131. The mechanism proposed by 

Booker111 (Fig. 22, mechanism A) is a reaction analogous to those proposed for the 

cobalamin dependent radical SAM methyltransferase,112 in which 5′-dA• abstracts the 

H-131 atom and the resulting radical 32 attacks the hydroxyl group of hydroxocobalamin to 

yield hydroxy-MPE 33 and cob(II) alamin. Repeating the same hydroxylation for 33 would 

form a geminal diol that is equivalent to keto-MPE (34). This mechanism makes use of both 

cofactors; SAM and cobalamin. However, such use of hydroxocobalamin is not precedented. 

Alternatively, C-131 hydroxylation could proceed via sequential dehydrogenation and 

hydration (Fig. 22, mechanism B), where BchE abstracts the H-132 atom to generate the 

radical 35 that is subsequently oxidized to the olefin 36. There are precedents for similar 

dehydrogenation by radical SAM enzymes.113–115 Subsequent hydration by the attack of a 
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hydroxide at C-131, which is electrophilic due to the presence of α,β-unsaturated methyl-

ester, would yield hydroxy-MPE 33. Repeating the dehydrogenation of hydroxy-MPE 33 
followed by keto–enol tautomerization would yield keto-MPE 34. In this dehydrogenation/

hydration mechanism, cobalamin may serve as the electron acceptor similar to what has 

been proposed for OxsB (Fig. 20b). For either mechanism, cyclization of 34 would then 

likely proceed through abstraction of the H-132 atom by 5′-dA•. This H-atom abstraction 

position is identical to the mechanism B for the keto-MPE 34 formation, providing another 

advantage for the mechanism B. The resulting radical 37 would attack C-15 to form the 

C132–C15 bond, followed by release of a proton and an electron to give MDVP. These 

mechanisms predict the requirement for three equivalents of SAM to produce each molecule 

of MDVP. Future determination of the actual mechanism for this radical SAM enzyme will 

require in vitro reconstitution of BchE activity.

5. ThiH-like enzymes

Another subset of radical SAM enzymes catalyzing C–C bond formations are those 

exhibiting sequence homology to ThiH. ThiH catalyzes cleavage of tyrosine into 4-

hydroxytoluene and dehydroglycine during biosynthesis of the azole moiety of the cofactor 

thiamine (Fig. 23a).116 A similar tyrosine cleavage is catalyzed by HydG during 

biosynthesis of the CO and CN ligands of the hydrogenase cofactor (Fig. 23b).117 More 

recently, enzymes that exhibit amino acid sequence similarities with ThiH have been found 

to catalyze complex transformations that involve C–C bond formation reactions. Two of 

these, NosL and CofH, also uses aromatic amino acid as a substrate, while the other recently 

characterized enzymes, CofG, MqnE and MqnC, use substrates other than aromatic amino 

acids. Thus, the functions of these ThiH-like radical SAM enzymes are diverse. Here, we 

will summarize the most recent discoveries involving these ThiH-like enzymes.

5.1. NosL in the biosynthesis of nosiheptide

Thiopeptides are a subclass of RiPPs structurally characterized by macrocyclic cores 

consisting of a nitrogen-containing 6-membered ring, a thiazole and a dehydroamino acid. 

Most thiopeptides known to date exhibit antibacterial activity against Gram-positive 

bacteria. Among the thiopeptide antibiotics, nosiheptide (Fig. 24) possesses a unique 

aromatic ring, methylindolic acid (MIA), that is derived from L-Trp. The transformation of 

L-Trp into MIA was recently shown to be catalyzed by NosL, a ThiH-like enzyme (Fig. 24).
118

The catalytic mechanism of NosL was first investigated by isotope labeling experiments, 

which revealed that the carboxylate of MIA is derived from the carboxylate of L-Trp and 

that a solvent exchangeable H-atom is abstracted by 5′-dA•.118 In vitro NosL reactions with 

L-Trp as the substrate also produced 3-methylindole and dehydroglycine as shunt products 

(Fig. 24),118 which was interpreted as evidence for the Cα–Cβ bond cleavage. When the 

mechanism of NosL was investigated using a series of L-Trp analogs, the data suggested that 

H-atom abstraction occurs at the α-NH2 group.119–121 Based on these results, the 

mechanism shown at the top of Fig. 25 involving Cα–Cβ bond cleavage was proposed.
119–121 In this mechanism, 5′-dA• is used to abstract the N–H proton and generate an amino 
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radical (39). Subsequent cleavage of the Cα–Cβ bond yields an indole radical (40), and 

dehydroglycine, which are then recombined to form a hemiacetal radical intermediate (41). 

Release of a methanimine radical (NHCH•) and rearomatization of 42 results in MIA. The 

shunt product, 3-methylindole, would be produced by a reductive quenching of the radical 

intermediate 40, followed by rearomatization (Fig. 25, top shunt pathway).

Recently, EPR characterization of the NosL reaction suggested a completely different 

mechanism that involves Cα–carboxylate (Cα–C) bond cleavage (Fig. 25a, bottom 

mechanism).122 In this study, EPR characterization of the NosL reaction revealed 

accumulation of an organic radical proposed to be a reaction intermediate based on its 

kinetic behavior since the amount of this species reached its maximum at 45 s and then 

decreased over the following 10 min. While the EPR spectra of this radical species was 

complicated by the presence of two overlapping signals with similar line shapes, EPR 

analysis using isotopically labeled Trp revealed the radicals to be two different conformers 

of the C-3 radical (44). Based on this observation, a new mechanism for NosL was 

proposed, where the amino radical 39 undergoes cleavage of the Cα–C bond to yield two 

intermediates, 43 and a COO(H) radical.122 The two intermediates are then recombined by 

attack of the COO(H) radical onto C-2 of 43 to yield the C-3 radical 44 that was detected by 

EPR. Radical 44 undergoes elimination of a methanimine radical (NHCH•) followed by 

rearomatization of 45 to yield MIA. This proposed mechanism is distinct from the previous 

proposal in that in this case, MIA formation by NosL involves cleavage of the Cα–C bond. 

In this mechanism, the Cα–Cβ bond cleavage evidenced by formation of 3-methylindole 

was proposed as a shunt pathway that does not yield MIA.122

The regiospecificity of NosL-catalyzed C–C bond cleavage was rationalized by electron 

density calculation of the amino radical intermediate 39.122 In this analysis, conformation of 

the amino radical 39 was first calculated based on the reported crystal structures of NosL in 

complex with L-Trp. Such computation resulted in two stable conformers, for which the 

electron density was calculated. In one of these conformers, the p-orbital of the amino 

radical is in parallel with the Cα–C bond (Fig. 25b), which depletes the electron density 

from the Cα–C bond and facilitates Cα–C bond cleavage. The other conformer had the p-

orbital in parallel with the Cα–Cβ bond, which should facilitate Cα–Cβ bond cleavage. 

Based on these analysis, the orientation of the p-orbital of the amino radical relative to the 

Cα–C and Cα–Cβ bond was proposed to determine the regiospecificity of the C–C bond 

cleavage.122 The NosL active site environment is likely responsible for the conformation of 

the radical intermediate, and therefore control of the radical reactivity. Interestingly, the ratio 

between Cα–C and Cα–Cβ bond cleavage in the in vitro assays depends on the amount and 

the nature of the reductant used.118,121 When assays were performed using dithionite as the 

reductant, 3-methylindole was the major product, whereas the use of the flavodoxin/

flavodoxin reductase system produced MIA as the major product.118,121 Therefore, it is 

likely that the regiospecificity of C–C bond cleavage by NosL is better controlled inside the 

cell with the physiological reductant.
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5.2. F0 synthases (CofG/CofH and FbiC) in the biosynthesis of the F420 cofactor

CofG and CofH are homologous to each other and ThiH, and responsible for formation of 

the deazaflavin moiety of the F420 cofactor (Fig. 26). F420 is a redox cofactor found in 

bacteria,123 archaea124 and some eukaryotes.125 In some organisms, a biosynthetic precursor 

of F420, F0, is used as a cofactor. Both are naturally occurring deazaflavin cofactors in 

which the N-5 of the flavin ring is replaced with a methine. Despite their structural 

resemblance, the reactivities of deazaflavins are distinct from flavins. While flavins can 

mediate both hydride transfer and single electron transfer reactions, deazaflavins are obligate 

hydride donor/acceptors. In addition, the redox potential of F420 (−370 mV) is significantly 

lower than flavin (−210 mV) or nicotinamide (−320 mV).126 Thus, F420 is believed to act as 

a strong, two electron reductant in cells. While our understanding on the physiological 

functions of F420 and putative F420 dependent enzymes are limited, known functions 

include anti-TB prodrug activation,127 resistance to oxidative stress128 and biosynthesis of 

clinically important natural products.129,130

F420 is biosynthesized from GTP, and its initial biosynthetic steps are the same as those for 

riboflavin up to the point of 5-amino-6-ribitylamino-2,4-pyrimidinone (ARP) production 

(Fig. 26). The deazaflavin ring of F420 is then formed by a reaction between ARP and 

tyrosine that is catalyzed by an F0 synthase. In archaea and cyanobacteria, F0 synthase is 

encoded by two separate genes, cofG and cofH, while in actinobacteria, the two genes are 

fused as the single gene fbiC.131 The two domains of FbiC, as well as CofG and CofH are 

homologous to each other, and belong to the ThiH family of radical SAM enzymes.

The catalytic function of this F0 synthase was first demonstrated in vitro using FbiC from 

the thermophilic organism Thermobifida fusca.132 Recombinant T. fusca FbiC catalyzed the 

formation of F0 using ARP and tyrosine as substrates, and produced two equivalents of 5′-

deoxyadenosine (5′-dA). The distinct roles of the two domains of FbiC were studied using 

CofG and CofH of bacterial origin.133 By performing a stepwise assay, it was determined 

that CofH produces a diffusible product that can be converted to F0 by CofG.133 Later, the 

CofH product was isolated and structurally characterized as compound 46 shown in Fig. 

27a. The catalytic mechanisms of CofG and CofH were studied using a series of isotope 

labeling experiments. When CofH assays were performed in the presence of 80% D2O, one 

deuterium atom was incorporated into 5′-dA. On the other hand, CofG assays using 

[7,7-2H2]-46 resulted in incorporation of one of the two deuterium atoms into 5′-dA.

Based on these observations, a mechanism of F0 synthase was proposed as in Fig. 27b and c. 

In this mechanism, CofH catalyzes abstraction of the L-Tyr N–H and cleaves the Cα–Cβ 
bond. The resulting p-hydroxybenzyl radical 48 attacks C-5 of ARP to form radical 49. 

Subsequent oxidative quenching of the radical gives the CofH product (46). CofG then 

catalyzes H-atom abstraction from the 7-position of 46 to form the C-7 radical 50 (Fig. 27c). 

After that point, two distinct mechanisms have been proposed. Initially, the Begley lab 

proposed that the C-7 radical facilitates elimination of the 5-NH2 group as ammonia 

(mechanism A). The resulting cation radical 51 undergoes tautomerization and phenol 

deprotonation to give the C-5 radical 53, which undergoes tautomerization and C9–N6 bond 

formation to give the phenoxyl radical 54 which is converted to F0 by the net release of an 
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electron and a proton. Later, the same group proposed an alternative mechanism (mechanism 

B in Fig. 27b), in which the C-7 radical 50 tautomerizes to 55 where attack of the radical on 

the imine N-6 forms the C9–N6 bond. The resulting radical 56 is oxidatively quenched and 

following elimination of an ammonia, yields F0. Mechanism A leaves ambiguity in the 

mechanism of the conversion of the phenoxyl radical intermediate 54 to F0. In mechanism 

B, the C-9 radical intermediate 55 would be attacking an N-6 that is not electron deficient, 

and undergoing 6-endo trig cyclization rather than attacking the electron deficient C-6 to 

undergo typically favorable 5-exo trig cyclization.134 How the enzyme might achieve 

excellent selectivity for N-6 over C-6 attack is of mechanistic interest, and if CofG does 

carry out such a reaction, there might be an acceptor activation involved in this step. Both 

mechanisms involve oxidative radical quenching, but the identity of the potential electron 

acceptor is not known.

5.3. Menaquinone biosynthesis by MqnE and MqnC

Recently, two enzymes, MqnC135 and MqnE,24 which both exhibit amino acid sequence 

similarity to ThiH, were reported to be responsible for bacterial menaquinone biosynthesis. 

These enzymes, however, do not use an aromatic amino acid as a substrate and catalyze 

reactions distinct from the other members of this family. Menaquinone (Fig. 28) is a lipid-

soluble small molecule that serves as an electron shuttle in the bacterial electron transport 

chain.136 It is also an essential vitamin in humans, known as vitamin K2, and functions as a 

cosubstrate in the carboxylation of glutamic acid residues in proteins involved in blood 

coagulation137 and bone formation.138 Generally, menaquinones consist of a quinone 

headgroup with a hydrophobic terpene side chain which anchors the quinone to the cell 

membrane. Currently, two different biosynthetic pathways have been identified for 

production of menaquinone. The classical menaquinone biosynthesis pathway involves eight 

men genes and uses chorismic acid and α-ketoglutarate (α-KG) as precursors (Fig. 28a).
136,139–141 A second, more recently discovered pathway, the “futalosine pathway”, was 

identified based on comparison of the genome sequence of bacteria that produce 

menaquinone, but did not contain the men genes (Fig. 28b).142 Subsequent gene disruption 

and complementation experiments together with feeding of radioisotopically labeled 

precursors and isolation of biosynthetic intermediates identified most of the biosynthetic 

genes and the general reaction scheme for this alternative menaquinone biosynthesis 

pathway (Fig. 28b).142–144

The futalosine pathway uses a purine nucleoside/nucleotide as a precursor in addition to 

chorismate, and involves formation of the unique modified nucleoside intermediate, 

futalosine (60).142 The enzyme responsible for formation of the C–C bond between 

chorismate and the purine nucleoside was not identified in the initial comparative genetics 

and gene knockout approach.142–144 This enzyme was eventually identified by 

hypothesizing the possible mechanism of futalosine formation and performing a homology 

search for genes in the neighborhood of the already characterized futalosine pathway genes.
24 These analyses revealed that the radical SAM enzyme MqnE is frequently clustered with 

menaquinone biosynthetic genes. Subsequent in vitro characterization of recombinant MqnE 

from T. thermophiles demonstrated that MqnE catalyzes the transformation of 3-[(1-

carboxyvinyl)-oxy]benzoic acid (58) into aminofutalosine (59).24 Intriguingly, MqnE uses 
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SAM as the source of the purine nucleoside, and transfers the deoxyadenosine moiety of 

SAM to C-3′ of 58. The 5′-dA is therefore never formed as a product, which at the time, 

was unprecedented in radical SAM enzymes. Subsequently, the addition of 5′-dA to an sp2 

center has been demonstrated for other radical SAM enzyme reactions using unnatural 

substrates. For example, NosL catalyzes the addition of 5′-dA to the unnatural substrate 2-

(indolylmethyl)-acrylic acid.145 Similarly, QueE, responsible for the formation of the 

deazapurine ring during the biosynthesis of 7-deazapurine natural products, catalyzes the 

addition of 5′-dA to 6-carboxypterin, the oxidized analog of CPH4.146 Therefore, it appears 

that if 5′-dA• is generated in the presence of a substrate or its analogs lacking an H-atom to 

be abstracted, the radical is likely to attack a nearby sp2 center.

The 5′-dA addition catalyzed by MqnE, on the other hand, is distinct from the QueE and 

NosL reactions in that the radical intermediate undergoes a further rearrangement reaction. 

The mechanism of this unique rearrangement reaction was probed using halogenated 

substrate analogs as seen in Fig. 29.25 Use of 3′-Br/Cl–3-[(1-carboxyvinyl)-oxy]benzoic 

acid (63 and 64) resulted in the formation of the compound 66 as the major product (Fig. 

29a) due to fast homolytic cleavage of the carbon–halogen bond β to the radical center 

(kC–Br = 3 × 108 s−1, and kC–Cl = 4 × 106 s−1). The same reactions also produced a minor 

product 68 as a result of loss in regiospecificity of the radical attack.25 Since no 

rearrangement products were observed, the rate constant for the rearrangement reaction was 

estimated as slower than 2 × 105 s−1.25

Reaction with 4-Br-3-[(1-carboxyvinyl)-oxy]benzoic acid (69) resulted in the formation of a 

mixture of 71 and 73 (Fig. 29b).25 In synthetic chemical reactions, aryl halide radical anions 

structurally similar to 70 are known to undergo dehalogenation through elimination of a 

bromide anion to yield a neutral aryl radical, similar to 72, followed by radical quenching 

via H-atom transfer. Therefore, the formation of 73 in the MqnE reaction with 69 was 

rationalized to be the result of formation of the aryl radical anion intermediate 70 followed 

by bromide elimination and radical quenching by an H-atom donor (X–H, Fig. 29b). The 

identity of the H-atom donor is unknown, but it is known that the H-atom is not solvent 

exchangeable.

Based on these observations, a catalytic mechanism in Fig. 30 was proposed,25 where MqnE 

reductively cleaves SAM and generate 5′-dA• which attacks the C-3′ of 3-[(1-

carboxyvinyl)-oxy]benzoic acid (58). The resulting C-2′ radical 74 undergoes 

rearrangement via the spiroepoxide 75 and generates a radical cation intermediate. 

Subsequent decarboxylation and keto–enol tautomerization yields an aryl radical anion 

intermediate 78 that can be oxidized to yield aminofutalosine. The electron acceptor for the 

radical anion intermediate was proposed to be the canonical radical SAM [4Fe–4S] cluster 

because the amount of aminofutalosine production exceeded that of sodium dithionite in the 

solution.25 To our knowledge, MqnE is the only radical SAM enzyme that has yielded any 

experimental evidence that its canonical radical SAM cluster can serve as an electron 

acceptor in reactions with its physiological substrate.

It is noteworthy that the regiospecificity of C–C bond formation in MqnE was perturbed 

when 3′-Br/Cl-3-[(1-carboxyvinyl)-oxy]benzoic acid (63 and 64, Fig. 29a) was used.25 This 
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observation demonstrates that subtle changes in the substrate structure affect the 

regiospecificity of the radical reaction. B12-Dependent radical SAM methyltransferase 

studies by the Liu147 and Eguchi148 labs demonstrated some promiscuity in the 

stereospecificity of H-atom abstraction by 5′-dA• or the following methyl transfer step. 

These examples indicate the challenge of controlling the reactivities of free radicals even 

within the structurally well-organized active sites of enzymes.

Following futalosine formation, generation of the bicyclic menaquinone structure requires 

formation of another C–C bond. This step occurs during the conversion of dehypoxanthine 

futalosine (DHFL) into cyclic dehypoxanthine futalosine (CDHFL), and requires another 

radical SAM enzyme, MqnC. Using heterologously expressed MqnC from B. halodurans, 

the Begley lab showed that purified MqnC was capable of converting synthetic DHFL into 

CDHFL (Fig. 31).135 Deuterium incorporation studies determined that the H-4 is abstracted 

by 5′-dA•.135 The resulting C-4 radical was proposed to attack the aromatic ring para to the 

carboxylate to form a C–C bond followed by deprotonation and quenching of the radical to 

form CDHFL. Unlike MqnE, the electron acceptor for this reaction is not known. In sum, 

formation of the bicyclic structure of menaquinone requires two radical SAM enzymes that 

catalyze two distinct C–C bond forming reactions in the newly discovered futalosine 

pathway.

6. Noncanonical radical SAM enzymes

In the past decade, radical SAM enzymes that do not contain the canonical radical SAM 

CXXXCXXC motif have been identified. These extended superfamily members, such as 

Dph2 (ref. 149) and ThiC,150,151 still catalyze reductive cleavage of SAM using [4Fe–4S] 

clusters as the electron donor to initiate free radical chemistry. However, structural and 

mechanistic characterizations have revealed aspects of these enzymes that are distinct from 

the canonical radical SAM enzymes. To date, all of the characterized noncanonical radical 

SAM enzymes catalyze reactions that involve C–C bond formations critical for the 

construction of carbon skeletons of cofactors or protein post-translational modifications. 

Comparison of these enzymes with the canonical radical SAM enzymes is important for 

understanding the mechanism of radical mediated C–C bond formations, and this section 

will focus on the key mechanistic questions revealed by studies of these noncanonical 

radical SAM enzymes.

6.1. Dph2 in the diphthamide biosynthesis

Dph2 catalyzes transfer of the 3-amino-3-carboxypropyl (ACP) group of SAM during the 

posttranslational modification of a His residue in elongation factor 2 (EF-2, Fig. 32). The 

modified residue is called diphthamide, and important for translational fidelity.149 

Diphthamide is also the target of diphtheria toxin, and thus essential for the infectious 

disease diphtheria in humans.152 In this disease, the pathogenic bacteria, Coryne-bacterium 
diphtheria, kills host cells by secreting the diphtheria toxin protein which catalyzes ADP-

ribosylation of diphthamide in the cell (Fig. 32).

Diphthamide is biosynthesized through three major steps involving the action of the 

products of seven genes in yeast (Dph1–7, Fig. 32). The first step involves C–C bond 
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formation between the target His residue and the ACP group of SAM. In yeast, this first step 

requires the products of four genes, Dph1–4, among which Dph2 is the radical SAM enzyme 

responsible for transfer of the ACP group of SAM to the His residue of EF-2 (see 

subsequent paragraph for the functions of Dph1, 3 and 4).149 An archaeal homolog of Dph2 

from Pyrococcus horikoshii (PhDph2) was used for in vitro functional and structural 

characterization. Despite the fact that PhDph2, like eukaryotic Dph2, does not harbor the 

canonical CXXXCXXC radical SAM motif, the anaerobically purified enzyme was found to 

contain one [4Fe–4S] cluster ligated by three Cys residues149 which was proposed to bind 

and catalyze the reductive cleavage of SAM. Biochemical characterization of the products of 

the PhDph2 reaction revealed that the enzyme produces ACP-modified EF-2 and 5′-

deoxy-5′-methylthio-adenosine (MTA), with no detectable amount of 5′-dA.149 When the 

PhDph2 assays were performed in the presence of a large excess of the nonphysiological 

chemical reductant dithionite and in the absence of EF-2 substrate, PhDph2 exhibited 

abortive cleavage of SAM,149 suggesting that substrate binding and SAM cleavage are not 

very well coupled in the reported assay conditions. Characterization of this uncoupled 

reaction revealed two major products (Fig. 33a): homo-cysteine sulphinic acid (HSA, 81) 

and 2-aminobutyric acid (ABA, 82).149 Formation of these two products from SAM was 

explained as the result of quenching of the ACP radical either by reaction with sodium 

dithionite, or by transfer of a H-atom or its equivalent, respectively. Quenching of radical 

intermediates in radical SAM enzymes with sodium dithionite has also been reported for an 

active-site mutant of spore photoproduct lyase.153 Therefore, the formation of HSA in the 

uncoupled reaction was used as evidence for formation of the ACP radical by PhDph2.

Further studies by the Lin lab using SAM analogs demonstrated the unique reactivity of the 

PhDph2 [4Fe–4S] cluster. In particular, the reaction of PhDph2 with SAMCA, a SAM analog 

with the ACP group replaced with a 3-carboxyallyl group, generated an organometallic 

species (Fig. 33b).154 Originally, SAMCA was used as a potential means of trapping the ACP 

radical as a stable allylic radical. However, the expected radical was not observed, and 

instead, the reaction of PhDph2 with SAMCA produced sulfinic acids 83 and 84 as a result 

of quenching of the expected allylic radical by sodium dithionite. One of the resulting 

sulfinic acids, α-sulfinyl-3-butenoic acid (84), was found to form a π-complex between the 

C═C double bond of α-sulfinyl-3-butenoic acid and the unique iron of the [4Fe–4S]1+ 

cluster (Fig. 33b). In a separate report, PhDph2 was also shown to catalyze methyl transfer 

reaction from decarboxy-or deamino-SAM analogs onto one of the S atoms of the [4Fe–4S] 

cluster.155 Together, these observations revealed the electron rich and potentially 

nucleophilic nature of the PhDph2 [4Fe–4S] cluster. The unique reactivity of the PhDph2 

[4Fe–4S] cluster is particularly interesting considering the distinct selectivity of SAM 

cleavage in Dph2 vs. 5′-dA• forming radical SAM enzymes, and should be investigated in 

more detail in the future.

Another unique aspect of Dph2 is the presence of its specific reductase. As described above, 

in yeast, the formation of ACP-modified eEF-2 requires Dph2 and three other genes (Fig. 

32). Dph1 forms a hetero-dimer complex with Dph2,156 and this complex is essential for the 

proper folding and catalytic activity of Dph2. While the function of Dph4 is unknown, Dph3 

was found to serve as the reductase of the [4Fe–4S] cluster in the Dph1–Dph2 complex.156 
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Dph3 is a CSL-type zinc finger protein that can exist in either a Zn2+ or Fe2+ bound form.156 

The Fe2+ bound form is catalytically active, and, together with its reductase, NorW, mediates 

electron transfer from NADH to reduce the [4Fe–4S]2+ cluster in the Dph1–Dph2 complex 

(Fig. 33c).156 Intriguingly, Dph3 did not serve as an electron donor for PhDph2, suggesting 

a species-specific interaction between the Dph1–Dph2 complex and Dph3. In general, the 

[4Fe–4S] clusters of radical SAM enzymes are believed to be reduced by flavodoxins. 

However, these interactions between flavodoxin and radical SAM enzymes are usually not 

specific. Thus, the specific interaction between Dph1–Dph2 and Dph3 is unique. As we have 

been discussing throughout this manuscript, the elucidation of a physiological redox partner 

is important for functional and mechanistic characterization of radical SAM enzymes, 

especially for those enzymes that catalyze a large abortive SAM cleavage reaction, such as 

Dph2 and PqqE, or those that catalyze non-physiological shunt reactions, such as NosL. 

Thus, it is of interest to investigate the presence of any specific redox partners for other 

radical SAM enzymes.

6.2. ThiC157 and BzaA/BzaB/BzaF158

Another subfamily of radical SAM enzymes with non-canonical SAM motifs includes ThiC 

in thiamin biosynthesis and BzaF (or BzaA/B) in anaerobic B12 biosynthesis. These 

enzymes have been proposed to use 5′-dA• and catalyze complex rearrangement reactions 

that involve C–C bond formation. Intriguingly, ThiC and BzaF use an identical substrate, 5-

aminoimidazole ribonucleotide (AIR), but produce structurally distinct products with the 

two reactions proposed to diverge at the C–C bond formation step. Therefore, these enzymes 

demonstrate the significance of regiospecificity of C–C bond formation in the outcome of 

the overall reactions.

6.2.1. ThiC in thiamine biosynthesis—Thiamine pyrophosphate (ThDP) is a cofactor 

essential for carbohydrate and amino acid metabolism, and is required for life in all 

organisms. In bacteria, the thiazole and pyrimidine moieties of ThDP are biosynthesized 

separately as thiazole monophosphate (TMP) and 4-amino-5-hydroxymethyl-2-

methylpyrimidine phosphate (HMP-P), respectively, followed by their conjugation and 

phosphorylation to form the biologically active form of the cofactor, ThDP (Fig. 34).

The pyrimidine moiety of ThDP is biosynthesized from 5-aminoimidazole ribonucleotide 

(AIR), an intermediate in the purine biosynthetic pathway, by the radical SAM enzyme, 

HMP-P synthase or ThiC (Fig. 34). The mechanism of the ThiC-catalyzed reaction was 

initially investigated by isotope labeling experiments carried out in vivo as well as in cell 

free extracts.159,160 As seen in Fig. 35a, these experiments revealed that the ribose C-2′ is 

converted to the C-2 methyl of the ami-noimidazole, the ribose C-4′ is inserted between C-4 

and C-5 of the aminoimidazole base, and the methyl hydrogens of HMP-P are derived from 

ribose H-2′ and H-3′ and the solvent.

More recently, two groups independently reported the successful in vitro reconstitution of 

ThiC activity using purified recombinant ThiC from Caulobacter crescentus151 and 

Salmonella enterica.150,161 In both cases, anaerobically purified ThiC harbored one oxygen 

sensitive [4Fe–4S] cluster and required SAM and a reductant (dithionite or flavodoxin/
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flavodoxin reductase) for the conversion of AIR to HMP-P. Mössbauer analysis of C. 
crescentus ThiC revealed the presence of one Fe(II) in a four coordinate with a Cys-rich 

environment, and a second in a five- or six-coordination environment with hard nitrogen/

oxygen ligands.151 The presence of the putative metal binding site was also observed in X-

ray crystal structures of Arabidopsis thaliana ThiC (AtThiC)162 in complex with imidazole 

ribonucleotide, a stable analog of AIR, and S-adenosyl-L-homocystein (SAH), a competitive 

inhibitor of ThiC. In this crystal structure, the mononuclear center was ligated by two strictly 

conserved His residues (H426 and H490) and the amine and carboxylic acid of SAH (Fig. 

35b). The metal was identified as Zn2+ based on EXAFS and multiwavelength anomalous 

difference Fourier analyses of the crystals. This metal binding site was occupied by Fe2+ 

when Zn2+ was omitted from the crystallization conditions, suggesting that Fe2+ may be 

more physiologically relevant. The importance of this metal binding site for the catalytic 

function of ThiC was investigated by mutagenesis of the conserved His ligands, which 

resulted in a 15-fold decrease in ThiC activity.

The crystal structures also revealed the presence of a [4Fe–4S] cluster ligated by three 

strictly conserved Cys residues (Fig. 35b).162 However, unlike the canonical radical SAM 

enzymes, the unique Fe site in this cluster was not ligated by SAM, but occupied by a 

chloride ion. Based on these observations, ThiC was proposed to bind SAM through the 

mononuclear metal site and not through the unique Fe of the [4Fe–4S] cluster as has been 

observed for the canonical radical SAM enzymes.162 However, the mechanism of SAM 

cleavage was proposed to proceed through a mechanism similar to the canonical radical 

SAM enzymes, with the C5′–S bond being homolytically cleaved. This proposal was based 

on the observation in the crystal structures that the C5′–S bond of SAH was collinearly 

aligned with one of the Cys-ligated irons of the [4Fe–4S] cluster (Fig. 35b),162 a location 

feasible for homolytic cleavage of the C5′–S bond through backside attack by the Cys-

ligated Fe on the S atom of SAM.

The mechanism of ThiC catalysis was investigated using deuterium labeled AIR, which 

revealed the unique reactivity of 5′-dA•. When [5′-D2]-AIR or [4′-D]-AIR was used as the 

substrate, incorporation of one deuterium atom into each molecule of 5′-dA was observed 

(Fig. 35a).163 When [2′,3′,4′,5′-D5]-AIR was used, incorporation of two deuterium atoms 

into each 5′-dA molecule was observed,163 while no deuterium incorporation into 5′-dA 

was observed with 1′, 2′, or 3′-labeled substrates.163 Since stoichiometric amounts of 5′-

dA and HMP-P were formed,163 the deuterium labeling results suggested that two hydrogen 

atoms, H-4′ and H-5′, are incorporated into a single 5′-deoxyadenosine during the course 

of the ThiC-catalyzed reaction. Based on these observations, the complex mechanism shown 

in Fig. 35c was proposed, in which 5′-dA• abstracts a H-atom twice, once from H-5′ and 

once from H-4′. In this mechanism, catalysis is initiated by the abstraction of a H-5′ atom 

by 5′-dA•, which induces opening of the ribofuranose ring and dissociation of the 

aminoimidazole base. The dissociated aminoimidazole base attacks the cation at C-4, and 

the resulting C-5′ neutral radical abstracts a H-atom from 5′-dA to regenerate 5′-dA•. The 

second H-atom abstraction takes place at the 4′ position, which triggers the ring expansion 

of the imidazole ring to a pyrimidine ring. Subsequent rearrangement and release of two 

carbon units, an electron and a proton, results in formation of HMP-P. While the mechanism 

behind the unique reactivity of 5′-dA• in ThiC is unknown, the unique architecture of the 
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ThiC active site compared to the canonical radical SAM enzymes may be important for the 

unique reactivity of ThiC.

Finally, it is noteworthy that a narrow paramagnetic EPR signal, likely associated with an 

organic radical species, was observed in both C. crescentus and S. enterica ThiC.151,164 The 

radical-harboring S. enterica ThiC species undergoes cleavage of the peptide bond between 

Gly436 and His437 upon exposure to oxygen.164 This observation is reminiscent of the 

reactivity of Glycyl radical harboring enzymes such as pyruvate formate lyase (PFL),165 

suggesting that the ThiC radical may also reside on the peptide backbone. The exact identity 

and the relevance of this radical to ThiC catalysis is unknown. However, considering the 

complexity of the ThiC reaction, it is possible that an additional free radical cofactor is 

involved. Characterization of such radical species may hold a key to understanding this 

intriguing radical enzyme.

6.2.2. BzaA/BzaB/BzaF in the anaerobic biosynthesis of the cobalamin lower 
ligand—Recently, homologs of ThiC were found to be involved in the vitamin B12 

(cobalamin) biosynthesis pathway in anaerobic bacteria. Cobalamin is required by the 

majority of animals, protists, and prokaryotes, while cobalamin and all other cobamide 

cofactors are synthesized only by prokaryotes.166 Cobalamin is composed of a cobalt ion 

coordinated by a tetrapyrrolic corrin ring, an upper ligand, and a lower ligand that is 

covalently tethered to the corrin ring by a nucleotide loop (Fig. 36a). While the lower ligand 

of cobalamin is 5,6-dimethylbenzimidazole (DMB), different structures are found in other 

cobamide compounds,167 and distinct cobamide biosynthetic pathways have been reported 

for aerobic and anaerobic organisms. In aerobic organisms, DMB is formed by the BluB 

enzyme, which converts reduced flavin mononucleotide (FMNH2) to DMB by an oxygen-

dependent mechanism.168 DMB formation in the anaerobic pathway, on the other hand, 

remained elusive until recently.

Early isotope-labeling studies, performed mainly in the anaerobic bacterium Eubacterium 
limosum, suggested that anaerobic biosynthesis of DMB is an offshoot of the purine 

biosynthetic pathway.167 Recently, a set of genes for the anaerobic biosynthesis of DMB and 

other benzimidazoles was found.158 In this study, candidate genes were sought in the 

genome of E. limosum downstream to a cobalamin riboswitch. Of the 13 riboswitch 

sequences, one was located at the 5′ end of a putative operon containing five genes of 

unknown function in addition to a homolog of cobT, which encodes an enzyme necessary 

for the attachment of a lower ligand base to a cobamide precursor. This putative gene cluster 

was heterologously expressed in E. coli and demonstrated to be responsible for DMB 

biosynthesis.158 Subsequent gene knockout studies and characterization of accumulated 

biosynthetic intermediates successfully delineated the function of each gene in this cluster 

(Fig. 36b).158 In addition, AIR was proposed as a starting compound based on the similarity 

of BzaA to ThiC and the observation that deletion of the purK gene responsible for 

formation of AIR in the purine biosynthetic pathway abolished DMB biosynthesis.158 Based 

on these observations, the pathway for DMB biosynthesis shown in Fig. 36b was proposed.
158 In this pathway, the first two steps are catalyzed by the two ThiC homologs, BzaA and 

BzaB, which construct the benzimidazole structure from AIR, with subsequent methylations 

and deoxygenation yielding DMB.
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Involvement of a ThiC homolog in benzimidazole formation was demonstrated using 

Desulfuromonas acetoxidans BzaF (DaBzaF),169 a paralog of BzaA and BzaB. This operon 

contains only one copy of a ThiC homolog, DaBzaF, and is missing the rest of the bza genes.
169 Still, recombinant DaBzaF alone was sufficient for the transformation of AIR into 5-

hydroxybenzimidazole (5-OHBza), and produced near stoichiometric amounts of 5′-dA 

relative to 5-OHBza.169 The mechanism of this transformation was probed using a series of 

isotopically labeled AIR (Fig. 36c).169 In sharp contrast to the ThiC reaction, the AIR H-4′ 
was not abstracted by 5′-dA•, but was transferred to the 4′ position of 5-OHBza. From the 

reported results, it is not clear if each 5′-dA• generated by DaBzaF abstracts a H-atom once 

or twice. Nevertheless, a mechanism consistent with the isotope labeling pattern was 

proposed (Fig. 36d), in which DaBzaF catalyzes H-atom abstraction only once. The 

proposed mechanism for DaBzaF is identical to that for ThiC until dissociation of the 

aminoimidazole base, but differs by the position of C–C bond formation between the 

aminoimidazole base and ribose. The origin of the alteration in the regiospecificity of C–C 

bond formation is currently unknown. Comparison of the active site structures of DaBzaF 

and A. thaliana ThiC suggested a similar active site architecture with only four out of 21 

amino acid residues in the first shell not conserved.169 Thus, it is likely that a subtle change 

in the active site structure/environment has a significant impact on the reaction specificity 

possibly at the H-atom abstraction step or during substrate activation. Further 

characterization of the structures and mechanisms of these two enzymes is needed to 

understand how they control the regio-specificity of C–C bond formation and therefore the 

fate of the overall reaction.

7. Conclusion

C–C bond forming radical SAM enzymes have emerged in the past decade. Their 

characterizations not only demonstrate interesting and novel reactivities of enzymes with 

free radicals, but also reveal many key steps in the biologically and medicinally important 

biosynthetic pathways. Considering the large size of the radical SAM superfamily and the 

addition of new, noncanonical radical SAM enzymes, it is easily conceivable that more 

radical SAM enzymes will be found in the future that catalyze unique and important C–C 

bond forming reactions. While the functional characterization of these enzymes has been in 

progress, their catalytic mechanisms are much less understood. In this review, we proposed 

three key aspects to consider regarding the mechanism of radical SAM enzymes: (1) the 

mechanism of radical initiation, (2) the mechanism of substrate activation, and (3) the 

mechanism of radical quenching. The C–C bond forming radical SAM enzymes discussed in 

this review provide excellent examples to highlight the importance of all three of these 

mechanistic aspects. For example, precisely controlled radical initiation is important for the 

specificities of reactions between the substrates and highly reactive 5′-dA• in all radical 

SAM enzymes. The nature of the reductant for the [4Fe–4S] cluster appears to be critical for 

the proper function of many radical SAM enzymes such as NosL, PqqE and Dph2. Another 

important question about the mechanism of radical initiation is raised by the regioselectivity 

difference between 5′-dA• forming enzymes and Dph2, the ACP• forming enzyme. The 

mechanism of substrate activation is likely important in MoaA and TunB as well as in MqnE 

that loses its specificity when halogenated substrate analogs are used, and the significance of 
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radical quenching has been demonstrated for NikJ/PolH. Understanding the details of the 

mechanisms by which radical SAM enzymes control the fate of free radical reactions is 

important for future engineering of these enzymes. Such possibilities are demonstrated by 

PolH and NeoN, where mutation of the radical quenching Cys residue results in formation of 

altered products. Furthermore, the fact that BzaF and ThiC produce distinct products from 

the identical substrate using only subtly different active site structures highlights the 

importance of understanding the mechanism of radical reactivity control and the potential 

for future engineered radical catalysis in enzyme active sites. In sum, the C–C bond forming 

radical SAM enzymes provide an exciting platform for the discovery of novel enzyme 

catalyzed reactions as well as the future development of engineered enzyme catalysts.
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Fig. 1. 
Generalized reaction scheme for radical SAM enzymes.
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Fig. 2. 
Generalized mechanism of C–C bond formation by radical SAM enzymes. Catalysis 

proceeds through three major steps; (1) radical initiation, (2) C–C bond formation, and (3) 

radical quenching. C–C bond formation may require activation of the acceptor substrate to 

achieve efficient and specific reactions. In some enzymes, radical quenching does not take 

place immediately after the C–C bond formation and the radical intermediate is used for 

complex radical rearrangement reactions. The C–C bonds formed are highlighted in blue 

ovals.
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Fig. 3. 
Mechanism of SAM cleavage by radical SAM enzymes (a) proposed mechanism of 

reductive cleavage of SAM by radical SAM enzymes. SAM cleavage requires the ligation of 

SAM to the [4Fe–4S]2+ cluster followed by cluster reduction to the 1+ state. Two previously 

proposed mechanisms for the C5′–S bond cleavage (homolytic and heterolytic mechanisms) 

are shown. The potential SAM conformational change required for heterolytic cleavage is 

indicated by the dashed arrow. (b) Structure of SAM in complex with the [4Fe–4S] cluster in 

the active site of PLF-AE (3CB8).6 The distance between the unique Fe and the SAM 

sulfonium sulfur is shown by the dashed line. Note the collinear orientation of the unique Fe 

with the SAM sulfonium sulfur and C5′.
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Fig. 4. 
The origin of regioselectivity in synthetic radical C–C bond formation reactions. (a) 

Generalized scheme for C–C bond formation with a donor substrate activated by an electron 

withdrawing group (EWG). (b) Stereoselectivity of radical cyclization of the 5-

carbomethoxy-5-hexenyl radical.
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Fig. 5. 
General scheme of the cycle of radical mediated C–C bond formation in synthetic reactions 

mediated by the tributyltin radical (Bu3Sn•). Bu3Sn• abstracts a halogen atom from an aryl or 

alkyl halide substrate (RX) and generates the substrate radical (R•), which then attacks an 

sp2 center of the radical acceptor substrate activated by an electron withdrawing group 

(EWG). The resulting radical is quenched by tributyltin hydride (Bu3SnH), yielding the 

product and regenerating Bu3Sn•.
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Fig. 6. 
Radical mediated alcohol oxidation catalyzed by BtrN. (a) The proposed mechanism of 

BtrN-catalyzed dehydrogenation of DOIA into amino-DOI during the biosynthesis of the 

aminoglycoside antibiotic butirosin.32,33 (b) Active-site structure of BtrN in complex with 

DOIA and SAM.34 The shortest distances between the DOIA C-1 and the radical SAM and 

auxiliary clusters is shown by the dashed lines.
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Fig. 7. 
Moco biosynthesis and the mechanism of pyranopterin ring formation. (a) Overview of the 

Moco biosynthetic pathway. The symbols on GTP and cPMP indicate the source of the 

carbon and nitrogen atoms in cPMP as determined by isotope labeling studies.41,42 (b) 

Previously proposed functions for MoaA and MoaC, with MoaA catalyzing all the complex 

transformations required for the formation of the pyranopterin backbone structure of cPMP. 

(c) Revised functions for MoaA and MoaC, with MoaC catalyzing the complex 

rearrangement reactions to construct the pyranopterin structure, and MoaA catalyzing C3′-

C8 bond formation.43 (d) The fate of C-8 in the biosynthesis of the other pterin containing 

molecules biopterin, folate and the flavins. In all these cases, the guanine C-8 is lost as 

formic acid.
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Fig. 8. 
The structure and mechanism of MoaA. (a) Proposed mechanism of MoaA-catalyzed C3′-

C8 bond formation. (b) Model of the MoaA active site structure. SAM was modeled based 

on comparison to crystal structures of MoaA in complex with SAM (PDB ID, 1TV8) and 

with GTP (PDB ID, 2FB3). Reprinted with permission from J. Am. Chem. Soc., 2013, 135, 

7019–7032. Copyright 2013 American Chemical Society.
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Fig. 9. 
Possible effects of the ligation of GTP to the C-terminal cluster of MoaA. (a) Previously 

proposed pyrimidinol tautomer of guanine base. (b) Our proposal for the structure of the 

activated form of GTP in the active site of MoaA. (c) Reported structure of Pt(II)–N9-

methylguanine complex.
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Fig. 10. 
PQQ biosynthetic pathway. (a) PQQ biosynthetic gene cluster. (b) Formation of PQQ from 

the conserved glutamate and tyrosine of the PqqA peptide. AHQQ is an isolated 

intermediate that is further modified by the cofactorless oxidase, PqqC, to yield PQQ.
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Fig. 11. 
Possible mechanisms for PqqE-catalyzed crosslinking of the Glu and Tyr residues of PqqA. 

Mechanism B was previously proposed by the Klinman lab.56
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Fig. 12. 
Biosynthesis of streptide. The amino acid sequences of representative RiPP precursor 

peptides are shown with the core peptide sequence highlighted in red. The Lys and Trp 

residues that undergo crosslinking are shown in bold. The C–C bond formed by the radical 

SAM enzyme StrB is highlighted by the blue ovals.

Yokoyama and Lilla Page 47

Nat Prod Rep. Author manuscript; available in PMC 2018 July 18.

A
uthor M

anuscript
A

uthor M
anuscript

A
uthor M

anuscript
A

uthor M
anuscript



Fig. 13. 
Two proposed radical mechanisms for the radical SAM enzyme AgaB.
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Fig. 14. 
Biosynthesis of tunicamine-containing antibiotics. (a) Structures of a representative 

tunicamycin, corynetoxin and streptoviridin. The 11-carbon tunicamine structure is 

highlighted in red, and the unique C5′–C6′ in the blue ovals. (b) Proposed tunicamycin 

biosynthetic pathway. The only experimentally demonstrated steps are those catalyzed by 

TunA and TunF. TunB is proposed to catalyze free radical-mediated C–C bond formation 

between UDP-6-deoxy-5,6-ene-GalNAc (11) and uridine to form the tunicamine backbone 

of UDP-N-acetyltunicamine-uracil (12).
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Fig. 15. 
Proposed mechanism for the TunB catalysis. The catalytic function of TunB was proposed 

based on the accumulation of 11 in the culture of a tunicamycin producer lacking the tunB 
gene,22 and TunB gene activity has not been reconstituted in vitro.
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Fig. 16. 
Biosynthesis of nikkomycins and polyoxins. The characteristic C5′-extension in the PN 

antifungal natural products is highlighted with blue ovals. AHA is biosynthesized through 

EP-UMP and OAP. The original proposal for C5′–C6′ formation via a hypothetical uridine 

5′-aldehyde intermediate is also shown in the lower reactions.
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Fig. 17. 
Comparison of the mechanism of biosynthesis of antifungal (a) vs. antibacterial (b) C-5′ 
extended nucleosides. The C5′-extension in the antifungal and antibacterial natural products 

is highlighted with blue and pink ovals, respectively. (a) Proposed biosynthesis of antifungal 

nucleosides from OAP as a common biosynthetic intermediate. OAP is formed from UMP 

by two enzymes, PolA and PolH. The hypothetical biosynthesis of malayamycin and 

ezomycin via OAP is shown by dashed arrows. (b) Biosynthesis of the caprazamycin class 

of antibacterial nucleosides. Here, the C5′ extension is formed through oxidation of C5′ of 

UMP into an aldehyde followed by aldol condensation with L-threonine to form 18.
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Fig. 18. 
Proposed mechanism of PolH-catalyzed C–C bond formation.
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Fig. 19. 
Reactions catalyzed by NeoN.
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Fig. 20. 
Biosynthesis of OXT-A. (a) Proposed biosynthetic pathway for OXT-A. (b) Possible 

mechanisms of OxsB catalysis. Cobalamin has been proposed to serve as the electron 

acceptor for the oxidative radical quenching step (mechanism A).81 Alternatively, cobalamin 

may react with the radical intermediate to facilitate cyclization (mechanism B).
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Fig. 21. 
E-Ring formation during Chl and BChl biosynthesis.
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Fig. 22. 
Proposed mechanism of C-131 oxidation and E-ring formation by BchE. Two possible 

mechanisms A and B are shown. The oxygen on C-131 of MDVP is derived from solvent or 

solvent exchangeable hydroxide on hydroxo cobalamin as highlighted in red bold.
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Fig. 23. 
Some reactions catalyzed by ThiH-like enzymes.
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Fig. 24. 
Biosynthesis of nosiheptide with its MIA-derived aromatic ring shown in blue.
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Fig. 25. 
Mechanism of NosL catalysis. (a) Proposed mechanisms of NosL reaction via Cα–Cβ bond 

cleavage (top) and Cα–C bond cleavage (bottom). (b) Proposed orientation of the p-orbital 

of the amino radical responsible for the Cα–C bond cleavage.
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Fig. 26. 
Biosynthesis of F420-n (n = 1–6) and riboflavin from GTP via ARP.
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Fig. 27. 
CofG and CofH catalysis. (a) The overall reactions catalyzed by CofH and CofG. (b) 

Proposed mechanism of reaction catalyzed by CofH. (c) Proposed mechanism of reaction 

catalyzed by CofG.
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Fig. 28. 
Two distinct menaquinone biosynthesis pathways. (a) Conventional menaquinone 

biosynthesis pathway involving the men genes. (b) Recently identified menaquinone 

biosynthesis pathway utilizing futalosine as the key intermediate. The radical SAM enzymes 

are shown in red highlights.
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Fig. 29. 
MqnE reactions with halogenated substrate analogs.
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Fig. 30. 
Proposed mechanism of the reaction catalyzed by MqnE.
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Fig. 31. 
Proposed mechanism of the reaction catalyzed by MqnC.
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Fig. 32. 
The diphthamide biosynthetic pathway and the mechanism of diphtheria toxicity.
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Fig. 33. 
Reactions catalyzed by Dph2. (a) The proposed mechanism of PhDph2 catalysis. (b) 

Reaction of PhDph2 with the SAM analog SAMCA in the presence of dithionite yielded 

compounds 83 and 84. Compound 84 was found to react with the [4Fe–4S]+ cluster of 

PhDph2 present in the solution and form a π-complex. (c) The proposed electron relay in 

yeast between NorW, yeast Dph3 and the Dph1-Dph2 complex.
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Fig. 34. 
Overview of ThDP biosynthesis in bacteria.
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Fig. 35. 
Function, structure and mechanism of ThiC. (a) The reaction catalyzed by ThiC. The fate of 

the AIR atoms is highlighted by balls and colors. (b) Active site structure of A. thaliana 
ThiC in complex with imidazole ribonucleotide and SAH. The mononuclear metal center is 

occupied by Zn2+. The unique Fe of the [4Fe–4S] cluster is ligated by a chloride ion. (c) 

Proposed mechanism of ThiC catalysis.
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Fig. 36. 
Anaerobic biosynthesis of the lower ligand of cobalamin. (a) Structure of cobalamin. DMB 

lower ligand is highlighted in blue, the upper ligand in red. (b) The DMB biosynthetic 

pathway identified in E. limosum. (c) Results of isotope labeling experiments for DaBzaF. 

(d) Comparison of the proposed mechanisms for ThiC and BzaF.
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