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The cilium, once considered a vestigial structure, is a conserved, microtubule-based
organelle critical for transducing extracellular chemical and mechanical signals that
control cell polarity, differentiation, and proliferation. The cilium undergoes cycles of
assembly and disassembly that are controlled by complex inter-relationships with the
cytoskeleton. Microtubules form the core of the cilium, the axoneme, and are regulated
by post-translational modifications, associated proteins, and microtubule dynamics.
Although actin and septin cytoskeletons are not major components of the axoneme, they
also regulate cilium organization and assembly state. Here, we discuss recent advances
on how these different cytoskeletal systems affect cilium function, structure, and
organization.

Introduction
Cilia are specialized, conserved organelles that are evolutionarily optimized for interaction with the
world outside of the cell. They protrude into the extracellular space, are structurally resilient but also
flexible and dynamic, and have unique mechanisms to tightly control their internal and membrane
composition. These features ensure that the cilium is primed to perform highly regulated signaling,
mechanosensory, and motile functions. In this review, we consider cilia mostly from the perspective of
vertebrate animal cells, with additional information from the wide range of ciliated eukaryotes where
appropriate.
There are two major types of cilia. Primary, or sensory, cilia are present in a single copy on most

vertebrate cell types and sensory cells of many organisms. These cilia sense extracellular chemicals
and mechanical force, and transduce critical signaling pathways. Motile cilia are found in specialized
cells such as sperm and multiciliated epithelia in vertebrates, and on the surface of many aquatic
unicellular organisms (e.g. Chlamydomonas and Tetrahymena). These cilia have highly regulated and
co-ordinated beating dynamics. Differences between these cilia types are not universal in that some
cilia, such as those of the developing node, are both motile and sensory. In all cases, the structure of
the cilium is based on the axoneme, a columnar array of nine symmetrically arranged, stable, specia-
lized microtubule (MT) doublets, of which the (+) end is oriented toward the cilium tip. In addition
to these 18 outer axonemal microtubules (henceforth referred to as axoMTs), motile cilia usually
feature an additional central pair of MTs in the axoneme lumen (Figure 1).
AxoMTs are templated directly by the mother centriole, often termed the basal body when support-

ing a cilium, which is located in the cytoplasm immediately beneath the plasma membrane (Figure 1).
The basal body is a decorated mother centriole, a 500 × 250 nm cylinder comprised of stable MT tri-
plets arranged in nine-fold symmetry [3]. A pair of centrioles, a mother and a daughter, form the core
of the centrosome, which is the primary MT-organizing center (MTOC) in most animal cells. These
two centrioles are embedded in a cloud of pericentriolar material containing the γ-TURC complex,
which nucleates MTs, and MT-end anchoring proteins [4,5]. The centrosome nucleates and organizes
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arrays of MTs that are important in interphase cell organization and in cell division, but centrioles are not
strictly required for MTOC function [6,7]. Rather, their essential function is to template the axoMTs of the
cilium [8,9].
AxoMTs, like cytoplasmic MTs, bind motor proteins. The axoneme supports a specialized transport system,

termed intraflagellar transport (IFT), that forms cargo-bearing trains powered by motors [plus (+) end MT
motor kinesin-2 and minus (–) end MT motor cytoplasmic dynein] that travel bidirectionally within the
cilium, depending on which motor is bound and active [10] (Figures 1 and 2). Protein translation does not
occur within the cilium, and thus, the protein composition of the cilium is determined by controlling access
from the cytoplasm, and transport throughout the cilium by IFT. Among these are tubulin subunits which
replace tubulin that is disassembled from the axoneme tip. Tubulin dynamics and turnover in the axoneme
regulate the state of cilium assembly and disassembly, and ciliary length [5,11] (Figure 1).
The axoneme is surrounded by the ciliary membrane that is contiguous with the apical plasma membrane,

but is compositionally distinct. The primary cilium membrane is especially enriched in specific signaling

Figure 1. Elements of the microtubule cytoskeleton within the cilium.

The axoneme consists of nine bundles of MTs that are anchored in the basal body. Free tubulin diffuses through the axoneme

lumen [1] and accumulates at the ciliary base, transition zone, and cilium tip. Exchange of tubulin between cytoplasmic and

ciliary pools regulates axoneme length [2]. IFT motors, kinesin and dynein, carry cargo along the axoneme in different

directions. Microtubule-associated proteins localize along the cilium and at the basal body, including SAXO1 (green), MAP4

(orange), and septin family proteins (pink), which also associate with the membrane of the ciliary pocket.
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molecules including transmembrane receptors and signaling phosphoinositides that are critical for chemical
sensing and signaling functions [13,14] (Figure 3). To specifically concentrate and regulate signaling molecules
in the ciliary membrane, membrane cargos are trafficked in vesicles to the ciliary base by the Bardet–Biedl
Syndrome (BBSome) coat complex [15]. Lateral entry into and exit from the ciliary membrane compartment is
restricted by a diffusion barrier at the proximal (base) portion of the cilium, largely comprised of the transition
zone [1,16,17].
Biogenesis of the cilium, or ciliogenesis, is a highly complex, elaborately regulated process involving many

organelles, cellular machineries, and signaling pathways. Generally, the mother centriole, equipped with distal
and subdistal appendages, associates with the membrane destined to become the ciliary membrane and sup-
ports the extension of the axoneme from the distal end. During this time, ciliary building blocks (tubulin) and
resident proteins accumulate at the developing cilium. There are two main routes for ciliogenesis — the intra-
cellular route, in which the basal body associates with a ciliary vesicle and likely begins axoneme elongation in
the cytosol (Figure 5); and the extracellular route, in which the basal body docks at the apical membrane prior
to axoneme growth [5,21,22]. Ciliary disassembly is less well understood, particularly in primary cilia,
although critical regulators and pathways have recently been uncovered. The mitotic kinase Aurora A (AurA)
is considered to be a key regulator of ciliary disassembly, and several pathways converging on AurA activation

Figure 2. Composition and arrangement of axoneme microtubules.

(A) Cross-section of a generic non-motile axoneme is depicted, composed of nine microtubule doublets. (B) A doublet consists

of a complete A-tubule and a partial B-tubule. The B-tubule binds the anterograde IFT motor protein kinesin-II, which

transports cargos including tubulin subunits and the retrograde motor cytoplasmic dynein 2. The A-tubule binds the retrograde

IFT motor dynein [12]. (C) AxoMTs are targets of microtubule PTMs, which affect MT stability and dynamics. K40 acetylation

(orange) occurs on α-tubulin on the lumenal face of the tubule, catalyzed by αTAT1. Glycylation (green) and glutamylation

(yellow) occur on the C-terminal tails of α- and β- tubulin.
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result in ciliary disassembly [23]. Upstream regulators include polo-like kinase 1 (Plk1), disheveled 2 (Dvl2),
calcium/calmodulin signaling, and Nek2 [24]. AurA, in turn, activates many other factors contributing to
ciliary dynamics, some of which are discussed in this review. Little is known regarding the physical events
underlying primary ciliary disassembly, but other types of cilia, such as the flagella of Chlamydomonas, can
disassemble either through resorption or excision [25–28]. Mechanisms of cilia assembly and disassembly
are not a main focus of this review, and the reader is referred to other excellent reviews for details
[10,13,22,23,27–29,196].
In many cases, primary cilia are present on actively proliferating cells, and ciliary assembly and disassembly

must be co-ordinated with the cell cycle. Disassembly is required to allow the centriole to detach from the plasma
membrane, duplicate, and be segregated during cell division [22,30] (Figure 5). In most cycling animal cells, the
primary cilium is present in G0/G1, when the centrosome is not required for mitotic functions, and its timely dis-
assembly in S/G2 is required for mitotic entry and normal mitotic spindle function. The relationship between
these two functions indicates that the primary cilium is not only dependent on cell cycle cues for assembly and

Figure 3. Functions of actin within and around cilia.

The ciliary pocket is a hub for actin dynamics and endocytosis. Ciliary ectosomes pinch off from the tip of the ciliary

membrane in response to GPCR (purple) activation and blockage of intracellular retrieval machinery [18], prior to cilia

disassembly [19], and in response to mating cues in Chlamydomonas [20]. Actin accumulates at the site of membrane pinching

[19]. Actin-associated proteins drebrin (green), Myosin VI (blue), and α-actinin 4 (lavender) accumulate at the ciliary tip during

excision [18].
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disassembly, but also that the state of the cilium has direct consequences on cell cycle progression [2,13,26].
Therefore, cellular systems that control the cilium, including the elements of the cytoskeleton considered here,
must act in coordination with the cell cycle to facilitate timely ciliary response to cell cycle cues, and vice versa.
The cellular functions of primary and specialized cilia translate to higher-order tissue and organism-level

functions in development, mechanotransduction, and tissue homeostasis. Defects in the formation and function
of primary cilia have been implicated in many developmental syndromes, collectively called ciliopathies, and
misregulation of the cilia–cell cycle module has been linked to cancers. Ciliary defects also cause tissue-specific
aberrations in tissues bearing specialized cilia types, including sensory tissues (photoreceptor cells in the retina,
hair cells of the inner ear, and olfactory receptor neurons), fluid-clearing multiciliated tissues (trachea, bron-
chus and fallopian tube), and reproductive cells (sperm).
Thus, the primary cilium, once thought of as a vestigial organelle, has emerged as a potent regulatory hub

for major cellular functions. Many recent studies have focused on the composition and structure of cilia in the
context of transducing extracellular signals, and the reader is referred to recent reviews for more details
[2,5,10,13,26,30]. On the intracellular side, cilia are anchored in, composed of, and regulated by the cytoskel-
eton, the master organizer and structural integrator of the cell. This review highlights new advances in the
multifaceted relationship between the cilium and the microtubule, actin and septin cytoskeletal networks.

Cilia and the microtubule cytoskeleton
The axoneme — the microtubule-based core of the cilium
The axoneme is the stable, mechanically resilient MT-based structural core of the cilium. It supports the shape
of the cilium and the ciliary membrane, and acts as a scaffold for motor-driven bidirectional transport of cargo

Figure 4. Regulators of cilia and the actin cytoskeleton.

Actin polymerization and dynamics generally inhibit ciliogenesis/promote cilia disassembly. Several cytoskeletal elements,

kinases, and critical signaling pathways are involved in the link between cilia and actin. See the text for details. Abbreviations:

ATAT-1, α-tubulin acetylatransferase 1; AurA, Aurora A; CTTN, cortactin; GSN, gelsolin; HDAC6, histone deacetylase 1;

KDM3A, lysine demethylase 3A; KV10.1, voltage-dependent potassium channel 10.1; MTs, microtubules; Plk1, polo-like kinase

1; YAP, yes-associated protein.
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between the cytoplasm and the cilium. AxoMTs form the structural core of the cilium and are essential for the
transport of cargo into and out of the cilium by IFT (Figure 1). The axoneme is one of the most stable
MT-based structures we know of, as axoMTs are resistant to nocodazole and cold, which induce complete cyto-
plasmic MT depolymerization [31]. Many features of axoMTs may underlie this stability, including the diver-
sity of tubulin isotype and post-translational modification of axoMTs, the arrangement of axoMTs within the
axoneme, and ciliary microtubule-associated proteins (MAPs). Many accessory proteins, in addition to motor
proteins, regulate the structure and function of axoMTs, and together they affect the assembly/disassembly
cycle of MTs and the cilium as a whole (Figure 1). These features are discussed below.

Axoneme structure
The axoneme has a unique, highly conserved structure with a striking circular symmetry of MTs. In most cili-
ated organisms, the axoneme has nine radially arranged MT doublets (consisting of a full A-tubule that scaf-
folds a partial B-tubule), which extend from the nine-fold MT triplets of the basal body (bearing a third partial
C tubule) (Figure 2). Primary cilia have an empty axoneme lumen (designated 9 + 0), while motile cilia have a
central pair of microtubules (designated 9 + 2). An intriguing question is whether the 9 + 0 and 9 + 2 organiza-
tion of axoMTs, and hence immotile vs. motile cilia, are interchangeable. Leishmania mexicana is a model
organism well suited to address this question, as it forms a 9 + 2 motile cilium during the promastigote life
stage and a 9 + 0 immotile cilium during the amastigote stage. During transition between promastigote and
amastigote stages, the 9 + 2 cilium is capable of direct conversion to a 9 + 0 organization through degradation
of the central microtubule pair and several other structural proteins [32]. Thus, the basal body may not be
committed to form one type of axoneme conformation, and the 9 + 2 and 9 + 0 cilia share fundamentally
similar structural features.
Recent advances in ultrastructural methods have revealed new details about axoneme architecture. A

cryo-electron tomography study of Tetrahymena axonemes revealed that the positioning of individual tubulin
heterodimers in both MTs within the axoneme doublet is arranged as a B-type lattice — that is, αβ-tubulin
heterodimers interact with each other vertically, similarly to most cytoplasmic MTs (Figure 2). MT inner
proteins, including radial spoke proteins and inner-arm dyneins, promote connections between MT

Figure 5. Diverse roles of cytoplasmic actin cytoskeleton in each stage of the ciliary life cycle.

Cellular actin and myosins mediate accumulation and fusion of vesicles at the PPC to form the ciliary vesicle (CV), basal body

migration and docking at the apical surface, ciliary function and length maintenance, and disassembly. Ciliary signaling also

regulates canonical functions of cytoplasmic actin, such as reorganization of actin and focal adhesions in cell migration.
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protofilaments of the axoMT doublets [33]. These interactions provide the basis for how the axoneme of
motile cilia achieves a balance between structural stability and mechanical plasticity that is required for
ciliary beating and sliding. Additional structural components of the axoneme and the basal body have been
identified by cryoEM but have yet to be characterized, and may further contribute to axoneme stability and
function [4,34].
The axoneme lumen is the internal compartment of the axoMT doublet cylinder and has largely been

ignored until quite recently (Figure 1). Super-resolution single-particle tracking (SPEED microscopy) revealed
the diffusion of the anterograde IFT motor kinesin-17 and α-tubulin in the axoneme lumen [35], consistent
with an earlier study showing that kinesin-17 diffuses to the ciliary base following dissociation from the
axoneme at the ciliary tip [10,36]. The role of tubulin diffusion in the axoneme lumen to the ciliary tip for
ciliary growth seems to be an inefficient mechanism, and it may be more likely that this pool of tubulin is a
product of axoMT depolymerization or for loading onto IFT complexes at the ciliary base for delivery to the
ciliary tip. Nevertheless, that α-tubulin diffused in the axoneme lumen raises many interesting questions: is
tubulin turnover at the axoneme tip strictly catalyzed by IFT motors, or can free tubulin associate and dissoci-
ate from the lumenal pool; can tubulin and other cargo proteins be modified within the lumen; do other diffus-
ing ciliary proteins in the cilium mainly take the lumenal route, and could the central pair of motile cilia gate
lumenal diffusion?
The entry of proteins into the axoneme lumen may occur passively, since exogenously expressed GFP

diffuses within the lumen [35]. This is in contrast with the strictly regulated entry of proteins into the cilium
via IFT [1,37–42]. However, it remains possible that diffusion of proteins into the axoneme lumen could be
regulated by their size, charge, or identity, perhaps by a diffusion barrier at the base of the cilium [1,43] or
regulation by resident axoneme lumen proteins.

The tubulin code — tubulin isotypes and post-translational modifications of
axonemal microtubules
The ‘tubulin code’ [44,45] posits that MTs are regulated by tunable properties involving α- and β-tubulin
isotypes and post-translational modifications (PTMs) of tubulin. The tubulin code is particularly relevant in
the context of axoMTs, which have unique tubulin structures and isotypes, and are enriched in many tubulin
PTMs. The tubulin code has been described in detail in recent reviews [26,44–47], and several major points
will be covered here.

Role of tubulin isotype in the axoneme
The two best-characterized members of the tubulin superfamily are alpha (α)- and beta (β)-tubulin. Together,
αβ-tubulin forms a heterodimer, the basic unit of a microtubule (Figure 2). There are a diversity of isotypes for
each of these tubulins; humans, for example, have five α-tubulins and eight β-tubulins. Tubulin isotypes mainly
vary in length, amino acid composition, and PTM affinity of the disordered C-terminal tails oriented toward
the MT exterior [47]. Isotype expression is complex and variable, and differs between tissues and species, affect-
ing MT stability and motor protein affinity and processivity [48]. Recently, a study of the axoMT tubulin
isotype composition in Caenorhabditis elegans sensory cilia revealed a potentially important structural and
functional regulation mechanism for the axoneme: loss of the α-tubulin isotype tba-6 results in abnormal
axoneme ultrastructure, impaired motor protein distribution and cargo transport, and loss of secretory vesicle
release [49].
Different tubulin isotypes regulate motor protein-binding affinities. For example, kinesin-2, which binds the

α-tubulin C-terminus in vitro, has different binding affinities to tubulin isotype mixtures specific to different
tissues. Overexpression of the kinesin-2 tail domain causes ciliogenesis defects [50], indicating that limiting
motor protein affinity on the basis of tubulin isotype may function in regulating ciliary stability. Intriguingly,
detailed correlative live cell imaging and EM in Chlamydomonas flagella demonstrated that anterograde IFT
occupies B tubules, while retrograde IFT prefers A tubules of the same axoneme doublet; thus, a single doublet
bears bidirectional cargo transport [51] (Figure 2). Future studies should examine whether, in addition to
axoMT tubulin isotype composition, there are differences in PTMs, MAPs, or other features of adjacent tubules
of the same doublet that confer differential binding affinity for specific IFT motors. This would contribute to
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the developing model that properties of axoMTs are finely tuned to allow strict functional regulation,
potentially down to the level of individual axoneme doublets.

Post-translational modification of axonemal microtubules
AxoMTs are targets for a range of PTMs, including acetylation, glutamylation, and glycylation (Figure 2). In
general, axoMT PTM levels increase during cilia assembly, distinguishing assembling cilia from mature cilia
[36,52]. Of these PTMs, MT acetylation is the best understood, although conclusions about its function have
been contradictory.
Acetylation is a marker of stable microtubules, such as axonemes, mid-bodies, and mitotic spindles. Most

tubulin acetylation is catalyzed by the acetyltransferase αTAT1 (also referred to as ATAT1/MEC17) and occurs
at lysine 40 within the lumen of individual polymerized MTs [36] (Figure 2). Although MT acetylation is a
relatively abundant modification, it does not appear to be required for MT stability per se, nor does it affect the
structure of dynamic MTs [12]. In fact, αTAT1 seems to confer both MT stability and dynamic MT growth
independently of its acetylation activity [53]. Interestingly, tubulin acetylation promotes the binding of and sen-
sitivity to the MT-severing enzyme katanin [54], which may also directly contribute to MT destabilization.
αTAT1-mediated acetylation of axoMTs may promote, but is not required for ciliogenesis, and seems to be
important for ciliary mechanosensation [55,56]. AxoMTs, and possibly cytoplasmic MTs, are stabilized by
acetylation during ciliogenesis [57–59]. Finally, MT deacetylation contributes to ciliary disassembly [23,60–62],
but whether directly on the axoneme or indirectly on cytoplasmic MTs has not been determined.
MT glycylation and glutamylation on the externally exposed C-terminal tail of tubulin subunits promote MT

polymerization (Figure 2). Although less well studied than acetylation, glycylation and glutamylation can occur
as single-residue or chain modifications on specific amino acids of the C-terminus and appear to contribute to
ciliary structure and function [36]. Glycylation positively regulates cilia, as mutation of glycylases reduces the
length and number of cilia, and causes cell cycle defects [63,64]. Glycylation also marks and stabilizes long
cilia, and seems to be enriched at proximal regions of long cilia in epithelial cells [65]. Glutamylation, in
contrast, may negatively regulate ciliary growth, as loss of cilia-specific glutamylases causes elongated cilia [66].
The amount of axoMT glutamylation seems to be critical for ciliary protein localization, kinesin motor speed,
and sensory cilia function in C. elegans exosome-releasing neurons, as mutation of either the glutamylase
TTLL-11 or the deglutamylase CCPP-1 impairs cilia severing and vesicle release [67]. TTLL-11 is also a ciliary
cargo, indicating that axoMT glutamylation may be self-regulated by simultaneously influencing, and depending
on ciliary motor function [67]. Finally, a specific dosage of glutamylation chains (8-Glu) is required for optimal
MT severing by spastin in vitro [68]. Thus, regulation of axoMT polymerization or disassembly by glycylation
and glutamylation may be tuned by the overall abundance, localization, and chain length of these PTMs.
Glycylation and glutamylation of axoMTs not only have opposite effects on cilia growth, but inversely affect

each other. In mouse photoreceptor connecting cilia, loss of glycylation results in increased glutamylation levels
and short, functionally defective cilia [69]. Mutation of the basal body and axonemal protein Bug22 reduces
axoMT glycylation in Drosophila spermatids and impairs fertility, and Bug22 overexpression in RPE1 cells
reduces axoMT glutamylation and results in elongated cilia [70]. Since glycylation and glutamylation can occur
at the same residues of the tubulin C-terminal tail, an emerging model is that these PTMs compete and
balance each other. A similar inter-relationship may also occur between acetylation and glutamylation, although
these PTMs do not compete for a binding site, since acetylation or glutamylation of axoMTs in
Chlamydomonas flagella increased and decreased axonemal dynein speed, respectively [71]. Perhaps, glutamyla-
tion, which is a bulky positively charged group, creates a greater physical hindrance to MT motor processivity
than glycylation, which is small and neutral.
The regulation of axoMT modifications is complex and nuanced, and more studies are needed to fully

understand their role in ciliary function and dysfunction. Many questions remain: do PTMs of the axoneme,
independently or synergistically, contribute to axonemal stability and cargo transport, cilium motility, and sig-
naling functions of the cilium; how are PTMs regulated during various stages of the cilium cycle, or in response
to different ciliary assembly/disassembly cues; can differences between species, cell types, or even within a
single cilium inform functional specificity, and are glutamylation and glycylation regulated by tubulin isoform
diversity in the axoneme? A common caveat to these studies is that it is difficult to determine whether changes
in MT modifications is causative or correlative to ciliary biology, or whether modification of cytoplasmic MTs,
axoMTs, or both are at play in each case.
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Microtubule motor proteins and microtubule-associated proteins in the
axoneme
Microtubule motor proteins are bound to the axoneme [10]. These proteins include the IFT motors: kinesin-2
which mediates anterograde IFT (ciliary base to the tip) and cytoplasmic dynein which mediates retrograde
IFT (ciliary tip to the base) (Figures 1 and 2). The reader is referred to recent reviews that discuss IFT motor
composition, activity, and roles in human health [10,40,72–74].
Anterograde IFT is mediated by two kinesin-2 family proteins: the heterotrimeric Kif3 (referred to as

kinesin-II in C. elegans and FLA-10 in Chlamydomonas) and the homodimer Kif17 (OSM-3 in C. elegans).
KIF3 consists of motor domains Kif3A and either Kif3B or 3C, as well as the accessory protein KAP3. KAP3
function is incompletely understood, but it has been proposed to localize the complex to the ciliary base [75].
Heterotrimeric kinesin-2 is required for ciliary assembly [40,76], while the function of Kif17 seems to vary in
different organisms and specialized cilia types. For instance, in Kif17, knockdown or dominant-negative inhib-
ition in zebrafish does not affect overall ciliogenesis, but causes structural and developmental defects in photo-
receptor cilia [76–78]. In rat olfactory sensory neurons, Kif17 directly binds cyclic nucleotide-gated channel
CNGB1b and is required for ciliary localization of exogenously expressed CNGB1b in MDCK cells [79].
Therefore, KIF17 may regulate localization of ciliary cargo in specialized cell types.
Kif3 and Kif17 may act cooperatively when both expressed in the same cilium. This is supported by studies

in C. elegans sensory neuron cilia, which feature a proximal region of doublet axonemal microtubules and a
distal region of singlets. Both kinesin complexes are present in these cilia, but carry out transport at different
rates — kinesin-II at ∼0.7 μm/s and OSM-3 at 1.3 μm/s [80]. Mutational studies of KAP3 and OSM-3 as well
as analysis of transport dynamics within the sensory cilium revealed that kinesin-II is mainly active at the prox-
imal doublet region, while OSM-3 is localized to the distal singlet regions, and that the motor complexes are
involved in assembly of their respective axoneme regions [80,81]. Interestingly, there is a gradient of motor
activity along the axoneme, such that slow IFT transport is carried out by kinesin-II at the proximal cilium, fol-
lowed by recycling to the ciliary base, while faster IFT motion is carried out by OSM-3 at the distal cilium, fol-
lowed by recycling to the ‘handover zone’ — the site between kinesin-II and OSM-3 enrichment [81]. A study
which used an optical trap system to probe motor processivity revealed that Kif17/OSM-3 maintains processiv-
ity under either hindering or assisting mechanical load, while Kif3AB is more likely to dissociate from the
axoneme [82]. Thus, a model for Kif3/Kif17 cooperativity is that Kif3 facilitates ciliogenesis and IFT entry
across the transition zone, prior to dissociation from the axoneme, while Kif17 picks up cargo at a ‘handover
zone’ for faster transport to the ciliary tip and singlet extension.
These motors bind to different parts of the axoMT doublet: kinesin-2 binds the B-tubule [51] and cytoplas-

mic dynein binds the A-tubule [83]. Single-particle tracking and correlative cryoEM techniques have begun to
address a poorly understood problem — how are IFT motors transported along the axoneme, and how do they
contribute to the composition and size of IFT trains? First, IFT trains fuse, fragment, and stop within cilia,
demonstrating that IFT train size and velocity are not constant [51,83]. Second, kinesin-2 and cytoplasmic
dynein have different modes of movement along the axoneme. Kinesin-2 moves processively along the
axoneme, but dissociates at the ciliary tip and diffuses back to the base [83], possibly through the axoneme
lumen [35] (Figure 2). Cytoplasmic dynein, which is a kinesin-2 IFT cargo in the anterograde direction, binds
axoMTs at the tip and walks in the retrograde direction [83].
Additional motor proteins and their components, such as dynein light chain Tctex-1 and

MT-depolymerizing and -polymerizing proteins, localize to cilia and affect ciliary assembly and size, perhaps
independently of IFT activity [27,84–87]. Tctex-1 is a component of cytoplasmic dynein, but upon phosphoryl-
ation functions independently of dynein. Phospho-Tctex-1 is required for cilia disassembly and cilia-specific
S-phase entry [84]. It is not clear, however, whether phospho-Tctex-1 is also a component of the retrograde
IFT dynein complex, as its basal body/transition zone localization and phospho-activation suggest an
IFT-independent role. Consistently with these observations, a recent study demonstrated that a direct inter-
action between Tctex-1 and actin regulators is necessary for ciliary disassembly by promoting endocytosis at
the ciliary pocket [88] (Figure 4). The kinase upstream of phospho-Tctex-1 in ciliary disassembly has not been
identified.
Several MT-depolymerizing motor proteins localize to the cilium. Kinesin-13 in Chlamydomonas and

Tetrahymena as well as the mammalian homolog Kif24 promote ciliary disassembly, perhaps by depolymeriz-
ing the distal (+) ends of axoMTs [27,87,89]. Interestingly, Kin13 is activated by CALK, an Aurora kinase
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homolog, while Kif24 is activated by Nek2, independently of the AurA signaling module [27,87]. In RPE1 cells,
Kif24 recruits the Cp110/Cep97 centriole capping complex, an event that prevents axoneme growth and gener-
ally marks the completion of ciliary disassembly. However, Kif24 has low cytoplasmic MT-depolymerizing
activity, suggesting an axoMT-specific role [90]. Thus, Kif24 may negatively regulate cilia by actively depoly-
merizing the axoneme and participating in machinery to block further cilia growth. In Tetrahymena,
kinesin-13B and C isoforms regulate the polymerization, depolymerization, and post-translational modification
of cytoplasmic and ciliary tubulin. Conditional overexpression of kinesin-13B causes axoMTs to depolymerize
rapidly, but a kinesin-13B knockout mutant also has shorter cilia, as well as a lower level of the soluble pool of
PTM-bearing tubulin in the cilium [91]. Therefore, kinesin-13/Kif24 appears to play a multifaceted role in
maintaining a balance between cilia assembly and disassembly, by regulating both cytoplasmic MTs and ciliary
axoMTs. Kif2a, another MT-depolymerizing kinesin, is also required for ciliary disassembly and acts mainly at
the basal body to depolymerize centrosomal MTs [85]. Kif2a activity is regulated by the kinases Plk1 and
AurA, both of which promote the ciliary disassembly pathway in addition to other critical cell cycle functions.
Interestingly, phosphorylation of Kif2a by Plk1 promotes its MT-depolymerizing activity and is required at the
basal body for ciliary disassembly [85,92], while phosphorylation by AurA has an inhibitory effect on Kif2a
[92]. Whether Kif2a functions similarly to, and possibly in concert with, Kin-13, remains to be investigated.
MAPs regulate the stability, dynamics, and trafficking function of all MTs in the cell by binding directly to

MTs. MAP4 localizes along the axoneme, and siRNA silencing leads to elongation of cilia and recruitment of
SEPT7, a ciliogenesis promoter, and a member of the septin family of GTPases [93], indicating that MAP4 acts
as a break to regulate cilia length (Figure 1). However, fibroblasts from patients with reduced expression of an
MAP4 variant had centriole over-duplication and fewer, shorter cilia [94].
SAXO1, an MT-stabilizing protein specific to cilia in human primary cells and spermatozoa, promotes

ciliary length in RPE1 cells [95] (Figure 1), indicating a role of SAXO in the establishment of stable axoneme
microtubules during cilia growth. Interestingly, the SAXO homologs FAP203 and FAP256 were up-regulated in
a proteomic screen of flagellar proteins during flagellar disassembly in Chlamydomonas [28].
MT-end-binding (EB) proteins associate with growing MT (+) ends, modulate MT dynamics, and recruit

MT (+) end tip-interacting proteins and other regulatory proteins. In RPE1 cells, overexpression of EB1 or EB3
promotes ciliogenesis [96], and both proteins localize to the tips of motile cilia in bronchial epithelia and in
Chlamydomonas [96,97] (Figure 1). In Chlamydomonas, EB1 recruitment to flagellar tips is independent of IFT
and axonemal tubulin turnover, and is up-regulated in growing flagella [97].
In summary, a few MAPs have been identified in the axoneme, but they have not been studied in detail and

the existing results are somewhat contradictory. Further studies are needed to identify additional ciliary MAPs
and their interactions with the axoneme and with each other, and to understand their role in cilia organization
and function. Specifically, how are MAPs incorporated into the axoneme; what upstream regulators control the
ciliary localization and binding of each MAP; and does axoneme MAP composition depend on ciliary type,
PTM, and stage of the ciliary cycle?

Axonemal microtubules and the cytoplasmic microtubule cytoskeleton
Although axoMTs are compartmentalized and structurally distinct from the cytoplasmic MT network, they can
be viewed as an extension of, and therefore regulated by, the cytoplasmic MT network. The turnover of tubulin
in axoMTs depends on pools of soluble cytoplasmic tubulin concentrated at the ciliary base and tip. Soluble
tubulin is transported into cilia as IFT cargo [42,98–100] and possibly by diffusion in the axoneme lumen
[35,99] (Figure 1).
Maintaining the balance between polymerized and free tubulin in the cytoplasm is critical for ciliary growth.

In RPE1 cells, taxol treatment, which sequesters tubulin into polymerized MTs and depletes the cytoplasmic
soluble pool, destabilizes and shortens cilia, while nocodazole-mediated depolymerization of cytoplasmic MTs
increases ciliary number and length [31]. Regulators of MT polymerization have effects on cilia stability, includ-
ing MT-depolymerizing kinesins (discussed in ‘Microtubule motor proteins and microtubule-associated pro-
teins in the axoneme’; [91]) and MT-severing enzymes such as katanin. In Tetrahymena, depletion of katanin
results in elevated levels of tubulin polymer, reduced levels of soluble tubulin, and short cilia [18]. Therefore,
pools of soluble tubulin appear to be shared between the cytoplasm and cilia, and must be maintained at levels
sufficient to support ciliary growth and maintenance. Since katanin preferentially associates with acetylated
microtubules [54], a promising hypothesis may be that microtubule-severing activity at stable microtubules
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creates a balance between polymerized and soluble tubulin in the cytoplasm. However, this notion remains to
be directly tested.

Connections between the ciliary basal body, the centrosome, and the
cytoplasmic microtubule network
The cilium interfaces with the cytoplasmic MT cytoskeleton through the basal body, which is structurally
related to the centrosome and both functions as an MTOC for the cilium and the cytoplasm, respectively. The
centrosome comprises two centrioles, termed a daughter and a mother centriole. The mother centriole is modi-
fied for basal body function, primarily through the addition of distal and subdistal appendage structures that
anchor the basal body to the membrane and the cytoskeleton, respectively [6]. Subdistal appendages (primary
cilia) or basal feet (multiciliated cells) anchor cytoplasmic MTs [101]. It is not fully understood whether the
interaction between subdistal appendages and microtubules is necessary primarily for MTOC activity, or
whether it also plays a structural role in supporting the cilium. The latter is likely as the subdistal appendage is
a marker of a mature ciliation-competent centriole, and depletion of a core subdistal appendage protein,
ninein, impairs ciliogenesis [20]. The MT-subdistal appendage connection may mediate cilia-targeted vesicle
trafficking toward the ciliary base, or act as a site of force generation upon the basal body in its migration
during ciliary assembly or disassembly. In multiciliated cells, the basal feet are required for positioning and
aligning basal bodies at the apical surface. In primary and multiciliated cells, distal appendages are required for
basal body docking to the membrane [102], but the precise role of the MT–basal foot interaction is still poorly
understood.
An intriguing observation uncovered a novel interaction between the primary cilium and the mid-body, a

cytoplasmic structure of compacted spindle MTs that forms a bridge between daughter cells in the late stages
of cell division. In IMCD3 and MDCK cells, a remnant of the mid-body is retained after cytokinesis and per-
forms a novel non-mitotic process: it undergoes Rab8-mediated migration along the apical cell surface toward
the centrosome, where it forms an MT-based connection to the basal body during ciliogenesis. Strikingly,
removal of the mid-body by patch-clamp suction prevents cilium formation [19]. Thus, the inheritance of this
mid-body remnant promotes ciliogenesis in the daughter cell, possibly by delivering ciliary proteins to the
nascent cilium. The daughter cell that does not inherit the remnant of the mid-body may form a cilium by an
alternate pathway. We suggest that the significance of this finding is three-fold: it (1) demonstrates a new role
for the mid-body, (2) identifies novel mechanisms involved in ciliogenesis, and (3) illustrates a phenomenon
directly underlying the cilia–cell cycle tug-of-war — a canonical mitotic structure is repurposed to aid in for-
mation of the primary cilium, a negative regulator of the cell cycle. Many questions remain: when and how
does the mid-body accumulate ciliary components; what is the basis of the MT link between the mid-body and
the centrosome; how is the mid-body degraded after initiation of ciliogenesis and is mid-body inheritance to
one of the daughter cells random, and if not, what regulates this?

Cilia and the actin cytoskeleton
In contrast with the wealth of knowledge on ciliary axoMT structure, regulation, and function, much less is
known about the role of the actin cytoskeleton in the cilium. In part, this is because it has been difficult to
detect actin in the cilium, and there is no distinct actin structure in the cilium compared with the MT-based
axoneme. However, the actin cytoskeleton plays diverse roles in almost every stage of ciliogenesis and many
aspects of ciliary function (Figures 3 and 4).

Roles of actin on ciliary organization and function
Historically, primary cilia are thought of as actin-deficient organelles. Nevertheless, the presence of actin in
some specialized cilia has been noted [103,104]. The actin motor protein myosin VIIa localizes within the cilia
of different tissues and co-sedimentates with the axonemal fraction of retinal photoreceptor outer segments
[105]. Actin is distributed at the proximal portion of quail oviduct cilia and de-membranated ciliary fractions,
indicating that actin is directly associated with the axoneme [106].
New evidence further indicates supporting roles of actin and actin-associated proteins within and surround-

ing the primary ciliary structure. The relationship between actin dynamics and cilia is generally one of negative
regulation — actin depolymerization promotes ciliary assembly and elongation, while polymerization or
branching of actin is associated with cilia disassembly or inhibited ciliogenesis [2,26,88]. Cytochalasin D
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(CytoD), a small molecule that depolymerizes F-actin, rapidly induces primary cilia formation and over-
elongation of cilia in conditions that normally promote ciliary disassembly, such as serum stimulation of cul-
tured cells [107,108]. CytoD also prevents mitotic entry, perhaps as a consequence of retention of the cilium
during the cell cycle [84,87,107,109].
Although the relationship between actin cytoskeleton dynamics and cilia in tissue culture cells is generally

considered to be antagonistic, in vivo studies indicate a more nuanced relationship. In quail oviduct epithelia,
CytoD impairs estradiol benzoate-induced ciliogenesis and generates defects in basal body migration, apical
docking, and cilium elongation and structure [110]. In Chlamydomonas, disruption of actin cytoskeleton struc-
ture and dynamics by CytoD and the actin-null mutant ida5 result in flagellar shortening, regeneration abnor-
malities, and defects in IFT train entry and size [25]. CytoD in combination with the MT-depolymerizing
agent colchicine results in complete flagellar disassembly. The mutant pf18, which lacks a central MT doublet,
has a stronger response to CytoD and colchicine than the wild type, indicating that the structural stability of
the axoneme is important for resisting fluctuations in the assembly state of the actin cytoskeleton. Interestingly,
CytoD not only shortens flagella, but also causes a greater variability in flagellar lengths, producing both abnor-
mally shorter and longer flagella [111]. Similar effects occur in a null mutation of the histone demethylase
KDM3A in mice, in which decreased expression and activity of actin components correlate with the formation
of long, unstable primary cilia with bulging tips and abnormal IFT distribution. However, KDM3A-null RPE1
and MEF cells have an abnormally wide range of ciliary lengths (both shorter and longer) compared with
normal cells due to instability and breakage of long cilia [112]. Thus, these effects may be due to the loss of an
actin cytoskeleton at the ciliary base that may regulate the entry of ciliary cargo, including IFT particles [112].
Although actin has not been directly visualized in primary cilia, recent observations of ectosome shedding

activity from primary cilia suggest a direct role for actin in ciliary membrane dynamics [13] (Figure 3). In
IMCD3 cells with a primary cilium, activated GPCRs are packaged and released from the ciliary membrane
when cargo retrieval mechanisms are blocked. This process requires the actin-binding proteins α-actinin 4,
myosin VI, and drebrin. Myosin VI and drebrin also accumulate at ciliary tips upon stimulation in ectosome-
forming conditions [113]. In differentiating neuronal precursors, ejection of the primary ciliary membrane was
described upon actin accumulation at the ciliary base and subsequent apical abscission, but whether the
axoneme is present in the shed fragment was not demonstrated [114]. Chlamydomonas flagella also secrete bio-
active ectosomes during mating, but whether their release involves actin has not been determined [115,116]
(Figure 3).
Perhaps by a similar process, IMCD3, RPE1, and 3T3 cells exhibit pinching and detachment, termed ‘decapi-

tation’, of the ciliary tip at the onset of ciliary disassembly in serum-stimulated cells. This process involves
regulation of inositol polyphosphate-5-phosphatase E INPP5E, which localizes to and stabilizes primary cilia.
INPP5E mutations result in ciliopathy phenotypes in humans and mice [117]. INPP5E interacts with several
regulators of ciliary dynamics including AurA, Arl13b, and Cep164 [118,119]. Phua et al. [120] demonstrated
that, early in ciliary disassembly, INPP5E is displaced from the membrane, allowing accumulation of phosphati-
dylinositol 4,5-bisphosphate (PI(4,5)P2) in the proximal ciliary membrane, followed by rapid accumulation of
F-actin at the site of pinching (Figure 3). Whether actin-mediated ciliary membrane pinching is sufficient to
disassemble the primary cilium is an intriguing possibility. While ciliary decapitation seems to occur as an
early step to cilium loss, it does not account for the complete disassembly of the cilium since tubulin was not
found in the decapitated ciliary fragments [120]. Therefore, the axoneme must be disassembled by other
means, such as resorption into the cell or depolymerization by MT-depolymerizing kinesins. It would be inter-
esting to test whether kinesin-13 or other depolymerizing kinesins are activated or localized to cilia in conjunc-
tion with ciliary decapitation events in an INPP5E-dependent manner.
The nature of actin availability for rapid influx during pinching events has not been studied. One possibility

is that a pool of actin monomer exists at the ciliary base or proximal PI(4,5)P2-positive portion of the cilium.
In RPE1 cells, actin filaments and cables have been identified at the base of the cilium and ciliary pocket, a site
of active endocytosis, which seems to play an important role in ciliary disassembly [88,121]. Whether this actin
network is associated with the cilium in other cell types, including those that do not have a ciliary pocket, and
whether it can act also as a dynamic pool for ciliary membrane pinching in ectosome release, remains to be
addressed. In general, mechanisms of axoneme disassembly in parallel with membrane removal, through
release and/or endocytosis, remain to be investigated. Together, these observations indicate that the difficulty of
localizing actin within primary cilia could be due to the transient nature of ciliary actin polymerization in cilia
during rapid membrane-pinching events. Perhaps, actin-associated proteins localize stably to cilia, while F-actin
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polymerization and localization are tightly co-ordinated with the response to stimuli such as GPCR activation
and cell cycle-related ciliary disassembly cues.

Functions of actin-associated proteins in ciliary organization
Although a direct relationship between actin and cilia remains poorly understood, many actin-associated
proteins and signaling molecules that directly regulate, or are regulated by, actin dynamics have a role regulat-
ing cilia (Figure 4). The actin-binding protein cortactin (CTTN) is a prominent example of this relationship.
CTTN functions in lamellipodia formation and cell migration, and promotes F-actin polymerization and
branching by recruiting Arp2/3 to the cortical actin network [122,123]. CTTN is activated by Src kinase-
dependent phosphorylation and is inactivated by acetylation [124,125]. HDAC6, a critical component of the
cilia disassembly signaling cascade [23], is a deacetylase of CTTN which thereby activates CTTN and its actin
polymerization activity to promote cilia loss [60]. Conversely, Missing-in-Metastasis promotes ciliogenesis by
antagonizing CTTN phosphorylation by Src [107] (Figure 4). CTTN also directly interacts with the gated
potassium channel Kv10.1, which promotes ciliary disassembly when overexpressed. Intriguingly, siRNA deple-
tion of Kv10.1 results in increased levels of phospho-CTTN [126]. The spatial regulation of the interaction
between Kv10.1 which localizes in the ciliary membrane, and CTTN which associates with cortical actin, needs
further study to elucidate their roles in cilia regulation.
F-actin may further regulate primary cilia transcriptionally through the Hippo pathway effector YAP

(Figure 4). Jasplakinolide-induced F-actin aggregation leads to YAP inactivation, cell rounding, and ciliogenesis
[127]. A role for YAP may depend on its nuclear localization, and thus its transcription factor activity, since
nuclear exclusion of YAP results in an increase in cilia number [108]. YAP depletion in RPE1 cells results in
an increase in ciliogenesis and negatively regulates expression of the cilia disassembly factors Aurora A and
Plk1. The inhibition or depletion of several actin remodeling factors (LIMK2, cofilin 1, and TESK1) led to a
reduction in nuclear YAP and, coincidently, increased ciliogenesis [108]. An inverse relationship between
primary cilia formation and YAP signaling indicates that Hippo-dependent cell proliferation requires the
absence of primary cilia. However, teasing apart the precise role of actin dynamics, YAP localization and func-
tion will be complex. Kim et al. [108] suggested a two-fold mechanism — F-actin suppresses ciliogenesis by
halting trafficking of ciliogenic vesicles to the basal body and supports cilia disassembly by activating a tran-
scription factor (YAP/TAZ) upstream of disassembly machinery proteins (AurA/Plk1).
Taken together, these results illustrate the complexity in the relationship between cilium organization and

the actin cytoskeleton (Figure 4). Overall, it seems that either complete polymerization or depolymerization of
actin results in abnormalities in cilia length and dynamics. It is possible that differences between model organ-
isms and ciliary type (i.e. motile 9 + 2 axoneme vs. immotile 9 + 0 axoneme) may result in opposing responses
to actin perturbation. For example, treatment of RPE1 cells with either actin-depolymerizing CytoD or actin-
polymerizing Jaspakinolide resulted in elongated cilia [31]. These seemingly contradictory effects of CytoD on
primary cilia may be explained by concentration of the drug: low doses (0.5–1 μM), which cap and thereby
inhibit growth and depolymerization of actin filaments, result in elongated cilia, whereas higher doses (10 μM)
which cause F-actin depolymerization result in abnormally short and fewer cilia [128]. Nevertheless, any gener-
alized relationship between cilia and actin is likely an oversimplification — artificially polymerizing or depoly-
merizing all cellular F-actin will not accurately convey what happens to the actin cytoskeleton during the cycles
of cilium assembly and disassembly.

Role of actin in centrosome migration and docking
The association between the centrosomes/centrioles and the actin cytoskeleton is well described. In human
polymorphonuclear leukocytes, centriole migration and splitting require an intact actin cytoskeleton [129–132].
In both primary- and multiciliated cells, basal body migration toward the cell surface during ciliogenesis is
dependent on actin contractility and actin-binding motor proteins [130,131]. Myosin X plays a role in primary
ciliogenesis [133,134], while in ependymal cells with multiple clustered motile cilia, a non-muscle myosin
complex is required [132]. Interestingly, ciliogenesis is not the only context for actin-mediated centriole migra-
tion and docking at the plasma membrane. In cytotoxic T-lymphocytes, the actomyosin cytoskeleton transports
the centrosome to the plasma membrane at the immune synapse. Docking of the mother centriole through the
distal appendages may orient MTs toward the synapse, which is required for the proper secretion of lytic gran-
ules toward the target cell [135]. The many parallel features between this process and ciliogenesis lead to an
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attractive hypothesis that the immune synapse is a ciliary analog [135], and that there may be other contexts in
which conserved ciliary machinery and mechanisms are repurposed for non-ciliary functions.
In addition to acting as an MTOC, the centrosome was also proposed to act as a potential organizing center

for F-actin. Knockdown of Arp2/3 and the WASH complex abolished the actin nucleation by the centrosome,
while inhibition of formins had no effect, indicating that the centrosome nucleates actin filaments through
branching rather than formin-generated parallel filaments [136]. The identification of the centrosome as an
actin-organizing center indicates that the centrosome and ciliary basal body are propelled or pulled by the actin
cytoskeleton through the cytoplasm. However, this potentially illuminating function of the centrosome requires
extensive validation in other cell types and in vivo.
The interaction between actin and the basal body/centrosomes is critical in most major steps of ciliogenesis,

including (1) docking, or association of the basal body with the plasma membrane, either in the form of a pre-
ciliary vesicle (intracellular ciliogenesis) or with the apical plasma membrane (extracellular ciliogenesis); (2)
delivery of ciliary components (membrane and cargo) to a growing cilium; and (3) migration of a cilium or
basal body to the plasma membrane (Figure 5). The docking step occurs either before or after the migration
step, depending on whether an intracellular or extracellular ciliogenesis pathway, respectively, is employed.
Docking of the primary cilium basal body to a ciliary vesicle requires CCDC41 and Golgi localization [137],
Chibby recruitment of Rab8 [138], interaction of Rac1 and Ezrin with the DOCK1/ELMO complex, and distal
appendage components such as Ttbk2 and C2cd3 [139], Cep164 [140], and others [102]. Chibby also plays a
role in facilitating membrane curvature of the nascent ciliary membrane [141].
Multiciliated epithelial cells (MCCs) are a powerful model for studying basal body/centriole duplication,

migration, and ciliogenesis in the context of the actin cytoskeleton. Mouse tracheal epithelial cells produce hun-
dreds of motile cilia, all of which are arranged in parallel along the apical surface. A subapical cytoplasmic
actin meshwork is formed during ciliogenesis and is required for the mass migration of basal bodies toward the
apical cell surface during ciliogenesis [130–132] (Figure 5). This process requires Rho GTPase, planar cell
polarity (PCP) pathway proteins, and the MCC-specific transcription factor Foxj1 [131]. Interestingly, PCP pro-
teins, such as Disheveled, interact with the exocyst complex, which together with Arl13b [142] are involved in
vesicle trafficking and plasma membrane fusion during ciliogenesis [143].
Beneath the apical surface of MCCs are hundreds of basal bodies enmeshed between two actin networks,

apical and subapical, which are required for maintaining the proper orientation and spacing of basal bodies.
Interestingly, a ciliary adhesion complex consisting of focal adhesion proteins was shown to localize to basal
bodies at the appendage and rootlet, conferring connections with the apical and subapical cytoskeletons.
Disruption of this complex led to docking and spacing defects, resulting in clustered basal bodies [144]. It is
likely that mechanisms involving the actin cytoskeleton in basal body migration and ciliogenesis are conserved
between primary cilia and MCC motile cilia, but further studies are needed.

Role of actin in the transport of membrane and proteins to and from the cilium
Ciliogenesis requires the efficient production and transport of ciliary proteins and membrane to the site of the
nascent, growing cilium. Ciliary proteins are packaged in Golgi-derived vesicles that are targeted to a tubulo-
vesicular pericentrosomal preciliary compartment (PPC) at the basal body during cilia growth [145]. Many reg-
ulators of ciliary membrane delivery and biogenesis have been identified, including the BAR domain protein
FAM92 and Chibby [141], Arl13b and the exocyst [142], the BBSome [146], and the membrane condensation
protein MAL [147], and have been reviewed elsewhere [109].
The actin cytoskeleton facilitates the transport of vesicular cargo throughout the cell, driven by myosin

motors along actin cables. During ciliogenesis, myosin II and myosin Va deliver the membrane in the form of
vesicles, IFT components, and other cargo to growing cilia. Myosin Va transports preciliary vesicles to the basal
body during the earliest stages of ciliogenesis and is recruited to artificially elongated cilia in CytoD-treated
cells, implying a role in modulating the length of mature as well as assembling cilia [128,148,149]. Interestingly,
myosin Va is also recruited during early stages of cilia disassembly [149], suggesting a parallel role in removing
the ciliary membrane.
Assuming that myosin-mediated delivery of ciliary cargo requires polymerized actin, the model that actin

polymerization negatively regulates primary cilia is difficult to understand. Currently, the prevailing model is
that F-actin filament polymerization counteracts vesicle trafficking to the growing cilium [39,108,109,145].
Drug-induced actin depolymerization arrests vesicle transport, resulting in the accumulation of vesicles at the
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PPC, and rearranges actin into nodes that preferentially associate with, and facilitate ciliary membrane cargo
delivery to the ciliary vesicle during ciliogenesis [39].
In summary, the actin cytoskeleton plays several critical roles in ciliogenesis, but many significant gaps in

our understanding of mechanisms remain. Furthermore, whether these roles are duplicated during ciliary disas-
sembly has not been studied directly. Actin could play a role in facilitating the transport of ciliary proteins and
membrane away from the cilium for recycling or degradation and in driving migration of the basal body
basally from the plasma membrane. Whether these processes require polymerization or depolymerization of
actin is not understood.

Intersections between primary cilia, signaling, and canonical roles of
cytoplasmic actin
The actin cytoskeleton confers critical function of ciliary dynamics, structure, and function (Figures 3–5).
Conversely, the primary cilium may regulate canonical roles of actin in cellular processes that include cell
migration, shape, and interactions with neighboring cells and the extracellular matrix. Furthermore, the
primary cilium, like other actin-associated adhesion structures, is a marker of cell polarity, as it generally forms
on the apical surface in polarized cells. As such, the regulation of the cilium and other polarity markers may be
similar.

Cell migration
Migrating cells are polarized between the front and rear of the cell, and the primary cilium is a strong regulator
of cell polarity upstream of cell migration [150] (Figure 5). The cilium, which co-ordinates multiple migration-
related signaling pathways, orients along the axis of migration [151] and in most migratory cell types the
centrosome is positioned between the nucleus and the leading edge, where it is thought to co-ordinate cytoskel-
etal dynamics. In general, defects in ciliary organization and function result in impaired cell migration, wound
repair, development, and morphogenesis [150,152].
In neuronal development, ciliary signaling is required for proper cell migration. Joubert syndrome, a ciliopa-

thy characterized by defects in neuronal migration and brain development such as microcephaly, results from
disruption of ciliary signaling [152]. The ciliary membrane protein Arl13b is required for correct distribution
of many migratory cue receptors in the ciliary membrane of interneurons, and its deletion impairs axon migra-
tion [153]. In ciliated breast cancer cells, knockdown of the estrogen receptor co-repressor SPEN results in loss
of the primary cilium and impaired cell migration [154]. In MDCK cells, the canonical ciliary protein IFT88
may play cilium-independent roles by involvement in targeting protein to the leading edge during cell migra-
tion [155]. In the corneal endothelium, the basal body of primary cilia transiently repositions away from the
nucleus and toward the leading edge of cells during wound repair; upon completion of wound closure, cilia are
lost and centrosomes migrate toward the nucleus [156].
Primary ciliary signaling appears to regulate cell migration through modulating actin dynamics, targeting of

polarity proteins to the leading edge, and cell–substrate focal adhesion formation [150,152] (Figure 5). The
best-characterized ciliary signaling pathway in cell migration is the PDGF-AA/PDGFRα pathway [150].
PDGF-AA ligand activates its receptor PDGFRα at the ciliary membrane and at focal adhesions. Downstream,
AKT/PKB is phosphorylated and activates the MEK1/2–ERK1/2–p90RTK cascade, which in turn activates
leading edge-specific proteins such as the sodium hydrogen exchanger NHE1 which regulates intracellular pH
[157]. In MEFs and NIH3T3 cells, loss of primary cilia abolishes PDGFRα signaling, NHE1 activation, and cell
migration [158–160].
Turnover of integrin-based focal adhesions is critical for migration. In endothelial cells, primary cilia and

Hsp27, a downstream target of PDGF signaling [161], are required for activation of focal adhesion kinase, actin
remodeling, and focal adhesion turnover. Disruption of this pathway reduces cell migration and endothelial
barrier integrity [162]. The retinitis pigmentosa protein RPGR localizes to primary cilia and is required for
primary cilia, actin dynamics, and focal adhesion turnover [163], although a migration defect was not reported.
Many other migration-regulating signaling pathways are co-ordinated through the primary cilium. TGF-β

signaling, another pathway upstream of cell migration, also seems to function through primary cilia. In MEFs,
keratinocytes, and cancer cells, silencing or inhibition of the ceramide synthase CerS4 promotes trafficking of
TGF-βRI/II to primary cilia membranes which activates Shh signaling and cell migration [164].
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Wnt signaling is a ubiquitous pathway involved in cell migration and development and is also associated
with primary cilia. Canonical Wnt pathways do not require the primary cilium [165], but some effectors local-
ize at the basal body, including β-catenin and APC [166]. Rather, the cilium participates in noncanonical Wnt
(ncWnt) signaling. Inversin, also referred to as nephrocystin-2, localizes to a specific region distal to the transi-
tion zone. This ‘inversin compartment’ modulates ncWnt signaling via negative regulation of Disheveled 1
(Dvl1), leading to actin reorganization, NHE1 targeting to the LE, and cell migration. Inversin mutants have
impaired Wnt signaling, misoriented cilia, and loss of migration proteins targeted to the LE [167]. Other
ncWnt proteins have been identified in association with cilia [166] (Figure 5).
Several inconsistencies arise from these studies of roles of the actin cytoskeleton in ciliogenesis and cell

migration. For example, primary cilia tend to assemble and elongate when actin is depolymerized, and cell
migration is inhibited. In cell culture, serum starvation induces ciliogenesis, but reduces lamellipodia formation
and cell migration [150,168]. If cilia are formed when actin is depolymerized, how do primary cilia co-ordinate
processes of actin polymerization and dynamics? Perhaps, ciliogenesis is a time of transient actin depolymeriza-
tion, and actin filaments only assemble after the cilium is mature and ciliogenesis machinery has been inacti-
vated. These nuances require further investigation.

Cell–cell junctions
Primary cilia and cell–cell junctions, including the adherens and tight junctions, have several unifying features —
they are markers of cell polarity in epithelia, sites of mechanosensation, transducers of signals, and directly inter-
face with, and are regulated by the actin cytoskeleton. Currently, the relationship between these structures seems
to be correlative and indirect [169]. Fluid shear stress in the renal proximal tubule epithelium causes a loss of
polarity markers, including cilia and proteins of adherens and tight junctions [170]. Mutation of the
calcium-activated chloride channel TMEM16a leads to a desensitization of cells to chloride and calcium fluxes,
abnormal distribution of surface PI(4,5P)2, disorganized cell–cell junction proteins, and short cilia [171].
Calcium-dependent deciliation of MDCK monolayers results in tight junction remodeling and increased tight
junction permeability [172]. Finally, the ciliary calcium channel polycystin-2 also localizes to cell–cell contacts
and promotes recruitment of α-actinin to adherens junctions [173]. Since a member of the α-actinin family was
also identified within cilia during ciliary ectosome release [113], calcium signaling and α-actinin may represent
two examples of co-regulation of ciliary dynamics and junctions. Thus, there are intriguing links between the
assembly state and organization of the primary cilium, and the function of cell–cell junctions, but further
studies are needed to define whether there are direct interactions, or whether the relationship is based in parallel,
unconnected pathways.

Cilia and the septin cytoskeleton
Septins, a family of GTP-binding proteins, localize to cilia and basal bodies [174] (Figure 1). Septins assemble
into filaments and rings, and contribute structural and scaffolding roles in many cellular processes [175].
Septins associate with, and regulate the dynamics of actin and MT cytoskeletons, and localize to sites of
micron-scale membrane curvature throughout the cytoplasm and cell cortex [175].
Members of the septin family seem to localize at the ciliary base/transition zone, axoneme, or both. Each

location implies a different potential role. A septin ring at the ciliary base, marked by SEPT2 in IMCD3 cells
[43] and SEPT7 in frog embryos [176], is important for ciliary length and function. Importantly, septins act
as a barrier to diffusing membrane proteins in the yeast mother-bud neck, the primary cilium [43], and at the
sperm flagellum annulus. These studies have led to a model in which septins localize to the ciliary base, a site
of membrane curvature, and form a barrier restricting the free movement of membrane proteins between
the ciliary membrane and the apical plasma membrane (Figure 1). More work is needed to investigate the
interaction between septin, BBSome, and transition zone modules in collectively mediating selective ciliary
membrane protein entry, confinement, and exit [15,177].
Stable pools of SEPT2 and SEPT7, as well as SEPT9 were also found localized at the axoneme [93]. Septins

influence MT dynamics by directly binding microtubules, as well as by binding and inhibiting MT-stabilization
activity of MAP4. SEPT7 competes with MAP4 at the axoneme and positively regulates cilia length ([93], see
‘The tubulin code — tubulin isotypes and post-translational modifications of axonemal microtubules’). Thus,
septins seem to play a stabilizing role as structural components of the axoneme.
Septins interact with regulators of ciliogenesis including Rab8, the exocyst, and PCP proteins, and promote

tubulo-vesicular formation in vitro [174]. Septins may play specialized cytoskeletal roles at multiple points in
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ciliogenesis, by targeting and fusion of ciliogenic vesicles at the PPC, delivery into a growing axoneme, and for-
mation of a ring at the nascent ciliary membrane to regulate membrane protein compartmentalization.
However, each of these functions requires further, detailed studies.

Cross-talk between different cytoskeletal systems and
implications for the cilium
The actin and MT cytoskeletons perform diverse functions in the cell, including organizing cell shape and
structure, establishing polarity, interacting with and responding to extracellular cues, trafficking vesicles and
organelles, and modulating signaling cascades. In most of these roles, both cytoskeletal networks are required
and are co-ordinated with each other [178,179] (Figure 4).

Microtubule–actin cross-talk at the basal body
The centrosome or ciliary basal body is a hub for cross-talk between actin and microtubule networks. The rela-
tionship between the centrosome and microtubules is obvious, since the centrosome acts as the cell MTOC.
However, the centrosome also interacts with actin and is capable of acting as an actin nucleator [136] (see
‘Cilia and the actin cytoskeleton’).
Cilia are subject to external forces, commonly bending by fluid shear or active beating, as well as internal

forces from dynamics of the cytoplasmic cytoskeleton, and function as a mechanosensor and mechanotransdu-
cer [180,181]. Even in the absence of fluid flow, the primary cilium displays spontaneous pivoting and flexing
originating from the rigid base, likely mediated by the actin cytoskeleton surrounding the basal body [182].
These ciliary dynamics may be important for mechanosensation, resilience to extracellular stresses, and orienta-
tion during cell migration and other specialized cellular processes. The basal body is a focal point of intersec-
tion of internal forces generated by the actin and MT cytoskeletons. In multiciliated cells, hundreds of basal
bodies are embedded in dense, subapical plasma membrane actin networks, and the basal foot of each basal
body is directly anchored to MTs. Both cytoskeletal connections are required for proper basal body alignment
and positioning, and therefore for ciliary motility [183].
The basal body must migrate through the cytoplasm to dock with, or disengage from, the plasma membrane

during cilia assembly and disassembly, respectively, both of which depend on actin polymerization. During
ciliogenesis, actin reorganization occurs simultaneously with MT polymerization, stabilization, and modifica-
tion. Disruption of actomyosin contraction reduces the number of stable MTs [57], indicating that actin assem-
bly and actomyosin contraction promote MT stabilization in cells preparing to form a cilium. Indeed,
taxol-induced stabilization of MTs in RPE1 cells rescues ciliary elongation induced by actin depolymerization
in the presence of CytoD [31]. Thus, actin polymerization-mediated cilia growth requires both free tubulin for
incorporation into the nascent axoneme and stabilized MTs to support apical migration of the basal body. How
MT stabilization is regulated during ciliogenesis to ensure a sufficient pool of soluble tubulin is an important,
outstanding question.

HDAC6 and ATAT1 — co-regulation of tubulin acetylation and cortactin at the
cilium
An interface between actin and microtubule cytoskeletons and the cilium is mediated by the deacetylase
HDAC6 (Figure 4), the only non-nuclear member of the histone deacetylase family, and a critical regulator of
primary cilia [184–186]. Inhibition of HDAC6 function by tubacin [187] blocks primary cilia disassembly in
RPE1 cells, downstream of Aurora A [23]. A recent screen for flagellar disassembly proteins in
Chlamydomonas also identified HDAC6 homologs [28]. HDAC6 defects impair cilia disassembly and cell
migration, and have been implicated in several cancers [188,189], adipocyte differentiation [190], and other
human health contexts, making it a promising pharmaceutical target [185,191].
Both α-tubulin and cortactin are major HDAC6 substrates [60,124,186]. It was originally hypothesized that

HDAC6 deacetylates axoMTs, resulting in axoMT destabilization at the onset of primary cilia disassembly
[23,61]. SIRT2, another MT deacetylase, directly binds to HDAC6 and also mediates ciliary disassembly [192].
However, currently there is little evidence to show that HDAC6 activity directly induces axoMT disassembly, or
even that HDAC6 is present within cilia [52,60]. Furthermore, there is no evidence that deacetylation destabi-
lizes axoMTs, as acetylation seems to be a marker of stable MTs rather than a destabilizing modification.
Finally, the HDAC6 null mouse is viable, and loss of acetylation of mouse sperm of axoMTs does impair
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sperm development or fertility [193]. Therefore, the role of HDAC6 in ciliary disassembly may be more indir-
ect, perhaps through deacetylation of cytoplasmic α-tubulin and cortactin (see below), both of which are
required for ciliary disassembly [60].
The role of tubulin acetylation on MT structure and dynamics is summarized above (see section

‘Post-translational modification of axonemal microtubules’). More globally, the acetylation state of cytoplasmic
MTs has diverse effects in the cell, including affecting actin dynamics and functions. The MT acetyltransferase
Mec17/ATAT1 is required for the ciliogenesis function of the actin motor Myh10 [134]. Tubulin deacetylation
contributes to actin cytoskeletal functions including focal adhesion dynamics and cell migration [56,194].
ATAT1 also mediates localization of the actin scaffolding protein Merlin to MTs, is required for cell–cell and
cell–substrate adhesion, and acts upstream of density-dependent YAP signaling inhibition [56].
The other major substrate of HDAC6 is CTTN. Src-mediated phosphorylation of CTTN modulates actin

polymerization and dynamics upstream of ciliary disassembly [60,107]. Acetylated CTTN, however, is restricted
to the nucleus [124,125]. Deacetylation of CTTN by HDAC6 is activated by ERK, which also promotes cell
migration [195]. Other work showed that cell migration promotes the maintenance, not disassembly, of the
primary cilium through signal transduction. Interestingly, ATAT1-induced acetylation of α-tubulin promotes
the formation of invadopodia in breast cancer cells and hence cell migration. Furthermore, ATAT1 binds to
CTTN, and therefore, ATAT1 may acetylate CTTN in addition to α-tubulin [188], indicating an overlap
between the roles of acetylated α-tubulin and cortactin. This could establish an elegant model in which
α-tubulin and cortactin are co-regulated through acetylation by ATAT1 and deacetylation by HDAC6, in order
to co-operate in ciliary and cytoskeletal functions. It would be interesting to test whether both α-tubulin and
cortactin are acetylated by ATAT1 during ciliogenesis, while HDAC6 is down-regulated.

Future directions
The last decade has seen significant advances in understanding the relationship between cilia and the cytoskel-
eton, which has major implications for basic cell biology, including cross-talk between cytoskeletal systems and
organelles, intracellular signaling dynamics, cell cycle control, and cell migration. Recent advances in super-
resolution microscopy have begun to yield new insights into ciliary ultrastructure, dynamics, and cargo trans-
port with unprecedented spatiotemporal resolution. ‘Omic’ screens are leading to the identification of new
players in ciliary assembly and disassembly, signaling, and cell cycle regulation. These and other newly devel-
oped tools can be used to address some of the questions raised throughout this review, such as the nature of
actin within cilia, the dynamic regulation of axoneme PTMs, and how ciliary actin interacts with and regulates
axoMTs. Septins, another cytoskeletal protein family that also interacts with both the actin and MT cytoskele-
tons, seem to play an important role in cilia biology, but have barely begun to be studied in depth [174]. Thus,
the merging fields of cilia biology and the cytoskeleton will yield many significant discoveries that will affect
our understanding of ciliary biology and have promising implications for the treatment of ciliopathies and
cancer.
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