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Longitudinal study of rat volar fat pad fixation and
ethanol storage: implications for the use of fluid-
preserved specimens in morphological studies
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Abstract

Museum fluid collections preserve important biological specimens for study. Tissues are often fixed in 10%
buffered formalin to halt metabolic activities and transferred to a solution of ethanol for long-term storage.
This process, however, forces water from the tissues and has been shown to alter the morphology of preserved
specimens in ways that may influence the biological interpretation of results. The degree to which fluid
preservation alters morphology is linked to multiple biological factors, such as tissue size and composition, and
should therefore be examined prior to functional analysis. This study is undertaken as part of a more inclusive
examination of mammalian volar morphology. A sample of five adult male and five adult female rats (Rattus
norvegicus) was utilized to evaluate longitudinal changes in the dimensions of the volar pads across fixation in
10% buffered formalin and preservation in 70% ethanol for 1 year. No significant changes to the measured
dimensions of the rat volar pads were present across stages of fixation and preservation, and no significant
interactions of specimen size or sex were noted. These findings indicate that small mammalian volar pads that
have been fixed in 10% buffered formalin and stored in 70% ethanol are appropriate for morphological study
using the measurements described here without corrective algorithms. This finding is rare among preservation
studies but highlights the variability of tissue behavior during chemical preservation and the necessity of
preliminary investigations of preservation artifacts. Concurrence here between the preserved and unpreserved
samples is likely related to the anhydrous nature of the volar pads and the supporting skeletal structure, and
their confined position between major joints of the hands and feet.

Key words: dental molding gel; fluid preservation; microCT; museum specimens; preservation artifacts;
soft-tissue preservation; walking pads.

itself. To date, however, no known preservative or storage
medium successfully accomplishes all three objectives (Fox

Introduction

Interest in the use of museum-curated collections in mor-
phological study is currently growing, as they provide access
to rare, endangered or protected species, and reduce the
need to sacrifice or injure additional subjects to examine
their morphology (Suarez & Tsutsui, 2004; Winker, 2004;
Rainbow, 2009; Casas-Marce et al. 2012; Monfils et al.
2017). Successful preservation of soft tissues requires both
halting metabolic and autolytic processes, and eliminating
microbes that aide decomposition, ideally through means
that do not alter the structure or composition of the tissue
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et al. 1985; Kiernan, 2000; Vickerton et al. 2013). The cur-
rent preferred practice of museums for curating soft tissues
specimens consists of fixation in formalin (an aldehyde) and
storage in a solution of 70% ethanol (Hopwood, 1969; Fox
et al. 1985; Simmons & Voss, 2009; Suvarna et al. 2013;
Hughes et al. 2016). This combination of chemical fixation
and subsequent transfer to an antimicrobial media has pro-
ven highly effective at halting metabolic and autolytic pro-
cesses and providing a sterile environment for long-term
storage (Hopwood, 1969; Fox et al. 1985; Suvarna et al.
2013). However, the process of chemical infiltration often
produces changes in the size and shape of the preserved tis-
sues, and a wealth of preservation artifacts have been docu-
mented in the morphological and histological literature
(Parker, 1963; Hopwood, 1969; Kirkeby & Moe, 1986; Steed-
man, 1976; Fowler & Smith, 1983; Fox et al. 1985; Leslie &
Moore, 1986; Kruse & Dalley, 1990; Bininda-Emonds & Rus-
sell, 1993, 1994; Lasenby et al. 1994; Takizawa et al. 1994;
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Fox, 1996; Shields & Carlson, 1996; Fisher et al. 1998; Fey,
1999, 2012; Moku et al. 2004; Buchheister & Wilson, 2005;
Fey & Hare, 2005; Gagliano et al. 2006; Thorstad et al. 2007;
Edwards et al. 2009; Santos et al. 2009; Vervust et al. 2009;
Yokogawa, 2009; Beamish et al. 2011; Lee et al. 2012; Ber-
bel-Filho et al. 2013; Gaston et al. 2013; Vickerton et al.
2013; Gomez et al. 2014; Kansu et al. 2017; Hedrick et al.
2018). Thus, morphologists interested in the study of soft
tissues are left with a quandary: how accurately do the
dimensions of preserved tissues reflect those found in live
subjects and, further, do the benefits of utilizing curated
collections outweigh the complications introduced by
preservation artifacts?

Preservation artifacts, ubiquitous though they are, are
generally reported to be relatively small. For two-dimen-
sional measures, shrinkage due to preservation in formalin
or ethanol is predominantly reported to be within 0-5% of
the original dimensions (Parker, 1963; Leslie & Moore, 1986;
Bininda-Emonds & Russell, 1993, 1994; Fox, 1996; Shields &
Carlson, 1996; Fey & Hare, 2005; Gagliano et al. 2006; Thor-
stad et al. 2007; Vervust et al. 2009; Yokogawa, 2009; Lee
et al. 2012; Gaston et al. 2013). Further, this shrinkage and
associated shape changes have been demonstrated by many
authors to be predictable and resolvable with appropriate
transformation algorithms (Parker, 1963; Lasenby et al.
1994; Takizawa et al. 1994; Fox, 1996; Fey, 1999, 2001, 2012;
Moku et al. 2004; Buchheister & Wilson, 2005; Fey & Hare,
2005; Santos et al. 2009; Vervust et al. 2009; Lee et al.
2012). The benefits of utilizing museum collections, on the
other hand, are quite great. The collections are often exten-
sive in size — the Natural History Museum of London, for
example, houses over 70 million specimens alone (Rainbow,
2009) - and include type series that are used to demon-
strate intraspecies variation and provide a standard refer-
ence for taxonomic classification. The collections further
provide access to rare, endangered or otherwise difficult to
obtain species (Suarez & Tsutsui, 2004; Winker, 2004; Rain-
bow, 2009; Monfils et al. 2017; Casas-Marce et al. 2012).
Centralization of a large number of species reduces the
research costs associated with travel, collection, and private
curation (Suarez & Tsutsui, 2004; Rainbow, 2009), so it is
perhaps unsurprising to find that, in addition to the tax-
onomists and biodiversity specialists that traditionally call
upon these collections, morphologists are increasingly inter-
ested in their sampling potential (Bininda-Emonds & Russell,
1993; Vervust et al. 2009; Hughes et al. 2016; Gaston et al.
2013; Gignac & Kley, 2014; Gignac et al. 2016; Hedrick et al.
2018; Vickerton et al. 2013).

This simplistic equation, however, is complicated by the
variable interactions of chemical preservatives with biologi-
cal tissues. Formalin fixation halts metabolic and autolytic
processes by binding to the tissue molecules, altering their
shape and in turn arresting enzyme activity (Kiernan, 2000).
During this process, methylene bridges form between tissue
molecules, cross-linking them and rendering the tissue stiff

(Hopwood, 1969; Kiernan, 2000). Formalin binds to proteins
within 24 h of exposure, making it useful for fixing large
blocks of tissue (Helander, 1994). Its full range of reactions,
however, takes a longer period to achieve; cross-linking of
molecules requires additional hours of exposure, and chem-
ical bonds with lipids and carbohydrates only form after
several weeks of exposure (Kiernan, 2000). During this per-
iod, the formalin solution can dissolve glycogen, glucose,
phospholipids, and inorganic salts — including those that
comprise the bone matrix (Steedman, 1976; Tucker & Che-
ster, 1984; Kiernan, 2000; Suvarna et al. 2013). Despite these
deleterious effects, formalin remains a popular fixative due
to its relative speed and effectiveness, and because its
effects on morphology are comparatively limited (Hop-
wood, 1969; Steedman, 1976; Helander, 1994; Fox et al.
1985; Kiernan, 2000; Suvarna et al. 2013; Simmons & Voss,
2009; Hughes et al. 2016).

Long-term storage in ethanol solutions produces its own
set of artifacts. Ethanol is less acidic than formalin and does
not dissolve inorganic salts. However, it has the potential to
dissolve fats and may dissolve free lipids in stored tissues,
though the magnitude of this effect is likely small, as etha-
nol is a short-chain, polar molecule and less prone to lipid
dissolution than are long-chain alcohols (Gagliano et al.
2006; Suvarna et al. 2013). Additionally, due to the high
concentration necessary to prevent microbe proliferation,
ethanol solutions have been demonstrated to be the one of
the greater perpetrators of tissue shrinkage (Parker, 1963;
Hay, 1982; Fowler & Smith, 1983; Tucker & Chester, 1984;
Kruse & Dalley, 1990; Fox, 1996; Fisher et al. 1998; Moku
et al. 2004; Buchheister & Wilson, 2005; Neave et al. 2006;
Vervust et al. 2009; Vickerton et al. 2013).

Although these chemical changes certainly contribute to
preservation artifacts, the primary driver of morphological
changes is not the chemical used but rather the process of
chemical infiltration itself (Tucker & Chester, 1984; Margo
& Lee, 1995; Vickerton et al. 2013; Hedrick et al. 2018). To
be effective, the chemical preservative must diffuse across
the semi-permeable membranes of the component cells of
the tissue. This diffusion requires the presence of an osmo-
tic gradient to occur; that is, the concentrations of solute
(in this case, the preservative) on each side of the mem-
brane must be unequal. The solute will then distribute
across the membrane, displacing solvent (here, water) as
needed, until both concentrations are equal (Hopwood,
1969; Fox et al. 1985; Kiernan, 2000). The concentration of
the preservative solution and the living tissue composition
(especially its water content) therefore both play an impor-
tant role in determining the magnitude of morphological
changes.

The relationship between preservative solution concen-
tration and shrinkage is well documented. The fixatives for-
malin and glutaraldehyde have been demonstrated to
produce greater degrees of shrinkage with increasing con-
centrations (Parker, 1963; Hay, 1982; Tucker & Chester,
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1984; Meyer & Melzer, 2004; Moku et al. 2004; Buchheister
& Wilson, 2005). Increasing concentrations of ethanol have
likewise been shown to produce correspondingly greater
tissue shrinkage when used for storage (Fisher et al. 1998;
Moku et al. 2004; Santos et al. 2009). This phenomenon is
not limited to preservatives: the concentration of histologi-
cal stains has also been reported to correlate positively with
tissue shrinkage (Vickerton et al. 2013; Hedrick et al. 2018).

In all cases, the changes to tissue morphology result from
water exiting the tissue during infiltration, thus it follows
that the initial composition of the tissue also plays a role in
determining the magnitude of change. Specifically, tissues
with a high initial water content, such as muscle (65-70%
per unit volume, Schmidt, 1989), experience a greater
exchange of fluids during preservation than those with low
initial water content, such as adipose (10% per unit volume;
Schmidt, 1989) or bone (22% per unit volume, Schmidt,
1989) (Fox et al. 1985; Kiernan, 2000). This, too, is well illus-
trated through comparisons of preserved specimens of dif-
ferent seasonal body compositions (Butler, 1992; Takizawa
et al. 1994), as well as documentation of differential
changes in gross shape and proportion within individual
specimens comprising multiple tissue types (Vervust et al.
2009; Weisbecker, 2012; Berbel-Filho et al. 2013; Gaston
et al.,, 2013). This unequal warping affects soft tissues more
drastically than hard tissues, which comprise lower percent-
ages of water and receive additional support from rigid min-
erals in their matrices (Schmidt, 1989; Butler, 1992; Takizawa
et al. 1994; Margo & Lee, 1995; Vervust et al. 2009; Korwin-
Kossakowski, 2014; Kansu et al. 2017; Hedrick et al. 2018).
These disparities also highlight the potential for inconsistent
artifact formation when full and partial specimens are pre-
served, as well as the potential for allometric size effects in
the formation of preservation artifacts (Fox et al. 1985; Fey,
1999, 2012; Edwards et al. 2009; Vickerton et al. 2013; Kor-
win-Kossakowski, 2014; Jeyakumar et al. 2015).

Because many factors may potentially influence the
post-preservation morphology of specimens, many authors
caution — and rightly so — that investigation of preserva-
tion artifacts is integral to a rigorous and reproducible
study (Parker, 1963; Lasenby et al. 1994; Takizawa et al.
1994; Fox, 1996; Fey, 1999, 2001, 2012; Moku et al. 2004;
Buchheister & Wilson, 2005; Fey & Hare, 2005; Santos et al.
2009; Vervust et al. 2009; Beamish et al. 2011; Lee et al.
2012; Berbel-Filho et al. 2013; Gaston et al. 2013). More-
over, species classified by traits or measurements that
experience preservation changes may be erroneously
placed when these changes are poorly understood (Wor-
saae, 2001; Oliveira et al. 2010). At present, the prepon-
derance of studies in the literature on preservation
artifacts focus on small fishes, reptiles, and soft-bodied
marine life. Studies of mammal preservation are sparse
but suggest similar results: isolated soft tissues are prone
to extreme shrinkage (Margo & Lee, 1995; Weisbecker,
2012; Vickerton etal. 2013; Jeyakumar etal. 2015;
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Hedrick, 2018) , but composite tissues experience small,
predictable changes in dimensions that may be mitigated
through extension of joints during preservation (Bininda-
Emonds & Russell, 1993, 1994; Kansu et al. 2017). With so
few mammalian studies, it remains difficult for morpholo-
gists to use fluid-preserved specimens with confidence.
This study is carried out as part of a broader investigation
of variation in mammalian volar fat pad morphology
wherein utilization of preserved specimens provides a sig-
nificant benefit in terms of cost and access to samples.
Use of these specimens, however, is complicated by lack
of studies targeting similar tissues for study; it remains
unclear how chemical infiltration may affect the relatively
anhydrous fat pads (10% water per unit volume; Schmidt,
1989) or what potential interactions or limitations the clo-
sely associated metapodial bones (22% water per unit vol-
ume; Schmidt, 1989) might impose on tissue warping. This
study presents an opportunity both to address how speci-
fic variables of interest are affected by a common fluid
preservation technique and to document the behavior of
previously unexamined tissues. To this end, the dimensions
of a sample of laboratory rat (Rattus norvegicus) cheiridia
are tracked from perimortem through fixation in formalin
and 1 year of preservation in 70% ethanol.

Methods

Sample

The volar pads are composed of adipose tissue surrounded by a
fibrous sheath of collagen and elastin. In general, mammals possess
six volar pads on the palms of the hands and soles of the feet —
though these may fuse in different configurations — which are sepa-
rated by prominent flexion creases. Additional volar pads are found
on the ventral surfaces of the free digits; however, these are not
discussed here. Here, the term ‘volar pad’ is used exclusively to refer
to one of the six pads overlying the metapodial and carpal/tarsal
bones. The thenar pad sits proximal to the hallux or pollex, the
hypothenar pad sits proximal to the fifth digit, and the four inter-
digital pads sit between the digits near the bases of the proximal
phalanges. Positions of these pads are illustrated in Fig. 1.

This study examined longitudinal changes in manual and pedal
volar morphology pre- and post-preservation in 10 laboratory rats
(Rattus norvegicus). Laboratory rats were selected as a model mam-
mal due to their ubiquitous presence in university animal resource
laboratories and regular scheduled culling. The rats were previously
housed in Stony Brook University’s Division of Laboratory Animal
Resources (DLAR), which operates under Assurance #A3011-01,
approved by the NIH Office of Laboratory Animal Welfare (OLAW),
and were received by the author after a routine colony cull. Five
adult male and five adult female rats were obtained, and the right
hand and foot of each were removed for study.

Molding procedure

To facilitate study across multiple locations, high resolution molds
were created of volar surfaces by applying Coltene President light
body dental molding compound (low-viscosity polyvinylsiloxane) to
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the entire surface and allowing it to harden. Once solidified, the
molds peeled away easily from volar surfaces and left no residue
behind. This molding process followed Boyer’s (2008) protocol for
obtaining high-resolution molds of primate teeth.

Two sets of molds were produced for each sampled individual.
The first set was created from unpreserved right manual and pedal
surfaces within the first hour postmortem. One hand and foot from
each individual were removed and fixed in 10% buffered formalin
for 24 h, then stored with the joints extended in 70% ethanol for
1 year (365 days). The second set of molds were created from the
preserved cheiridia after 1 year.

Digitization and reconstruction

Molds were digitized following Boyer (2008). Digital scans were
conducted via microcomputed tomography (uCT). All scans were
conducted using the VivaCT75 pCT scanner located in the main
DLAR facility in Stony Brook University’s Health Sciences Center.
Specimens were scanned at a resolution of 30 um (integration time
of 100 ms, 70 kVp, 114 pA) and exported as dicom images. Image
files were stacked and converted to three-dimensional digital
objects in Amira (Thermo Scientific) and imported into Geomaaic Stu-
pio (Raindrop). Digital measurements were taken in Geomaaic Stubio
for the thenar, hypothenar, and each of the four interdigital pads.
Definitions of measurements are as follows (see also Fig. 1): Pad
length: the longest dimension of the pad in a plane radiating from
the wrist joint toward the associated digits. Pad width: the longest
dimension of the pad in a plane perpendicular to the length. Pad
surface area: the entire area of the skin covering the pad, including
all surface features. Measurements were collected to the nearest
0.01 mm as bounded by the scanning resolution
(30 um = 0.003 mm).

Accuracy and precision of methodology

Each step of processing before analysis presented an opportunity to
introduce error to the measured dimensions of the examined

Fig. 1 lllustration of volar anatomy and
dimensions. (a) Location of the six volar pads
on the pes of Rattus norvegicus. Pad
abbreviations: Th, Thenar; Hth, Hypothenar;
ID1, first interdigital; D2, second interdigital;
ID3, third interdigital; ID4, fourth interdigital.
(b) An approximation of measured
dimensions. Length (L) is defined as the
greatest proximo-distal distance; width (W) is
defined as the greatest mediolateral distance
perpendicular to the length of the pad
(represented by the gray dashed line). Pad
surface area (sa) is defined as the total area
of the volar pad including all surface features.

samples. In this study, samples were extensively processed — molded,
scanned, and digitally reconstructed — and measured digitally via
manually selected landmarks. Additionally, the molding and scan-
ning procedure employed here has previously only been validated
for reconstruction of hard tissues (Boyer, 2008; Blatch et al. 2011;
Ledogar et al. 2013; St. Clair & Boyer, 2016). The accuracy and preci-
sion of data collected here were therefore examined in two ways.
First, to ensure the dental molding compound produced molds that
accurately represented the physical specimens, the measurements
collected directly from scans of the physical specimens were
included in a repeated measures analysis of covariance (ancova) with
matched measurements collected from both the molds created at
the time of death and the molds collected after fixation and preser-
vation. This analysis is described in greater detail in the following
section. Secondly, the precision of the manually selected landmarks
was assessed by calculating the mean (x) and relative standard devi-
ations (sre) = (s/X)*100%) of repeated measurements. The repeated
measurements (length, width, surface area) were carried out by a
single observer on five independent occasions from reconstructed
scans of the unpreserved rat cheiridia. Statistical computations were
performed in sess software. Power analyses were performed in
G*Power 3.1.9.2 Faul et al., 2007.

Longitudinal analysis

The longitudinal analysis aimed to identify changes in volar pad
dimension after fluid fixation and storage. A repeated measures an-
cova was utilized to compare the dimensions of measurements col-
lected directly from scans of the physical specimens with matched
measurements collected from both the molds created at the time of
death and the molds collected after fixation and preservation. Sex
of the specimens was included in the analysis as a fixed factor. The
geometric mean of manual and pedal volar pad surface areas was
calculated as a proxy for relative specimen size and included in the
analysis as a covariate. This measure was employed as a proxy for
specimen size in place of body mass, as the hands and feet were
removed from the body to facilitate fixation and storage. All mea-
surements were transformed by the natural logarithm to increase
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distribution normality, and alpha was set at 0.05. Mauchly’s W test
was used examine data sphericity; when sphericity was violated,
Greenhouse-Geisser's correction was performed in computing the F
statistic. Further contrasts were not indicated by the results. Statisti-
cal computations were performed in sess software.

Results

Accuracy and precision of methodology

The high-definition volar molds produce measurements
that are statistically indistinguishable from those collected
from the physical specimens. Descriptive statistics and
results of the repeated measures ancova are provided in
Table 1; means and quartiles for these groups are illustrated
in Fig. 2. This result indicates that high-definition molds
represent the original surfaces accurately and are appropri-
ate for use in data collection involving soft tissues.

Manual selection of digital landmarks also allowed for
precise measurements, with all relative standard deviations
for all measurements falling between a minimum of 0.65%
and maximum of 3.83% of the dimension mean, with an
average of 1.70% for measurements of length, 1.73% for
width, and 2.13% for surface area. The relative standard
deviations for each precision measurement are also pro-
vided in Table 1.

Longitudinal analysis

No significant differences between measurements collected
from the physical volar pad specimens, the molds created at
the time of death or the molds created after fixation and 1-
year storage in ethanol were indicated by the repeated
measures AncovAa. No significant interaction effects of sex or
body size were found. F statistics and probabilities are pro-
vided in Table 1 and means and quartiles are illustrated in
Fig. 2 for each dimension.

Discussion

Effects of preservation

This study did not indicate significant differences in the
measured dimensions of rat volar pads before and after fix-
ation in 10% buffered formalin and long-term preservation
in 70% ethanol. In light of the wealth of previous studies
detailing preservation artifacts under similar conditions,
these findings may seem at first to be an aberration. How-
ever, although this study may be somewhat unique in its
null findings for all examined measurements, it is not the
first study to report negligible changes to individual mea-
surements (Billy, 1982; Leslie & Moore, 1986; Jawad, 2003;
Vervust et al. 2009). Further, it is important to note that the
preserved rat hands and feet do indeed change in appear-
ance. Specifically, the positions of the fingers and toes are
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changed; the digits have flexed as muscle tissue has shrunk,
and the volar surface has been pulled into a concave pos-
ture. The volar pads, however, remain relatively unaffected
by this positional shift. The morphometric resilience of the
pads here may be explained their tissue composition, ana-
tomic location and, potentially, the size of the specimen
they come from.

There is a stark contrast in the existing literature detailing
the shrinkage of isolated soft tissues and that of composite
tissue supported by bone or cartilage. Invariably, the most
extreme shrinkage is reported for isolated soft tissues, with
up to 43% loss of volume reported for eyes (Margo & Lee,
1995; Hedrick et al. 2018), 38% of volume for brains
(Hedrick et al. 2018), and 35% for linear measurements for
skin samples (Jeyakumar et al. 2015). Findings are more var-
ied for studies where full or composite specimens are exam-
ined, but morphometric studies of fish larvae and
associated preservation artifacts prove particularly instruc-
tive. Several authors have reported a negative correlation
between larval shrinkage and ossification of the skeleton;
very young larvae without fully ossified skeletons shrink sig-
nificantly more than their older, ossified counterparts (But-
ler, 1992; Takizawa et al. 1994; Gomez et al. 2014; Korwin-
Kossakowski, 2014). This has been attributed both to
absence of a mineralized skeleton or shell (Butler, 1992;
Edwards et al. 2009) and to the differing chemical — espe-
cially water — content of the larvae (Leslie & Moore, 1986;
GOmez et al. 2014). These explanations are not necessarily
mutually exclusive — bone contains a relatively small amount
of water at 20% per unit volume (Schmidt, 1989), and
recent work reveals that it is not immune to artifacts
brought on by preservation and staining (Buytaert et al.
2014). Whichever the primary driver, a pattern emerges of
relatively rigid and/or anhydrous tissues experiencing a les-
ser degree of morphometric change due to infiltration and
preservation. These same tissues also appear to support sur-
rounding tissues such that they also experience a lesser
degree of change. In their study of iguanas, Vervust et al.
(2009) note specifically that the bony hands and feet were
the only structures that did not shrink significantly, and that
structures of the head directly supported by the skeleton
were far less affected by preservation than those supported
by soft tissue or cartilage. Cartilage as a structural tissue
itself provides an interesting insight here as well: 77% of
nasal cartilage is composed of water (Homicz et al. 2003),
yet Kansu et al. (2017) report that leaving it attached to
excised and preserved nasal mucosa (90% water, Schmidt,
1989) significantly reduces shrinkage of the mucosa. This
was not the case when muscle (65-70% water per unit vol-
ume, Schmidt, 1989) was left attached to excised skin (65%
water, Schmidt, 1989); no reduction in shrinkage for either
tissue was noted (Jeyakumar et al. 2015). Taken together,
these pieces of evidence indicate that the most rigid and/or
anhydrous tissue is a limiting factor to the amount of
shrinkage experienced by composite tissues.
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Table 1 Results of statistical analyses.

Repeated measures ANOVA

Preservation

Size interaction

Sex interaction

Extremity Pad Dimension SDRel F P F P F P
Manual Th Length 0.65% 1.1 0.36 1.24 0.32 0.35 0.71
Width 1.56% 3.85 0.06 3.85 0.06 0.41 0.67
Surface area 2.82% 0.54 0.60 0.43 0.66 0.78 0.47
ID2 Length 1.24% 0.41 0.68 0.36 0.70 1.64 0.23
Width 1.15% 0.25 0.78 0.17 0.85 0.20 0.82
Surface area* 0.99% 0.07 0.82 0.09 0.79 0.02 0.90
ID3 Length* 1.23% 1.31 0.29 1.45 0.69 0.23 0.67
Width 1.34% 2.45 0.12 3.26 0.07 0.40 0.68
Surface area 1.20% 2.95 0.09 3.15 0.08 2.48 0.12
ID4 Length 0.96% 0.90 0.43 0.89 0.43 2.75 0.10
Width 1.64% 1.07 0.37 0.98 0.40 1.12 0.35
Surface area 1.71% 1.75 0.21 1.78 0.20 0.18 0.84
Hth Length 1.12% 0.62 0.65 0.74 0.49 2.98 0.09
Width 1.18% 0.30 0.74 0.48 0.63 2.50 0.12
Surface area 0.85% 0.04 0.96 0.05 0.95 0.40 0.68
Pedal Th Length 2.75% 0.13 0.88 0.20 0.82 0.07 0.93
Width 3.83% 0.96 0.41 0.99 0.39 0.11 0.90
Surface area 1.87% 0.68 0.52 0.55 0.59 0.01 0.99
ID1 Length 1.28% 0.06 0.94 0.18 0.84 1.36 0.29
Width 1.92% 0.02 0.98 0.05 0.96 0.88 0.44
Surface area* 1.98% 0.56 0.51 0.49 0.54 0.02 0.92
ID2 Length 2.15% 0.23 0.79 0.15 0.86 0.79 0.47
Width 2.84% 0.48 0.63 0.32 0.73 0.57 0.58
Surface area 1.90% 1.62 0.21 1.76 0.21 0.59 0.57
ID3 Length 2.53% 0.49 0.62 0.45 0.64 0.45 0.65
Width 2.96% 0.14 0.87 0.14 0.87 0.35 0.71
Surface area 1.42% 0.17 0.85 0.09 0.91 0.44 0.65
ID4 Length 3.08% 1.18 0.34 0.93 0.42 2.64 0.11
Width 2.94% 0.41 0.67 0.46 0.64 1.17 0.34
Surface Area* 2.65% 0.73 0.44 0.62 0.48 0.09 0.82
Hth Length 1.75% 1.15 0.35 1.13 0.35 0.79 0.47
Width 2.10% 0.00 0.99 0.00 0.99 1.31 0.30
Surface area 1.60% 0.81 0.47 0.72 0.51 2.35 0.13

The relative standard deviations of repeated measurements of digital models are provided in the column headed SDg.. Results of
repeated measures anova comparing dimensions collected from (1) the physical volar surfaces, (2) molds created at the time of death
and (3) molds created after fixation and 1-year storage in ethanol are presented in the columns on the right.

*Greenhouse-Geiser correction for non-spherical data employed.

Like the iguana hands and feet described by Vervust et al.
(2009), the hands and feet of the rats examined here are
supported by, and their volume dominated by, metapodial
bones and phalanges. These provide a rigid base for the sur-
rounding tissues that remains relatively stable during fixa-
tion and storage, and likely contributes to the negligible
changes recorded for the volar pads. The composition of
the fat pads themselves also likely contributes to their sta-
bility. It remained unclear at the outset exactly how the
fatty tissue would behave — its anhydrous constitution (10%
per unit volume, Schmidt, 1989) suggested that the effects
of infiltration might be minimal, but previous studies

indicated that fixation might be incomplete (Kiernan, 2000)
or that volume might be lost through partial dissolution in
ethanol (Gagliano et al. 2006; Suvarna et al. 2013). The for-
mer appears to be the case, as neither the individual dimen-
sions nor the surface areas of the pads show any significant
changes to their size throughout fixation and storage.

The confined anatomic position of the volar fat pads on
the ventral surfaces of the metapodial bones appears to
protect them further from morphometric change during
preservation. Movement at the intermetapodial joints in
the palm and sole is limited; flexion and extension occur
proximal to the pads at the wrist or talar joint and distal to
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the pads at the metapodiophalangeal joints. The volar pads
do not cross the wrist or talar joints, thus movements at
these joints does not affect their shape. The interdigital
pads, positioned ventral to the metapodial heads, may
potentially be constricted by digital flexion; however, the
dearth of differences found here indicates that extending
the metapodiophalangeal joints during preservation and
creation of molds adequately rectifies this problem.
Additionally, the limited movements of the volar surface
occur at flexion creases, which run between the volar pads
rather than crossing them, and the discrete nature of each
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pad allows for a small range of movement without a corre-
sponding change in shape (for example, from colliding with
a neighbor). In contrast, many of the cases previously stud-
ied involved measurements taken across multiple joints,
where muscles could shrink and alter the shape and size of
the specimens in numerous ways (Bininda-Emonds & Rus-
sell, 1993, 1994; Fey, 1999; Neave et al. 2006; Edwards et al.
2009; Vervust et al. 2009; Gaston et al. 2013). Here, the rela-
tive regional isolation of each pad likely spares them these
changes; it is additionally likely that measurements of the
volar surface as a whole (for example, the median length of
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the surface from the carpometacarpal joint to the 3rd
metacarpophalageal joint) would indeed exhibit differences
before and after preservation. It is also important to appre-
ciate that only gross linear and area measurements have
been examined here —a more finely tuned analysis of
shape may reveal other differences.

Finally, it is possible that the pads do shrink or expand
during preservation, but that the error introduced during
the collection procedure here is large enough to mask
them. Previous work by Munoz-Munoz & Perpinan (2010)
demonstrates that as body size in subjects increases,
observed variation among individuals increases as well,
which reduces the proportion of the group variance
accounted for by measurement error. This study sought to
control for this by utilizing repeated measures ancova in its
analysis; however, if preservation artifacts are quite small,
their effects may still be masked by the scale used to mea-
sure them. Measurements here were constrained by scan-
ning resolution to the nearest 0.01 mm, a fraction that
represents 0.67% of the shortest linear measurement (pedal
hypothenar width: 1.46 mm), 0.1% of the largest linear
measurement (pedal thenar length: 6.14 mm), and 0.40%
of the average linear measurement (2.45 mm). Although
greater scanning resolution may reveal statistically signifi-
cant changes to the volar dimensions, it is important to rec-
ognize that this potential effect size represents less than or
equal to a 1% change in dimensional measurements. For
rat volar pads, this effect would be so miniscule that it
could not be detected without advanced technology.

Similarly, it is possible that any effect size associated with
preservation changes is small (i.e. Cohen’s d < 0.2) and the
statistical analysis is not powerful enough to detect it. This
study measured 10 specimens within two sex groups across
three preservation stages (real, time of death mold, year of
preservation mold). The collected measurements are signifi-
cantly correlated across groups; the average correlation
(Pearson’s r) between measurements of the physical speci-
mens and time of death molds is 0.94 (SD = 0.10): r = 0.96
(SD = 0.04) for measurements of the time of death molds
and molds created after a year of preservation, and r = 0.93
(SD = 0.13) for measurements of the physical specimens and
the molds collected after 1 year. Following Cohen (1988),
the power for a 10-specimen, two-group, three repeated
measures study, in which the correlation between measures
is equal to r=0.9, is 0.99 in detecting a large effect size
(d = 0.8; effect explains 15% or more of the variance
between groups) when alpha is 0.05. For a small size effect
(d =0.2; effect explains 1% of the variance between
groups) the power is 0.81. The smallest effect size detect-
able within this analysis at a power greater than 0.5 is
d = 0.15, which accounts for less than 1% of the variance
between groups.

A compounding effect of specimen size has been variably
implicated in previous reports of preservation artifacts. Sev-
eral studies of fish larvae have shown that larger individuals

shrank significantly less than their small counterparts (Leslie
& Moore, 1986; Fey, 1999, 2012; Edwards et al. 2009; Kor-
win-Kossakowski, 2014). Kansu et al. (2017) found a similar
size effect for preserved 10- and 20-mm diameter nasal
mucosa and cartilage samples. Others specifically report no
that discrepancies between differently sized specimens exist
and suggest the phenomenon may be taxon-specific or the
result of incomplete fixation (Lee et al. 2012). This study
found no significant interaction of body size with preserva-
tion changes; however, the portions of the fore- and hind-
limbs collected for preservation here measured between 2
and 5 cm, which makes them larger than many of the larval
fishes previously studied (Leslie & Moore, 1986; Fey, 1999,
2012; Edwards et al. 2009; Korwin-Kossakowski, 2014) It is
possible this larger size protects them from extreme
changes during preservation.

Implications for future studies

This study employs a combination of low-viscosity polyvinyl-
siloxane dental molding gel and pCT scanning to create
high-resolution digital surface maps for data collection. This
non-invasive, non-destructive combination of techniques
has been previously described (Boyer, 2008) and employed
in morphometric studies of hard tissues (Blatch et al. 2011;
Ledogar et al. 2013; St. Clair & Boyer, 2016). Here, this com-
bination of techniques is validated for use on preserved soft
tissues as well. No changes to the soft tissue dimensions
caused by the weight of the molding gel or its chemical
properties were evident, and no residue was left behind on
the museum specimens. This method may prove useful for
use of museum collections or at field sites, where it is not
possible to directly scan individual specimens.

Although this study indicates that the gross dimensions
of rat volar pad morphology may be accurately studied
from alcohol-preserved museum specimens without need of
correction, it also highlights the necessity of preservation
studies to investigate the interactions of tissue types and
preservatives. The volar pads examined in this study differ
from previously examined tissues in four important ways:
they are supported by a bony foundation, they are limited
in composition (adipose), comprise a low percentage of
water, and are limited to an isolated region of the body
that experiences little movement. These factors likely
interact to produce few or relatively small changes during
the preservation process. Further study of tissue behavior
will elucidate the relative contributions of different
characteristics.

Conclusions

Impressions of volar surfaces created using high perfor-
mance dental molding gel provide a good proxy for pCT
scanning and digital measurement when the actual speci-
mens are unavailable for direct use. Digital measurements
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taken from these molds are accurate when compared with
corresponding measurements taken from the same subject,
with a relative standard deviation that falls below 4% for
all measurements, and below 2% for the majority.

Alcohol-preserved museum specimens provide a rich
source of research material, but investigators must be mind-
ful of the ways preservation may alter the specimens. In this
case, the volar fat pads of rats were not found to differ sig-
nificantly before and after alcohol preservation. Their adi-
pose composition and location on stable portions of the
volar surfaces likely protect them from significant shrinkage
or warping during preservation, and thus leave their pre-
served form appropriate for morphologic study. Despite
this, caution should always be exercised when utilizing alco-
hol-preserved specimens and the effects of preservation on
specific traits investigated beforehand.
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