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Abstract

Accurate transmission of the genetic information requires complete duplication of the 

chromosomal DNA each cell division cycle. However, the idea that replication forks would form at 

origins of DNA replication and proceed without impairment to copy the chromosomes has proven 

naive. It is now clear that replication forks stall frequently as a result of encounters between the 

replication machinery and template damage, slow-moving or paused transcription complexes, 

unrelieved positive superhelical tension, covalent protein-DNA complexes, and as a result of 

cellular stress responses. These stalled forks are a major source of genome instability. The cell has 

developed many strategies for ensuring that these obstructions to DNA replication do not result in 

loss of genetic information, including: DNA damage tolerance mechanisms such as lesion 

skipping, where the replisome jumps the lesion and continues downstream, template switching 

both behind template damage and at the stalled fork, and the error-prone pathway of trans-lesion 

synthesis.
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1. INTRODUCTION

The enzymatic pathways that act to maintain continued replication in the face of replication 

conflicts, that preserve the integrity of the stalled fork and of the replication machinery, that 

remodel and repair the stalled forks, and that restart replication when it is arrested are crucial 

to survival of the organism. In humans, defects in the genes encoding some proteins involved 

in the repair of damaged replication forks cause chromosome instability syndromes and 

confer increased risk of various cancers (1–3). The importance of understanding the how and 

why of fork stalling, lesion bypass, and the consequences of failed replication restart is 

illustrated by the overwhelming number of excellent reviews that have appeared in the last 

few years [for a sampling see (4–11)]. Many of these reviews are comprehensive and highly 

detailed in their analyses of different aspects of the topic. This review will focus more on the 
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mechanisms underlying events at stalled forks and discuss the impact of some recent data on 

our understanding of these events.

2. REPLISOMES

The antiparallel nature of the two strands of DNA in the double helix and the direction of 

polymerization of all DNA polymerases dictates a difference in the nature of synthesis of the 

two nascent strands. The nascent leading strand can be synthesized continuously in the 5′ 
→ 3′ direction (although see Sections 3.1 and 3.2 below), whereas the nascent lagging 

strand is synthesized in short, discontinuous fragments (Okazaki fragments) that are 

subsequently joined together after the replication fork has proceeded down the template 

(12).

The assembly of proteins that is responsible for DNA replication is often called the 

replisome, implying physical association of the individual components to form a multi-

protein complex. It is important to distinguish between the replisome and a replication fork, 

the latter being the point on the template DNA at which the duplex DNA is being unwound 

and nascent strand synthesis is occurring. The terms are, unfortunately, often used 

interchangeably, with “replication fork” used to describe the action of a replisome at a 

replication fork. But when replication fork progression—the consequence of replisome 

action at a replication fork—is stalled by template damage, what happens to the replisome 

and the replication fork are often quite different.

Four key activities are required to sustain replication fork progression. These are: (i) the 

leading- and lagging-strand polymerases that synthesize the nascent DNA, (ii) a DNA 

helicase to unwind the parental duplex strands prior to copying by the DNA polymerases, 

(iii) a primase to synthesize short oligoribonucleotide primers for the initiation of synthesis 

on the lagging-strand template (as well as occasionally on the leading-strand template), and 

(iv) a single-stranded DNA-binding protein to protect exposed single-stranded (ss) DNA 

from degradation, eliminate secondary structure in the template, and serve as a platform for 

binding of other proteins involved in replication and repair. Eukaryotic cells require 

additional activities to displace nucleosomes ahead of the advancing fork and re-establish 

them behind it.

The prokaryotic replisome is relatively simple compared to the eukaryotic one. The leading- 

and lagging-strand polymerases are identical and provided by the multi-subunit DNA 

Polymerase III Holoenzyme (DNA Pol III HE) (13). The Pol III HE also includes the DnaX 

complex that holds the polymerase subunits together via interactions between the τ subunit 

of the DnaX complex and the catalytic polymerase α subunits. This complex also serves as 

the loader of the DNA polymerase topological processivity clamp β. The DNA helicase is 

the hexameric DnaB that travels 5′ → 3′ on the lagging-strand template while it unwinds 

the DNA. The primase is DnaG, which transiently associates with DnaB to synthesize 

primers. DnaB also interacts with τ, cementing the association between the three principal 

catalytic activities of the replisome. And the single-stranded DNA-binding protein is SSB, 

which also interacts with subunits of the DnaX complex and DnaG.
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The bacterial replisome is loaded at the single bacterial origin, oriC, in a sequence-specific 

manner that involves the interaction of the initiator protein DnaA with DnaC, a chaperone 

for DnaB, as well as with DnaB itself (14). The presence of only one origin on most 

bacterial genomes renders fork progression-blocking events lethal in the absence of origin-

independent replication reactivation functions.

Recent seminal studies reporting the reconstitution of yeast DNA replication with purified 

proteins have given us a clear view of the components of the minimal eukaryotic replisome 

and associated activities required to sustain replication fork progression (15–19). Three 

DNA polymerases act at the eukaryotic replication fork. Pol α/primase initiates synthesis of 

both the nascent leading and lagging strands. Pol δ synthesizes the nascent lagging strand 

[and can synthesize the nascent leading strand under certain conditions (17, 19)], whereas 

Pol ε synthesizes the nascent leading strand [although Pol δ acts to extend the Pol α/primase 

primers somewhat before Pol ε engages (17)], suggesting frequent trafficking of DNA 

polymerases at the 3′-end of the nascent leading strand. The processivity polymerase clamp 

is PCNA, which has differential effects on the three DNA polymerases: Little stimulation of 

Pol α, strong stimulation of Pol δ, and moderate stimulation of Pol ε, which, even in the 

absence of PCNA, is fairly processive (20). Nevertheless, maximally efficient DNA 

replication in vitro requires the action of PCNA on the nascent leading strand (17, 19). The 

five-subunit RFC complex (Rfc1–5) is responsible for loading PCNA onto DNA.

The core and motor of the eukaryotic DNA helicase is the hexameric Mcm2–7 complex. A 

double hexamer of Mcm proteins is loaded in inactive form to the DNA by ORC, Cdc6, and 

Cdt1 during G1 phase. Activation of the helicase activity during S phase requires the protein 

kinase activities of DDK and CDK and the action of Sld2, Sld3, Sld7, Dpb11 (none of which 

are thought to be associated with the activated helicase), Cdc45, GINS, Mcm10, RPA—the 

eukaryotic SSB—and Pol ε. The complete, activated DNA helicase is called the CMG 

complex and comprises, in addition to the Mcm proteins, the GINS complex and Cdc45. 

Unlike DnaB, the CMG complex travels 3′ → 5′ on the leading-strand template. 

Interestingly, recent cryo-EM data (21) demonstrated that CMG travels with its C-terminal 

DNA helicase domain forward and the N-terminal domain behind, the opposite of DnaB, 

indicating that upon activation, the two Mcm hexamers have to pass each other, as has been 

proposed for replisome establishment at oriC (22).

Maximal rates of replication in vitro, equivalent to those found in vivo, required several 

components of the replication fork protection complex (23): Ctf4, Mrc1—which may 

stimulate CMG-catalyzed unwinding directly—and the Csm3/Tof1 complex, which is 

thought to stabilize the association of Mrc1 with the replisome components Mcm and Pol ε 
(17). Replication fork progression through nucleosome-coated templates further required the 

histone chaperone, FACT and its associated protein Nhp6, the lysine acetyl transferases 

Gcn5 and Esa1, as well as either the INO80 or ISW1A nucleosome remodeling complexes 

(18, 19).

Note that loading to the DNA template of the replisomes described above occurs in an 

origin-dependent manner, requiring regulated processes and specific DNA-binding proteins. 

Such processes are not available to reactivate replication fork progression that has been 
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stalled because of collision with an obstruction. Various strategies that have evolved for cells 

to overcome this problem are discussed below.

3. STALLING OF REPLICATION FORK PROGRESSION, REMODELING OF 

STALLED FORKS, AND REPLICATION REACTIVATION

The encounter of replisomes with damage in the leading- and lagging-strand templates have 

different consequences. As long as unwinding by the helicase is not impaired, damage in the 

lagging-strand template will not hamper replication fork progression in any significant way. 

This is because replication on that strand is already geared to constantly initiate new 

Okazaki fragments. Thus, a lagging-strand polymerase that does become stalled at a 

template lesion will be able to cycle forward rather soon to the next primer synthesized. 

Alternatively, the lagging-strand polymerase may remain stalled at the lesion, dissociate 

from the replisome, and be replaced by another polymerase from the soluble store as the 

replisome continues to move forward. In support of the view that template damage is not a 

challenge to lagging-strand replication, replication fork progression with the E. coli proteins 

in vitro is unimpeded by an abasic site in the lagging-strand template (24). Therefore the net 

effect of lagging-strand template damage is that gaps are left behind in the nascent lagging 

strand that have template damage directly opposite the 3′-end of the gap (similar to the case 

in Fig. 1e, although the gap shown there is in the nascent leading strand).

Damage in the leading-strand template is more problematic and it is there we will focus to 

describe the many pathways reported to act to prevent genome instability at a stalled fork 

(Fig. 1). When a replisome first stalls at leading-strand template damage, the situation drawn 

in Fig. 1a obtains. At this juncture the nascent lagging strand has not yet caught up with the 

stalled leading strand. Subsequently, it is typically posited that “uncoupling” of leading- and 

lagging-strand synthesis occurs, that is, leading-strand synthesis is halted and lagging-strand 

synthesis and template unwinding continues (Fig. 1b) (25–27). This event generates ssDNA 

as the leading-strand template is exposed that becomes coated with either SSB or RPA. In 

bacteria, the SSB-coated ssDNA is the trigger that induces the SOS response (28); whereas 

in yeast (29, 30) and mammalian cells (31, 32), the RPA-coated ssDNA induces the S-phase 

checkpoint.

3.1 Uncoupling of Leading- and Lagging-strand Synthesis

Studies using the E. coli replication proteins and a template carrying a single 

cyclopyrimidine dimer (CPD) in the leading-strand template supported the concept of 

polymerase uncoupling (33). It was observed that when the leading-strand polymerase 

stalled at the lesion, DnaB continued unwinding the template at a reduced rate (35–50 nt/s) 

as lagging-strand synthesis continued, a classic description of polymerase uncoupling. 

However, we now appreciate that this behavior is simply a manifestation of the intrinsic lack 

of coordination of synthesis by the two polymerases Real-time single-molecule studies of 

rolling-circle DNA replication with E. coli proteins (34) has given us some unexpected 

findings. Many models of DNA replication posit that synthesis of the leading- and lagging-

strands are coordinated so that large ss gaps do not appear in the nascent DNA. Because 

there are several additional time-requiring steps during the synthesis of an Okazaki fragment 
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compared to leading-strand synthesis (recognition of a priming signal by the primase, primer 

synthesis, termination of synthesis of the penultimate Okazaki fragment, formation of a new 

DNA polymerase-processivity clamp complex on the new primer terminus, and 

commencement of lagging-strand synthesis) it has been proposed that the lagging-strand 

polymerase had to synthesize DNA at a faster rate than the leading-strand polymerase [see, 

for example, (35)] or that priming might transiently halt leading-strand synthesis (36).

Graham et al. (34), however, observed that overall replication fork progression was 

unaffected by whether lagging-strand synthesis was ongoing. Furthermore, the average rates 

of DNA synthesis by the leading- and lagging-strand polymerases were similar and the rate 

of polymerization by either polymerase could vary by a factor of ten. Remarkably, individual 

trajectories of active leading- and lagging-strand polymerases showed distinct pauses with 

the rate of polymerization switching stochastically after a pause. DNA unwinding continued 

during these pauses but did so at 20% of the average rate of fork progression. This reduced 

rate of unwinding while the DNA polymerase is paused prevents the accumulation of 

unreplicated gaps in the DNA. It is thus a fail-safe mechanism or “dead-man’s switch,” that 

prevents the DNA helicase from running away from the polymerases. The dead-man’s 

switch permits functional recoupling of the helicase and polymerase and resumption of fork 

progression at typical rates.

The sampling of wide distributions of rates and stochastic polymerase pausing obviates the 

need to impose differential rates for “coordinated” replication. This fluctuation in rates 

solves the coordination problem—there is no coordination. Constant pausing and switching 

of polymerization rates by the polymerases implies that at any given time the leading-strand 

polymerase could be synthesizing DNA faster or slower than the lagging-strand polymerase 

and vice-versa. Whereas transient gaps may thus form on any DNA template, they will be 

filled in over a short time range as the rates of synthesis vary. These observations imply that 

the replication process is more dynamic than previously thought, with physical contacts 

within the replisome likely to be continually broken and reformed. Seen in this light, so-

called “uncoupling” of the leading- and lagging-strand polymerases is simply the net effect 

of the dead-man’s switch in action and is not derived per se from the encounter of the 

leading-strand polymerase with template damage.

This stochastic model of DNA replication makes it more likely that a replisome can progress 

past template damage: If pauses and recovery are inherent to replisome action, then pausing 

at damage is part of normal replisome function. Indeed, such pausing may have been built in 

evolutionarily to accommodate template damage. Can we extend this model to the 

eukaryotic replisome? No similar single-molecule analyses with the eukaryotic replisome 

have been reported as yet, although the recent advances in reconstituting the replication 

system suggests that we will soon see such studies. However, there are some features of the 

eukaryotic replisome that could be seen as supportive of this model.

The eukaryotic replisome, as the prokaryotic one, is typically drawn as a tight complex of 

many different proteins [see, for example, (20)], and, indeed, the eukaryotic replisome 

possesses associated proteins tasked with maintaining the stability of the complex (23). 

Furthermore, cryoelectron microscopy and biochemical studies reveals a tightly associated 
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complex of CMG and pol ε (21, 37–39), but this picture doesn’t really speak to whether the 

polymerases can act independently. The Ctf4 trimer may be the functional equivalent of the 

τ subunit of the DNA Pol III HE, interacting with Pol α, GINS, and Pol ε (40, 41). 

Furthermore, the C-terminal, noncatalytic domain of the POL2 subunit of Pol ε interacts 

directly with the CMG, whereas the catalytic N-terminal domain is relatively unconstrained 

in space (21, 39). On the other hand, no interaction between Pol δ and CMG could be 

detected (42), thus this polymerase seems to find its way to the replisome by its affinity for 

PCNA, possibly accounting for its ability to synthesize both nascent leading and lagging 

strands in the reconstituted yeast system under certain conditions (16–19).

Pol α and Pol δ clearly have access to both template strands, whereas the cryo-EM 

structures suggest that Pol ε may be restricted to the leading-strand template. Schauer and 

O’Donnell (42) have suggested that any Pol δ-PCNA complex on the leading-strand 

template will catch up with the slow-moving CMG complex and be dissociated by collision 

release, whereas involvement of Pol ε on the lagging-strand template is inhibited by RFC. 

Thus, the distribution of any particular polymerase activity in the eukaryotic replisome could 

well be independent of the action of the others.

3.2 Lesion Skipping

Early observations in E. coli, yeast, and human cells suggested that after UV irradiation, the 

nascent DNA is discontinuous on both strands and gaps remain opposite the lesions formed 

(43–45). To account for this phenomenon, Rupp and Howard-Flanders (45) proposed that 

replication could be re-initiated downstream from lesions in both the leading- and lagging-

strand templates. Forty-three years later a mechanistic basis was provided to support this 

model (46). This study used the E. coli replication proteins and a template with a specifically 

placed CPD in the leading-strand template and demonstrated that whereas the damage did 

transiently stall the replisome, the replisome remained associated with the DNA template 

and leading-strand synthesis could resume when the stalled leading-strand polymerase 

cycled forward past the lesion to a new primer made downstream on the leading-strand 

template by DnaG. As described in the previous section, this template strand was made 

available by the continued unwinding of the parental duplex by the DnaB helicase. Thus, at 

least the E. coli replisome has the inherent capacity to replicate beyond leading-strand 

template damage by synthesizing the nascent leading-strand discontinuously. This DNA 

damage tolerance reaction has been termed ‘lesion skipping’ (follow Fig. 1a to 1b to 1e). In 

retrospect, such a mechanism is a direct prediction of the stochastic model of DNA 

replication (34) described above. The damage left behind in the gap can then be repaired 

either by homology-directed gap repair processes or the action of a trans-lesion synthesis 

(TLS) DNA polymerase followed by gap filling.

Does a similar reaction occur in eukaryotic cells? Lopes et al. (27), using two-dimensional 

gels and electron microscopy to examine newly replicated DNA after UV-irradiation in yeast 

cells, reported that replication slowed, but did not stop, and that small DNA gaps could be 

observed in the replicated duplexes. Similar gaps have been reported in S. pombe (47, 48). 

And, Elvers et al. (49) found, using DNA fiber analysis after UV-irradiation in human 
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fibroblasts, that replication fork progression was only slightly reduced and concluded that 

repriming downstream of the lesions was likely occurring.

The lesion skipping reaction requires both a repriming event downstream of the lesion and 

the continuance of unwinding of the template strands. Fumasoni et al. (50) demonstrated that 

in yeast primase mutants (pri1) challenged with the alkylating agent methyl 

methanesulfonate, template-switching—post-replicative, gap-repair pathways behind the 

replication fork (Fig. 1b to 1e to 1f, and see below)—were disfavored and fork remodeling 

pathways (Fig. 1b to 1g) became favored. They concluded that Polα/primase priming 

downstream of the lesions was therefore normally operative.

Repriming downstream of lesions in mammalian cells is accomplished by PrimPol, the 

second member of the Archaeo-Eukaryotic Primase family to be found in human cells (51). 

This interesting enzyme has DNA polymerase, TLS, and primase activities, the latter of 

which can synthesize a primer from only dNTPs (it also uses NTPs) (52–55). Even more 

interesting is that the primase activity of this enzyme is required for tolerance of UV-

irradiation in human (56) and chicken DT-40 (57) cells, as well as tolerance to DNA damage 

induced by treatment with methyl methanesulfonate and cisplatin in the latter cell type.

A plausible pathway for lesion skipping in yeast and mammalian cells could therefore be as 

follows for leading-strand template damage (Fig. 1b to 1e): Pol ε stalls at the template 

damage whereas the CMG continues to unwind the parental template duplex and Pol α/

primase and Pol δ continue to synthesize the nascent lagging-strand. Because its affinity for 

PCNA is quite low [4% that of Pol δ (42)], Pol ε probably can dissociate quite readily from 

PCNA, or, alternatively, actually be dissociated or displaced by either RFC or Pol δ (42). 

However, given that the C-terminal domain of Pol ε will still be bound to the CMG, the 

polymerase will move away from the lesion along with the progressing helicase complex. At 

this point, Pol α/primase in yeast or PrimPol in mammalian cells can prime downstream of 

the damage on the leading-strand template. Pol δ is known to be able to readily detect 3′-

ends and extend from them. For example, Pol δ is required for break-induced replication 

(BIR) (58), broken fork repair (59), and homologous recombination (HR)-dependent fork 

restart (see below) (60). Thus, Pol δ can extend from the new primer and catch up with the 

progressing CMG-Pol ε complex, dissociating by collision release when it collides with the 

slow-moving CMG complex (42). Such a role for Pol δ was recently proposed by Yeeles et 

al. (17). Of course, an unknown here is the role of the fork protection proteins Mrc1, and the 

Csm3/Tof1 complex [Claspin, Tipin, and Tim (Timeless) in metazoans, respectively]. The 

activity of these proteins seems situational: In yeast they mediate the S-phase checkpoint at 

stalled forks (61, 62), yet, as described above, they are also required for maximal rates of 

replication fork progression in the reconstituted system (17). How lesion skipping fits into 

this framework and how all these potential reactions at stalled forks are regulated remains to 

be determined.

3.3 Trans-lesion Synthesis

It has been accepted that replicative DNA polymerases, those that act in the replisome to 

synthesize DNA, are intolerant of DNA template lesions. X-ray crystal structures of TLS 

and cellular replicase polymerases have revealed a striking difference in configuration of the 
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active sites. Cellular replicases tend to be tightly apportioned, with no “room” in the active 

site to accommodate either non-standard base conformations or rotation of template bases 

out of line with the template duplex, whereas the active sites of TLS polymerases are far 

“roomier,” able to tolerate such non-standard deviations (63, 64).

Three E. coli DNA polymerases have TLS activity, Pol II, Pol IV [DinB (65)], and Pol V 

[UmuD′2UmuC (66, 67)]. There are many TLS polymerases in yeast and mammalian cells, 

the major ones being Pol η, Pol ζ (a tetramer of Rev3, Rev7, and the Pol31 and Pol 32 

subunits of Pol δ), Rev1, Pol ι, and Pol κ (a DinB homolog), the latter two being specific to 

mammalian cells. That these TLS DNA polymerases are required to bypass template 

damage to maintain genomic integrity is clear. In E. coli umuC and umuD mutants are very 

devoid of most UV-induced mutagenesis (68, 69) and in humans Pol η is encoded by the 

xeroderma pigmentosum variant (XP-V) locus. The different TLS polymerases have 

selective activities on different types of template damage and, at least in mammalian cells, 

appear to be divided into bypass polymerases and those that extend from the base inserted 

opposite the damage (70–73)

An alternative to the lesion skipping reaction is the recruitment of specialized DNA 

polymerases that can switch with the stalled replicative polymerase, bypass the DNA 

damage by TLS, and then allow the replicative polymerase to resume replication (Fig. 1a to 

1d). The original idea for the polymerase switching model, the ‘toolbelt model” [formulated 

initially based on observations with β (74), but described here for both β and PCNA] arose 

from the demonstration that the processivity clamps, β and PCNA, were toroidal multimers 

(a dimer and trimer, respectively) and that various DNA polymerases shared similar amino 

acid sequences for interacting with the clamps [β binding domain; PCNA interacting peptide 

(PIP)]. These mostly α-helical peptides, which are generally at either the N- or C-terminus 

of the polymerases, interact with inter-domain connecting loops on the clamps. Thus, if the 

replicative polymerase was engaged with one of the subunit of the clamps, other TLS DNA 

polymerases could potentially be engaged with another subunit and be readily available in 

place to switch with the replicative polymerase at a lesion, possibly by rotation of the loaded 

clamp.

In support of the toolbelt model, Indiani et al. (74) demonstrated, using complementary 

strand synthesis on a primed M13 ssDNA template as an assay, that Pol IV could switch 

with a stalled Pol III, but not one that was moving. These same authors demonstrated (75), 

using a rolling circle DNA replication system, that both E. coli Pol II and Pol IV could 

support slow DNA replication with the DnaB helicase and could remodel a moving Pol III 

HE replisome by slowing it down. And using single molecule analysis, Kath et al. (76) 

demonstrated exchange between E. coli Pol IV and the Pol III HE during primer extension 

on a ssDNA template. Similarly, McCulloch et al. (77) demonstrated the sequential action of 

Pol δ and Pol ε with Pol η during bypass of a CPD using a primer extension assay.

Is it necessary to invoke simultaneous occupancy of one clamp molecule by multiple DNA 

polymerases to achieve switching? The observations outlined above could also be explained 

by one polymerase dissociating from the clamp because of local conditions and the next 

polymerase associating with the clamp left behind [see (8) for other arguments along these 
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lines] Indeed, a cryo-EM structure of a presumed elongating complex of the Pol III HE with 

DNA shows that both of the hydrophobic inter-domain connecting loops on the β dimer are 

occupied: one by the α catalytic polymerase subunit and the other by the ε proofreading 

exonuclease subunit (78). Furthermore, recent single molecule studies in vivo and in vitro 

argue against a monolithic, stable replisome structure as depicted in many cartoon models, 

and argue for very rapid exchange of DNA polymerases during DNA replication.

The observations (34) that led to the stochastic model of DNA replication described above 

demonstrated that both the leading- and lagging-strand polymerases paused for considerable 

periods (a median of 13 s on the nascent leading strand). In those experiments replisomes 

were pre-formed onto rolling circle templates using the E. coli proteins and replication was 

observed in flow in the absence of additional DNA Pol III HE. In similar experiments that 

included the Pol III HE in the flow, Lewis et al. (79) demonstrated frequent and rapid 

exchange of the polymerases in the replisome dependent on the concentration of Pol III HE 

in the flow. Polymerase exchange, as demonstrated previously by Yuan et al. (80), was of the 

Pol III* particle containing the polymerase cores and the DnaX clamp-loading complex. At 

the highest concentrations of Pol III HE, exchange time was a few seconds. These authors 

also used cross-correlation analysis of fluctuating signals from two differentially 

fluorescently-tagged components of the Pol III HE to show that rapid exchange also 

occurred in vivo (exchange time of 4 ± 2 s). Similarly, Beattie et al. (81), using fluorescence 

recovery after photobleaching of fluorescently-tagged Pol III HE subunits and single-particle 

tracking Photoactivated Localization Microscopy, demonstrated that Pol III* subunits 

typically remained bound in the replisome for about 10 s. Notably, residence time of β was 

about 5-fold greater, whereas that of DnaB was 90-fold greater. Thus, at least in E. coli, 
rapid exchange of DNA polymerase subunits obviates the need for simultaneous occupancy 

of β, but clearly does point to β as being the platform for switching. Similar experiments as 

those described above for the E. coli system have yet to be reported with the eukaryotic 

system.

Other data arguing for the clamp, in this case PCNA, being the platform for trafficking of 

TLS polymerases of course comes from many studies on the role of ubiquitylation and 

SUMOylation of PCNA in modulating error-prone and error-free bypass pathways at stalled 

forks (72, 73, 82, 83). RPA-coated ssDNA that forms at stalled forks attracts the Rad18-

Rad6 ubiquitin E3 and E2 enzymes that monoubiquitylate Lys 164 of PCNA. This event 

promotes the association of TLS polymerases with PCNA, facilitating the error-prone 

damage bypass pathway (Fig. 1a to 1d for bypass at the stalled fork or possibly Fig. 1a to 1b 

to 1e, for post-replicative bypass where the gap left behind after lesion skiping is filled in 

after bypass of the template damage by a TLS polymerase). Subsequent polyubiquitylation 

of PCNA on Lys164 by the E2 complex Ubc13-Mms2 and E3 enzyme Rad5 is thought to 

promote HR-dependent error-free pathways of bypass that involve template switches (see 

below).

The original model was that monoubiquitylated PCNA served to attract TLS polymerases to 

the stalled fork by direct binding, and, indeed, most eukaryotic TLS polymerases have both 

PIPs and ubiquitin binding domains (84, 85). With time, however, it became clear that TLS 

polymerase recruitment to stalled forks did not require PCNA ubiquitylation [see (73) for a 

Marians Page 9

Annu Rev Biochem. Author manuscript; available in PMC 2019 March 15.

A
uthor M

anuscript
A

uthor M
anuscript

A
uthor M

anuscript
A

uthor M
anuscript



summary and (86) for a recent biochemical analysis of Pol η binding to PCNA]. Attention 

has focused on the ability of Rev1, which interacts with PCNA through its N-terminal BRCT 

domain (87, 88) and polymerase-associated domain (89), to act as a scaffold protein. Boehm 

et al. (90) have demonstrated that the PIP motif of Pol η mediates its interaction with the C-

terminal domain of Rev1. And single molecule analyses by the same group of protein 

complexes formed between PCNA, Rev1 and Pol η demonstrated that a PCNA toolbelt 

(where both polymerases bind to PCNA) and a Rev1 bridge (where both PCNA and Pol η 
bind Rev1) can form and that these tri-partite complexes exchanged rapidly (91). This very 

flexible dynamic may allow for the rapid sampling of TLS polymerases at a damage site to 

select the activity most appropriate.

When and where does TLS occur? Many models assume the polymerases switch at the 

stalled fork in order for TLS to occur. Recently another pathway of DNA damage tolerance 

has been discovered, direct lesion bypass by the replicative polymerase itself in the 

replisome (Fig. 1a to 1c) (92). Using the reconstituted E. coli replication system and 

damage-containing templates (46) as described above, it was noted that the Pol III HE 

(prepared from a polB dinB umuC negative strain and with the proofreading exonuclease 

fully active) itself could bypass both a CPD and an abasic site analog. Bypass efficiency was 

proportional to deoxynucleotide concentrations equivalent to those found in vivo and was 

dependent on the frequency of primer synthesis downstream of the lesion. Translesion 

synthesis came at the expense of lesion-skipping replication restart. Thus, the stalled 

leading-strand polymerase was likely cycling between proofreading and polymerization at 

the 3′-end of the nascent leading strand. Whereas polymerization across from the CPD will 

be slow compared to the normal chemical step, it was still faster than the amount of time 

required for progression of the DnaB helicase downstream and the synthesis of a new 

leading-strand primer to enable the lesion skip. Remarkably, bypass only occurred when the 

Pol III HE was integrated in the replisome. The enzyme itself could not bypass template 

damage in a primer-extension assay. These findings suggest that DNA damage at the 

replication fork can be replicated directly by the replisome without the need to activate error-

prone pathways.

How does this observation impact our thinking about TLS? The increase in spontaneous 

mutation in E. coli cells that have been UV-irradiated is termed either UV- or SOS-

mutagenesis. This phenomenon, discovered by Witkin (93), is inextricably linked to TLS. 

Subsequent early studies suggested that the polymerase subunit (encoded by dnaE) of the 

Pol III HE was involved in the process. Bridges et al. (94) reported that a function of dnaE 
was required for UV-induced mutagenesis. The discovery that umuC and umuD were 

required for UV-mutagenesis (68, 69) led to the hypothesis that these gene products were 

somehow modifying the Pol III HE to allow TLS, perhaps by inactivating the proofreading 

subunit ε or directly modifying the α subunit (95, 96). However, the subsequent discovery 

that UmuC was a TLS DNA polymerase (66, 67), directed attention away from the Pol III 

HE as the possible agent of mutagenesis. Nevertheless, Moses’ group (97) showed that the 

dnaE gene product itself was required for UV mutagenesis. How the Pol III HE participated 

in UV-mutagenesis was therefore left unresolved.
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The current study (92) show that the Pol III HE can perform TLS under conditions similar to 

those found under SOS induction, where it has been reported that nucleotide concentrations 

increase 2- to 4-fold (98). Furthermore, the frequency of base substitutions increases during 

Pol III HE-catalyzed TLS at the template position prior to the CPD and in the first position 

opposite the CPD. These observations suggest that UV mutagenesis may occur in two 

distinct modes: Mutagenesis that occurs directly at the replication fork is the product of base 

substitutions generated by the action of Pol III HE TLS, whereas mutagenesis resulting from 

the action of Pol V occurs in the gaps left behind when the replisome performs lesion 

skipping. These observations therefore suggest that the bulk of specialized TLS polymerase 

bypass occurs behind the replication fork in the gaps left behind by lesion skipping. In 

support of this argument, Robinson et al. (99) did not observe co-localization of Pol V 

(fluorescently tagged UmuC) with replisome foci (fluorescently tagged τ subunit of the Pol 

III HE) after UV-irradiation.

Does replisome-mediated bypass of template damage happen in eukaryotic cells? Which 

DNA polymerase would be most likely to be an agent of TLS? As outlined above, because 

of a high tendency to dissociate from PCNA, it is unlikely that Pol ε would be able to bypass 

template damage. Similarly, given the inherent primer synthesis capacity of Pol α/primase, 

this polymerase is more likely to just release from the template at the block and re-bind 

ahead of it to synthesize a new primer. This leaves Pol δ, which has weak CPD bypass 

activity in primer extension reactions that is increased by inactivation of the proofreading 

exonuclease (77, 100, 101). Interestingly, Hirota et al. (102) demonstrated that chicken 

DT40 cells deficient in the PolD3 subunit of Pol δ were sensitive to DNA damaging agents 

and had a reduced ability to maintain replication fork progression after UV-irradiation 

independent of the function of PolD3 as a subunit of Pol ζ. These authors then demonstrated 

that these defects could be suppressed by eliminating the proofreading exonuclease activity 

of Pol δ (103). These studies suggest that TLS at or close to the fork might indeed involve 

Pol δ. Whether such an activity is replisome associated remains to be determined.

3.4 Template Switching and Fork Reversal

A template switch (TS) is a form of DNA repair that is considered a DNA damage tolerance 

pathway. There are two types of TS’s that have been reported: a TS behind the fork that 

initiates in the gap opposite a DNA lesion that has been skipped over (Fig. 1a to 1b to 1e to 

1f) and a TS via nascent strand regression at the stalled fork to form a reversed fork (Fig. 1a 

to 1b to 1g to 1h). In each case, the same basic steps are required for such events. There 

must be some mechanism for unwinding the nascent strands from the template strands and 

annealing the nascent strands together. This can be accomplished by a DNA helicase, a DNA 

translocase capable of branch migration, a strand-pairing DNA recombinase, or, in the case 

of fork regression, the accumulation of positive superhelical tension. A DNA polymerase is 

then required to extend the stalled nascent DNA along the switched template strand allowing 

the stalled leading strand to “advance” past the lesion (Fig. 1f and 1h). These models 

envision a switch of the nascent strands back to their proper template strands after some 

time. At this point, in the post-replicative model, because the replication fork that initially 

encountered the lesion has continued downstream, the paired nascent strands can be resolved 

some time later by a “dissolution” mechanism. On the other hand, with fork reversal, 
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recovery requires either resetting of the nascent strands back to their original configuration 

(Fig. 1h to 1i) and subsequent restart (or rescue by another replication fork coming from the 

opposite direction) or an HR-directed strand invasion event of one of the nascent strands in 

the reversed fork ahead of the damage on the parental duplex (Fig. 1h to 1j), followed 

possibly by the equivalent of break-induced replication (BIR) until a replication fork coming 

from the other direction is encountered. The double Holliday junctions left behind could 

then be resolved later by either a dissolution- or nuclease-based resolution mechanism. 

There are many different proteins that appear to be involved in these pathways.

Branzei and colleagues (5, 50, 104–107) have taken the lead in arguing that in yeast, if 

lesion skipping can occur, a TS behind the fork in the gaps left behind is the preferred 

pathway of DNA damage tolerance. The recombination proteins Rad51, Rad55, and Rad57 

are involved in the forming the initial D loop for the template switch with some processing 

by ExoI possibly required. Pol δ extends the DNA in the nascent DNA duplex formed by the 

TS and is likely responsible for any additional synthesis required to close the gap in the 

nascent DNA. The Sgs1-Top3-Rmi1 complex is the responsible for resolving the double 

Holliday junction formed. That this form of TS occurs after lesion skipping is strongly 

supported by the observation that mutations that inactivate the primase activity of Pol α/

primase or disrupt coupling of Pol α/primase to the MCMs result in a decrease in TS behind 

the fork and an increase in fork reversal (50).

Rad51 activity is required for either version of TS, but HR tends to be suppressed during 

DNA replication. In yeast, inhibition of HR during replication is accomplished in large part 

via SUMOylation of PCNA on Lys164 (108). Several proteins involved in transactions at 

replication forks bind to SUMO-PCNA via their SUMO interacting motifs and PIPs. The 

best studied example is the UvrD-like DNA helicase Srs2 in yeast (109), which is an anti-

recombinase by virtue of its ability to disrupt Rad51-ssDNA filaments (110, 111). Recently, 

it was shown that Srs2 at stalled forks can be degraded via the engagement of Esc2, which 

contains two SUMO-like domains (112). This finding suggests that a temporal window 

could be opened at the stalled fork that allowed access of Rad51. Presumably this window is 

closed by either increased PCNA SUMOylation or its polyubiquitylation on Lys164 that 

favors TS.

The situation in metazoans is similar, but more involved. Here, a number of different 

proteins have been reported to suppress HR at stalled forks. SUMO-PCNA plays a role as an 

attractant for PARI (113, 114), which, like Srs2, contains SUMO interacting motif-, PIP-, 

and UvrD helicase-like domains, although PARI anti-recombinase activity does not require 

the latter (114). Two members of the RecQ-family of DNA helicases in human cells, BLM 

and RECQL5, have recombination suppression activity, presumably by disrupting Rad51-

ssDNA filaments (115, 116). RECQL5 interacts with PCNA and is a presumed component 

of the replication machinery (117). BLM polyubiquitylation on Lys63 as a result of 

hydroxyurea treatment draws it to the stalled fork via an interaction with RAP80 (118). 

Suppression of SUMOylation of RPA by the SUMO protease SENP6 also appears to 

suppress HR, possibly by preventing recruitment of Rad51 (119). A new protein, RADX, 

with an RPA-like ssDNA-binding activity, was identified and shown to modulate RAD51 
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activity by binding to ssDNA at stalled forks. It was proposed that this attribute prevents 

over-accumulation of Rad51 at stalled forks (120).

The second TS, replication fork reversal, was first noted as a potential DNA damage repair 

pathway by Higgins et al. (121). That fork reversal occurred was first established in E. coli, 
primarily by Michel and colleagues (6, 122). The agents of regression of the stalled fork 

could be the DNA helicase RecG, which seems mechanistically to be especially well suited 

to regressing stalled forks (123), the branch migration protein RuvAB, and the strand 

exchange protein RecA. Fork reversal could occur under many different circumstances [see 

ref (6)] and the regressed fork processed in a number of different ways. In the example 

shown in Fig. 1, the nascent leading strand can be extended using the nascent lagging strand 

as a template (Fig. 1g to 1h). This species could then be reset by reversal of regression to a 

stalled fork where the nascent strands had both moved past the damage (Fig. 1i). 

Alternatively, processing of the nascent DNA duplex double-stranded end in the reversed 

fork could generate a 3′-ended single strand that could invade the parental duplex 

downstream of the damage (Fig. 1h to 1j). In a different branch of the pathway, once 

regression has occurred, the damage can be removed by nucleotide excision repair, the 

Holliday junction in the regressed fork cleaved by a resolvase, and double strand end-

processing and strand invasion take place at a position that is upstream of the initial site of 

template damage (Fig. 1g to 1k to 1l to 1m). Interestingly, most established cases of fork 

regression in E. coli are not triggered by DNA template damage—use the template damage 

“triangle” in Fig. 1 as the reference point of fork stalling; the potential pathways are 

identical—but are caused by replisome collapse, nucleotide deprivation, head-on collisions 

with transcription complexes, or collisions with blocking proteins (6, 122).

Contemporaneously there was little evidence that fork reversal occurred in eukaryotes. In 

yeast, fork reversal was shown to occur when the S-phase checkpoint was defective (29, 

124). PARP-dependent fork reversal was then demonstrated in both yeast and mammalian 

cells as a result of treatment with camptothecin, a topoisomerase I inhibitor that traps the 

topoisomerase-DNA covalent complex (125). Subsequently, Zellweger et al. (126) observed 

RAD51-dependent fork reversal in human cancer cell lines upon treatment with a wide 

spectrum of DNA-damaging and fork stalling agents. These observations, scored by EM 

examination of psoralen-crosslinked replication intermediates, suggested, remarkably, that 

500–4000 reversed forks could exist per cell when treated thusly. Only some of the 

treatments used induced the S phase checkpoint. The authors concluded that fork reversal 

was a global response to cellular replication stress. It should be noted, though, that the cell 

line used for most of these studies, U20S, has altered expression of both p16-INK4A and 

p14-ARF (127), inhibitors of the G1-S transition, as well as an altered DNA damage 

response (128).

Whereas RAD51 was shown to be the agent of fork reversal in the studies described above 

from Lopes and colleagues, there are many other potential candidates in mammalian cells 

[see (7) for a recent review of the topic], including FBH1; the RecQ-like DNA helicases 

BLM, WRN, and RECQ5; the SWI/SNF protein family members RAD5, RAD54, 

SMARCAL1, and ZRANB3; and FANCM, all of which may act independently or in 

cooperation with RAD51.
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Nascent DNA at stalled forks in mammalian cells appears to be targeted for degradation by 

the MRE11 nuclease in the MRN complex (129–134). BRCA2-dependent, RAD51-ssDNA 

filaments prevents this DNA degradation and a reversed fork often appears in schematics of 

these fork stabilization pathways (135). The involvement of metazoan recombination 

proteins in protecting nascent DNA from degradation was foreshadowed by similar studies 

in E. coli demonstrating that RecA, RecF, RecO, and RecR protected nascent DNA at stalled 

forks from digestion by a combination of the RecJ nuclease and the RecQ DNA helicase 

(136)

Fork reversal requires that the 3′-ends of both the nascent leading and lagging strands must 

be available to freely rotate about the template strands. Thus, at the very least, it would seem 

that the respective DNA polymerases would have to release from the primer-templates. In 

studies using the reconstituted E. coli replication system described above with a CPD in the 

leading-strand template, fork reversal by RecG and RuvAB could be observed even when 

the replisome proteins were still associated with the template (137). It seems unlikely that 

either the helicase DnaB or the lagging-strand polymerase would be an impediment to fork 

reversal. These enzymes continue to migrate downstream away from the stalled leading-

strand polymerase (33). It was suggested that fork reversal ocurred after the leading-strand 

polymerase had cycled forward to a new primer on the leading-strand template in the lesion-

skipping reaction and thus was, from this point of view, a post-replicative event. Template 

regression can be initated at a gap in a nascent strand.

A similar scenario could present in eukaryotic cells with the potential lesion-skipping 

reaction at template damage as described above. Fork blocking proteins, drug treatments that 

reduce the deoxynucleotide pool or inhibit the DNA polymerases, and accumulated positive 

superhelical tension presents a different situation, however. These impediments likely inhibit 

any fork progression. So how does fork reversal occur? One simple solution is collapse of 

the replisome and dissociation of its components, or at least the polymerases. Studies using 

the iPOND technique (138) of protein composition at stalled forks in mammalian cells 

indicate, however, that many replisome components appear to be preserved (139, 140). Thus 

it is possible that the remodelers of strands at stalled forks may also act themselves, or in 

concert with other proteins, to displace replisome components from the stalled fork region, 

yet still allow them to remain on the DNA. Indeed, single molecule studies of fork stalling 

and reversal using Bacteriophage T4 proteins demonstrated that the UvsW recombination 

protein could regress the fork while displacing the DNA polymerase holoenzyme to the 

nascent DNA regressed arm (141).

4. Replication Restart

In the absence of lesion skipping, fork remodeling creates a potential demand for origin-

independent replication restart. Such restart can be driven by HR (Fig. 1j and 1m) in which 

case whereas DNA polymerases may have direct access to the 3′-ends of the nascent DNA 

to continue synthesis, there is still a demand for re-loading the DNA helicase to form a 

replication fork. Or restart can occur at a fork whose proper structure has been restored (Fig. 

1j). How these reactions occur in bacterial cells is clear, these pathways are less clear in 

eukaryotes.
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Both HR-directed and origin-independent replication restart in E. coli is executed by the 

restart primosomal proteins PriA, PriB, PriC, and DnaT [reviewed recently in (6)]. These 

proteins can load the DnaB helicase to either a D-loop (142) or, in a manner dependent on 

the disposition of the nascent strands, directly to a reset stalled fork (143). Once DnaB is on 

the DNA it can bind the primase, DnaG, that will synthesize a primer for a new Okazaki 

fragment. The 3′-end of the nascent leading strand can be used as the primer for resumption 

of leading-strand synthesis. The presence of these free 3′-ends draws the DNA Pol III HE to 

the DNA to re-establish the replisome. It is also possible that DnaG itself re-establishes 

leading-strand synthesis by forming a primer on the leading-strand template as it does during 

the lesion skipping reaction (46, 144).

With many more origins licensed than active in mammalian cells, the necessity of replication 

restart is reduced significantly compared to the imperative for it in bacteria. Indeed, dormant 

origins are required for survival of human cancer cells during replication stress (145, 146) 

and to suppress fork stalling during normal S phase (147). Nevertheless, many studies of 

DNA fiber analyses indicate that restart does occur in mammalian cells. As discussed above, 

some fraction of the observed restart is either Prim/Pol-mediated (lesion skipping and catch 

up) or HR-mediated (Fig. 1j and 1m), dependent on RAD51-catalyzed strand invasion either 

ahead of the template damage or with the completely replicated sister duplex. Replisome re-

assembly under these conditions may reflect a BIR-type of mechanism. Whereas it is known 

that a number of replisome components participate in BIR, how these components are 

assembled into a functional “BIR-replisome” is unclear. And both Mcm2–7 and Pif1 have 

been argued to be the DNA helicases present at the migrating D loop (148). Presumably, if 

replication from these recombination intermediates is of the BIR mode, it does not go on for 

long. Such replication is likely to be mutagenic and either rescued by a bona fide replication 

fork coming from the opposite direction or terminated by cleavage of the recombination 

intermediate by Mus81 (59). Interestingly, studies in Xenopus cell extracts showed that after 

replication fork collapse at a single-strand break, the CMG complex loses GINS and Pol ε, 

which are then re-loaded in an origin-independent manner dependent on MRE11 and 

RAD51 (149). However, the actual mechanism is unknown.

Regressed forks can be reset to the standard configuration in mammalian cells by 

exonucleolytic digestion by a combination of WRN and DNA2 (150) and reversal of the 

regressed fork by either RECQ1 (126, 151) or SMARCAL1 (152). It is unclear whether 

these reset forks can restart replication. There is no known ORC-independent helicase 

loading mechanism in eukaryotes. Further studies will be required to answer this question.

5. CONCLUSIONS

Lesions in the DNA template are not the absolute impediment to replication fork progression 

that they were initially thought to be. Replisomes can jump over them, replicate across them, 

and make up the lost ground by switching template strands. A new dynamic view of how 

replisomes operate may reflect evolutionarily built-in tolerance mechanisms for template 

damage. By contrast, obstructions that stop replication fork progression completely require 

more elaborate mechanisms to sustain complete replication of the genome. Though not 

covered in this review, transcription-replication conflicts seem to be more destabilizing to 
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the genome than single base alterations. In this vein, it would be remiss not to cite two very 

recent important reports demonstrating the central role of RNA-DNA hybrid formation in 

destabilizing the genome during head-on replication-transcription collisions (153, 154).
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Figure 1. 
Pathways of lesion bypass and replication fork reactivation. (a) a replication fork 

progressing from right to left that has just been stalled by a leading-strand template lesion 

(the black triangle). Template strands are black, nascent leading strands are green, and 

nascent lagging strands are red. See text for explanations of the pathways. Direct TLS by the 

replisome (a to c). Polymerase switching from the replicative polymerase to a specialized 

TLS polymerase and back to the replicative polymerase (a to d). Functional uncoupling of 

leading-strand DNA synthesis from template unwinding and lagging-strand synthesis (a to 

b). Lesion skipping (b to e). Post-replicative template switching (e to f). Replication fork 

reversal (b to g). Template switching in a reversed fork (g to h). Fork reset, the reversed fork 

is restored to the original configuration of nascent and template strands (h to i). HR-

dependent replication restart for a reversed fork (h to j). Lesion removal by nucleotide 

excision repair at a reversed fork (g to k). Cleavage of a reversed fork by Holliday junction 

resolvases (k to l). HR-dependent replication restart after Holliday junction cleavage (l to 

m). Note that the reversed fork in (k) can also be reset directly (k to i), with the grayed out 

damage triangle indicating that in this pathway, the template damage would have been 
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removed prior to fork reset. Replication at the reset fork (i) can be restarted by origin-

independent replisome loading activities.
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