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ABSTRACT: The importance of the microbiota 
in the gastrointestinal tract of animals is recog-
nized as a critical player in host health. Recently, 
the significance of the mycobiome has been rec-
ognized, but culture-independent studies are 
limited, especially in swine. Weaning is a time of 
stress, dietary changes, and a predisposition to in-
fections, making it a time point of interest to in-
dustry. In this pilot study, we sought to assess and 
characterize the mycobiome in the feces of swine 
from birth through the critical weaning transition 
to investigate the mycobiome population and its 
temporal dynamics in piglet feces. Cultured fecal 
samples demonstrate a significant increase in 
fungal burden following weaning that does not 
differ from adult levels, suggesting stable coloniza-
tion. Culturable fungi were not found in any en-
vironmental samples tested, including water, food, 
sow milk or colostrum. To determine the fungal 

diversity present and to address the problem of 
unculturable fungi, we performed a pilot study 
utilizing ITS and 16S rRNA focused primers for 
high-throughput sequencing of fungal and bac-
terial species, respectively. Bacterial populations 
increase in diversity over the experimental time-
line (days 1 to 35 postbirth), but the fungal popu-
lations do not demonstrate the same temporal 
trend. Following weaning, there is a dynamic shift 
in the feces to a Saccharomycetaceae-dominated 
population. The shift in fungal population was be-
cause of the dominance of Kazachstania slooffiae, 
a poorly characterized colonizer of animal gastro-
intestinal tracts. This study provides insights into 
the early colonization and subsequent establish-
ment of fungi during the weaning transition in 
piglets. Future studies will investigate the effect 
of the mycobiome on piglet growth and health 
during the weaning transition.
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INTRODUCTION

Microbial colonization of  the gastrointes-
tinal (GI) tract starts at birth, and fungi are 
a ubiquitous, but often neglected, part of  the 
microbiome. Recent evidence has suggested that 

fungi play a critical role in the health of  the GI 
tract (Zlotowski et al., 2006), despite being part 
of  the “rare biosphere” of  microorganisms found 
at low levels in the tract compared with predom-
inant organisms (Huffnagle and Noverr, 2013). 
The weaning transition is a stressful event in a 
piglet’s life and can lead to poor growth per-
formance and alterations in the gut microbiota 
(Campbell et al., 2013; Guevarra et al., 2018). 
These changes can lead to postweaning diarrhea 
and potential susceptibility to other disease, re-
sulting in financial loss to farmers. Antibiotics 
have been used in swine production to pro-
mote growth and combat postweaning diar-
rhea, but the recent banning of  antibiotics for 
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growth promotion has made understanding the 
microbiome and the mycobiome of  piglets even 
more critical in understanding piglet health to 
create potential interventions.

The critical role of  the gut bacterial communi-
ties in animal health is beginning to be understood, 
but the role of  the mycobiome in swine health re-
mains to be assessed. Studies in other species have 
shown that the interactions capable between the 
host organism, bacteria, and the fungi in the in-
testinal lumen can be critical in gut community 
function, including metabolite exchange, biofilm 
formation, and genetic exchange (Frey-Klett et al., 
2011; Suhr Hallen-Adams, 2015). Further, some 
fungi in the gut, like Candida albicans, are oppor-
tunistic pathogens that can cause disease under 
the right circumstances, including failure to thrive 
(Cohen et al., 1969; Alain et al., 2014 King et al., 
2017). Pigs are known to harbor Candida species 
including albicans (Van Uden et al., 1958) and, 
like humans, are susceptible to this opportunistic 
pathogen under the correct conditions, including 
stress (Zlotowski et al., 2006). By determining the 
mycobiome and microbiome in piglets from birth 
through 2 wk postweaning, we hope to elucidate 
the role of  fungi and bacteria in contributing to 
reduced piglet performance during the weaning 
transition.

MATERIALS AND METHODS

Animal Procedures

Piglets from 9 litters (Large White × Landrace) 
(n = 112) were assessed from birth through day 
35 of  age and were weaned at day 21. Individual 
piglet weights and fecal samples were collected 
up to daily, and all piglets used in this study were 
observed to be healthy. Assessment of  poor per-
forming piglets was determined as previously pub-
lished (Ramsay et al., 2018). Briefly, BW changes 
were plotted, and sex-matched pairs of  littermate 
pigs were identified based upon divergence in 
growth rate > 50 g/d. The diet was formulated to 
meet the National Research Council estimates of 
nutrient requirements. Piglets were assessed daily 
for health and were given free access to feed and 
water. No antibiotics, antifungals, or supplemen-
tary additives were administered to the piglets at 
any time during the experiment. Care and treat-
ment of  all pigs were approved by the USDA-ARS 
Institutional Animal Care and Use Committees 
of  the Beltsville Agricultural Research Center.

Fecal Sampling

Fecal samples were collected from the rectum 
of piglets from birth through day 35 of age. The 
fecal samples were split into two groups and the 
first group was placed into sterile cryovial tubes, 
flash frozen in liquid nitrogen, and stored at −80 °C 
until further processing. The second group of feces 
was processed for fungal culturing. For microbiome 
and mycobiome analysis, repeated measure samples 
from 20 piglets from 3 litters (L.1110, L.1150, and 
L.1160) at 7 time points (days 1, 3, 7, 14, 21, 28, and 
35) were selected for downstream analysis.

Fungal Culturing

Feces were processed for fungal growth as pub-
lished previously (Mason et al., 2012a. Briefly, feces 
were weighed, homogenized in sterile 1× PBS, seri-
ally diluted, and cultured at 37 °C with 5% CO2 on 
Sabauraud Dextrose Agar (SDA) supplemented 
with 0.1 mg/mL cefoperazone to promote fungal 
growth and inhibit bacterial growth as done previ-
ously (Mason et al., 2012a). Colonies were counted 
at 24 and 48 h after plating, and the identity of 
the yeast was confirmed with wet mounts and rep-
lica plating on HardyChrom Candida indicator 
plates (Hardy Diagnostics, Santa Maria, CA) when 
possible.

DNA Extraction and 16S rRNA/ITS Gene 
Sequencing

Bacteria (16S). DNA was isolated from 0.25 
g feces using the MagAttract Power Microbiome 
Kit (Qiagen, Hilden, Germany) by the Microbial 
Systems Molecular Biology Laboratory at the 
University of Michigan. DNA is lysed using mech-
anical bead beating and extracted using magnetic 
bead technology according to the Qiagen protocol. 
The V4 region of the 16S rRNA-encoding gene was 
amplified from extracted DNA using the barcoded 
dual-index primers developed previously (Kozich 
et al., 2013). Samples were sequenced with the 
Illumina MiSeq Sequencing platform.

Fungi (ITS). Total DNA was extracted from 
up to 250 mg of feces per sample using the DNeasy 
PowerSoil kit (Qiagen). Manufacturer instruc-
tions were followed with the addition of an add-
itional 20 min of bead beating with the provided 
garnet power bead tubes (for a total of 30 min). 
The ITS region was sequenced utilizing primers 
ITS3 (5′-GCATCGATGAAGAACGCAGC-3′) 
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and ITS4 (5′-TCCTCCGCTTATTGATATGC-3′) 
with the Illumina adaptor sequence added to the 
5′ end (5′-TCGTCGGCAGCGTCAGATGTG 
TATAAGAGACAG—ITS3-3′)) and (5′GCT-
TC G TG G G C TC G G AG ATG TG TATA AG 
AGACAG—ITS4-3′). Samples were sequenced with 
the Illumina MiSeq Personal Sequencing platform.

Microbiome (16S) and Mycobiome (ITS) 
Sequence Processing

Bacteria (16S). Quality filtering, pairing, 
denoising, amplicon sequence variants (ASVs) de-
termination, and chimera removal was conducted 
with the DADA2 plugin (Callahan et al., 2016) in 
QIIME2 v. 2018.11 (Caporaso et al., 2010, https://
qiime2.org). For quality trimming, paired-end 
sequences were truncated to 240 and 160 bp for 
forward and reverse reads, respectively, with an 
average median quality score of ≥35. Taxonomic 
classification of the ASVs was performed using the 
pretrained 16S 515F/806R from the Silva 132 data-
base (Yilmaz et al., 2014, https://www.arb-silva.de/) 
in QIIME2. ASVs identified as Archaea, chloro-
plast, mitochondria, or unassigned were removed 
from further analysis.

Fungi (ITS). Forward and reverse primers 
were removed from paired-end reads with cutadapt 
v 1.18 (Martin, 2011). QIIME2 plugin DADA2 
was used to perform similar quality filtering and 
ASV identification described above for bacterial 
sequences. Because of the variable nature of fungal 
ITS sequencing length, however, no quality trim-
ming was conducted on fungal sequences. Average 
median quality score was 22.75 and 21.5 for 
forward and reverse reads, respectively. Taxonomic 
classification was trained and conducted on fungal 
sequences using the UNITE (Kõljalg et al., 2013, 
https://unite.ut.ee/) developer’s full-length ITS ref-
erence sequences in QIIME2. Fungal ASVs without 
a phylum or higher classification or those identified 
as unassigned were removed. Additional classifica-
tion using BLAST (https://blast.ncbi.nlm.nih.gov) 
was performed on removed sequences to confirm 
nonfungal origin.

Statistical Analyses

Separate rarefaction curves for bacterial and 
fungal samples were produced using the vegan 
package (Oksanen et al., 2018) in R v 3.5.1 (R 
Core Team, 2018 https://www.R-project.org) and 
visualized in GraphPad Prism v 7 (La Jolla, CA) 

to determine minimum sequencing depth. Because 
of low numbers of sequences, day 14 time points 
were removed from the microbiome analysis, while 
day 7 time points and litter L.1150 samples were 
removed from the mycobiome analysis. A cutoff  
of 5,000 and 300 sequences was determined for 
bacterial (n = 105) and fungal (n = 28) samples, 
respectively. Relative abundances of bacterial or 
fungal families in each piglet feces sample were 
visualized in Calypso v 8.84 (http://cgenome.net). 
For α diversity metrics, bacterial and fungal sam-
ples were rarefied to the lowest sample sequencing 
depth (bacteria = 5,290, fungi = 379) to allow for 
direct comparison of diversity indices. For all other 
analysis, total ASVs counts were normalized using 
cumulative sum scaling followed by a log2 trans-
formation. ASVs not seen more than 1 time in >1% 
of the samples were removed reducing total ASVs 
from 1,611 to 1,066 in bacterial samples and 264 to 
250 in fungal samples.

Fungal colonization levels were compared by 
two-way analysis of variance with a Tukey posttest 
correction (GraphPad Prism 7). Alpha diversity 
indices for bacteria and fungi including Chao1, 
Shannon, and Inverse Simpson were calculated in 
R. Evenness was calculated by dividing Shannon 
diversity by the natural log of observed ASVs. 
Comparisons of trends in richness, diversity, and 
evenness were based on mean alpha diversity met-
rics by sample day. Principal coordinate analysis 
(PCoA) plots were generated based on Bray–Curtis 
distances, and the effects of sample day and litter 
on βdiversity were determined with permutational 
multivariate analysis of variance (PERMANOVA) 
on Bray–Curtis distances using the phyloseq 
(McMurdie and Holmes, 2013), and vegan pack-
ages in R. Differentially abundant bacterial and 
fungal ASVs over time were determined using a 
linear mixed effect regression model for repeated 
measures in Calypso with time point (day) as the 
fixed effect and individual piglet as the random ef-
fect. For statistical tests, P-value of <0.05 was con-
sidered significant, and errors are given as ±SE. All 
figures, unless otherwise stated, were created with 
GraphPad Prism 7.

RESULTS

To determine if  piglets have fungi in their in-
digenous microbiota, fecal samples were collected 
from birth through day 35 (2 wk postweaning). 
Feces were classically cultured on SDA supple-
mented with 0.1 mg/mL cefoperazone, and fungal 
burden was determined. In cultured feces, fungal 

https://qiime2.org
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https://blast.ncbi.nlm.nih.gov
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levels were low and variable during the first week 
of  life, with the only increase in fungal burden at 
day 3 (P < 0.0001 compared with day 1). After the 
first week, fungal levels reduced to, and persisted 
at, undetectable levels and remained that way 
until weaning day 21 (Figure 1A). At the point of 

weaning, the piglet fecal fungal burden increased 
(P < 0.0001) compared with day 1 levels and re-
mained significant to the end of  our experiment 
(Figure 1A).

To investigate the role of the environment in 
providing fungal populations to the gut of piglets, 
samples were cultured, on SDA + cefoperazone, 
from water, colostrum, sow milk, stored creep feed, 
creep feed left in the pig farrowing crate for 1 d, 
and stored sow food. No culturable fungi was ever 
found in any water source, sow milk, sow colostrum 
or stored piglet or sow food sampled (Figure 1B). 
Creep feed was sampled after being in the farrowing 
crate for at least 1 d, and it showed an intermediate 
level (log 3.27 ± 0.42 CFU/g) of fungal growth sug-
gesting contamination from the piglets or mother 
(Figure 1B). Sow feces were sampled from sows 
in the farrowing crates and grew fungi at 5.86 log 
CFU/g feces (Figure 1C). Swabs of the skin around 
the nipple were also cultured from postpartum 
sows but showed no fungal growth. To determine 
if  postpartum sows carry a different fungal burden 
than nongravid pigs, fecal samples were collected 
from sows and gilts that were not postpartum or 
pregnant. A fungal burden of 5.18 log CFU/g feces 
was found that was not significantly different from 
postpartum sows (Figure 1C), suggesting a stable, 
adult fungal population.

Sequencing of  the v4 region of  the 16S rRNA 
gene in bacteria and the ITS 2 gene region in fungi 
was used to analyze the microbiota populations in 
pig feces. Both the fecal microbiome and mycobiome 
in piglets showed substantial changes in diversity, 
composition, and structure from birth through the 
weaning transition. Changes to the microbiome 
and mycobiome structure over time are visualized 
in PCoA plots based on Bray–Curtis dissimilar-
ities (Figure 2A and B). In the microbiome (Figure 
2A), samples clustered by sample day and showed 
a general shift from days 1 to 35, with days 28 and 
35 clustering more tightly than other sample days. 
The largest amount of  variation explained occurred 
across the PC1 axis (32.6%) from prewean (days 
1 to 21) to postwean (days 28 and 35), whereas a 
smaller shift occurred along the PC2 axis (12.5%) 
between days 1 and 21 and between days 28 and 
35. Based on PERMANOVA, both sample day 
(P = 0.001, F = 2.99) and litter (P = 0.002, F = 
2.89) showed an effect on the microbiome; how-
ever, the amount of  variation explained by litter 
was quite low (R2 = 0.04) compared with sample 
day (R2 = 0.45). In the fecal mycobiome (Figure 
2B), a similar shift was seen from prewean (days 
1 to 14) and postwean (days 28 and 35). While the 

A

B

C

Figure 1. Culturable fungi in piglets and their environment. Samples 
were differentially cultured to assess fungal burden in piglet feces 
over time (A), in environmental samples (B), and in non-gravid and 
postpartum sows. The error bars represent the SEM, ***P < 0.0001 
compared with day 1 by an ANOVA with a Tukey posttest.



2893Mycobiome in piglets

sample sizes in the mycobiome (n = 28) were much 
lower than the microbiome (n = 105), there ap-
peared to be a greater separation of  mycobiomes 
at days 28 and 35 because of  litter, which was not 
as evident in the microbiome. Both sample day (P 
= 0.001, F = 3.08, R2 = 0.38) and litter (P = 0.003, 
F = 2.98, R2 = 0.07) altered the mycobiome based 
on PERMANOVA.

Diversity and richness of the piglet fecal 
microbiome increased over time as indicated by 
the Shannon, Inverse Simpson, and Chao indices 
(Figure 3A). Rarefaction curves of bacterial sam-
ples plateaued at 5,000 sequences, indicating that 
our sequencing depth was sufficient to capture 
bacterial diversity (Supplementary Figure 1A). 
Evenness indices showed a large increase in mean 
evenness from days 1 (0.49 ± 0.05) to 3 (0.69 ± 
0.03) but remained relatively stable from days 3 
to 35 (variance = 0.001; Figure 3A). In the fungal 
mycobiome, diversity and richness did not dem-
onstrate the same temporal development trends as 
the microbiome (Figure 3B). The rarefaction curve 
of fungal samples showed that a sequencing depth 
of 300 was sufficient for capturing diversity of the 
mycobiome (Supplementary Figure 1B). Mean 
mycobiome evenness remained steady across the 

different sampling days (variance = 0.013; Figure 
3B).

Community composition of the microbiome 
and mycobiome in piglet feces demonstrated dis-
tinct changes in the relative abundances of different 
taxonomical families throughout the weaning 
transition. In the microbiome, bacterial families 
Enterococcaceae (9.9 ± 2.7%), Enterobacteriaceae 
(39.3 ± 8.0%), Staphylococcaceae (6.5 ± 2.4%), and 
Pasteurellaceae (6.0 ± 2.3%) were highly abundant 
in day 1 piglets (Figure 4A) and decreased in abun-
dance over time (Figure 4B and Supplementary 
Table 1A). During days 3 through 21, families 
Actinomycetaceae, Family XIII Clostridiales, 
Christensenellaceae, and Rikenellaceae showed 
increases in relative abundance at different time 
points (Figure 4A and B and Supplementary Table 
1). Families Fusobacteriacae and Bacteroidaceae 
changed in relative abundances over the time period 
(Figure 4B and Supplementary Table 1A) with a 
sharp increase in relative abundances from days 1 
(1.4 ± 0.8% and 0.3 ± 0.12%, respectively) to 3 (7.6 
± 1.7% and 8.3 ± 1.7%, respectively) and almost 
total disappearance from the microbiome by day 35 
(0.0% and 0.01 ± 0.01%, respectively). At days 28 to 
35, there was a consistent shift to increased relative 
abundances of Lactobacillaceae (17.6 ± 1.7% and 
14.3 ± 2.0%, respectively), Ruminococcaceae (19.7 
± 1.0% and 17.4 ± 1.3%, respectively; Figure 4A 
and B and Supplementary Table 1A).

The mycobiome also showed shifts in rela-
tive abundances of fungal families throughout 
the weaning transition (Figure 5A and B and 
Supplementary Table 1B). The mycobiome prewean 
from days 1 through 21 demonstrated a high de-
gree of variability that transitioned from a pre-
dominance of Cladosporiaceae to a dominance of 
Saccharomycetaceae at days 28 (89.9 ± 5.7%) and 
35 (68.7 ± 8.9%) postwean, as well as the introduc-
tion of Dipodascaceae and Aspergillaceae.

DISCUSSION

The weaning transition in piglets is a period of 
dynamic changes in the gut microbiome. Multiple 
environmental factors shape the overall structure 
of the microbiome, including dietary changes, gut, 
and immune system maturation, and the stress 
from removal from the sow. Postweaning diar-
rhea is an important disease in the swine industry. 
The severity of postweaning diarrhea is influenced 
by many factors including weaning age, housing 
conditions, and feeding regimens. (Rhouma et 
al., 2017). The role of stress in altering the gut 

A

B

Figure 2. Principal-coordinate plots (PCoA) of Bray–Curtis dis-
similarities. PCoA of (A) bacterial populations and (B) fungal popula-
tions in the piglet feces over time. Time is indicated by color and litter 
by symbol. The percentage of variation explained by the principal co-
ordinates is indicated on the axes.
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http://academic.oup.com/jas/article-lookup/doi/10.1093/jas/skz182#supplementary-data
http://academic.oup.com/jas/article-lookup/doi/10.1093/jas/skz182#supplementary-data
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microbiome is beginning to be studied (Fleshner, 
2011) and most likely plays a role in the developing 
piglet gut microbiome. While studies investigating 
the bacterial microbiome of the piglet gut have 
shown the ability of the diet, gender, and maternal 
effect to alter the microbiome (Holman et al., 2017; 
Guevarra et al., 2018; Han et al., 2018), there ap-
pears to be a “core microbiota” in different organs 
in the porcine gut (Holman et al., 2017; Quan et 
al., 2018; Xiao et al., 2018). This study investi-
gated the development of the microbiome and the 
mycobiome in the feces of piglets during the critical 
weaning transition.

Despite advances in defining the microbiota in 
piglets, the mycobiome remains largely unexplored. 
Difficulties in studying fungal populations in-
clude DNA extraction methods, primer design and 
choice, and databases used for analyses. As noted in 
previous studies in bacteria and fungi, the DNA ex-
traction method chosen is critically important as it 
can alter microbes found and the ability to compare 

to other studies (Bahl et al., 2012; Henderson et al., 
2013; Kennedy et al., 2014; Huseyin et al., 2017). 
Fungal cells are difficult to lyse because of their 
structural composition, including mannans, glyco-
proteins, glucans, and chitins. Recently, commercial 
kits have become available that specifically target 
these species with fungal-specific bead beating, en-
zymatic lysis steps, and inhibitor removal (reviewed 
in Huseyin al., 2017). One such example of the dif-
ficulties with fungal DNA extraction was found 
in our day 1 meconium samples. Meconium is no-
toriously resistant to DNA extraction (Stinson et 
al., 2018) and multiple commercial DNA extrac-
tion kits were tested prior to finding a reprodu-
cible DNA extraction method. ITS primers have 
been widely used in environmental and human 
mycobiome studies (reviewed in (Huseyin, 2017) 
but targeting can vary based on sample studied. 
Accordingly, multiple ITS primer sets were tested 
to determine which set extracted predominantly 
fungal species and did not amplify contaminants 

Figure 3. Alpha diversity in the feces of piglets. Box plots of (A) bacterial 16S and (B) fungal ITS for Chao1 index, Shannon’s diversity index, 
Inverse Shannon, and evenness over time. The interquartile range is indicated by the outer bounds of the box, the mean is represented by the black 
line, and the whiskers represent the 10 to 90 percentiles. Highest and lowest outliers are represented by dots for each time point.



2895Mycobiome in piglets

such as Blastocytsis, Balantidium, or bacterial spe-
cies such as Escherichia coli. After troubleshooting, 
our chosen primers in this study amplify the ITS2 
region and were previously published investigating 
the mycobiome in low birthweight infants (LaTuga 
et al., 2011). Finally, the databases for fungal refer-
ence sequences are limited in comparison to bac-
terial databases. Upon analysis of our data, SILVA 
was unable to identify most of the fungal compos-
ition members, whereas the UNITE database was 
able to identify fungal members and was therefore 
utilized for our analysis.

The important role of fungi in gut health is 
beginning to be recognized in different animal 
and human models. Candida albicans is a normal 
commensal of the human oral, vaginal, and gut 
microbiota that is also an opportunistic pathogen 
under certain circumstances (i.e., immune sup-
pression and antibiotic use) (Cohen et al., 1969). 
Increased levels of Candida species in the gut have 
been implicated in hypersensitivity diseases such as 
asthma, allergies, and atopic dermatitis (Huffnagle 
,2010) and increased extraluminal antigen leak 
(Yamaguchi et al., 2006). Fungal species can also 
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Figure 4. Taxonomic composition and differentially abundant bacteria. Relative abundances of (A) ASVs by family in piglet fecal samples and 
(B) top 6 differentially abundant families. P-values with FDR correction are shown for each differentially abundant family and were calculated 
using a linear mixed effect regression model with repeated measures, controlling for piglet (n = 20).
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secrete prostaglandins and prostaglandin-like mol-
ecules which are immunomodulatory (Noverr et 
al., 2001; Erb-Downward and Huffnagle, 2007; 
Erb-Downward and Noverr, 2007) and can interact 
directly with the indigenous microbiota (Mason et 
al., 2012b; Kang et al., 2018; Pepoyan et al., 2018). 
The human vaginal tract is home to many yeasts, 
and while much remains to be learned about the 
vaginal mycobiome in pigs, fungi such as Candida 
are commonly isolated from the GI tracts of pigs 

(Urubschurov et al., 2008). In humans, infants are 
colonized vertically during birth and fungi are de-
tectable in the GI tract of ~70% of healthy adults 
(Schulze and Sonnenborn, 2009). While studies of 
the porcine vaginal mycobiome are lacking, pre-
sumably piglets are colonized vertically during 
farrowing. As in humans, opportunistic fungal 
pathogens cause disease under the right circum-
stances in pigs. Candidiasis of pig gastric epithe-
lium has been documented (Smith, 1967) despite 
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Figure 5. Taxonomic composition and differentially abundant fungi. Relative abundances of (A) ASVs by family in piglet fecal samples and (B) 
top 6 differentially abundant families. P-values with FDR correction are shown for each differentially abundant family and were calculated using a 
linear mixed effect regression model with repeated measures, controlling for piglet (n = 8).
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healthy appearance in piglets and Pneumocystis 
colonization has been associated with poor out-
comes during viral infections (Kureljusic et al., 
2016; Weissenbacher-Lang et al., 2016). Failure to 
thrive in humans has been associated with fungal 
infections (sometimes subclinical) (Gupta, 2014; 
Tuuminen and Rinne, 2017); however, the ability of 
fungal populations to alter piglet growth remains to 
be elucidated.

Previous studies exploring yeasts in the gut of 
piglets demonstrated a geographical effect on fungal 
biodiversity presumably based on differences in hy-
giene at different pig farms (Urubschurov et al., 
2008). Because of the difficulties in high-throughput 
sequencing of fungal species, we utilized a clas-
sical culturing technique to begin to investigate 
the dynamics of the mycobiome in the piglet gut 
during weaning. During the first week of life, cul-
tured fecal samples demonstrate low-level, unstable 
fungal populations in the feces of piglets (Figure 
1A), suggesting that the fungal populations may be 
finding a niche in the gut of piglets following birth. 
After weaning, the culturable mycobiome in piglet 
feces rapidly increases in abundance and diversity 
(Figure 1A and data not shown) and begins to re-
semble adult fecal levels (Figure 1C). Fungal levels 
in the feces of piglets demonstrate a dynamic, repro-
ducible culturing pattern during the weaning tran-
sition. The diversity of fungal species in the piglet 
fungi was apparent throughout the experiment, but 
at weaning, fungal diversity increased rapidly and 
resulted in our inability to identify species in vitro 
(data not shown). Because of this elevated diver-
sity, we sequenced the bacteria and fungi present in 
the feces of piglets during the weaning transition by 
utilizing 16S and ITS primers, respectively.

Dietary changes are one of the largest driving 
forces in altering the microbiota in animals 
(Voreades et al., 2014; Holman et al., 2017; Guevarra 
et al., 2018), and the effect of these changes cannot 
be overlooked in our studies. Dynamic changes 
in the bacterial and fungal populations were seen 
following weaning and the introduction of a new 
food source (Figure 2A and B). However, attempts 
to culture fungi from environmental samples such 
as sow colostrum and milk, creep feed, or nursery 
feed were unsuccessful (Figure 1B). One notable 
finding in this study is the presence of culturable 
fungi in the creep feed of piglets when feed has 
been left in the farrowing crate for 1 d or longer, 
demonstrating the ability of fungi to contaminate/
colonize food sources quickly in the farrowing en-
vironment (Figure 1B). Interestingly, while the sows 
maintained a steady, low-level colonization of fecal 

fungi, piglets did not demonstrate the same fecal 
colonization while cohousing with their mothers. 
Further, fungal samples grown in the presence of 
sow milk or colostrum showed no inhibition of 
growth (data not shown). While not protective in 
vitro, future studies are needed to elucidate the po-
tential protective effect of sow milk and colostrum 
through factors such as antibodies to potential 
fungal pathogens.

Our bacterial sequencing data are con-
sistent with previously published microbiome 
studies in piglets. Our PCoA data demonstrate a 
shift in bacterial populations in nursing piglets 
to weaned piglets (Figure 2A). Guevarra et al. 
demonstrated a similar shift in bacterial popula-
tions in the feces of  piglets during the weaning 
transition (Guevarra et al., 2018). The diversity 
in fecal bacterial species increased over time in 
our piglets as shown by the Shannon diversity, 
Inverse Simpson, and Chao Indices (Figure 
3). Interestingly, the evenness indices demon-
strate that after day 1, the evenness of  the bac-
terial populations is not significantly different 
(Figure 3). Our taxonomical data demonstrate 
bacterial populations in our piglets consistent 
with previous studies, including members of  the 
Proteobacteria, Bacteroidetes, and Firmicutes 
phyla (Figure 4; Looft et al., 2014; Holman et al., 
2017; Guevarra et al., 2018).

Diversity does not demonstrate the same tem-
poral development in fungal populations (Figure 
3B). At the point of weaning, a single species of 
fungi became predominant in the gut: Kazachstania 
slooffiae, a member of the Saccharomycetaceae 
family (Figure 5). While little is known about 
K. slooffiae, it has been documented in the guts 
of piglets following the switch to a grain-based 
diet (Urubschurov et al., 2008, 2011, 2017, 2018). 
Urubschurov et al. suggest that this yeast species 
may be a potential protein source for piglets and an 
important member of the indigenous microbiota. 
K. slooffiae is part of the Kazachstania (Arxiozyma) 
telluris complex, a close relative to Candida species, 
and has been found in the ceca of horses and pigs 
in Portugal (Kurtzman et al., 2005), suggesting that 
it may be a ubiquitous fungus in animals. While rar-
efaction curves suggest our sequencing depth was 
sufficient (Supplementary Figure 1), further work 
must be done to assess diversity and evenness over 
time with more samples. Additionally, the ability 
of K. slooffiae to interact with gut bacteria and 
its ability to modify the metabolism and growth 
performance of piglets during weaning remains 
unknown.

http://academic.oup.com/jas/article-lookup/doi/10.1093/jas/skz182#supplementary-data
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Our work demonstrates the diversity and 
abundance of  the mycobiome in the feces of  pig-
lets. While numerically inferior to bacteria, the 
potential role of  fungi in piglet health remains 
unknown and future studies are needed to assess 
fungal populations at the different gastrointes-
tinal sites in the piglets over time. The mech-
anism of  fungal colonization in the piglet gut 
and feces also needs to be elucidated, including 
the source of  fungal exposure and the dynamics 
between fungi, bacteria, and host factors such 
as the innate immune response. The ability of 
the mycobiome to modify the resistance and re-
silience of  the bacterial community structure re-
mains to be studied but may prove important to 
piglet growth performance.

SUPPLEMENTARY DATA

Supplementary data are available at Journal of 
Animal Science online.
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