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Abstract

These updated guidelines from the Infectious Diseases Community of Practice of the American
Society of Transplantation review the epidemiology, diagnosis, prevention, and management of
infection due to Arenaviruses and West Nile Virus (WNV) in the pre- and post-transplant period.
Arenaviruses and WNV have been identified as causes of both donor-derived and post-transplant
infection. Most data related to these infections have been published in case reports and case series.
Transplant recipients may become infected with Arenaviruses if they, or their donors, are exposed
to wild rodents or infected pet rodents. Lymphocytic choriomeningitis virus is the most commonly
recognized Arenavirus among transplant recipients, and should be considered when transplant
recipients present with fever, hepatitis, meningitis/encephalitis, and/or multisystem organ failure.
WNV is a mosquito borne virus, and as such, its incidence varies yearly depending on
environmental conditions. WNV in transplant recipients typically presents with fever, myalgias,
and rash; approximately 1 in 40 develop neuroinvasive disease. Due to its morbidity, the Organ
Procurement and Transplantation Network recently mandated that transplant centers screen living
donors for WNV infection in endemic areas. Little is known about the optimal treatment of
Arenaviruses or WNV; reduction in immunosuppression and supportive care are the mainstays of
management at present.

Introduction

Arenaviruses and West Nile virus (WNV) have been identified as sources of both donor-
derived and post-transplant infection. Most data related to these infections have been
published in case reports and case series, and the majority of these reports focus on either
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lymphocytic choriomeningitis virus (LCMV) or WNV. Herein, we present discussions of
Arenaviruses, with a particular focus on LCMV due to a lack of data on other Arenaviruses,
and WNYV infections in solid organ transplant (SOT) recipients. We describe their
epidemiology, clinical manifestations, diagnosis, treatment, and prevention.

Arenaviruses

Description of Pathogens

Arenaviruses are single-stranded enveloped RNA viruses that are transmitted from infected
rodents to humans. New Arenavirus viral particles (or virions) are formed by budding from
the surface of the host’s cells; the viral particles are spherical, and their interiors contain
variable numbers of dense granules that are host cell ribosomes. These structures, which
resemble grains of sand, give this family its name (Latin arena, or “sand”).

The first Arenavirus to be identified was LCMV, which was reported in 1933 as a cause of
aseptic meningitis. Since then, several additional Arenaviruses have been identified,
including several that cause a hemorrhagic fever syndrome: Lassa virus, which has caused
outbreaks of hemorrhagic fever in Africa; and several Arenaviruses causing hemorrhagic
fever in South America. Arenaviruses are divided into two groups: the “Old World” or
“LCMV/Lassa complex,” which includes LCMV and Lassa virus; and the “New World” or
“Tacaribe complex,” which includes Junin, Machupo, Guanarito and Sabia viruses, which
are also referred to as the “South American hemorrhagic fever viruses.”

Rodents are the natural reservoir of Arenaviruses. The viruses exhibit high species
specificity, with each virus having a single rodent species as the natural reservoir. The
geographic distribution of the respective rodent species, in turn, determines the regional
distribution of the disease. LCMV differs from other Arenaviruses in that common house
mice (Mus domesticus and Mus musculus), rodents with global distribution as opposed to
geographically restricted field mice, are its natural reservoirl. Other rodents, such as pet and
laboratory rodents (including rats, mice, guinea pigs, and hamsters), are not natural
reservoirs but can be infected by LCMV if they come in contact with infected house mice.
The rodents have an asymptomatic chronic infection and shed the virus into excreta,
especially urine. Transmission among rodents can occur horizontally or vertically during
pregnancy.

Epidemiology and Risk Factors

Infection with LCMYV occurs worldwide with occasional outbreaks reported. Seroprevalence
studies show that up to 5% of adults in the US have evidence of prior infection with
LCMV12, Infection with Lassa virus occurs in West Africa, particularly in Sierra Leone,
Liberia, Guinea, and Nigeria. Studies in West African populations have shown a Lassa virus
seroprevalence ranging from 10-58%3-3. Infections with the South American hemorrhagic
fever viruses occur sporadically; the seroprevalence of Junin virus in rural populations in
Argentina has been reported to be 12%°.

Human transmission of LCMV occurs through contact with feces or urine from infected
rodents or by inhalation of dust soiled with rodent urine, saliva, or feces. Lower
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socioeconomic status, substandard housing, and agricultural activities have been associated
with rodent infestation and a higher risk of infection’. Transplant recipients may become
infected with Arenaviruses via (1) donor-derived infection or (2) exposure to wild rodents or
infected pet rodents®-12, Isolated cases of LCMV infection have been reported in laboratory
personnel after contact with infected hamsters or infected rodent cell linest314. Outbreaks of
LCMYV in employees of rodent breeding facilities have also been reported!®. Person-to-
person transmission of LCMV has only occurred through maternal-fetal transmission’6 and
donor-derived transmission in organ transplantation8-12. Person-to-person transmission of
LCMV is generally associated with severe disease, with congenital infection resulting in
birth defects, including hydrocephalus, chorioretinitis, optic atrophy, and microcephaly; and
transmission through organ transplantation resulting in multisystem organ failure and death
in the majority of cases.

Person-to-person transmission can occur with Lassa fever and some South American viral
hemorrhagic fevers via (1) aerosol spread, (2) contact with infected fluid, (3) sexual contact,
and (4) breastfeeding, even during recovery from acute illness. There are no published
reports of infection with Lassa fever or the South American viral hemorrhagic fevers in
transplant recipients.

Table 1 summarizes each of the Arenaviruses, including the disease caused by the virus, the
year of discovery, the geographic distribution, and the incubation period.

Clinical Manifestations

LCMV—LCMYV infection is typically asymptomatic or only mildly symptomatic in
immunocompetent individuals. When symptomatic, the illness is often subtle with self-
limited symptoms of fever, malaise, headache, photophobia, listlessness, myalgia, confusion,
memory deficits, and abdominal pain. In more severe cases, the infection may progress to
meningitis, encephalitis, and/or other central nervous system manifestations, but overall case
fatality rate is < 1%. The incidence of each of the different clinical syndromes caused by
LCMV is unknown, since diagnostic testing is rarely requested.

Until recently, LCMV in SOT recipients had only been described in the setting of donor-
derived infections (Table 2). Six clusters of transmission of LCMV and LCMV-like
Arenavirus via organ transplantation have been reported with 21 affected organ
recipients8-12, The majority of these organ recipients presented with symptoms in the first
month post-transplant, and with severe illness, characterized by elevated transaminases,
coagulopathy, and dysfunction of the transplanted organ. Additional signs and symptoms
included fever, localized rash, abdominal pain, diarrhea, hyponatremia, thrombocytopenia,
hypoxia, and acute kidney injury. Fifteen of the 21 (71%) organ recipients with donor-
derived LCMV died from multisystem organ failure, with LCMV-associated hepatitis as a
prominent feature. Delayed diagnosis, often only determined post-mortem, likely
contributed to the high mortality rate.

A common donor, who transmitted the infection to multiple recipients, was recognized in
each cluster. In the 2005 cluster, the donor had contact with a pet hamster infected with an
LCMV strain identical to that detected in the organ recipients®. In other clusters, however,
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the implicated donor did not have any exposure to rodents identified. Several of the
implicated donors died with intracranial hemorrhage and without any symptoms of
infection.

The first reported case of LCMV infection in a transplant recipient that was not donor-
derived was recently published: a kidney transplant recipient developed LCMV
meningoencephalitis complicated by hydrocephalus after exposure to mice excretal’. The
patient required ventriculoperitoneal shunt placement but survived to discharge.

LCMV is often under-recognized and under-diagnosed because the clinical characteristics of
LCMYV meningitis are non-specific. In addition, there is a lack of awareness of the virus
among physicians, and the diagnostic assays are not commercially available, making it a
difficult diagnosis to establish.

Lassa fever and South American viral hemorrhagic fevers—Lassa fever is mild or
asymptomatic in most infected individuals. The initial symptoms of Lassa fever are non-
specific and may include fever, headache, malaise, anorexia, and myalgias. Severe illness
develops in approximately 20% of cases!®19 and is associated with abnormal bleeding,
respiratory distress, hypotension, transaminitis, and encephalopathy, which may progress to
multisystem organ failure with shock, coma, and/or death. The overall fatality rate of Lassa
fever is 1%, but can be as high as 15-20% among patients who are hospitalized with severe
iliness1819, The presentation of South American viral hemorrhagic fevers is similar, but with
more frequent hemorrhagic and neurological complications. Approximately 30% of South
American viral hemorrhagic fever infections become severe and, among those, the fatality
rate is approximately 30%%2°, There have been no reports of infection with Lassa fever or
South American hemorrhagic fever in SOT recipients to date, but cases are likely missed or
not reported.

Diagnostic Strategies

The diagnosis of LCMYV should be considered in SOT recipients presenting with fever,
hepatitis, and/or multisystem organ failure. This clinical presentation in the first four weeks
after organ transplantation should raise concern for donor-derived infection, particularly if
similar signs and symptoms develop in multiple recipients with a common donor. LCMV
should also be considered in the differential diagnosis of aseptic meningitis and encephalitis,
whether or not there is a history of exposure to mice or pet rodents.

The laboratory diagnosis of LCMV can be made by the detection of LCMV-specific
immunoglobulin (1g) M and IgG antibodies in cerebrospinal fluid (CSF) and serum samples
using immunofluorescence assay (IFA) or ELISA. Convalescent serologies can assist in
confirming the diagnosis when LCMYV remains a diagnostic consideration and an increase in
titers is detected. LCMV can be detected by reverse transcription polymerase chain reaction
(RT-PCR) or virus isolation in CSF, serum, and tissue specimens. Immunohistochemical
staining of viral antigens in tissue specimens can be helpful in cases of negative serological
assays. Serologic assays are available in few commercial laboratories. Serologies and other
tests can be performed at state and public health reference laboratories, such as the US
Centers for Disease Control and Prevention (CDC). Suspected cases of LCMV should be
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discussed with local health departments, who can provide guidance on where to submit
clinical specimens. The sensitivity and specificity of serologies, PCR, and virus isolation are
not known, and the sensitivity of serologies may be reduced in transplant recipients. To
improve diagnostic yield, a combination of (1) serologic testing in serum and CSF; (2) PCR
of serum, blood, and CSF; and (3) immunohistochemical staining of tissues should be
obtained.

More recently, metagenomic deep sequencing has emerged as a potential diagnostic option
for determining the etiology of viral encephalitis when initial testing is unrevealing. With
this technology, RNA is extracted from CSF, reverse transcribed to single-stranded
complementary DNA, and then the sequences are analyzed to identify potential pathogens
based on the National Center for Biotechnology Information (NCBI) nucleotide reference
database. This approach has been used retrospectively for the diagnosis of donor-derived
LCMV1L, Key limitations to the metagenomic deep sequencing approach include the need to
sequence the human host background, the inadvertent detection of microbial contaminants,
and the detection of clinically insignificant microbes (e.g. detection of low level
herpesviruses that are not the culprit infection)?L. The CSF metagenomics assay is offered
for clinical testing at one Clinical Laboratory Improvement Amendments (CLIA)-certified
laboratory in the US (at the University of California San Francisco) but has not been
approved by the Federal Drug Administration (FDA)?2,

Evaluating organ donors for LCMV presents several challenges. There are currently no
FDA-approved screening tests for LCMV in organ donors. Further, deceased donors may be
asymptomatic at the time of death, and prior reports have documented transmission from
donors who had no evidence of infection by PCR or serological assays. With potential organ
donors who died with aseptic meningitis or encephalitis of unknown etiology, the risks to
transplant recipients should be carefully considered. There is no evidence at present to
suggest that screening potential organ donors for LCMV should be undertaken, due to the
low incidence of infection and lack of available rapid diagnostic testing with sufficient
accuracy. In the clusters of donor-derived LCMV infection described in the literature, donor
testing was performed retrospectively, after confirmation of recipient LCMV infection, and
this testing was not universally positive, underscoring the limitations of current diagnostics.

Lassa fever and South American hemorrhagic fevers should be considered in travelers to
endemic areas with a compatible clinical presentation and potential exposure to rodents or a
person with a viral hemorrhagic fever. At present, there are no published reports
documenting Lassa fever or South American hemorrhagic fever infections among transplant
recipients, including no reported cases of donor-derived transmission of these infections.
Any suspected cases of Lassa fever or other viral hemorrhagic fevers should be immediately
reported to the local health department. In the US, the health department and the CDC Viral
Special Pathogens Branch will decide if testing for Lassa fever or other viral hemorrhagic
fevers should be performed. The diagnosis of Lassa fever can be made by the detection of
viral antigen and Lassa virus-specific IgM and 1gG. Detection of Lassa virus by RT-PCR has
become the clinical diagnostic standard; however, false-negative results may occur due to the
high degree of genetic diversity of the virus. Viral isolation in cell culture remains the “gold
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standard” for the diagnosis of Lassa fever but requires biosafety level 4 precautions and

results are not available in a clinically useful time frame®.

. Diagnosis of LCMV should be considered in transplant recipients presenting
with fever, hepatitis, meningoencephalitis, and/or multisystem organ failure. The
presence of these signs and symptoms in the first four weeks post-transplant
should raise concern for donor-derived infection (strong, low).

. If donor-derived infection with LCMV is suspected, clinicians should
communicate with the local organ procurement organization (OPOQ) to (1)
facilitate evaluation of the other recipients and (2) help to confirm the diagnosis
(strong, low).

. Diagnosis of LCMV requires a combination of testing modalities, including
detection of LCMV-specific IgM and IgG in CSF and serum; detection of LCMV
by RT-PCR or virus isolation in CSF, serum, and tissue; and
immunohistochemical staining for viral antigens in tissue (strong, low). To
improve diagnostic yield, testing of serum and CSF by serology and PCR should
be performed (strong, low).

. Screening of potential organ donors for LCMV is not recommended due to the
low incidence of infection and limitations of current diagnostics (strong, low).

Supportive care with meticulous fluid balance and electrolyte management remains the
mainstay of therapy in Arenavirus infection. An effective antiviral agent for Arenaviruses
has not been developed.

LCMV—The optimal management of LCMV infection in organ transplant recipients has not
been established. Ribavirin possesses /n vitro activity against LCMV, but its clinical efficacy
remains unclear. In the reported clusters of donor-derived LCMV infections, strategies
included reduction of immunosuppression, oral and intravenous ribavirin, and administration
of intravenous immunoglobulin (IVIG). The survival rate among patients who were treated
with ribavirin was 60% as compared to 19% among patients who did not receive ribavirin.
This may have been confounded by the fact that ribavirin was employed more frequently in
more recent years, when there was also an increased awareness of LCMV infection and
other treatments, such as reduction of immunosuppression and IVIG, were utilized. Thus,
although ribavirin is often used for SOT recipients with LCMV infection, it is difficult to
know based on current data whether it truly affects mortality. The intravenous formulation of
ribavirin is not FDA-approved, but can be obtained through an Emergency Investigational
New Drug (EIND) application. Of note, ribavirin can cause significant hemolytic anemia,
particularly when used intravenously.

As with other viral infections, reduction in immunosuppression may positively affect
outcomes, particularly if done early in the course of illness. There are no available data on
the anti-LCMV antibody concentrations in IVIG preparations so its benefit remains unclear.
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Favipiravir, a new antiviral that is currently approved to treat influenza in Japan, has been
shown to be broadly active against a wide range of RNA viruses including Arenaviruses. A
study in mice with acute disseminated LCMYV infection showed that treatment with
favipiravir resulted in complete protection against mortality and reduction in viral loads23.
There are no reports in humans as of yet determining its clinical efficacy.

Lassa fever—Intravenous ribavirin has been shown to reduce mortality from Lassa fever if
administered within the first six days of illness?4. Intravenous ribavirin is preferred to oral
formulations in order to achieve higher serum concentrations. Oral ribavirin may be given if
the intravenous formulation is not available, but optimal dosing is not known. Favipiravir
successfully treated Lassa virus infection in macaques?®, and has been used in combination
with ribavirin in the treatment of two patients with Lassa fever25,

. In the treatment of Arenavirus infections, immunosuppression should be reduced
as much as possible (weak, low).

. Intravenous ribavirin is the drug of choice for Lassa fever (strong, low).

. The use of ribavirin, orally or intravenously, may be considered in LCMV and
other South American hemorrhagic fevers, but its efficacy remains unclear
(weak, low).

Persons can minimize the risk of LCMV infection from pet rodents by being attentive to
adequate hand hygiene and environmental cleaning?’. Transplant recipients should avoid
exposure to pet rodents. If that is not possible, they should defer cleaning of cages and care
of pet rodents to another family member or friend, should observe proper hand hygiene after
handling pet rodents, and should maintain adequate environmental cleaning. Human-to-
human transmission of Lassa fever can occur via direct contact with blood, tissue, or other
body fluids of an infected individual. Patients with Lassa fever, and potentially those with
South American hemorrhagic fever, should be placed in airborne and contact isolation.
Household members should avoid close physical contact with infected persons and their
body fluids. Oral ribavirin may be considered for post-exposure prophylaxis of Lassa fever
in healthcare workers and close contacts that were exposed to contaminated blood or body
fluids. Currently, there are no vaccines for Lassa virus available. A live attenuated vaccine
against Junin virus was found to be effective against Junin and Machupo viruses?829, It is
not available in the US. Since it is a live-attenuated vaccine, it is not recommended post-
transplant and its efficacy in transplant recipients, if given pre-transplant, is not known.

. Transplant recipients should avoid contact with house mice and wild or pet
rodents (e.g., mice, hamsters, or guinea pigs). They should defer cleaning of
cages and care of the pet to another family member or friend, should observe
proper hand hygiene after handling pet rodents, and should maintain adequate
environmental cleaning (strong, low).

. Donors with suspected or proven Arenavirus infection should not be used for
organ transplantation (strong, low).
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Research and Future Areas of Investigation

Future research should focus on improved and commercially available diagnostics for
Arenavirus infections, including diagnostic tests for the retrospective evaluation of organ
donors when concern for donor-transmitted infection exists, development of effective and
safe medications, and development of vaccines.

West Nile Virus

Description of Pathogen

WNV is a mosquito borne single-stranded RNA virus that belongs to the Flaviviridae family,
which also includes St. Louis Encephalitis (SLEV), Japanese B encephalitis, Dengue, Zika,
Yellow Fever, and Murray Valley encephalitis viruses. WNV strains show significant genetic
diversity but form two main lineages (Lineage 1 and 2)30. Infected mosquitoes, most
commonly of the Culex genera, acquire WNV through feeding on infected birds who serve
as the primary amplifying hosts of WNV3L, As the summer season progresses, a bird-
mosquito enzootic cycle develops with increasing viral amplification and infectivity of
“bridge vector” mosquitoes32. The net result is the successful transmission of WNV to
incidental hosts, including humans. The incidence and geographic location of WNV varies
yearly depending on environmental conditions such as the presence of Cu/ex spp mosquitoes
and their ability to grow in number and access bird vectors33,

Epidemiology and Risk Factors

In 1937, the first human case of WNV was reported in Uganda3*. Since then, WNV
outbreaks have occurred in Africa, Asia, Europe, and the Middle East where the virus is
endemic. In 1999, the first outbreak of WNV in the Western hemisphere occurred in New
York City3®. Since then, WNV has spread westward over the continental US, northward to
Canada, and southward to the Caribbean islands and Latin America31:36:37 WNV and SLEV
are the only mosquito-borne flaviviridae endemic in the US. WNV has been reported in 48
states and the District of Columbia3¢:37. The majority of cases occur between July and
October in the US, though earlier and later peaks have been noted in warmer states3”.

In 2002 and 2003, WNYV epidemics in the US and Canada identified non-mosquito borne
transmission of WNV through SOT, blood transfusion, percutaneous injury in the laboratory,
breast milk, and placental transmission during pregnancy38-44. Between 2002 and 2018, at
least 20 cases of donor-derived transmission of WNV were identified (Table 3). In these
cases, all of the donors were adults. Most of the implicated donors lived in areas of increased
WNYV activity and most likely acquired their infection from a mosquito bite. There were two
cases in which the donor was likely exposed via blood transfusion®4:4°, Testing for WNV
was performed pre-donation in only one of nine donors#?. While donor-derived transmission
of WNV has been of major concern, the majority of reports of WNV infection in transplant
recipients are related to infected mosquito bites*®.

Clinical Manifestations

The incubation period for WNV is between 3 and 14 days (mean of 6 days)32.
Approximately 80% of immunocompetent individuals remain asymptomatic with WNV

Clin Transplant. Author manuscript; available in PMC 2020 September 01.



1duosnuen Joyiny 1duosnuey Joyiny 1duosnuen Joyiny

1duosnuep Joyiny

Anesi et al.

Page 9

infection32. Of those who develop symptoms, the majority develop an acute systemic febrile
illness (West Nile fever) that includes fever, myalgias, malaise, nausea, vomiting, diarrhea,
and transient rash3147, Less than 1% of infected immunocompetent individuals develop
neuroinvasive disease, which can include meningitis, encephalitis, meningoencephalitis, or a
poliomyelitis-like flaccid paralysis3132. Studies have reported that up to 50% of patients
with neuroinvasive disease have residual symptoms at one-year post-infection, including
movement disorders, headaches, fatigue, and cognitive complaints32:47.

Groups at higher risk for the development of neuroinvasive disease include older individuals
and those that are immunosuppressed, such as SOT recipients3246:48 and recipients of
chemotherapy including rituximab and B-cell depleting agents*®-20. Neuroinvasive disease is
estimated to occur in approximately 1 in 40 SOT recipients infected with WNV via
mosquito bite, though some series have reported rates of neuroinvasive disease as high as
40%46:51, When transmitted via blood or deceased organ donation, the incidence of
neuroinvasive disease is significantly higher, ranging between 50 and 75973843,

To date, there are 23 reported transplant recipients who have received organs from donors
with WNV infection. Twenty of these (87%) became infected with WNV4°. The mean
incubation period was 13 days (range 7-17 days)*°>2. Fourteen of the 20 (70%) recipients
developed encephalitis*®. In a study of kidney recipients with donor-derived WNV, the 1-
year survival rate was 69%; the primary causes of death were encephalitis and meningitis®3.
Of note, there are no reported cases of WNV transmission via living donor transplantation at
present®4,

Diagnostic Strategies

The diagnosis of WNV depends on a high index of suspicion and laboratory testing3L. The
clinician should consider WNV in the differential diagnosis of a patient presenting with
fevers, altered mental status, lower extremity paralysis, Parkinsonian cogwheel rigidity, or
other neurologic symptoms during the “typical WNV season”, defined as May 1 to
November 30 in the US37:95, To assist the clinician in determining WNV activity, local and
state health departments and the CDC report cases of WNV infections in mosquitos, birds,
and/or humans in specific locations (see Arbonet www.cdc.gov/ncidod/dvbid/westnile/
index.htm).

Laboratory studies that can be used for diagnosis include serum and CSF WNV IgM and
IgG antibodies and viral nucleic acid testing (NAT). Interpretation of the results is facilitated
by review of the timeline of WNV infection (Figure 1)°6. In most cases, WNV-infected
mosquito bites are followed by an average incubation period of 6 days. After the incubation
period, asymptomatic viremia lasting 5-14 days can be identified by serum and CSF WNV
NAT testing. Longer periods of viremia may occur, especially in immunocompromised
patients®’-8, Patients with defective humoral immunity, including transplant recipients or
those treated with rituximab, may be unable to produce WNV IgM or IgG antibodies and
may have a persistent WNV viremia4930. Therefore, serum and CSF NAT testing may be the
primary means of diagnosing WNV infection in the transplant population®3:54,
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Commonly, decline in WNV viremia is followed by the production of IgM antibodies. IgM
is typically produced within 8 days after the initial WNV exposure and an average of 3.9
days after the onset of viremia®1:29, Serum WNV IgG is then produced within the following
3.4 days, or 7.7 days from the onset of viremia®®:60, Serum IgM may persist for several
months or years and thus may not be indicative of acute infection8?. If a patient presents to
care more than a week into his/her illness, both IgM and 1gG antibodies may be present. If a
patient presents within one week of symptom onset, the absence of virus-specific IgM does
not rule out the diagnosis of WNV infection. Repeating the IgM and 1gG serologies (or
obtaining acute and convalescent serologies) may therefore be helpful in interpreting the
results of the initial testing.

Acute WNV infection is likely present when: (1) there is a positive serum NAT test,
regardless of serum IgM and 1gG results; or (2) there is a positive serum IgM, regardless of
serum NAT or IgG testing. In these cases, the results can be confirmed by neutralizing
antibody testing of acute- and convalescent-phase serum specimens at a state public health
laboratory or the CDC. Acute WNV infection is unlikely when: (1) Serum NAT, IgM, and
IgG are all negative and the patient is more than one week into his/her illness; or (2) only the
serum IgG is positive (as this likely reflects past infection).

For the diagnosis of WNV neuroinvasive disease, CSF should be obtained for cell counts
with differential, protein, glucose, WNV IgM/IgG, and WNV NAT. Studies of SOT
recipients with naturally occurring WNYV disease have reported CSF pleocytosis ranging
from 5-540 white blood cells with half of cases showing a lymphocytic predominance and
the other half demonstrating a neutrophilic predominance. CSF protein levels ranged
between 41-142 and the majority of patients had normal CSF glucose levels*6:48, Similar
CSF profiles have been described in cases of donor-derived WNV neuroinvasive disease?®.
Neuroinvasive WNV infection is confirmed when: (1) CSF NAT testing is positive
(regardless of CSF IgM and IgG results); or (2) CSF WNV IgM is positive, since the IgM
antibody does not cross the blood brain barrier (regardless of CSF WNV 1gG or NAT
results). Presence of only WNV IgG in the CSF suggests either prior disease or may be a
false-positive due to cross-reactivity from a distinct etiology.

A major limitation in the interpretation of WNV serologies is the cross-reactivity with other
flaviviridae, including SLEV, Japanese Encephalitis, Zika, and Dengue viruses®2-64. Further,
the Yellow Fever vaccine may result in false-positive serologies for WNV®3. To assist in
differentiation, the CDC utilizes IgM-ELISA microsphere assays that are specific to the
different flaviviridae. For specific confirmation, plaque reduction neutralization testing
(PRNT) may be obtained through the CDC86, although results are not likely to be available
prior to organ recovery.

More recently, metagenomic deep sequencing has emerged as a potential diagnostic option.
This approach has been shown in case reports to be capable of identifying cases of WNV
encephalitis among transplant recipients when standard serology and NAT testing were
negative?2, As described in the Arenaviruses section, this technology is not yet FDA-
approved and still has several limitations, including the possibility of inadvertent detection
of contaminants.
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CT imaging has been reportedly normal with WNV meningoencephalitis®7:68. In contrast,
diffusion and T2-weighted MRI imaging is often helpful by showing enhancement that is
similar to other forms of acute or chronic demyelinating processes. Both symmetric and
asymmetric enhancement have been reported in the leptomeninges, brainstem, basal ganglia,
thalami, pons, and parietal and frontal lobes®®. T2-weighted enhancement of the spinal cord
has been reported with acute flaccid paralysis®8. These radiographic findings have been
observed in over 70% of transplant recipients as compared to only a third of
immunocompetent patients®269. If the initial MRI of the brain is unremarkable but the index
of suspicion for WNV is high, a repeat MRI of the brain may be considered after 24-48
hours to evaluate for progression of disease. Electromyelographic studies may show findings
of anterior horn cell disease®8:68,

. The laboratory diagnosis of WNV is made using serum and CSF WNV IgM,
1gG, and NAT (strong, high). The diagnosis of acute WNV infection is likely
when: (1) serum or CSF WNV NAT is positive (regardless of serology results);
or (2) serum or CSF WNV IgM is positive (regardless of NAT or 1gG results).
Confirmation can be obtained through PRNT offered by the CDC.

The primary treatment of WNV is supportive care, including ventilatory support as needed.
Temporary reduction in immunosuppression should be considered in order to allow for
restoration of natural immunity to WNV. There are no clinical trials to support specific
antiviral agents for treatment, though several management strategies have been published in
case reports and case series’?.

Intravenous immunoglobulin (IVIG)—IVIG containing WNV-specific antibodies is the
most commonly employed therapeutic agent4>48:57.58.71 \WNV appears to have greater
susceptibility to humoral, rather than cell-mediated, immunity*®. In a mouse model, WNV
infection was lessened or completely aborted in a dose-dependent manner with transfer of
passive antibodies’2. In case reports and case series in humans, passive transfer of
monoclonal or polyclonal virus-specific antibodies have had variable outcomes, ranging
from complete recovery to progressive disease and death#>:48.57.58,71,

The presence of adequate WNYV antibodies in the IVIG product initially required use of high
titer WNV-specific immunoglobulin (Omr-IgG-am, OMRIX Biopharmaceuticals, Israel)
from the Middle East, where there are areas of high endemicity for WNV®9.72 and was
granted orphan drug status by the FDA in 200773. However, the seroprevalence of WNV in
the US has increased, resulting in the presence of high titer WNV antibodies in US plasma-
derived products. though the concentrations may vary by region depending on WNV
endemicity’?. A small randomized controlled trial of Omr-lgG-am versus standard IVIG
failed to show a clinical benefit in adults with symptomatic disease’. Successful use of US-
derived IVIG for the treatment of acute WNYV infection has been reported in both
immunocompetent and immunosuppressed individuals#>48. Doses have varied: 0.4-0.5 g/kg
administered every 1-4 days for variable durations*3:46.75: 1000 mg/kg/day for 2 days’®:
1000 mg/kg followed by 500 mg/kg on two subsequent days’2. IVIG has been used alone or
in combination with fresh frozen plasma, interferon, or ribavirin in case reports*>. Mouse
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models have suggested that early administration of IVIG, ideally during the time of viremia,
may improve the outcome of WNV infection’%.77. Further studies are needed to determine
the efficacy of IVIG and optimal dosing strategies.

Interferon a—2b—Interferons restrict viral replication by activation of cytotoxic T-cell
responses and may restrict WNV neuroinvasion by tightening of the blood-brain barrier’8.
Animal studies have suggested improved survival with WNV infection when interferon is
employed’®. In an unblinded clinical trial of 23 patients with WNV neuroinvasive disease,
15 of whom were given interferon a—2b, there was significantly greater improvement in
neurological status in those that received the treatment, but these data remain unpublished®.
Reports of successful treatment with interferon a—2b at a dose of 3 million units daily for 14
days have been published with full, or nearly full, neurologic recovery among the
patients®1-84, However, there are other case reports and case series that document no
improvement after treatment with interferon a—2b and ultimately death for the described
patients due to their WNV infection®885_ In a case series where three SOT recipients with
WNV infection were treated with IFN a, one recovered, but two had progressive disease and
died*®. There is also significant concern that interferon administration to SOT recipients
may precipitate organ rejection8. Thus, because of the insufficient evidence of efficacy and
the risk for rejection in SOT, its use in transplant recipients has not been formally studied
and is not currently recommended.

Ribavirin—Ribavirin has demonstrated in vitro activity against WNV infection8”. There is
limited clinical experience however. In a case series of SOT recipients with WNV, of which
two were treated with ribavirin, the authors reported that one had progressive disease and
died, while the other survived with partial neurologic recovery®®. In another case series,
there was a single transplant recipient with WNV infection treated with ribavirin, who
recovered from the disease?®. Ribavirin was also administered to 37 patients during a WNV
outbreak in Israel in 2000, of which an unspecified number were SOT recipients®’. In this
report, ribavirin use was associated with an increased risk of death on bivariable analysis,
though this may have been due to confounding by indication and was not significant on
multivariable analysis®’. Taken together, there is not sufficient clinical evidence to suggest
efficacy, and ribavirin is not currently recommended for the treatment of WNV infection
among SOT recipients.

. Treatment of WNV infection includes supportive care, reduction in
immunosuppression, and the consideration of IVIG (weak, moderate).

Prevention of donor-derived WNV infection—Screening for WNV infection among
organ donors has not been extensively studied, and most practices are extrapolated from
blood bank screening policies®8:89, Blood banks in the US screen year-round for WNV using
NAT testing for WNV RNA. Blood donors are tested in minipools. If one or more minipool
is positive by NAT, the blood bank begins screening individual samples®%91, In February
2013, the Organ Procurement and Transplantation Network (OPTN) mandated that
transplant centers start screening /iving donors for WNV infection in endemic areas®*. Year-
round screening has not been adopted due to the seasonality of WNV infections. Rather, it
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has been recommended that screening of living donors occur (1) when local blood banks
switch to individual sample screening, or (2) when bird or mosquito pools are positive as
reported by local health departments®*. For most US regions, the period between May 1 and
November 30 would encompass the time of highest WNV activity each year and would
represent a reasonable screening period.

For laboratory screening, living donors should be screened with WNV NAT within 7-14
days of donation since actively viremic individuals (i.e. serum NAT-positive) are most likely
to transmit WNYV by blood and organ donation. There are currently two FDA-approved
donor screening NAT assays utilized by screening laboratories: (1) Procleix transcription
mediated amplification (TMA) WNV assay (Gen-Probe, Inc; San Diego, CA, USA); (2)
Cobas TagScreen WNV Test utilizing RT-PCR (Roche Molecular Systems, Inc; Pleasanton,
CA, USA).

Though donor screening for WNV is recommended by OPTN for all living donors in
endemic areas, there are no formal recommendations for deceased donors and practices vary
by OPO. In areas of high endemicity, it is reasonable to consider screening for deceased
donors during times of increased WNV activity, though there are several practical
limitations. More specifically: (1) Testing requires specialized laboratory facilities that are
not logistically available for all OPOs so that NAT results may not be available prior to
transplant. (2) WNV NAT testing is performed on large platforms and is not conducive to
single donor sampling. Efforts are being made to provide smaller donor sampling testing
capabilities by billing only for portions used (RTI Biologics Inc). (3) NAT-negative donors
may transmit WNV. Though uncommon, WNV infection was unexpectedly transmitted in
2005 to three of four SOT recipients from a donor who was seropositive for WNV IgM and
IgG but had a negative WNV NAT92. In 2008, a donor who was WNV IgM, IgG, and NAT
negative had received a WNV IgM positive/NAT negative blood donation and transmitted
WNYV to the heart transplant recipient#2:89 (Table 3). These two episodes suggest that the
virus may remain in tissue and red blood cell compartments after the viremia clears or that
the RNA copy number may have been below the level of detection of the NAT assay. (4) The
WNV NAT has a high false-positive rate. In a study of blood donor screening, 47% of the
initial positive WNV NAT tests were found to be false-positives (based on nonreactive TMA
and PCR results in all additional testing, and negative WNV serology testing on the donation
sample and/or follow up samples)?0. With a high false-positive rate, routine WNV screening
could result in unnecessary organ loss. FDA-approved confirmatory testing is available for
blood donor screening for the Procleix TIGRIS platform but is not available for organ
donation.

Patients with positive WNV testing are asked to defer blood product donations for 120 days.
Though there are no studies evaluating organ donation after WNV, we recommend deferring
donation for at least 28 days with live donors, at which point repeat NAT testing as well as
IgM testing should be obtained>*. If the NAT and IgM are negative, this is consistent with a
false-positive NAT test and donation can be considered. If the NAT is negative and IgM is
positive, this likely reflects viral clearance and organ donation can be considered. If the NAT
remains positive, organ donation should be deferred once again®?. (See Figure 2 for a living
donor screening algorithm, adapted from Levi et aP%). For deceased donors, on whom

Clin Transplant. Author manuscript; available in PMC 2020 September 01.



1duosnuen Joyiny 1duosnuey Joyiny 1duosnuen Joyiny

1duosnuep Joyiny

Anesi et al.

Page 14

testing may or may not be performed or available within the needed timeframe, we would
recommend: deferring donors with (1) known WNV infection, (2) positive WNV NAT
testing, or (3) clinical meningitis, encephalitis, or flaccid paralysis of unknown etiology if
from a region with reported WNV activity.

Prevention of WNV infection in the post-transplant population—In the post-
transplant period, WNV infection may be prevented by avoiding mosquito bites. In
particular, patients should be counseled to use long sleeves and long pants and apply topical
insecticides on exposed skin, such as DEET, picardin, oil of lemon eucalyptus, or IR3535 in
concentrations between 10-50%. As Culex spp mosquitoes are most active in the evenings,
patients should avoid outdoor activities from dusk to dawn if possible.

. Serum WNV NAT screening is recommended for living donors in endemic areas
during times of increased WNV activity (see Figure 2 for details) (weak,
moderate).

. Living donors with positive WNV NAT testing should defer donation for at least
28 days, at which point repeat NAT testing as well as IgM testing should be
obtained. If the NAT and IgM are negative, this is consistent with a false-positive
NAT test and donation can be considered (see Figure 2) (weak, moderate).

. There are no established recommendations for screening deceased donors, and
practices vary by OPO.
. Deceased donors should be deferred if they have known WNV infection; a

positive WNV NAT; or clinical meningitis, encephalitis, or flaccid paralysis of
unknown etiology (strong, high).

Research and Future Areas of Investigation

Future research is needed in many areas related to WNV infection among SOT recipients.
Major issues that remain unresolved include: (1) determinants of neuroinvasive disease
among SOT recipients; (2) optimal screening practices for deceased donors in areas that are
endemic for WNV; (3) timing of donation with a living donor who has had WNV infection;
(4) improving diagnostics to reduce turnaround time and cross-reactivity; and (5) expanding
potential therapeutic options.
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Immune response to West Nile virus

viremia

-5 0 Days 5

t

Onset of illness

Figure 1. Immune response to WNV.
The phases of WNV viremia, the onset of illness, and the immune response to a WNV

infection (Zhang er a/.>®, copied with permission, © 2009 Elsevier Inc.). There may be
variability in the timeline in transplant recipients.
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Plasma WNV NAT within 7-14
days prior to donation
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Figure 2. Living donor screening recommendations for WNV.
Adapted from Levi er aP* with permission (© Copyright 2014 The American Society of

Transplantation and the American Society of Transplant Surgeons, Wiley Periodicals Inc.).
Abbreviations: 1D, Infectious Diseases; NAT, Nucleic acid test; WNV, West Nile Virus.
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Overview of Arenaviruses

Table 1:

Page 22

ArenavirusT Disease Year of discovery Geographic distribution Incubation period
LCMV Lymphocytic choriomeningitis 1933 Worldwide 1-3 weeks
Lassa virus Lassa fever 1969 West Africa 3-21 days
South American HF viruses South America

Junin Argentine HF 1958 North-central Argentina
Machupo Bolivian HF 1963 Northeast Bolivia
7-14 days
Guanarito Venezuelan HF 1989 Central Venezuela
Sabia Brazilian HF 1993 Brazil
Chapare Chapare HF 2004 Cochabamba region of Bolivia
Lujo Lujo HF 2008 Southern Africa 7-13 days

fAdapted from https://www.cdc.gov/vhf/virusfamilies/arenaviridae.html (accessed May 25, 2018)

Abbreviations: HF, hemorrhagic fever; LCMV, lymphocytic choriomeningitis virus
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