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Key points

� Muscle mitochondrial networks changed from a longitudinal, fibre parallel orientation to a
perpendicular configuration during postnatal development.

� Mitochondrial dynamics, mitophagy and calcium uptake proteins were abundant during early
postnatal development.

� Mitochondrial biogenesis and oxidative phosphorylation proteins were upregulated
throughout muscle development.

� Postnatal muscle mitochondrial network formation is accompanied by a change in protein
expression profile from mitochondria designed for co-ordinated cellular assembly to
mitochondria highly specialized for cellular energy metabolism.

Abstract Striated muscle mitochondria form connected networks capable of rapid cellular energy
distribution. However, the mitochondrial reticulum is not formed at birth and the mechanisms
driving network development remain unclear. In the present study, we aimed to establish the
network formation timecourse and protein expression profile during postnatal development
of the murine muscle mitochondrial reticulum. Two-photon microscopy was used to observe
mitochondrial network orientation in tibialis anterior (TA) muscles of live mice at postnatal days
(P) 1, 7, 14, 21 and 42, respectively. All muscle fibres maintained a longitudinal, fibre parallel
mitochondrial network orientation early in development (P1–7). Mixed networks were most
common at P14 but, by P21, almost all fibres had developed the perpendicular mitochondrial
orientation observed in mature, glycolytic fibres. Tandem mass tag proteomics were then applied
to examine changes in 6869 protein abundances in developing TA muscles. Mitochondrial proteins
increased by 32% from P1 to P42. In addition, both nuclear- and mitochondrial-DNA encoded
oxidative phosphorylation (OxPhos) components were increased during development, whereas
OxPhos assembly factors decreased. Although mitochondrial dynamics and mitophagy were
induced at P1–7, mitochondrial biogenesis was enhanced after P14. Moreover, calcium signalling
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proteins and the mitochondrial calcium uniporter had the highest expression early in post-
natal development. In conclusion, mitochondrial networks transform from a fibre parallel to
perpendicular orientation during the second and third weeks after birth in murine glycolytic
skeletal muscle. This structural transition is accompanied by a change in protein expression
profile from mitochondria designed for co-ordinated cellular assembly to mitochondria highly
specialized for cellular energy metabolism.
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Introduction

Skeletal muscle development is characterized by a robust
increase in the size and contractile performance of
muscle fibres and occurs mostly within the first month
after birth in mice (Gokhin et al. 2008; White et al.
2010). During this postnatal period, there is also a
major reorganization of the contractile elements, as well
as myocellular organelles, including the t-tubules and
sarcoplasmic reticulum (SR) (Luff & Atwood, 1971).
Similarly, mitochondrial structure undergoes a large trans-
formation in developing muscle (Mishra et al. 2015).
Previously, it was shown that mitochondria in the rat
diaphragm are arranged individually and parallel to the
muscle fibre axis at birth but, by 2 months of age, a
highly connected, grid-like network is formed (Bakeeva
et al. 1981). The mature muscle mitochondrial reticulum
was demonstrated to provide a pathway for rapid cellular
energy distribution in the form of the mitochondrial
membrane potential (Glancy et al. 2015), as hypothesized
several decades earlier (Skulachev, 1969). However, the
mechanisms driving the postnatal formation of the muscle
mitochondrial reticulum remain unclear.

Mitochondria are dynamic organelles that change their
morphological and biochemical properties in response to
physiological stimuli (Kim et al. 2017; Pickles et al. 2018).
Mitochondrial fusion occurs via co-operative regulation
of the mitofusins (i.e. MFN1 and MFN2) and OPA1
that exert GTPase activity to fuse the outer and inner
mitochondrial membranes, respectively. Mitochondrial
fission is probably also regulated by another GTPase family
member, Drp1, which is recruited by adaptor proteins
such as Fis1, Mff and Mid49/51 (Mishra & Chan, 2016).
Despite the importance of mitochondrial dynamics for
mitochondrial quality control (Twig et al. 2008), only a
few studies have examined how those fusion and fission
proteins work in muscle development. For example, it
has been documented that both MFN 1 and MFN2
are required for healthy mitochondrial development in
tibialis anterior (TA) muscle through maintaining mtDNA
stability (Chen et al. 2010). Additionally, in a study using
mice with muscle-specific overexpression of Drp1, Touvier
et al. (2015) also demonstrated the importance of a

fine-tuned fission process during postnatal muscle growth
because overexpressed Drp1 not only retards muscle
growth, but also significantly impairs mitochondrial
network formation in skeletal muscle. Conversely, the role
of the mitochondrial fission adaptor proteins in muscle
development is not well described.

Mitophagy also plays an important role for maintaining
mitochondrial quality control via the degradation of
malfunctional or damaged mitochondria by lysosomes
after being engulfed by autophagosomes (Sin et al. 2016;
Pickles et al. 2018). This mitochondria-specific autophagy
is governed by the PINK1/Parkin pathway, resulting in
mitochondrial remodelling and turnover (Yang et al. 2008;
Lazarou et al. 2015). In a recent study, impaired Parkin led
to dysregulated mitochondrial function, as well as smaller
fibre size (Peker et al. 2018), suggesting that it has an
essential role in muscle development. A loss of PINK1
and Parkin has also been recently associated with a strong
inflammatory phenotype after exhaustive exercise in mice
(Sliter et al. 2018). However, more studies are warranted
to better understand mitophagic regulation in postnatally
developing skeletal muscle.

In addition to controlling mitochondrial degradation,
the maintenance of optimal cellular function also
requires the capacity to increase mitochondrial quantity.
Mitochondrial biogenesis is regulated via the action of
peroxisome proliferator-activated receptor-γ coactivator
(PGC)-1α, which interacts with various transcription
factors and enhances mitochondrial oxidative capacity
by stimulating nuclear DNA- and mitochondrial
DNA-encoded mitochondrial protein components.
Although the contribution of PGC-1α to mitochondrial
structural and functional development has been shown in
cardiac and skeletal muscle (Lehman et al. 2000; Czubryt
et al. 2003; Zechner et al. 2010; Martin et al. 2014), the
specific roles of the various transcription factors down-
stream of PGC-1 in muscle development are less clear.

It has been suggested that mitochondrial network
development is directly related to the cellular
configuration of the SR and t-tubules because those sub-
cellular components are tightly aligned with mitochondria
in mature skeletal muscle after undergoing dynamic
changes during early postnatal development (Schiaffino
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& Margreth, 1969; Walker & Edge, 1971; Takekura et al.
2001). Indeed, the mitochondria, SR and t-tubules all
play integral roles in calcium signalling in the muscle,
and calcium signalling proteins such as calcineurin and
calmodulin kinase (CaMK) have been demonstrated
as key factors for mitochondrial biogenesis in skeletal
muscle (Wu et al. 2002). Moreover, mitochondrial calcium
uniporter (MCU) has been identified as an important
regulator of muscle function in mice, especially during
strenuous exercise (Pan et al. 2013; Gherardi et al. 2018).
However, the regulation of mitochondrial calcium uptake
during muscle development remains unknown.

To better understand how the muscle mitochondrial
reticulum is formed, we first aimed to establish the
timecourse of mitochondrial network development in
mice. Second, we explored the global changes in protein
expression in skeletal muscle of mice during post-
natal development. In particular, we focused on the
protein composition of the mitochondria with specific
attention on (i) mitochondrial dynamics and turnover;
(ii) mitochondrial energetic pathways; and (iii) calcium
handling and signalling in TA muscles of mice at post-
natal days (P) 1, 7, 14, 21 and 42. We hypothesized that
mitochondrial dynamics and calcium signalling proteins
would be most abundant early in development, whereas
mitochondrial energetics and calcium handling protein
expression would increase throughout postnatal muscle
development.

Methods

Ethical approval

All procedures were approved by the National Heart, Lung,
and Blood Institute Animal Care and Use Committee and
performed in accordance with the guidelines described in
the Animal Care and Welfare Act (7 USC 2142 § 13).

Animals

C57BL6/N mice, aged 6–8 weeks old, were purchased
from Taconic Biosciences (Rensselaer, NY, USA) and set
up as breeding pairs. MitoDendra mice (Pham et al.
2012), aged 2–4 months old, were purchased from The
Jackson Laboratory (strain #018397) and also set up as
breeding pairs (The Jackson Laboratory, Bar Harbor, ME,
USA). Their progeny were randomly selected for each
experimental group: postnatal (P) 1, 7, 14, 21 and 42.
Animals were given free access to food and water and
pups were weaned at P21–28. As a result of the difficulty
in using anogenital distance to reliably determine sex in
newborn pups, we did not group mice depending on sex
but, instead, randomly used both male and female mice.
For proteomic analyses, TA muscles (n = 4 per group)

were excised when animals were anaesthetized under iso-
flurane inhalation (1–2% with oxygen) and, for P1 and
P7, pooled samples (i.e. one sample = 3–5 animal tissues)
were used because of their small tissue size, respectively.
Mice were then killed by exsanguination. Excised tissues
were immediately frozen on dry ice and saved at −80°C
for further processing.

Two-photon microscopy

Two-photon excitation microscopy (TCS SP8; Leica
Microsystems, Wetzlar, Germany) was used to detect
mitochondrial networks in the TA of live mice, as described
previously (Glancy et al. 2014). In brief, mice (n = 3 per
group) were placed under 1–2% isoflurane anaesthesia
through a nosecone, skin and fascia of the TA muscles
were gently removed using fine forceps, and the leg was
coupled to the upright 25×, 1.1 NA objective (Nikon,
Tokyo, Japan) with an optical coupling gel (Rothstein et al.
2006). Endogenous NAD(P)H fluorescence was excited at
750 nm and emission collected in the range 414–538 nm.
The pixel sizes in the NAD(P)H images were in the range
150–300 nm, providing a resolution of �300–600 nm
according to the Nyquist limit. With MitoDendra mice,
we took images with pixels sizes in the range 40–100 nm
aiming to maximize the resolution obtained by our
system and to obtain greater clarity of the mitochondrial
network structures (the diffraction limit of resolution is
�200–250 nm). Mitochondrial network orientation was
determined by a blind tester who scored either 0 or 1 for
each category for a given fibre. Fibres were scored as fibre
parallel (mitochondria running parallel to the contractile
axis of the muscle), perpendicular (mitochondria oriented
90° relative to the contractile axis) or mixed (mitochondria
oriented both parallel and perpendicular to the contra-
ctile axis). For example, if perpendicular mitochondria
were observed, the tester scored the perpendicular section
with ‘1’ and marked the others with ‘0’. At least 30 fibres
per group were tested and data are shown as percentages.
To further confirm mitochondrial network orientation
changes during muscle development, we also performed in
situ MitoTracker Red (Thermo Fisher Scientific, Waltham,
MA, USA) staining in TA muscles of C57BL/6 mice.

Proteomics analysis

Preparation of protein extracts. Frozen TA muscles
(n = 4 per group; 3–5 pooled tissues for P1 and P7)
were transferred to a urea-based lysis buffer (6 M urea, 2 M

thiourea, 50 mM triethylammonium bicarbonate) at a ratio
of 1:5 and homogenized by ceramic beads using two steps
of 20 s at 5590 g (5500 rpm) and 4°C (Precellys R© Cryolys
Evolution; Bertin Technologies, Montigny-le-Bretonneux,
France). Tissue lysates were further homogenized by
microcentrifuge spin columns (QIAshredder; Qiagen,
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Valencia, CA, USA) to reduce viscosity and clarified
by centrifugation (16 000 g for 20 min at 4°C). The
supernatants were transferred into new tubes for further
processing. Protein concentration was estimated by the
Bradford assay (Thermo Fisher Scientific) and 100 μg of
each lysate was digested with trypsin and labelled with
Tandem Mass Tag (TMT) 10-plex labelling reagent kit in
accordance with the manufacturer’s instructions (Thermo
Fisher Scientific).

Offline HPLC peptide fractionation. High pH
reversed-phase liquid chromatography was performed
on an offline Model 1200 series HPLC system (Agilent
Technologies Inc., Santa Clara, CA, USA). The desalted
peptides were resuspended in 0.1 mL of 10 mM triethyl
ammonium bicarbonate with 2% (v/v) acetonitrile.
Peptides were loaded onto an Xbridge C18 HPLC
column (Waters, Milford, MA, USA; 2.1 mm inner
diameter × 100 mm, 5 μm particle size) and profiled with
a linear gradient of 5–35% buffer B (90% acetonitrile,
10 mM triethyl ammonium bicarbonate) over 60 min
at a flow rate of 0.25 mL min−1. The chromatographic
performance was monitored by sampling the eluate with
a diode array detector (Model 1200 series HPLC system;
Agilent Technologies Inc.) scanning between wavelengths
of 200 and 400 nm. Fractions were collected at intervals
of 1 min followed by fraction concatenation. Fifteen
concatenated fractions were dried and resuspended
in 0.01% formic acid, 2% acetonitrile. Approximately
500 ng of peptide mixture was loaded per liquid
chromatography-mass spectrometry run.

Mass spectrometry. All fractions were analysed on an
Ultimate 3000-nLC coupled to an Orbitrap Fusion Lumos
Tribrid instrument (Thermo Fisher Scientific) equipped
with a nanoelectrospray source. Peptides were separated
on an EASY-Spray C18 column (Thermo Fisher Scientific;
75 μm × 25 cm inner diameter, 2 μm particle size and
100 Å pore size). Peptide fractions were placed in an auto-
sampler and separation was achieved by a 120 min gradient
from 5–25% buffer B (100% acetonitrile and 0.1% formic
acid) at a flow rate of 300 nL min−1. An electrospray voltage
of 1.9 kV was applied to the eluent via the EASY-Spray
column electrode. The Lumos was operated in positive
ion data-dependent mode, using synchronous precursor
selection (SPS) (MS3 method) (Ting et al. 2011). Full
scan MS1 was performed in the Orbitrap with a precursor
selection range of m/z 375–1275 at nominal resolution
of 1.2 × 105. The automatic gain control (AGC) target
and maximum accumulation time settings were set to
2 × 105 and 50 ms, respectively. MS2 was triggered
by selecting the most intense precursor ions above an
intensity threshold of 5 × 103 for collision induced
dissociation-MS2 fragmentation with an AGC target and

maximum accumulation time settings of 1 × 104 and
60 ms, respectively. Mass filtering was performed by
the quadrupole with a transmission window of m/z 0.7,
followed by collision induced dissociation fragmentation
in the linear ion trap with 35% normalized collision energy
in rapid scan mode and the parallelizable time option was
selected. SPS was applied to co-select 10 fragment ions for
high energy collision induced dissociation (HCD)-MS3
analysis. SPS ions were all selected within the range
m/z 400–1200 and were set to preclude selection of the
precursor ion and complement TMT ion series (Wuhr
et al. 2012). The AGC target and maximum accumulation
time were set to 1 × 105 and 125 ms, respectively, and
parallelizable time option was selected. Co-selected pre-
cursors for SPS-MS3 underwent HCD fragmentation with
65% normalized collision energy and were analysed in
the Orbitrap with nominal resolution of 5 × 104. The
number of SPS-MS3 spectra acquired between full scans
was restricted to a duty cycle of 3 s.

Data processing. Raw data files were processed using
Proteome Discoverer, version 2.2 (Thermo Fisher
Scientific), using both Mascot, version 2.5.1 (Matrix
Science, London, UK) and Sequest HT (Thermo
Fisher Scientific) search algorithms. Mascot and
Sequest HT searches were performed against SwissProt
human database (July 2017; 20,202 sequences), with
carbamidomethylation of cysteine, and TMT 10-plex
modification of lysine and peptide N-terminus set as
static modifications and oxidation of methionine as the
dynamic modification. For SPS-MS3, the precursor and
fragment ion tolerances of 10 ppm and 0.6 Da were
applied, respectively. Up to two-missed tryptic cleavages
were permitted. Percolator algorithm was used to calculate
the false discovery rate of peptide spectrum matches, set
to a q value of 0.05 (Kall et al. 2007; Kall et al. 2008; Brosch
et al. 2009; Spivak et al. 2009).

TMT 10-plex quantification was also performed by
Proteome Discoverer by calculating the sum of centroided
ions within 20 ppm window around the expected m/z
for each of the 10 TMT reporter ions. Quantification
was performed at the MS3 level where the median of all
quantifiable peptide spectrum matches for each protein
group was used for protein ratios.

General pathway changes during postnatal
development were assessed using the Reactome Pathway
Browser (reactome.org). First, identified proteins were
sorted into five groups in accordance with their expression
profile across time: proteins whose abundance increased
at every time point (up); proteins whose abundance
decreased at every time point (down); proteins whose
abundance increased from P1 to P7 and P14 then
decreased at P21 and P42 (up then down); proteins
whose abundance decreased from P1 to P7 and P14
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then increased at P21 and P42 (down then up); and the
remaining proteins (other). The Uniprot Accession IDs
for each group were then loaded into Reactome Analysis
interface and analysed using the Project-to-Human and
Include Interactors options. Pathways with an entities false
discovery rate < 0.05 were considered to be significantly
enhanced.

Western blotting

Using a glass tissue grinder, TA muscles (n = 3 per
group; 3–5 pooled tissues for P1 and P7) were homo-
genized in RIPA buffer at a ratio (catalogue no. 20-188;
Millipore, Billerica, MA, USA) of 100 mg per 0.1 ml
including protease inhibitor cocktail (P8340; Sigma, St
Louis, MO, USA). After leaving on ice for 15 min,
samples were centrifuged at 16,000 g for 10 min at 4°C
and then the supernatant was transferred into a clean
1.7 mL tube. Protein concentration was determined by
the Bradford assay. Loading samples were then prepared by
mixing with dithiothreitol-included SDS protein loading
solution (351-082-661; Quality Biological, Gaithersburg,
MD, USA) and boiling at 95°C for 5 min. Using a XCell
SureLock Mini-Cell Electrophoresis system (Invitrogen,
Carlsbad, CA, USA), 25–30 μg of proteins were separated
in NuPAGE Bis-Tris Gels (10% or 12%, 1.0 mm;
Invitrogen) at 150 V. Subsequently, proteins in the gels
were transferred onto polyvinylidene fluoride membranes
via a XCell Blot Module system (Invitrogen) at 25 V
for 2 h at 4°C. After blocking with Odyssey Blocking
Buffer (927-40000; Li-Cor, Lincoln, NE, USA) for 1 h
at room temperature, membranes were incubated with
primary antibodies (OPA1, BD Biosciences, San Jose, CA,
612606, dilution 1:1000; PINK1, Abcam, Cambridge, MA,
USA, ab23707, dilution 1:1000; Parkin, Cell Signaling
Technology, Beverly, MA, USA, 4211, dilution 1:1000;
PGC-1α, Millipore, AB3242, dilution 1:1000; MCU,
Abcam, ab121499, dilution 1:1000) overnight at 4°C, with
agitation on a rotator. The next day, membranes were
washed with PBS buffer (dilution 1:1000, Tween 20) for
3 × 10 min, and then incubated with corresponding
secondary antibodies for 1 h at room temperature.
After washing again with PBS buffer for 3 × 10 min,
blots were detected by an Azure imaging system (c600;
Azure Biosystems, Dublin, CA, USA) following a brief
incubation with Pierce ECL Western Blotting sub-
strate (32106; Thermo Fisher Scientific). ImageJ (NIH,
Bethesda, MD, USA) was used to quantify band densities
of each protein.

Blue native (BN) page

TA muscles (50–150 mg) (n = 3 per group; 3–5
pooled tissues for P1 and P7) were homogenized in

0.5-1.5 mL of 1 × NativePAGE sample buffer (BN2003;
Invitrogen) that included 1 × protease inhibitor cocktail
and 1% n-dodecyl-β-D-maltoside. The homogenates were
incubated on ice for 30 min and then centrifuged at
16,000 g for 30 min at 4°C. After transferring into clean
1.7 mL tubes, supernatants were sonicated for 3 × 15 s and
protein concentrations were determined by the Bradford
assay. Next, 15 μg of proteins including 5% G-250 Sample
Additive (BN2004; Invitrogen) were separated by a 4–16%
NativePAGE Gel System (BN1002; Invitrogen) at 150 V at
4°C. Then, gels were incubated in fixing solution (50%
methanol; 10% acetic acid; ddH2O) for 10 min at room
temperature, with gentle shaking on a rotator. Using a
Colloidal Blue Staining Kit (LC6025; Invitrogen), the gels
were stained overnight at temperature, with gentle shaking
on a rotator. The next day, gels were washed with ddH2O
until clear bands could be detected with minimum back-
ground. Using an Azure imaging system (c600; Azure
Biosystems), protein bands on gels were imaged and
captured in black and white.

Statistical analysis

All data are shown as the mean ± SEM. Significant
differences between groups were determined by a one-way
ANOVA with Dunnett’s post hoc test. P < 0.05 was
considered statistically significant.

Results

Mitochondrial network configuration in skeletal
muscle dramatically changes during postnatal
development

To understand the timecourse of mitochondrial network
formation during postnatal skeletal muscle development,
we used multiphoton microscopy to image endogenous
mitochondrial NAD(P)H fluorescence in the TA muscles
of live mice. As shown in Fig. 1A–E, fibre parallel
mitochondrial networks were noted during the initial
phase of postnatal muscle development (P1–7). At P14,
we observed mitochondrial networks that were composed
of parallel, perpendicular and mixed mitochondrial
structures in 22.15 ± 3.49%, 32.74 ± 4.62% and
43.92 ± 4.69% of muscles, respectively. Here, the term
‘mixed’ refers to the shape of a network, where a
similar magnitude of both parallel and perpendicular
mitochondrial orientations was observed. After P21, fibre
perpendicular mitochondrial networks were the pre-
dominant configuration in the TA muscle.

To confirm our results, we further examined
mitochondrial orientations in TA muscles of live
MitoDendra mice (P1 and P21) (Fig. 1G and H) and also
observed in situ MitoTracker Red fluorescence in C57BL/6
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Figure 1. Change in mitochondrial network configuration in skeletal muscle during postnatal
development
A–E, using two-photon microscopy of endogenous NAD(P)H fluorescence, mitochondrial configuration was
observed in TA muscles of live C57BL/6 mice at P1–42. Pixel sizes of the NAD(P)H images were in the range
150–300 nm. Captured images of each group are displayed in individual panels (n = 3 per group). F, mitochondrial
directionality was determined by at least 30 fibres per group and data are shown as a percentage (%). G–H,
representative images (40–100 nm pixel sizes) of two-photon microscopy of live MitoDendra mouse TA muscles at
P1 and P21. I, representative two-photon microscopy images of in situ MitoTracker Red fluorescence in C57BL/6
mouse TA muscles showing fibre parallel, mixed and fibre perpendicular mitochondrial network orientations. Scale
bars = 10 μm.
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Table 1. Major change of the muscle proteome during postnatal development

Percentage change relative to P1Number of
proteins

Percentage
abundance (P1) of

total muscle proteins P7 P14 P21 P42

Contractile 85 57.0 10.0 24.4 26.2 31.3
Nucleus 973 7.8 −35.1 −86.6 −148.5 −202.2
Mitochondria 529 5.1 10.1 12.2 20.0 31.7
Glycolysis 30 2.3 34.3 62.5 101.9 125.8
Cytoskeletal 152 6.7 −9.2 −21.3 −30.1 −28.1
Sarcoplasmic reticulum 82 2.7 17.3 35.4 63.3 53.5
Ribosome 80 1.9 −21.0 −60.7 −137.5 −264.6
Creatine kinase 3 0.9 49.1 124.2 190.2 212.8
T-tubules 13 0.2 14.8 35.8 41.2 26.0
Lysosome 62 0.1 −36.5 −108.8 −180.6 −197.9
Carbonic anhydrase 8 0.1 −2.7 −45.2 −26.4 28.1
Pentose phosphatase 7 0.1 −8.9 −43.0 −100.9 −130.1
Myoglobin 1 0.0 136.9 299.0 639.3 3747.6
Other 4655 14.9 −12.9 −45.0 −64.3 −89.8

mouse TA muscles (Fig. 1I). Taken together, a dramatic
shift in mitochondrial network orientation from a fibre
parallel to a fibre perpendicular configuration occurred
over the course of postnatal muscle development.

Global skeletal muscle and mitochondrial proteome
changes during postnatal muscle development

Next, we were interested in which proteins may be involved
in the observed changes in mitochondrial orientation
in the growing muscle. Using a TMT-based proteomics
approach (Chaves et al. 2013), we examined changes in
the abundances of 6869 proteins in the TA muscle across
P1–42 (see Supporting information, Data S1). Analysis
of the protein expression profiles across time revealed
that 3340 (48.6%) of the identified muscle proteins
continually decreased in abundance across postnatal
muscle development, whereas only 247 (3.6%) proteins
continually increased across time. Reactome pathway
analysis found that 18 of the 26 pathways identified from
the developmentally decreasing proteins were related to
transcription or translation (see Supporting information,
Data S1). Consistent with this pathway analysis, nuclear
and ribosomal proteins saw a more than three-fold
decrease in abundance from P1 to P42 (Table 1).
Conversely, 16 of 18 Reactome pathways identified from
the developmentally increasing proteins were related to
metabolism (see Supporting information, Data S1), which
was in accordance with the 31.7% and 125.8% increases
in mitochondrial and glycolytic protein abundances,
respectively (Table 1). Contractile proteins were the
most abundant muscle constituent throughout postnatal
development, making up 57.1% of all proteins at P1 and
increasing by an additional 31.3% by P42. There were also

large increases in the abundance of SR proteins (53.5%),
as well as in creatine kinase (212.8%) and, particularly,
myoglobin (3747.6%) across muscle development.

Similar to the whole muscle proteome, there was a
large increase in metabolism-related protein abundances
within the mitochondria during muscle development
(Table 2). OxPhos, which was the most abundant group
of mitochondrial proteins even at P1, increased by 43.7%
from P1 to P42, whereas lipid metabolism, tricarboxylic
acid cycle and fuel transport proteins increased by
16.4%, 59.6% and 79.6%, respectively. Despite the
increase in overall mitochondrial protein abundance
across development, mitochondrial transport proteins
(e.g. TIM and TOM) and transcription/translation protein
expression was downregulated by 17.8% and 26.0% from
P1 to P42, respectively.

Postnatal development of mitochondrial OxPhos
complexes

To further determine how mitochondrial oxidative
capacity is regulated during postnatal muscle
development, we examined chronological changes
in OxPhos protein abundances in TA muscles from P1 to
P42. For all five OxPhos complexes, we found increase
in nuclear DNA (nDNA)-encoded OxPhos protein levels
during postnatal muscle growth (Fig. 2A). Additionally,
we were able to detect 12 of the 13 mitochondrial DNA
(mtDNA)-encoded proteins, only missing ND6 and,
similar to the nDNA-encoded subunits, expression
levels increased across muscle development (Fig. 2B). By
contrast to those OxPhos components, OxPhos assembly
and chaperone proteins were downregulated over the
course of postnatal muscle development (Fig. 2C) and
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Table 2. Change of the mitochondrial composition during postnatal muscle development

Percentage change relative P1Number of
proteins

Percentage abundance
(P1) of total

mitochondrial proteins P7 P14 P21 P42

Oxidative phosphorylation 139 41.37 14.5 20.6 27.3 43.7
Tricarboxylic acid cycle 24 17.42 19.8 27.2 41.5 59.6
Lipid metabolism 35 10.46 16.4 8.3 21.2 16.4
Transcription/translation 126 5.48 −8.7 −16.3 −23.0 −26.0
Protein import 29 2.40 −4.2 −11.1 −17.4 −17.8
Fuel transporters 10 1.74 27.2 40.2 64.9 79.6
Protease 16 0.99 −14.8 −21.9 −26.6 −28.1
Fusion 3 0.40 −5.1 −12.5 −11.3 −8.5
Fission 9 0.84 6.5 −2.6 −15.2 −28.2
Calcium transport 7 0.48 −23.4 −44.0 −53.9 −57.5
MICOS 7 1.46 6.8 10.1 8.0 12.2
Motility 2 0.05 −15.1 −27.3 −39.7 −49.8
Total (mitochondria) 529 10.1 12.2 20.0 31.7

MICOS, mitochondrial contact site and cristae organizing system.

�30% fewer OxPhos assembly factors were found at
P42 compared to P1. To better evaluate the assembly of
OxPhos complexes, we used BN-PAGE, which enabled
us to determine abundances of the OxPhos complexes
as a whole rather than as individual subunits. As shown
in Fig. 2D, complex III (i.e. ubiquinone-cytochrome
c oxidoreductase)- and complex IV (cytochrome c
oxidase)-associated protein abundances were significantly
upregulated in the growing muscles because the protein
abundances in P42 were �2.9- and �1.9-fold higher
compared to P1 (P < 0.05) (Fig. 2E), respectively.
However, other complex proteins were shown to have
no significant changes between groups, although there
was a non-significant trend toward an increase in the
supercomplexes and complex V (ATP synthase). Also of
note, a discrete band at �70 kDa in the BN-PAGE gel
was detected in the TA muscles of P1 and P7 mice. We
conducted additional mass spectrometric analysis and
found that this band probably corresponds to a cyto-
skeletal (tubulin) complex that decreases in abundance
across muscle development.

Given that cytochrome c oxidase plays a pivotal role for
mitochondrial energetics (Viscomi et al. 2011; Larsen et al.
2012), we took a more detailed look at the developmental
changes of individual cytochrome c oxidase subunits and
assembly factors (Fig. 3A and B). We detected 16 different
cytochrome c oxidase subunits in our proteome, 13 of
which increased from P1 to P42 including each of the
mtDNA-encoded subunits (Fig. 3A). The three notable
exceptions occurred as a result of subunit isoform switches
during postnatal development. Cox4 has two isoforms,
with isoform 1 (Cox4i1) comprising 99.5% of the total
pool at p1 and 99.9% at P42. Conversely, Cox4i2 made up
0.5% at P1 and decreased to 0.1% at P42. At P1, isoform 1
of Cox6a, also known as the liver isoform, made up 76.8%

of total Cox6a, whereas isoform 2 (heart) made up the
remainder. However, by P42, the heart isoform increased
in abundance to become the dominant isoform, making
up 65.6% of the total Cox6a. Finally, Cox7a also has a heart
(Cox7a1) and liver (Cox7a2) isoform. Although the heart
isoform increases 2.7-fold and the liver isoform decreases
1.4-fold from P1 to P42, the liver isoform remains the
dominant isoform at both time points, making up 88.3%
and 66.7% of the total Cox7a at P1 and P42, respectively.

A closer look at the assembly factors for cytochrome
c oxidase (Fig. 3B) revealed that 14 of the 17 detected
assembly and chaperone proteins generally decreased in
abundance from P1 to P42. Of the three exceptions, COX
assembly mitochondrial protein homologue (Cmc1) was
the most abundant and increased its expression by over
50% by P14. The cytochrome c oxidase copper chaperone,
Cox17, had a similar abundance profile to Cmc1 from
P1 to P14 but decreased in expression by more than
one-half from P14 to P42. Also, Lace1, which has been
shown to participate in the degradation of Cox4 and Cox6a
(Cesnekova et al. 2016), increased its abundance by more
than two-fold from P1 to P42.

Mitochondrial anti-oxidant-related proteins are
increased during postnatal muscle development

As reactive oxygen species are an important byproduct of
OxPhos, we were also curious about how the expression
of anti-oxidant-related proteins changed during post-
natal musculature. As depicted in Fig. 4A, we observed
that, although cytoplasmic superoxide dismutase (SOD)1
and glutathione peroxidase (GPX) protein levels were
decreased from P1 to P42, mitochondrial SOD2 and GPX
protein abundances were largely upregulated, reaching
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�2.2- and �1.3-fold increase at P42 relative to P1,
respectively. Although glutathione S-transferase (GST)
protein levels were highly elevated during development,
protein abundances for both glutathione reductase (GSR)
and synthase (GSS), as well as catalase (CAT), were
continuously decreased after birth. In addition, NADPH
producing proteins such as isocitrate dehydrogenase

(IDH2) and NAD(P) transhydrogenase (NNT) appeared
to decrease across postnatal muscle growth.

Our proteome data also revealed that other
anti-oxidant-related protein levels were differentially
regulated by subcellular locations (i.e. cytoplasmic vs.
mitochondria), except for glutaredoxin (GLRX). As shown
in Fig. 4B, mitochondrial peroxiredoxin (PRDX) and
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Figure 2. Developmental change of OxPhos components in skeletal muscle
Fold changes of protein abundances for nDNA- (A) and mtDNA- (B) encoded OxPhos components across postnatal
development, as well as (C) OxPhos assembly proteins compared to P1 (n = 4 per group; 3–5 pooled tissues for
P1 and P7 groups, respectively). D, representative image of BN-PAGE shows change in OxPhos protein subunits in
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in P1. E, results of densitometry for BN-PAGE. Data are shown as fold changes relative to P1 and are depicted as
the mean ± SEM (∗P < 0.05 vs. P1; n = 3 per group; 3–5 pooled tissues for P1 and P7 groups, respectively).
[Colour figure can be viewed at wileyonlinelibrary.com]
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thioredoxin reductase (TXN) proteins were all �1.6-fold
upregulated by P42 compared to P1, whereas the
corresponding cytoplasmic protein levels were decreased
from P1 to P42.

Mitochondrial dynamics are upregulated during early
postnatal muscle development

Next, we investigated how mitochondrial fusion and
fission proteins are regulated in skeletal muscle during
postnatal development as a result of the importance
of mitochondrial dynamics in muscle mitochondrial
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network remodelling (Chan, 2006; Romanello & Sandri,
2015). Inner membrane fusion protein OPA1 increased
at P42 compared to P1 (Fig. 5A). However, the ratio of
the short and long forms of OPA1 (Anand et al. 2014;
Wai et al. 2015) increased almost three-fold from P1 to
P42 (Fig. 5B), suggesting a lower inner membrane fusion
potential in the relatively matured muscle. The combined
protein abundances of mitochondrial outer membrane
fusion proteins, the mitofusins, decreased across post-
natal development (Fig. 5A), although MFN2 expression
increased at P7 and P14 before decreasing up to P42.

The most abundant mitochondrial fission protein,
Drp1, decreased almost two-fold from P1 to P42 (Fig.
5A). Expression of fission adaptor proteins FIS1and Mid51
showed little change, if not a slight decrease, during muscle
development. However, fission adaptors Mid49 and Mff
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decreased by 29.5% and 40.3% across development,
respectively. Conversely, mitochondrial fission process1
(MTFP1) increased by 2.9-fold from P1 to P42.

Mitophagy is induced during the initial muscle
development

Given that autophagosome-associated mitochondrial
turnover (mitophagy) is crucial for healthy mitochondrial
development (Hill et al. 2012; Hood et al. 2019), we
aimed to identify how autophagy and mitophagy-related
proteins change across postnatal development. As shown
in Fig. 6A, autophagosomal degradation proteins were
notably upregulated during the early muscle growth
(P1–14) and the more mature muscles (P42) were shown
to have around one-half the LC3, p62 and ATG7 expression
compared to P1.

In the current proteomics dataset, neither PINK1,
nor Parkin, which are both key players for mitophagy
(Matsuda et al. 2010; Youle & Narendra, 2011), were
detected, probably as a result of a relatively low abundance.
As in previous studies (Anichtchik et al. 2008; Gatliff et al.
2014), western blotting detected two prominent bands
for PINK1 protein at �66 kDa (full length) and �33 kDa
(truncated form) and showed that, although the full length
of PINK1 increased from P1 to P42, the fragmented PINK1
protein levels were progressively downregulated (Fig. 6B)
(P < 0.05). In addition, Parkin was also significantly
elevated during the first 2 weeks after birth (P1–14),
peaking at P7 (Fig. 6B) (P < 0.05) before decreasing up to
P42.

In addition, protein abundances for the lysosomal
system, the cellular site of autophagosomal degradation,
showed expression patterns similar to those of the auto-
phagic and mitophagic proteins. Lysosomal proteins
including TFEB, LAMP1 and cathepsin D were down-
regulated by �64%, 66% and 38% at P42 compared to P1,
respectively (Fig. 6A).

Postnatal muscle development promotes
mitochondrial biogenesis

We next investigated how mitochondrial biogenesis-
related proteins are regulated during postnatal muscle
development. Although transcription coactivator PGC-1α
is a primary regulator for mitochondrial biogenesis, it was
not detected in our muscle proteome, possibly because
of its relatively low abundance. Instead, western blotting
revealed that PGC-1α protein levels were significantly
increased during the muscle development, especially
during P14–21, and the levels were �1.6-fold higher
compared to P1 (Fig. 7A) (P < 0.05).

Because PGC-1α is affected by various molecular
signalling markers and regulates multiple transcription
factors for mitochondrial biogenesis, our proteomics data
were profiled depending on whether proteins are either
upstream (Fig. 7B) or downstream (Fig. 7C) of PGC-1α
signalling pathways. Our data show that, overall, PGC-1α
upstream proteins appeared to be increased early in post-
natal muscle development (P1–14): CaMK, protein kinase
A (PKA), cAMP-responsive element-binding protein
(CREB1), protein arginine methyltransferase 1 (PRMT1)
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and myocyte enhance factor 2 (MEF2) (Fig. 7B). However,
other signalling proteins, such as p38 mitogen-activated
protein kinase (p38MAPK), 5’-AMP-activated protein
kinase (AMPK) and Sirtuin 1/2 (SIRT1/2), showed little
change during muscle development.

As shown in Fig. 7C, PGC-1α downstream proteins
appeared to have mixed expression patterns. Although
nuclear respiratory factor 2 (NRF2) showed no change
during muscle development, we observed significantly
elevated NRF1 protein abundances during the early
developmental phase (P1–7) before falling sharply.
Mitochondrial transcription factor (TFAM) was probably
largely upregulated at P1 and then maintained lesser
abundances during the rest of the developmental
periods. Although protein abundances for retinoid
X receptor (RXR), oestrogen-related receptor alpha
(ESRRA), oestrogen-related receptor gamma (ESRRG)
and transcription factor YY1 were all elevated during early
time points (P1–7), PGC-1α and ERR-induced regulator
in muscle protein 1(PERM1) was �4.1-fold increased by
P42 compared to P1.

Calcium regulatory protein expression during
postnatal mitochondrial development in skeletal
muscle

Calcium handling is important for mitochondrial
function and biogenesis in skeletal muscle (Wu et al.
2002) and its necessity during postnatal development was

also reported in a recent study (Brinegar et al. 2017).
Thus, we investigated overall changes of calcium handling
proteins in our muscle proteome. It appeared that calcium
signalling proteins, including calcineurin, CaMK and
calpain, were upregulated during the first 2 weeks of
postnatal development (P1–14) (Fig. 8A). However, other
calcium signalling proteins, such as calmodulin and
phospholipase C, were shown to be more highly expressed
during the later developmental phase (P14–42), and a
noted increase was found in parvalbumin for which
protein abundance was �82-fold higher at P42 compared
to P1 (Fig. 8A).

Because the calcium concentration is tightly regulated
by multiple calcium transport proteins, our proteomics
data were examined further, aiming to determine how
calcium transport proteins are regulated during post-
natal muscle development. As shown in Fig. 8B and
C, many calcium transport proteins, including MCU,
calcium release activated channel (CRAC), cadherin,
and annexin, were highly upregulated during the initial
muscle development (P1–7). In particular, because
MCU is a mitochondria-specific channel and has
been identified to play an important role for muscle
mitochondrial capacity (Pan et al. 2013; Mammucari
et al. 2015), we further confirmed its protein expressions
with western blotting and found that MCU protein
levels at P1 were �3.9-fold higher compared to P42
(P < 0.05) (Fig. 8B). Micu1 and Micu2 protein
expression followed a similar pattern to MCU (see
Supporting information, Data S1). Nevertheless, we
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observed that muscle contraction-associated calcium
transporting proteins such as sarcoplasmic reticulum
calcium transport ATPases (SERCA) and ryanodine
receptors (RyR) were considerably upregulated along with
the postnatal muscle growth. SERCA and RyR protein
abundances were increased by �3.0- and �1.9-fold by
P21 respectively, and then plateaued by P42 (Fig. 8B).

Discussion

The present study demonstrates a considerable change
in mitochondrial network configuration in the skeletal
muscle of mice during postnatal development (1, 7, 14,
21 and 42 days) and explores changes of total protein
abundances in the growing muscle. Particularly, the pre-
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Figure 7. Change in mitochondrial biogenesis-associated
proteins in postnatal muscle growth
A, representative image of western blotting for PGC-1α (n = 3 per
group). Fold changes of muscle proteomic data are shown for
PGC-1α (B) upstream and (C) downstream proteins compared to P1
(n = 4 per group; 3–5 pooled tissues for P1 and P7 groups,
respectively).
[Colour figure can be viewed at wileyonlinelibrary.com]

sent study characterizes proteomic changes for muscle
mitochondrial development and also profiles protein
markers for mitochondrial remodelling systems. Given
that mitochondrial structures and functions are tightly
regulated by calcium regulatory factors, we also attempted
to understand changes of calcium handling proteins
during the muscle growth.

Our in vivo microscopic observations suggest that post-
natal mitochondrial development results in a dramatic
structural transition in skeletal muscle. As reported pre-
viously (Boncompagni et al. 2009), we detected a fibre
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parallel mitochondrial orientation in the TA muscles of
1–7-day-old mice (Fig. 1A–B and F). Conversely, a fibre
perpendicular mitochondrial formation is dominant in
mature skeletal muscle (Boncompagni et al. 2009; Mishra
et al. 2015) and, in the present study, we show that
the major structural transition occurs between P7 and
P21 in mice (Fig. 1C–F). Although these observations
provide an overview of the change in mitochondrial
network configuration across postnatal development,
future studies are warranted to better understand the
changes in 3D physical and functional connectivity among
individual mitochondria and with other organelles (Bleck
et al. 2018) during muscle development.

Postnatal muscle development is a dynamic process in
which extensive changes in protein abundances occur to
support muscle structural and functional development.
As shown in the present study (Table 1), it was previously
reported that contractile and cytoskeletal protein levels
are significantly increased during postnatal TA muscle
development in rats (Sun et al. 2009) and that glycolysis
(Sperl et al. 1992) and creatine kinase (Watchko et al.
1996) are robustly upregulated, at least in part, to adapt
to a growing intramuscular environment and increasing
hindlimbs activity. Notably, Garry et al. (1996) reported
exponentially increased myoglobin mRNA and protein
levels during postnatal muscle development along with
mitochondrial proteins. Nevertheless, transcriptional and
translational protein groups were continuously down-
regulated during postnatal period, probably because of
the notion that fetal myogenesis is accomplished during
the prenatal phase (Buckingham et al. 2003).

To our knowledge, the present study is the first to
describe the change of total OxPhos protein levels over the
course of postnatal muscle development demonstrating a
gradual increase in OxPhos elements encoded by both
nuclear and mitochondrial genomes (Figs 2 and 3).
Similarly, Kim et al. (1995) revealed that mRNA levels
of complex IV subunits in skeletal muscles of mice
were significantly elevated by 3 weeks after birth. It has
been also shown that mtDNA contents were upregulated
during postnatal muscle development (Minai et al.
2008). Although we did not directly measure mtDNA
contents, robustly increased mtDNA-encoded OxPhos
components in our dataset may be indicative of elevated
mtDNA content despite a decrease in transcription
and translation protein levels. In addition, it can be
suggested that upregulated OxPhos protein abundances
may be indicative of increased mitochondrial respiratory
capacity, although we did not measure mitochondrial
respiration here. As shown with BN-PAGE (Fig. 2D),
we detected considerably increased protein abundances
for complex III and IV, which corroborates previous
findings that, although complex I (i.e. NADH-ubiquinone
oxidoreductase) and complex II (succinate-ubiquinone
oxidoreductase) enzyme activity levels of postnatal

skeletal muscles remained similar to prenatal muscles,
complex III- and IV-associated enzyme activities were
more robustly upregulated during postnatal muscle
development (Minai et al. 2008). The lack of increase in
complex I detected by BN-PAGE may be also the
result of a large portion of the complex participating
in a supercomplex structure as shown previously in
mouse TA muscle (Garcia et al. 2017). Similar to the
results reported in the present study, cardiac muscle
oxidative phosphorylation capacity also appears to
undergo a major developmental transition (Piquereau
et al. 2010). However, direct comparisons of the timelines
between cardiac and hindlimb skeletal muscles during
development may be skewed by the requirement for a
heart capable of pumping blood throughout the body at
the time of birth, whereas the demand for hindlimb muscle
function is relatively lower. Nevertheless, the general
change in protein expression profile from mitochondria
supporting cellular assembly to mitochondria specialized
to support muscle contraction is probably similar between
heart and skeletal muscle despite differences in the
developmental timelines.

The present study reveals that nuclear-encoded COX4
isoforms have different expression patterns across post-
natal muscle development. As a convincing marker for
mitochondrial aerobic capacity, muscle COX4i1 mRNA
and protein abundances have been reported to increase
in response to exercise training (Eivers et al. 2010) and
chronic contractile activity (Parousis et al. 2018), and
we also observed elevated protein levels during postnatal
period (Fig. 3A). Conversely, COX4i2 appears to move
to the opposite direction compared to COX4i1 because
its mRNA or protein abundance was downregulated in
the trained skeletal muscle (Eivers et al. 2010), as also
shown in the results of the present study. Meanwhile, in
accordance with the present study, Boczonadi et al. (2015)
depicted that isoforms of both COX6a and COX7a were
changed during postnatal muscle development of mice.
For example, isoforms 2 (heart) of COX6a and COX7a
were exponentially upregulated within 4 weeks after birth,
whereas liver isoforms were not significantly changed
(Boczonadi et al. 2015). Despite this temporal change, the
protein abundance of COX7a isoform 1 (Liver) appeared
to be consistently dominant during the whole postnatal
period, which may contribute to a tight linkage between
complex III and IV (Cogliati et al. 2016).

In addition, our proteomics data show that
mitochondrial OxPhos assembly and chaperone proteins
in skeletal muscle were continuously downregulated after
birth (Figs 2C and 3B). Given that mitochondrial OxPhos
assembly is suggested to be fully accomplished during
the fetal phase (Minai et al. 2008), those proteins may
be important mostly during prenatal or early post-
natal muscle development. However, in complex IV, two
abundant assembly proteins, Cox17 and Cmc1, showed
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discrete expression patterns and peaked at P14. Because
these proteins play a vital role for mitochondrial copper
metabolism (Banci et al. 2008; Horn et al. 2008), it could
be plausible that they may be upregulated to support
copper handling and redox control in the developing
muscle.

Along with the robust changes in OxPhos components,
we also identified that mitochondrial anti-oxidant-related
proteins, including SOD2, GPX, PRDX and TXN, are
highly upregulated during the postnatal period (Fig. 4).
Those increased anti-oxidant proteins probably contribute
toward maintaining redox homeostasis in the growing
muscle, as shown in a previous study investigating the
neonatal diaphragm muscles of lambs (Song & Pillow,
2013). Furthermore, it has also been reported that
mitochondria-specific anti-oxidant enzymes are necessary
for animal development because a loss of SOD2 led
to early postnatal lethality in mice (Li et al. 1995).
Moreover, muscle-specific SOD2 knockout resulted in
mice with oxidative and muscle damage, as well as exercise
intolerance and lower activity of OxPhos components
(Kuwahara et al. 2010). Thus, anti-oxidant function
probably plays a vital role for muscle mitochondrial
development, although more studies will be needed to
examine specific roles of individual proteins.

We next investigated how mitochondrial dynamics is
regulated during postnatal skeletal muscle development.
OPA1, the inner mitochondrial fusion protein, has been
identified to be crucial for muscle development (Rai et al.
2014; Sin et al. 2016) and, in the present study, OPA1
was changed from fusion- to fission-preferred format
across postnatal muscle growth (Fig. 5B). In addition, we
observed an overall upregulation of outer mitochondrial
fusion proteins (MFN1 and MFN2) during the early
postnatal phase (Fig. 5A), indicating that mitochondrial
fusion may be promoted during initial muscle growth.
Indeed, Papanicolaou et al. (2012) showed that the double
deletion of MFN1 and MFN2 led to an abnormal cardiac
muscle development in which irregular mitochondrial
structures were also found along with decreased mtDNA
content. As shown in the fusion proteins, we observed
temporal changes of muscle fission proteins during
postnatal development. In particular, Drp1 and Mff
proteins were highly expressed during early developmental
period and then downregulated in the relatively matured
muscle (Fig. 5A), suggesting an importance of timely
regulated fission process. Touvier et al. (2015) revealed
that the fine-tuning fission is required for postnatal
muscle growth because atypical skeletal muscle growth
and dysregulated mitochondrial networks were reported
in animals for which the Drp1 gene was designed to over-
express in skeletal muscle. Furthermore, it may be also
critical to maintain a balance between fusion and fusion
proteins because the muscle-specific deletion of Drp1
resulted in not only a repression of mitochondrial fusion

protein expressions, but also a dysregulated mitochondrial
structural and functional development during neonatal
muscle growth (Ishihara et al. 2015).

Along with mitochondrial fusion and fission proteins,
autophagic proteins were regulated in the same direction,
and they were mostly elevated in skeletal muscle during the
early postnatal phase (Fig. 6). Recently, it was shown that
muscle specific deletion of Atg7, a key upstream marker
for the autophagic regulation, led to a severe retardation
of postnatal skeletal muscle development (Zecchini et al.
2019), suggesting an important role of autophagic system
for neonatal muscle growth. Furthermore, ablation of
either fusion (Papanicolaou et al. 2012) or fission (Ishihara
et al. 2015) proteins was shown to result in an abnormal
regulation of LC3 and p62 proteins during cardiac muscle
development, indicating a possible co-operative action
of those mitochondrial control systems across post-
natal muscle growth. Mitochondria-specific autophagy,
mitophagy, has been also discussed as a central system
for healthy muscle mitochondrial development (Dorn
et al. 2015), which also appears to have a notable linkage
between mitochondrial dynamics and turnover. In an
in vitro study, siRNA-mediated Parkin knockdown was
shown to have considerably diminished protein levels
of both MFN1/2 and Drp1 in C2C12 myoblasts (Peker
et al. 2018) for which the initial differentiation process
into myotubes requires the upregulation of autophagic
proteins (Sin et al. 2016). Moreover, Gong et al. (2015)
reported a significant interaction between MFN2 and
PINK1/Parkin for cardiomyocyte development, where
the elevated protein abundances for autophagy and
mitophagy in the present study may exert an important
role during the initial muscle growth. However, more
studies are warranted to confirm the causal relationships
in the postnatal skeletal muscle development.

Transcriptional coactivator PGC-1α has been well
accepted as a master regulator of mitochondrial biogenesis
(Baar et al. 2002; Arany et al. 2005; Uguccioni &
Hood, 2011). In addition, various transcription factors,
as well as other cofactors, lead to mitochondrial
biogenesis, metabolic regulation and other cellular
signalling pathways in skeletal muscle by interacting
with PGC-1α (Knutti et al. 2001; Wu et al. 2002;
Lira et al. 2010b). Meanwhile, PGC-1α has been also
demonstrated to have a vital role for muscle mitochondrial
development because cardiac muscle-specific PGC-1α/β
deletion led to a significant impairment of structural and
functional mitochondrial development during the early
postnatal phase (Martin et al. 2014). In the present study,
various PGC-1α upstream protein markers, including
CnA, CaMK, PKA and PRMT1, were elevated during
early postnatal muscle growth, and PGC-1α protein levels
were subsequently increased after P14 (Fig. 7). Moreover,
CREB, a key downstream marker of both CaMK (Zuloaga
et al. 2013) and PKA (Bruno et al. 2014), and MEF2, a
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CnA-associated transcription factor (Dunn et al. 2000),
were all upregulated during this early developmental
phase (Fig. 7B), which collectively implies that those
PGC-1α-related cellular signalling may be important for
the initial muscle development. Indeed, Franko et al.
(2008) showed that skeletal muscle cell differentiation
can be accomplished by a recruitment of CREB1
into the cytochrome c promoter, which is dependent
on the presence of PGC-1α (Puigserver et al. 1999).
Nevertheless, although p38MAPK and AMPK-associated
post-translational modification of PGC-1α has been
shown to lead to mitochondrial biogenesis following
exercise or other physiological stress (Wright et al. 2007;
Lira et al. 2010a), the present study revealed that it
may be not the case in the postnatal muscle growth
(Fig. 7B).

PGC-1α also exerts its tasks by interacting with multiple
downstream transcription factors. In particular, PGC-1α
has been shown to stimulate a transcriptional regulation
of NRF1, as well as TFAM, by which mitochondrial
biogenesis and oxidative capacity are augmented in skeletal
muscle (Wu et al. 1999; Gleyzer et al. 2005; Uguccioni &
Hood, 2011). Paradoxically, we observed that both NRF1
and TFAM protein levels were greater right after birth and
then were maintained at low levels during the subsequent
muscle growth (Fig. 7C) and it appears that, during
the early postnatal development, their protein expression
could be regulated without a significant effect of PGC-1α.
In a study of comparing fetal and adult heart muscle
proteomes, Pohjoismäki et al. (2013) revealed significantly
lower TFAM protein abundances in the adult heart muscle
compared to the fetal samples. Hence, it may be plausible
that these nuclear encoded transcription factors could be
regulated by PGC-1α independent mechanisms during
fetal and early postnatal phases. On the other hand,
oestrogen related receptors were found to be significantly
upregulated during the transition of late fetal to early
postnatal muscle development phase (Byrne et al. 2010),
supporting the findings of the present study (Fig. 7C).
Also of note, PERM1 is necessary for PGC-1α-related
mitochondrial biogenesis and respiratory capacity in
skeletal muscle (Cho et al. 2013) and it showed the same
expression pattern of PGC-1α across postnatal muscle
growth (Fig. 7C).

Given the close structural relationship between
mitochondria and SR (Boncompagni et al. 2009), as
well as the significant effects of calcium signalling on
mitochondrial biogenesis (Wu et al. 2002), we investigated
changes in calcium-related protein abundances in our
dataset. Furthermore, a recent transcriptome study by
Brinegar et al. (2017) suggested that alternative splicing
is highly active during the early postnatal days (P1–14)
and that it is important for calcium regulatory function in
the growing skeletal muscle. In the present study, protein
abundances of calcium signalling proteins including

calcineurin, CaMK and calpain were higher in the skeletal
muscles of 1–7-day-old mice (Fig. 8A), which also suggests
a possible important role of calcium regulator factors
during postnatal muscle development. As reported in
a previous study where both quantity and volume of
SR were exponentially increased during postnatal muscle
development (Luff & Atwood, 1971), our muscle proteome
revealed consistently increasing protein levels of SR,
as well as other muscle contraction-associated calcium
proteins (i.e. RyR), during postnatal growth (Fig. 8C),
although other calcium transport proteins that are more
involved in muscle differentiation and development were
highly upregulated during early postnatal days: CRAC
(Stiber et al. 2008), cadherin (Kaufmann et al. 1999)
and annexin (Rahman et al. 1997). Furthermore, we
examined the change of mitochondria-specific calcium
channel proteins (i.e. MCU) and found that MCU
protein abundances were sharply downregulated during
initial muscle growth (Fig. 8B and C). Accordingly, it
was reported that mitochondrial calcium uptake rate
peaked right after birth and then sharply declined in
cardiac muscle (Bassani et al. 1998). Collectively, these
data suggest that MCU may play an important function
during the initial muscle development, although future
studies are required to better confirm its role in muscle
development.

In the present study, we conducted a large-scale
proteomic study on postnatally developing skeletal
muscle. Because we aimed to understand the
mitochondrial proteome in relation to the formation of
the mitochondrial reticulum, we collected tissue samples
up to P42 when mitochondrial network orientation was
determined to be stable (Fig. 1). Because a 42-day-old
mouse has not reached full maturity, some of the cellular
and mitochondrial processes described in the present
study have probably also not reached full maturation.
However, the general trend for several mitochondrial
processes of a mitochondrial protein expression profile
moving from supporting co-ordinated cellular assembly
toward specializing for energy metabolism will probably
not change by assessing later time points. Additionally,
although we did not separate our groups by sex, there
is probably an effect of sex on the development of the
muscle mitochondrial proteome. Indeed, although the TA
muscle in male and female mice is of similar size at
birth, male muscles develop more quickly and grow
bigger than female TA muscles (Rowe & Goldspink,
1969). However, although the magnitude and specific
timing of the changes described in the present study
may be altered by sex, the overall drive to shift
the mitochondrial proteome from assisting assembly
toward supporting muscle contraction during maturity is
probably similar between male and females. Furthermore,
although protein abundance does not provide a direct
measure of protein function, protein expression levels
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probably provide an index of capacity for function. Indeed,
mitochondrial composition can vary greatly across cell
types and correlates well with various mitochondrial
functions (Johnson et al. 2007; Glancy & Balaban, 2011;
Phillips et al. 2012). Within this functional capacity, it is
important to note that post-translational modifications
are often used as regulators of protein activity. As
such, future studies into the role of post-translational
modifications with respect to regulating mitochondrial
network development may offer critical insight. Our
proteomic analyses in the present study focused primarily
on the OxPhos, mitochondrial dynamics and biogenesis,
mitophagy, anti-oxidant, and calcium signalling proteins
that may be involved in the development of the muscle
mitochondrial reticulum. However, our dataset (see
Supporting information, Data S1) contains over 6000
muscle proteins at five time points across postnatal
development which includes detailed information on
other cellular processes, such as transcription/translation,
cytoskeletal or vascular development, that were beyond
the scope of the present study. Thus, these data may serve
as a significant resource with respect to our understanding
of postnatal muscle development in general.

In conclusion, muscle mitochondrial network
formation changes from a fibre parallel to a
fibre perpendicular configuration during postnatal
development in the largely glycolytic TA muscle and
this is accompanied by extensive changes in the muscle
proteome from P1 to P42. Mitochondrial OxPhos
components encoded by both nuclear and mitochondrial
DNA are continuously upregulated over the course of
postnatal muscle growth. In particular, mitochondrial
dynamics and mitophagic systems are more highly
induced during the early developmental phase, whereas
mitochondrial biogenesis is upregulated during the sub-
sequent muscle maturation. Moreover, initial postnatal
muscle development correlates well with the expression
of calcium signalling factors, as well as MCU. Thus, near
birth, muscle mitochondria are comprised of proteins
supporting the co-ordinated cellular assembly that
takes place in early development, whereas mitochondria
become largely specialized for energy metabolism as the
muscle moves toward adulthood.
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