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Mitochondria provide the vast majority of cellular energy available to eukar-
yotes. Therefore, adjustments in mitochondrial function through genetic
changes in mitochondrial or nuclear-encoded genes might underlie environ-
mental adaptation. Environmentally induced plasticity in mitochondrial
function is also common, especially in response to thermal acclimation in
aquatic systems. Here, we examined mitochondrial function in mayfly
larvae (Baetis and Drunella spp.) from high and low elevation mountain
streams during thermal acclimation to ecologically relevant temperatures. A
multi-substrate titration protocol was used to evaluate different respiratory
states in isolated mitochondria, along with cytochrome oxidase and citrate
synthase activities. In general, maximal mitochondrial respiratory capacity
and oxidative phosphorylation coupling efficiency decreased during acclim-
ation to higher temperatures, suggesting montane insects may be especially
vulnerable to rapid climate change. Consistent with predictions of the climate
variability hypothesis, mitochondria from Baetis collected at a low elevation
site with highly variable daily and seasonal temperatures exhibited greater
thermal tolerance than Baetis from a high elevation site with comparatively
stable temperatures. However, mitochondrial phenotypes were more resilient
than whole-organism phenotypes in the face of thermal stress. These results
highlight the complex relationships between mitochondrial and organismal
genotypes, phenotypes and environmental adaptation.

This article is part of the theme issue ‘Linking the mitochondrial genotype
to phenotype: a complex endeavour’.
1. Introduction
Mitochondria are a near-ubiquitous characteristic of eukaryotes and provide the
vast majority of ATP used to maintain eukaryotic cellular functions [1]. The acqui-
sition of the original mitochondrial endosymbiont has been hypothesized as the
driver that allowed eukaryotes to achieve levels of organismal and genomic com-
plexity not observed in prokaryotes [2–5]. A role for mitochondria has also been
implicated in nearly all major aspects of eukaryotic evolution, from ageing to
sexual reproduction [6–8]. It is, therefore, unsurprising that mitochondria have
been suggested to play a role in environmental adaptation.

Mitochondria function in a variety of cellular processes, from calcium
sequestration to anti-oxidant defence, but their central bioenergetic task is ATP
production [9]. Because energy production is such a vital cellular process,
changes in mitochondrial function can alter many organismal phenotypes. Mito-
chondrial functions and the organismal phenotypes they influence are dependent
on multiple genomes. Most genetic products that influence mitochondrial func-
tions are encoded by the nuclear genome. However, almost all mitochondria
maintain an independent mitochondrial genome [10,11] and integration of mito-
chondrial and nuclear gene products dictates mitochondrial functionality [12].
Despite the observation that mutations in human mitochondrial genomes can
cause disease [13], it was long assumed that standing mitochondrial genomic
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Table 1. Examples of systems with evidence for thermal acclimation of mitochondrial phenotypes.

taxon mitochondrial phenotype references

fishes

Oncorhynchus, Notothenia, Gadus, Perca, Myoxocephalus, Fundulus, Salvelinus,

Zoarces, Pachycara, Pleuragramma

respiration, enzyme activities, membrane potential,

membrane composition

[19–30]

insects

Eurosta, Epiblema

enzyme activities [31,32]

annelids

Lumbricus, Arenicola

respiration, enzyme activities, membrane composition [33,34]

molluscs

Crassostrea, Sepia, Mercenaria

respiration, enzyme activities, membrane potential,

membrane composition

[29,35–38]
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variation in natural populations was effectively neutral [14].
This paradigm has now been largely discarded with the recog-
nition that selection can act on mitochondrial genomic
variation, which can in turn influence organismal phenotype
and fitness [15,16]. Meta-analysis confirms that when the influ-
ence of cytoplasmic genomes on organismal phenotypes are
examined, the effects are generally significant [17].

Mitochondrial phenotypes are shaped not only by their
underlying mitochondrial and nuclear genotypes but also by
the environment in which they are expressed [18]. For example,
the same mitonuclear genotype might show a different rate of
mitochondrial respiration after acclimation to a new environ-
ment. Such mitochondrial plasticity has been investigated
thoroughly in aquatic systems in response to changes in
environmental temperature (table 1). Water temperatures are
usually more stable than air temperatures due to the high
heat capacity of water [39]. Moreover, aquatic species are
usually ectotherms, meaning that their body temperatures con-
form to environmental temperatures. Both traits have made
aquatic species exemplars for studying thermal plasticity.

One outstanding question in thermal biology is the
generality of the climate variability hypothesis (CVH), which
states that thermal tolerance should be higher in species
from environments that experience greater thermal variability
[40]. Originally, the CVH was formulated to explain latitudinal
patterns of biodiversity, with one prediction being that temper-
ate species should show greater thermal tolerance compared to
their tropical counterparts. This prediction has been supported
in a wide range of taxa based on measures of thermal tolerance
[41–49]. Predictions of the CVH should extend to acclimation
ability as well—species from more variable environments
should be able to acclimate to a wider range of temperatures
[47], although this may depend on the scale of environmental
variability (e.g. daily versus yearly) and its predictability.
Thermal plasticity in mitochondrial function has also been
compared between populations from different environments
[19–21,33]. These studies usually focus on comparing species
from different latitudes, although some work has shown or
implied altered mitochondrial phenotypes across elevation
gradients [50–52]. The CVH should apply among populations
across elevations in the temperate latitudes, where low
elevation environments exhibit much more thermal variation
throughout the year than high elevation environments,
especially with regard to mountain streams [45–47,53,54].

Larval aquatic insects are a powerful system to test thermal
plasticity of mitochondrial phenotypes. Thermal variation in
streams is vital to the life history of aquatic insects and
influences dormancy duration, growth rates, and time of emer-
gence [55]. In temperate mountains, aquatic insects carry out
most of their development in streams, often at near-freezing
temperatures (figure 1a) before emerging as winged adults.
High elevation species generally show greater thermal sensi-
tivity compared to low elevation species, especially at
temperate latitudes [45,53], making them ideal for extending
predictions of the CVH. Here, for the first time, we investigate
thermal acclimation of mitochondrial respiration and enzyme
activities in aquatic insects from temperate mountain streams.
We predicted that mitochondrial phenotypes would show
thermal plasticity, as documented in other aquatic species
(table 1). Under the CVH, we also predicted mitochondrial phe-
notypes from low elevation insects would show greater thermal
plasticity compared to those from high elevations.
2. Methods
(a) Animal collection and acclimation
Mayfly larvae were collected during July and August 2017
from two streams in the Cache la Poudre river drainage in Color-
ado, USA: a low elevation site, Spring Creek, in Fort Collins
(40°33’45.500 N, 105°04’39.900 W, elevation 1519 m) and a high
elevation site, Killpecker Creek, in the Arapahoe and Roosevelt
National Forests, near Red Feather Lakes (40°48’51.900 N, 105°
42’34.000 W, elevation 2788 m). Thermal data from streams at simi-
lar elevations within the same river drainage confirm that high
elevation sites show less seasonal variation (figure 1a) as well as
less diel variation (figure 1b).

We collected mayflies between 09.00 and 12.00 with a D-frame
kick net (mesh size: 500 µm). Insects were identified in the field
to genus based on morphology. Species in the genus Baetis were
the most common at both sites and were targeted for this study.
Although B. tricaudatus and B. bicaudatus separate along an
elevation gradient in many streams [56], a recent study has
suggested these species hybridize at approximately 2700 m [57].
Therefore, we refer to these samples as being from the Baetis species
complex for this study. Drunella coloradensis were also found in
abundance at the high elevation site. Therefore, elevation effects
associated with predictions of the CVH were investigated for
Baetis samples, while general thermal plasticity was investigated
forDrunella. Insects were transported to the laboratory in Fort Col-
lins, within a few hours of collection in aerated, chilled water from
the stream sites. In the laboratory, we randomly assigned insects to
cold (6°C) or warm (16°C) acclimation treatments, which rep-
resented the average summer temperatures at high and low
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Figure 1. Thermal variation at high elevation (Killpecker) and low elevation
(Elkhorn) streams in Colorado, USA. (a) Temperature measured every 30 min
at each site over a year. (b) The difference between maximum and minimum
temperatures recorded during a 24 h time period at each site averaged for
July and August 2014. Error bars show standard deviation. Asterisk indicates
a significant difference between high and low elevation ( p < 0.001, Student’s
t-test). (Online version in colour.)
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elevation streams, respectively (figure 1a). To mimic stream con-
ditions, we also provided oxygenation and flow in the
acclimation containers and maintained insects for 2–6 days before
isolating mitochondria for experiments. This duration was chosen
because it is sufficient to cause an acclimation response in the critical
thermal maximum (CTMAX) for these insects [58].

Warm acclimation appeared to induce higher rates of mortality
and emergence, especially in Drunella. Therefore, during the last
collection of Drunella, we quantified how many individuals could
not be tested due to either mortality or metamorphosis in each
acclimation treatment (n = 50 per acclimation temperature).
(b) Mitochondrial isolation
After acclimation, we isolated mitochondria from insects follow-
ing a procedure developed for Drosophila [59]. Briefly, insects
were anaesthetized on ice, excess water was wicked away with
KimWipes, and then animals were placed into a vial containing
approximately 3 ml of ice-cold isolation buffer (0.32 M sucrose,
10 mM EDTA, 10 mM Tris/HCl, 2% BSA at pH 7). We pooled
1–7 Drunella (depending on size) to create a single biological
sample, and 16–74 Baetis per sample. Each sample was approxi-
mately 25 mg wet weight. Samples were ground using
Potter-Elvehjem tissue grinders (DWK Life Sciences, Millville,
NJ) attached to a drill press at maximal speed (1000 r.p.m.) for
1–2 min on ice until homogenized. Mitochondrial homogenates
were then filtered through two layers of cheesecloth and a
layer of Miracloth and aliquoted into two 2 ml microcentrifuge
tubes. Samples were centrifuged at 600g for 5 min, and the result-
ing supernatant was centrifuged at 2200g for 10 min at 4°C. The
resulting pellet was washed and then resuspended with BSA-free
isolation buffer and centrifuged again at 2200g for 10 min to
obtain functionally robust organelles while minimizing contami-
nation with damaged/fragmented mitochondria or other cellular
components [59,60]. The pellets from each of the two tubes were
resuspended in 100 µl BSA-free isolation buffer and then com-
bined into a single tube to produce a final 200 µl mitochondrial
isolate. Protein concentration was then quantified using a Qubit
fluorometer (ThermoFisher Scientific) with the accompanying
Qubit protein assay kit and final data were expressed per mg
protein. Mitochondrial isolates were kept on ice until respiration
experiments.
(c) Mitochondrial respiration
We quantified respiration in fresh mitochondrial isolates using an
Oxygraph 2k (O2K) high-resolution respirometer (Oroboros
Instruments GmbH, Innsbruck, Austria). A volume of isolate
equivalent to 0.5–1.0 mg of total protein (depending on the size
and number of animals in each sample) was added for Drunella,
and 0.25 mg was used for Baetis. Respiration rates were expressed
relative to the total protein added in each sample. Two machines,
each with two respiration chambers, were used to enable four
samples to be run simultaneously. Up to eight samples were
run per day, requiring mitochondrial isolates to be on ice for
either 1 or 4 h prior to experimentation. Before adding mitochon-
drial isolates, chambers were rinsed with 70% ethanol (3×) and
milliQ H2O (6×), then filled with MiR05 respiration buffer contain-
ing (in mM) 0.5 EGTA, 3 MgCl2, 60 K-lactobionate, 20 taurine, 10
KH2PO4, 20 HEPES, 110 sucrose and 1 g l−1 fatty-acid free BSA,
and air-calibrated to a starting oxygen content of 160 µM.

Amulti-substrate titration protocol was used to investigate three
distinct respiratory states in aquatic insect mitochondria (figure 2).
The first was a low flux LEAK respiration state generated by
adding a combination of substrates (1 mMmalate, 10 mM pyruvate
and10 mMglutamate) in the absence ofADP.LEAK respiration sup-
ports NADH-linked electron flow facilitated by non-specific proton
leak across the inner mitochondrial membrane. The next state was
oxidative phosphorylation (OXPHOS)-linked (state 3) respiration
generated by the addition of 3 mM ADP to the same chamber,
which enables a higher rate of NADH-linked electron flow by dissi-
pating the inner membrane proton gradient through the ATP
synthase. Finally, a maximal OXPHOS-linked respiration rate was
generated by the addition of 20 mM succinate to provide additional
electron supply through succinate dehydrogenase (CII), thereby
fully reconstituting the supply of reducing equivalents from the
tricarboxylic acid cycle to the electron transfer system.During exper-
imentation, oxygen concentration in the chambers was recorded
every 2 s and oxygen flux was calculated based on the previous
10 s of data. The average of at least 2 min of stable oxygen flux
recordings were used as the respiration rate for each state.

In addition to generating multiple respiration states from a
single biological sample, substrate titration protocols enable cal-
culation of flux control factors (FCFs), which reveal the extent of
respiratory control exerted by a selected metabolite or pathway
by expressing flux relative to an internal reference state from
the same experiment [61]. We calculated two FCFs: OXPHOS
coupling efficiency and CII flux control. OXPHOS coupling effi-
ciency was calculated as (1 – (LEAK/OXPHOS)) to represent the
extent of ADP control over CI-supported respiration (linearized
form of the classic respiratory control ratio [61–63]), ranging
from 0 (non-ADP controlled) to 1 (maximally coupled to ADP).
CII flux control was calculated as (1 – (O2 flux prior to adding
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Figure 2. The protocol used here for quantifying mitochondrial respiration
from aquatic insects. In both (a) Drunella and (b) Baetis, a representative
set of data from a single experiment are shown. Lower case letters and
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succinate divided by flux after adding succinate)), representing
the proportion of maximal respiration contributed by CII,
which can vary from 0 to 1.

For Drunella, samples were tested at either 6°C or 16°C to
investigate effects of test temperature. For Baetis, limited
sample sizes precluded the use of multiple test temperatures.
However, we investigated how maximal respiration varied with
test temperature by decreasing the temperature in the respiration
chambers after maximal respiration rates were reached. The
beginning test temperature (and the one used to calculate
FCFs) was 28°C. After maximal respiration was reached, the
temperature was dropped gradually to 16°C and a new steady
state of maximal respiration was recorded (figure 2b). A final
drop to 6°C yielded one last reading for maximal respiration
(figure 2b). O2 concentration was recalibrated in the chambers
at each test temperature before collecting data.

(d) Mitochondrial enzyme activities
To complement respiration measurements, mitochondrial isolates
were frozen after respiration experiments and were later used to
quantify cytochrome c oxidase (COX) and citrate synthase activi-
ties. For both enzymes, reactions were performed in 96 well plates
and read using a Spectramax 2e spectrofluorometer plate reader.
At least two technical replicates were averaged per sample. For
COX, the reaction is based on COX in the sample oxidizing
reduced cytochrome c, resulting in a linear decrease in absorbance
at 550 nm [64]. For each reaction, 200 µl of sample buffer (120 mM
Tris–KCl and 250 mM Tris–sucrose), 2–10 µg of mitochondrial
isolate and 0.22 mM of reduced CytCwere added and absorbance
was recorded every 30 s for 10 min at 550 nm. COX activity was
taken as the absolute slope of a line through these data and was
normalized to protein content. For citrate synthase, we followed
a similar procedure: 200 µl of sample buffer (20 mM HEPES,
1 mM EGTA, 220 mM sucrose, 40 mM KCl, 0.1 mM DNTB and
0.1 mM acetyl CoA), 5 µg of mitochondrial isolate and 0.05 mM
oxaloacetate was added per reaction and absorbance at 412 nm
was read every 30 s for 10 min. The reaction is based on the for-
mation of 5-thio-2-nitrobenzoic acid (TNB), which results in an
increase in absorbance at 412 nm [65]. All COX and citrate
synthase reactions were performed at 25°C.
(e) Statistical analyses
R v.3.4.4 was used to test for effects of acclimation temperature,
test temperature, elevation, and their interactions on the mito-
chondrial phenotypes measured based on general linear
models (i.e. 2 × 2 ANOVAs) and the lm function. We included
the number of acclimation days and the time since mitochondrial
isolation as random factors in preliminary tests (using the lme
function) but results were not qualitatively different as neither
acclimation duration nor incubation time on ice significantly
affected the parameters measured here.
3. Results
(a) Thermal acclimation of mitochondrial respiration
Mitochondrial respiration phenotypes were strongly influ-
enced by thermal acclimation in Drunella (figure 3). LEAK
respiration did not vary with acclimation temperature
(figure 3a, p = 0.680), test temperature ( p = 0.150), or their
interaction ( p = 0.533). However, maximal (i.e. CI + CII-
supported) OXPHOS-linked respiration was higher in
cold-acclimated animals at both test temperatures (figure 3b),
although this was only statistically significant at 6°C ( p =
0.179 main effect, ANOVA; p = 0.037 t-test at 6°C). Maximal
respiration was highest at the warmer test temperature ( p =
0.014), and there was no interaction between test and acclim-
ation temperature ( p = 0.504). Animals acclimated to the
colder temperature showed 15% higher OXPHOS coupling
efficiency compared to those acclimated to the warmer temp-
erature (figure 3c, p = 0.022). Using the warmer test
temperature also resulted in higher OXPHOS coupling effi-
ciency ( p = 0.035). While not statistically significant, the
difference in OXPHOS coupling efficiency between acclim-
ation treatments appeared to be more extreme at the lower
test temperature (interaction p = 0.073). The proportion of
maximum respiration attributable to CII (i.e. the CII FCF)
was approximately 10% higher in insects acclimated to
warm temperatures (figure 3d, p = 0.030), and was lower in
insects tested at warm temperatures (p = 0.016). There was
no suggestion of an interaction with test temperature ( p =
0.916). Finally, in the last collection of Drunella, mortality/
metamorphosis rates were 10% and 43% in the cold and
warm acclimation treatment, respectively.

Baetis showed no difference in LEAK respiration attribu-
table to elevation, acclimation temperature, or their
interaction (figure 3e, p > 0.290 for all main effects). Maximal
respiration was quantified at three test temperatures for
Baetis and, like Drunella, respiration increased with increasing
test temperatures (figure 3f, average Q10 = 1.84, p < 0.001). Also
similar to Drunella, Baetis acclimated to the lower temperature
tended to have higher maximal respiration, although this was
not statistically significant (p = 0.121 main acclimation effect,
ANOVA). There was an especially large difference due to
acclimation in animals from high elevation and tested at the
high temperature, resulting in a weakly significant interaction
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between acclimation temperature and elevation (p = 0.049) and
a significant interaction between acclimation temperature and
test temperature (p < 0.001). As with Drunella, there was a
trend for higher OXPHOS coupling efficiency in Baetis when
acclimated to the colder temperature, although the difference
was not statistically significant (figure 3g, p = 0.200, main
acclimation effect). Elevation did not influence OXPHOS effi-
ciency and there was no interaction between elevation and
acclimation (p > 0.570 for both). The CII FCF was approxi-
mately 80% higher in Baetis from the low elevation site
(figure 3h, p = 0.004), although acclimation temperature did
not influence the CII FCF and there was no interaction
between elevation and acclimation (p > 0.891 for both).

(b) Thermal acclimation of mitochondrial enzyme
activities

For Drunella, acclimation temperature did not influence the
activities of COX (figure 4a, p = 0.387) or citrate synthase
(figure 4b, p = 0.943). For Baetis, elevation, acclimation temp-
erature, or the interaction between the two did not influence
COX or citrate synthase activity (figure 4c,d, p > 0.076).
4. Discussion
(a) Mitochondrial phenotypic plasticity in aquatic

insect larvae
Here, we demonstrate thermal plasticity in mitochondrial
phenotypes in mayfly larvae from mountain streams, as in
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many aquatic systems (table 1). In both genera examined,
OXPHOS coupling efficiency and maximal mitochondrial
respiration were higher in insects acclimated to low tempera-
tures at each test temperature (figure 3). This suggests
mitochondrial respiration is most closely coupled to ATP pro-
duction and respiratory capacity is highest in insects
acclimated to relatively low temperatures. This is in agree-
ment with previous studies suggesting cold acclimation
increases mitochondrial respiratory capacity, possibly as a
way to maintain high activity levels in the cold [18,66–69].
In some cases, this is attributed to increased mitochondrial
proliferation with cold acclimation, which is often approxi-
mated using citrate synthase assays [22,70]. Here, citrate
synthase activities did not change in response to cold acclim-
ation, suggesting mitochondrial populations remained fairly
stable. The contribution of CII to mitochondrial respiration
was also plastic (figure 3d ). For Drunella, increased CII flux
control at warm acclimation temperatures may reflect a
reduced capacity for CI-supported respiration (figure 3c).
For Baetis, the CII FCF was not affected by acclimation temp-
erature, suggesting different mitochondrial responses to
thermal acclimation in this genus compared to Drunella.

One consistent pattern in these data is that acclimation to
ecologically relevant warm temperatures caused altered mito-
chondrial phenotypes. We observed this pattern in Baetis
even at low elevation sites where the warm acclimation temp-
erature (16°C) is commonly exceeded in the summer
(figure 1a). Warm acclimation has been shown to cause
decreased mitochondrial coupling in other ectotherms, poss-
ibly due to proton leak increasing more rapidly with
temperature than OXPHOS [66,71]. However, in this study,
proton leak did not increase with temperature (figure 3a,e).

We did observe elevated levels of mortality and emer-
gence in the warm acclimation treatment compared to the
cold acclimation, suggesting that altered mitochondrial func-
tions might be indicative of stress. Even though warm
acclimation temperatures are common, they may be offset
by cooler night-time temperatures, and experiencing such
elevated temperatures constantly for days, as in the exper-
iment here, may therefore induce thermal stress. Future
experiments may benefit from using fluctuating acclimation
temperatures. The finding that even modestly elevated temp-
eratures may cause stress in these systems is in line with
previous studies suggesting montane insects may be
especially vulnerable to rapid climate change [53]. However,
it should be noted that when tested at their acclimation temp-
eratures, both warm- and cold-acclimated groups showed
similar OXPHOS coupling efficiency and maximum respir-
ation, suggesting mitochondrial function may recover with
prolonged warm acclimation.

Another possibility is that altered mitochondrial functions
may be under compensation at higher organization levels.
Some evidence from the mayfly system supports this hypoth-
esis. Critical thermal maxima (CTMAX) are well above 16°C
for all populations of the taxa examined here [45,53,58] and
whole-organism oxygen consumption increases somewhat
linearly with temperature up to 25°C (AA Shah et al. 2019,
unpublished data). Therefore, while mitochondrial pheno-
types may be compromised at high temperatures,
organismal stress may be ameliorated by compensatory
mechanisms.

The data presented here indicate that understanding the
relationship between mitochondrial genotype and phenotype
is complex. In this system, acclimation to a constant 16°C
was enough to result in decreased OXPHOS coupling effi-
ciency and declines in maximum respiration, although this
temperature results in increased respiration at the whole-
animal level and is well below the CTMAX [45,53] (AA Shah
et al. 2019, unpublished data). This observed disconnect
between whole-animal and mitochondrial physiology seems
to be common. For example, in the killifish Fundulus heteroclitus
mitochondrial oxygen consumption continues to increase with
temperature up to 40°C, even though the CTMAX is below this
temperature [72]. In another mayfly system, whole-animal
oxygen consumption and aerobic scope likewise did not
decrease even at temperatures above the CTMAX [73]. The
result here that maximal mitochondrial respiration increased
with test temperature (figure 3c,f ), even up to 28°C (approach-
ing CTMAX), echoes these previous findings. One reason for this
disconnect may be that isolated mitochondria are more likely
to follow Arrhenius-like processes compared to more complex
systems such as whole organisms [72,74]. Examining the
relationships between genotypes, mitochondrial phenotypes,
whole-organism phenotypes, and ecologically relevant
responses is, therefore, a worthwhile endeavour for future
studies.

(b) Mitochondrial plasticity and the climate variability
hypothesis

Although thermal plasticity in mitochondrial phenotypes has
been investigated in many aquatic systems (table 1), few
studies have compared mitochondrial plasticity among
different populations [19–21,33]. In general, such studies
have examined acclimation of mitochondrial function in the
context of cold-adapted versus warm-adapted populations.
For example, cod (Gadus morhua) from a cold-adapted popu-
lation showed a larger increase in citrate synthase activity in
white muscle when acclimated to 4°C compared to a more
temperate population [22]. Lugworms from cold-adapted
populations also showed increased mitochondrial popu-
lations and COX activities [33,75]. Schulte and colleagues
have also described increased mitochondrial respiration,
uncoupling responses, and enzyme activities during cold
acclimation in northern killifish in comparison to southern
populations [23,24,76–78]. Although warm-adapted popu-
lations also typically experience more climate variability,
previous studies have rarely explicitly considered mitochon-
drial thermal plasticity in the context of stable versus
variable thermal environments.

Key predictions of the CVH could be tested by studying
Baetismayflies collected from high and low elevation streams.
Both sites routinely experience freezing temperatures in the
winter and early spring, when newly hatched larvae enter a
four-month growth phase prior to emerging by late
summer [79]. However, the low elevation site experiences
much warmer maximum temperatures and wider daily ther-
mal fluctuations than the high elevation site during the
summer months (figure 1), leading to the prediction that
low elevation insects should exhibit greater thermal tolerance
than high elevation insects. Consistent with this prediction,
warm acclimation temperatures caused a decline in the
OXPHOS-linked respiratory capacity of mitochondria from
Baetis collected at the high elevation site, but not the low
elevation site (figure 3f ). This was only observed at the test
temperature of 28°C, which is warmer than the maximum
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summer temperatures experienced even at the low elevation
site (22°C, figure 1a). However, thermal ranges of mitochon-
drial phenotypes may be disconnected from those of whole
organisms, as discussed above. Moreover, Baetis do occur at
elevations lower than those examined here and small lowland
streams can get much warmer, making high test temperatures
ecologically relevant. Although streams at both elevations
routinely freeze, one caveat to using this study system is
that while different elevations show different degrees of ther-
mal variability, populations across elevations could also be
considered as cold- versus warm-adapted.

Although not statistically significant, COX activity in
Baetis followed a similar trend as OXPHOS-linked respiration
to decline following warm acclimation only in high elevation
insects (figure 4c), which is consistent with results from other
cold-adapted populations [20,22,33]. By contrast, FCFs and
citrate synthase did not vary in accordance with the CVH,
suggesting that thermal sensitivity of mitochondria is at the
level of the membrane electron transfer complexes, and per-
haps COX in particular. This emphasizes the benefit of the
protocol employed here to disentangle multiple aspects of
mitochondrial function that might be obscured by evaluating
only single enzyme markers of mitochondrial content or
matrix volume such as citrate synthase.

When examining CTMAX and CTMIN in this system, predic-
tions of the CVH are generally supported, with CTMAX

decreasing at higher elevation (dropping from 31 to 27°C)
and CTMIN being low and consistent across elevation
(approx. 1°C) [45,53]. As with mitochondrial plasticity, there
seems to be some disconnect between mitochondrial pheno-
types, organismal phenotypes, and ecology in relation to the
CVH. While some aspects of mitochondrial function support
predictions of the CVH, they show weaker patterns than
those at the whole-organism level. One explanation in this
system may be high levels of genetic connectivity among
high and low elevation sites [53,57]. If genotypes are shared
among sites, levels of plasticity in mitochondrial phenotypes
(dictated by mitochondrial and nuclear genotypes) may be
similar among sites. In comparable aquatic insect species in
the tropics, genetic connectivity across elevation is low, and
differences in acclimation responses among sites are much
more extreme than in the temperate sites investigated here
[53]. This is consistent with Janzen’s classic hypothesis of
why mountain passes are ‘higher’ in the tropics [54]. Clearly,
a future goal should be to expand studies of mitochondrial
plasticity to tropic versus temperate systems in order to more
definitively test predictions of the CVH.
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