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Lytic polysaccharide monooxygenases (LPMOs) are a recently dis-
covered class of monocopper enzymes broadly distributed across
the tree of life. Recent reports indicate that LPMOs can use H2O2 as
an oxidant and thus carry out a novel type of peroxygenase reac-
tion involving unprecedented copper chemistry. Here, we present
a combined computational and experimental analysis of the H2O2-
mediated reaction mechanism. In silico studies, based on a model
of the enzyme in complex with a crystalline substrate, suggest that
a network of hydrogen bonds, involving both the enzyme and the
substrate, brings H2O2 into a strained reactive conformation and
guides a derived hydroxyl radical toward formation of a copper–oxyl
intermediate. The initial cleavage of H2O2 and subsequent hydrogen
atom abstraction from chitin by the copper–oxyl intermediate are
the main energy barriers. Stopped-flow fluorimetry experiments
demonstrated that the priming reduction of LPMO–Cu(II) to LPMO–
Cu(I) is a fast process compared to the reoxidation reactions. Using
conditions resulting in single oxidative events, we found that reox-
idation of LPMO–Cu(I) is 2,000-fold faster with H2O2 than with O2,
the latter being several orders of magnitude slower than rates
reported for other monooxygenases. The presence of substrate
accelerated reoxidation by H2O2, whereas reoxidation by O2 became
slower, supporting the peroxygenase paradigm. These insights into
the peroxygenase nature of LPMOs will aid in the development and
application of enzymatic and synthetic copper catalysts and contrib-
ute to a further understanding of the roles of LPMOs in nature,
varying from biomass conversion to chitinolytic pathogenesis-
defense mechanisms.
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The landscape of bioinorganic chemistry has recently been
enriched by the discovery that oxidative monocopper enzymes

named lytic polysaccharide monooxygenases (LPMOs) can use
H2O2 as a cosubstrate (1), whereas O2 has long been invoked in all
other established paradigms of copper-based enzymatic catalysis
(2). Another unique feature of LPMOs is their ability to catalyze
the oxidative cleavage of glycosidic chains found in complex, re-
calcitrant environments such as the crystalline lattices formed by
chitin (3), cellulose (4–6), or copolymeric polysaccharide structures
(7, 8). LPMO action disrupts the surface of recalcitrant polysac-
charides (9, 10), in turn enhancing depolymerization by canonical
glycoside hydrolases (3, 11–14). LPMOs are today classified as
auxiliary activities (AA) in the carbohydrate-active enzyme data-
base (15), in families AA9 to 11 and AA13 to 16. LPMOs are
abundant in nature, notably in wood-decaying fungi (16, 17), and
are key elements of current commercial enzymatic mixtures for
the processing of lignocellulosic biomass (18–20). Recent de-
velopments indicate that chitin-active LPMOs may play roles
beyond biomass decomposition, such as acting as virulence factors
in bacterial infections (21–24). On a similar note, a 2016 study
showed that a “chitin-binding protein” (Tma12) is expressed by
ferns as an insecticidal agent against whitefly (25). Importantly,
although not recognized as such in this study, Tma12 looks like
typical, active LPMOs (SI Appendix, Fig. S1).

Despite substantial progress within the last decade, the mode
of action of these monocopper enzymes is not yet fully mecha-
nistically characterized (26–29). It is clear that LPMO action needs
a reductant and that various small-molecule reducing compounds,
including commonly used ascorbic acid (AscA), as well as redox
enzymes such as cellobiose dehydrogenase, can reduce LPMOs
(17). When acting on a carbohydrate substrate (R-H), and in the
presence of excess reductant, a single oxygen atom derived from
O2 is introduced into the final product (3, 30), explaining why
LPMOs have been widely recognized as monooxygenases. How-
ever, the monooxygenase reaction (R-H + O2 + 2e− + 2H+ →
R-OH +H2O) requires a second electron [the first one being stored
as Cu(I)] and protons during catalysis. These catalytic events are
highly puzzling considering 1) the monocopper, organic cofactor-
free nature of LPMOs and 2) that access of reductants to the
active site is limited when bound to a polysaccharide substrate.
The finding that LPMOs efficiently incorporate oxygen atoms
from H2O2 in the reaction product (as shown by, e.g., experiments
with 18O-labeled H2O2) (1), thus making LPMOs a new kind of
copper-dependent peroxygenase (R-H + H2O2 → R-OH + H2O;
Fig. 1) (1, 31, 32), provides a straightforward answer to the “sec-
ond electron conundrum,” since H2O2 brings the oxygen, electron,
and proton equivalents necessary for a complete catalytic cycle.
The proposed peroxygenase chemistry of these copper en-

zymes sparks interest in unraveling the underlying mechanisms.

Significance

Biomass decomposition by microorganisms relies on a battery
of enzymes, of which lytic polysaccharide monooxygenases
(LPMOs) constitute a central player. LPMOs are notably able to
disrupt the abundant recalcitrant carbohydrates cellulose and
chitin and thus increase the overall rate of their degradation. It
has recently been demonstrated that LPMOs prefer hydrogen
peroxide over molecular oxygen to oxidize and cleave their
substrates. Here, we explain through molecular simulations and
experiments how a chitin-active LPMO activates hydrogen per-
oxide and catalyzes substrate hydrogen abstraction. Thereby,
we reveal the molecular details of this unusual bioinorganic
chemistry, which is of high relevance for the understanding of
pathogenesis-defense mechanisms and biomass turnover.
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Although previous studies attempting to decipher the molecular
details of the LPMO mechanism were carried out in a mono-
oxygenase context, some conclusions drawn at that time are likely
still valid but deserve to be reinvestigated. Notably, a quantum
mechanical (QM) study (33), followed by several other computa-
tional studies (34, 35), suggested that the most likely species re-
sponsible for hydrogen atom abstraction (HAA) is a copper(II)–
oxyl ([CuO]+) species. A similar downstream intermediate has
been proposed for the H2O2 reaction mechanism (1), where
[CuO]+ is obtained after reaction of H2O2 with the LPMO–Cu(I)
state, concomitant with H2O release. Wang et al. (36) recently
carried out a computational assessment of the peroxygenase re-
action using the crystal structure of a C4-oxidizing AA9 in
complex with a water-soluble cellotriose molecule (37), show-
ing that the peroxygenase mechanism is plausible and likely in-
volves formation of a [CuO]+ species. However, there are no
supporting biochemical data on H2O2 reactivity for that AA9.
Experimental steady-state kinetic data for H2O2-driven sub-
strate oxidation are only available for a C1-oxidizing chitin-
specific LPMO from the soil bacterium Serratia marcescens
(SmAA10A, also known as CBP21) (38). SmAA10A has a cat-
alytic constant (kcat) of 6.7 s−1 and an apparent Michaelis con-
stant (Km) for H2O2 in the low micromolar range (ca. 3 μM),
resulting in a kcat/Km ≈ 106 M−1·s−1. These values are similar to
those reported for well-characterized heme-dependent peroxy-
genases (39).
Building on an experimentally supported molecular model of

SmAA10A in complex with crystalline chitin (40), we aimed to
decipher the molecular details of the newly proposed H2O2 re-
action mechanism of LPMOs. We employed multiple computa-
tional methods to find minimum energy paths and to calculate all
energy barriers associated with the reaction coordinate. As ex-
perimental support, we used pre-steady-state kinetic methods to
examine SmAA10A reduction and single catalytic event reac-
tions of SmAA10A, isolated in the Cu(I) form, with both H2O2
and O2, in the presence and absence of substrate. Calculations
suggested a key role in catalysis for Glu60, a highly conserved
second-shell residue, and the role of this residue was interro-
gated experimentally by site-directed mutagenesis. Collectively,
these results provide a strong foundation for establishing chitinolytic
LPMOs as unusual biological peroxygenases achieving substrate-
assisted catalysis.

Methods
A complete description of the experimental details is available in SI Appendix,
including details on materials, site-directed mutagenesis, production and
purification of recombinant LPMOs, LPMO activity and binding assays,

(stopped-flow) fluorimetry experiments, and computational studies.
Notably, derived force-field parameters for H2O2 are presented in SI Ap-
pendix, Table S1 and primers used for site-directed mutagenesis are given
in SI Appendix, Table S2. The data generated during the current study are
available from the corresponding authors on request.

Results
H2O2 Is the Cosubstrate Sustaining SmAA10A Catalysis under Steady-
State Turnover Conditions. Steady-state kinetic analyses have shown
that H2O2 is an efficient cosubstrate in SmAA10A-catalyzed oxi-
dation of chitin (38). However, the question remains whether
SmAA10A catalysis also relies on H2O2 in conditions where H2O2
is not added, that is, just in the presence of ambient O2 concen-
trations and excess reductant. The latter conditions are standard
practice in the LPMOs field. We have argued previously that these
conditions promote the in situ formation of H2O2 and that,
therefore, most reported LPMO rates likely reflect a H2O2-limited
peroxygenase activity rather than a monooxygenase activity (1, 29).
A competition experiment in the presence of a peroxidase

(Fig. 2A) showed that, in the presence of ambient O2 (no added
H2O2) and 1 mM reductant (AscA), 1 μM SmAA10A can be
almost totally inhibited by the H2O2-scavenging activity of horse-
radish peroxidase (HRP), suggesting that H2O2 is produced in situ
and is the main (if not only) oxidant used by SmAA10A. We then
determined reaction conditions that allowed reliable monitor-
ing of H2O2 consumption during catalysis (SI Appendix, Figs.
S2 and S3). Fig. 2B shows that in reactions with added H2O2 (and
substoichiometric amounts of added reductant) rapid consumption
of the latter only occurs if substrate is present, indicative of a clear
relationship between H2O2 consumption and substrate degrada-
tion (also discussed below).

QM/Molecular Mechanics Study of the Chitinolytic Peroxygenase
Reaction. Intriguingly, neither strict C1-oxidizing LPMOs nor
crystalline polysaccharide substrates have been the subject of
QM/molecular mechanics (MM)-assisted investigations of the
LPMO mechanism (33–36, 41, 42). Also, in the few available

Fig. 1. Simplified reaction scheme of SmAA10A-catalyzed peroxygenation
of chitin. Substrate binding is likely preceded by reduction of the ground-
state LPMO–Cu(II) to LPMO–Cu(I), which binds with greater affinity to sub-
strate (41–43). Binding of the polymeric substrate leads to a highly confined
active site (40) that is ready to react swiftly and precisely with H2O2, resulting
in hydroxylation of the substrate and release of a water molecule (1). The
hydroxylated product (either at the C1 or C4 carbon) is unstable and un-
dergoes an elimination reaction, inducing glycosidic bond cleavage (30, 36).
At the end of the catalytic cycle, the Cu(I) state is conserved, and the enzyme
could potentially enter a new catalytic cycle or be oxidized via nonproductive
reactions with oxidants. X denotes the reaction products (e.g., hydroxyl radi-
cals, superoxide) originating from such oxidation reactions, which, notably,
may lead to enzyme damage.

Fig. 2. Assessing the underlying role of H2O2 in SmAA10A-catalyzed oxidation
of chitin. (A) The graph shows time courses for release of soluble oxidized
products (chitobionic acid; A2ox) from β-chitin (10 mg·mL−1) by SmAA10A
(1 μM) in the presence of AscA (1mM), O2 (ca. 200 μMat atmospheric pressure),
different amounts of HRP, and AmplexRed (200 μM, a cosubstrate of HRP).
Quantities are expressed as a percentage of the amount of A2ox detected in
the reference reaction (Ref., i.e., without HRP and AmplexRed) after 90-min
reaction. (B) Time course for consumption of H2O2 (50 μM at t0) by SmAA10A
(50 nM) in a reaction containing AscA (20 μM) and ethylenediaminetetraacetic
acid (50 μM, needed to limit nonenzymatic background reactions; see SI Ap-
pendix, Fig. S2 for details on the experimental conditions) in the presence and
absence of β-chitin (10 mg·mL−1). Note that the fast initial consumption of
H2O2 in the reaction without chitin is a background reaction that is not due to
LPMO activity (see SI Appendix, Fig. S3 for more details). All reactions were
carried out in sodium phosphate buffer (50 mM, pH 7.0) at 40 °C in a ther-
momixer (1,000 rpm). Error bars show ± SD (n = 3 independent experiments).
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reports (36, 42), the initial steps of H2O2 access, positioning, and
one-electron reduction by Cu(I) at the enzyme active site have not
been agreed upon (discussed below). Starting from a previously
published biochemically and spectroscopically supported model of
SmAA10A in complex with crystalline β-chitin (Fig. 3A and SI
Appendix, Fig. S4) (40), we performed QM/MM/molecular dy-
namics (MD) and QM/MM calculations to unravel the molecular
details underlying the peroxygenase reaction (R-H + H2O2 →
R-OH + H2O) catalyzed by SmAA10A–Cu(I).
QM/MM/MD simulations (SI Appendix, Fig. S5 and Movie S1),

followed by nudged elastic band (NEB) minimum energy path
calculations, resulted in starting models for calculating the en-
ergies of the different states (1 through 9) of the SmAA10A-
catalyzed reaction (Fig. 3G). A global observation is that the

overall reaction is thermodynamically favorable, with a relative
energy difference of −65.9 kcal·mol−1 between the initial and
final states. State 1 represents the SmAA10A–Cu(I) bound to
β-chitin substrate with a H2O2 molecule confined in the reaction
cavity and no water molecules coordinated to the reduced cop-
per ion. Hydrogen bonds from the Glu60 side chain and a sub-
strate amide hydrogen align the H2O2 molecule toward the
Cu(I) ion at a distance of 2.98 Å (Fig. 3B). The H2O2 O–O bond
length of 1 is 1.44 Å, which is equal to the value obtained by
geometry optimization of H2O2 in vacuum (1.44 Å). Interestingly,
the dihedral bond angle of H2O2 in 1 is 53°, far from the equi-
librium angle [113.6° in gaseous state (43), 90.2° in solid state (44)],
indicating that the protein and substrate introduce a strained
conformation (+4.1 kcal·mol−1) of the peroxide moiety.

Fig. 3. QM/MM study of the peroxygenase mechanism of SmAA10A on crystalline β-chitin. (A) The QM/MM model containing ∼24,000 atoms derived from ex-
perimentally supported models of SmAA10A in complex with chitin (40). See SI Appendix, Fig. S5 for a definition of the QM region. (B) In the initial state of the
reaction (1), the H2O2 molecule is aligned toward the Cu(I) ion in a strained conformation involving hydrogen bonding with both substrate and amino acid side
chains. (C) The first transition state (2) displays an elongated H2O2 O–O bond and the reactive hydroxyl radical to be formed is stabilized by H bonds from Glu60 and
a substrate amide H atom. (D–F) The electron transfer from Cu(I) to H2O2 can be visualized by plotting the quasi-restricted orbitals of 1 and 2. Before reaction with
H2O2, the state 1 HOMO (D) exhibits delocalized dx2-y2 character, indicating a Cu(I) state ready to react with H2O2. The state 2 (2-HOMO to 2-LUMO transition); E and
F indicates that the Cu(I) electron moves from the delocalized dx2-y2 like orbital to a σ* antibonding orbital localized between the H2O2 O atoms, promoting bond
cleavage. (G) Complete reaction path where states 1 through 9 indicate energy minima and transition states (relative energies in kilocalories per mole). Between
states 3 and 6, spin cross-overs occur, and the triplet states are shown in red and the open-shell singlet states are indicated in black. The energy minima and
transition states for activation of H2O2 via a PK-like heterolytic cleavage (2PK–4PK) are indicated by the light blue path. See SI Appendix, Fig. S6 for the geometries of
each state. Energies in bold type were obtained by the B3LYP functional, while energies in normal type were obtained by TPSSh. All carbons in the protein residues
and chitin (only a dimer is shown in B–F) are gray. H2O2 is shown as white and red sticks and balls. For the sake of clarity, the MM region is not shown.
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The SmAA10A catalytic cycle is triggered by electron transfer
from Cu(I) to H2O2, and the transition state of this step is rep-
resented by 2 (Fig. 3C). The H2O2 bond is now elongated (1.76 Å),
the dihedral bond angle has relaxed to 94°, and the proximal
peroxide O atom is only 2.1 Å away from the copper ion. The
energy barrier of this step is estimated to be 12.8 kcal·mol−1 and
8.6 kcal·mol−1 by the density functional theory (DFT) functionals
B3LYP (45) and TPSSh (46), respectively. State 2 is best described
as an open-shell singlet, a conclusion that could only be reached
after detailed analysis of the electronic structure (SI Appendix,
Supplementary Results). The latter analysis allowed us to plot the
quasi-restricted orbitals that best describe the transition from state
1 to state 2 in Fig. 3 D–F. The highest occupied molecular orbital
(HOMO) of state 1 has mainly Cu-dx2-y2 and ligand σ* antibonding
character (Fig. 3D, 1-HOMO), and the largest lobe points directly
toward the H2O2 molecule. Reaching the transition state geometry
(state 2), the HOMO orbital becomes slightly delocalized to in-
clude the H2O2 molecule (Fig. 3E, 2-HOMO). According to
frontier molecular orbital theory, the lowest unoccupied molecular
orbital (LUMO) indicates where the Cu(I) electron will go. Here,
the state 2 LUMO displays a decreased density at the copper
d-orbital, while a σ* antibonding orbital appears between the
H2O2 O atoms (Fig. 3F, 2-LUMO), indicative of homolytic
cleavage of the O–O bond.
The first local minimum in the reaction path is state 3 (Fig. 3G

and SI Appendix, Fig. S6A), where the calculations suggest a
Cu-bound hydroxide with an adjacent hydroxyl radical. This
state collapses to an open-shell singlet solution due to strong
antiferromagnetic coupling between Cu(II) and the hydroxyl
radical (see SI Appendix, Supplementary Results for more details).
Direct substrate H-atom abstraction by this H2O2-derived hydroxyl
radical was investigated by QM/MM NEB calculations but was
not feasible due to steric constraints in the reaction cavity of
our model caused by the copper-bound hydroxyl. Hydrogen
bonds from both the substrate and the protein appear to confine
and orient the reactive hydroxyl radical in the reaction cavity,
yielding a “precision-guided HO•

” poised for HAA from the Cu-
bound hydroxide with a barrier of 6.5 kcal·mol−1 (B3LYP; state 4,
SI Appendix, Fig. S6A). Of note, Glu60 seems to play a crucial role
in positioning the hydroxyl radical (Fig. 3C). At this point, the total
spin of the system has changed from a singlet to a triplet state, the
triplet state being favored by 0.8 kcal/mol for B3LYP and 0.5 kcal/mol
for TPSSh, thus displaying spin cross-over behavior. The result-
ing state 5 (Fig. 3G and SI Appendix, Fig. S6A) is best described
as a triplet copper–oxyl [CuO]+ species, the triplet state being
favored by 3.5 kcal/mol for B3LYP and 3.1 kcal/mol for TPSSh,
where the oxyl O atom, which is only 2.08 Å away from the
substrate H atom that is to be abstracted, is hydrogen-bonded to
the water molecule formed in the previous reaction step. In this
highly reactive state, a Löwdin spin population analysis reveals
Cu and oxyl spins of 0.61 and 1.1, respectively (see SI Appendix,
Table S3 for all values along the reaction path), indicative of a
reactive radical on the oxygen atom.
The energy barrier of the substrate H-abstraction step (state 6,

Fig. 3G and SI Appendix, Fig. S6A) is estimated to be 13.0 and
10.6 kcal·mol−1 by the B3LYP and TPSSh functionals, respectively.
At this point of the reaction the system has changed back to the
singlet energy surface, indicating that the spin cross-over transi-
tions take place between states 3 and 6 in the reaction path. The
hydroxide moiety formed by the H-abstraction step partly recom-
bines with the copper ion (Cu–O distance of 1.91 Å) in a local
energy minimum (state 7, Fig. 3G and SI Appendix, Fig. S6A).
Finally, the Cu-interacting hydroxide passes through a low-barrier
(+2.6 kcal·mol−1 for B3LYP) rebound-intermediate (state 8, Fig.
3G and SI Appendix, Fig. S6A) and recombines with the substrate
radical to form the final hydroxylated product (state 9, Fig. 3G and
SI Appendix, Fig. S6A). Note that the Cu(I) form of the enzyme
has been regenerated at the end of the reaction cycle. Importantly,

it appears that along the reaction path hydrogen bonds involving
the enzyme Glu60 side chain and a strategically positioned sub-
strate amide hydrogen, which could be analogous to the C2-OH in
cellulose, control the positioning of several H2O2-derived reactive
oxygen species (SI Appendix, Fig. S6A), facilitating the LPMO
reaction. In summary, our calculations indicate that the overall
reaction pathway contains two main energy barriers, correspond-
ing to the H2O2 cleavage and H abstraction from chitin, and that
spin cross-over events and a dynamic hydrogen bond network play
crucial roles in this catalysis.
Heme-iron peroxidases are known to catalyze the heterolytic

cleavage of H2O2 and the reaction path has been described by
the Poulos–Kraut (PK) mechanism (47, 48). Here, we consid-
ered a similar mechanism as an alternative path to generate the
copper–oxyl species (state 5). Since experimental data clearly
show that the Cu(II) state does not react with H2O2, heterolytic
cleavage was considered for the Cu(I) state. Assuming that the
Glu60 side chain could act as a base, we modeled the reaction
Cu(I)–O(H)–OH (state 1) → Cu(I)–O–OH2 → Cu(II)–O• + OH2
(state 5) using the same computational methodology as for the
homolytic cleavage reaction path described above. The migra-
tion of the proximal hydrogen to the distal oxygen of the H2O2
was assisted by the Glu60 side chain, and a stable Cu(I)–O–OH2
intermediate with a metal–oxygen distance of 2.94 Å (state 3PK)
was found to have an energy of 30.8 kcal·mol−1 (TPSSh) higher
than state 1 (Fig. 3G and SI Appendix, Fig. S6B). The energy
barrier of the formation of this intermediate, represented by
state 2PK, was calculated to be 32.4 kcal·mol−1 relative to state 1,
while the further heterolytic cleavage of the O–O bond of
Cu(I)–O–OH2 to water and the copper–oxyl intermediate had
an energy barrier of 0.8 kcal·mol−1 (shown as state 4PK) rel-
ative to state 3PK. Thus, our results indicate that the heterolytic
path of H2O2 cleavage is unfavorable compared to the homolytic
path, displaying initial energy barriers of 32.4 and 8.6 kcal·mol−1

(TPSSh), respectively.
In a comparative manner, we investigated the energetics of

substrate hydrogen abstraction using O2 as cosubstrate, exchang-
ing H2O2 with O2 but otherwise using the same starting model.
For the latter reasons, we only evaluated a scenario in which the
LPMO–Cu(I) and O2 react without requiring further delivery of
electrons and protons, the origin of which would have been
purely arbitrary (SI Appendix, Fig. S7). The main conclusions are
that substrate binding alters the orientation of the copper-bound
superoxide and that H abstraction by a copper superoxide in-
termediate is thermodynamically plausible but kinetically very
unlikely (energy barrier of 35 kcal·mol−1) (SI Appendix, Supplementary
Results).

The Reductive Priming Reaction Is Fast and Monophasic. To gain
insight into a potential rate-limiting role of the priming re-
duction, that is, the one-electron reduction of the resting state
LPMO–Cu(II) to the active LPMO–Cu(I) form (1, 49), we in-
vestigated how fast such reductive reaction occurs and which
amount of reductant is required to achieve complete LPMO
reduction. We have previously shown (50) that the fluorescence
signal of SmAA10A can be used as a reporter of its redox state
(SI Appendix, Fig. S8), the Cu(II) and Cu(I) forms having re-
spectively low and high fluorescence responses, both linear within
the concentration range studied (SI Appendix, Fig. S9). Following
rapid stopped-flow mixing of SmAA10A–Cu(II) with 1 eq. AscA
(5 μM each) under anaerobic conditions, a monophasic increase
in fluorescence was observed. The experiment was subsequently
repeated with AscA present in pseudo-first-order excess (≥10 eq.).
The total fluorescence change remained the same, suggesting that
reduction was complete with as little as 1 eq. of AscA. The re-
duction reaction remained monophasic but increased in rate with
increasing concentrations of AscA (Fig. 4A). Each fluorescence-
versus-time curve could be fit with a single exponential function,
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indicative of a pseudo-first-order reaction with respect to
AscA. The pseudo-first-order rate constant (kobs) varied line-
arly with [AscA], yielding a second-order rate constant kAscA =
4.2 × 105 M−1·s−1 (Fig. 4B). Such a high rate indicates that in most
reaction conditions the initial reductive priming is not rate-limiting
(see Discussion).
We have previously shown that hexa-N-acetyl-chitohexaose

(NAG6) is cleaved by SmAA10A (40), and below we show that
NAG6 can be used as a substrate to monitor single catalytic events,
while also pointing at some limitations in Discussion. Studies of the
rate of LPMO reduction by AscA in the presence of 1 mM NAG6
yielded a second-order rate constant of 5.4 × 105 M−1·s−1 (SI
Appendix, Fig. S10). This value is only 1.26-fold higher than that
obtained in absence of NAG6, suggesting that the presence of a
soluble and flexible substrate does not strongly modulate the
rate of reduction of the SmAA10A–Cu(II) by AscA.

The Reaction between SmAA10A–Cu(I) and O2 Is Exceedingly Slow. To
further understand the potential competition between environ-
mentally available H2O2 and ambient O2, we first monitored oxi-
dation of 2 μM SmAA10A–Cu(I) (produced anaerobically by
reduction of the oxidized enzyme with ascorbate, followed by re-
moval of excess reductant) by O2 under conditions that resulted in
single oxidative events (i.e., in the absence of reductant) (Fig. 5A).
The change in fluorescence in the presence of 1 eq. O2 could not
be discriminated from the background noise (not shown). Using
pseudo-first-order concentrations of O2 ([O2] at least in a 10-fold
excess relative to [SmAA10A–Cu(I)]), reoxidation of Cu(I) to a
Cu(II) species was observed over a period of minutes, at a rate that
was dependent on [O2] (Fig. 5B). When fitting the kinetic data, a
number of models were explored (SI Appendix, Figs. S11 and S12).
Although we have based the analysis of the reoxidation curves on a
simple model, that is, a single exponential function, (SI Appendix,
Figs. S11 and S14B), the residuals of the fits indicate that the
reoxidation of SmAA10A–Cu(I) by O2 is a complex reaction.
Strikingly, a complex reaction model where O2 binds and is re-
duced by a binuclear copper cluster formed by a SmAA10A–Cu(I)
dimer results in a perfect fit (SI Appendix, Fig. S13 and Scheme
S1). In such an arrangement, the SmAA10A–Cu(I) dimer binuclear
active site could resemble the active sites of well-studied binuclear
type-3 copper proteins such as tyrosinases and hemocyanins (2).
This dimer hypothesis is currently being explored in a separate
study. Nonetheless, applying the single exponential model as best
simple approximation shows that the kobs varied linearly with [O2],
yielding a second-order rate constant kO2 = 3.3 M−1·s−1 (Fig. 5B).

Of note, this value shows that reoxidation of the reduced LPMO
by O2 is very slow.

The Reaction between SmAA10A–Cu(I) and H2O2 Is Monophasic and
Faster than the Reaction with O2. Mixing H2O2 with LPMO–Cu(I)
showed decrease in fluorescence, with a stoichiometry of 1:1 (SI
Appendix, Fig. S15). Moreover, spin-trap experiments (SI Ap-
pendix, Fig. S16) showed that next to Cu(II) species (as shown by
the fluorescence signal) this reaction produces radicals (80% yield,
when assuming that only OH• is produced). Previous studies on
fluorescent transition-metal complexes indicate that the forma-
tion of an open-shell product from a closed-shell reactant (e.g., a
change in total spin from 0 to 1/2) quenches fluorescence efficiently
(51). Thus, we suggest that loss of the LPMO–Cu(I) fluorescence
signal that we observe takes place at the first electron transfer from
Cu(I) to H2O2 (state 1 to state 2 or 3 in the proposed mechanism).
Therefore, we suggest that off-cycle [e.g., SmAA10A–Cu(II)] as
well as on-cycle species such as Cu(II)–OH–OH• (states 3 and 4),
Cu(II)–O• (state 5), or Cu(II)–OH (states 6 and 7) all quench the
fluorescence signal observed with Cu(I) and participate in varying
proportions to the observed fluorescence. However, it is so far not
possible to discriminate these Cu(II) species by fluorescence.
Monitoring reoxidation of SmAA10A–Cu(I) (2 μM) by H2O2 at
varying concentrations showed changes in fluorescence consistent
with complete reoxidation of the copper within seconds to milli-
seconds (Fig. 5C). The data can be described by single exponential
functions (SI Appendix, Fig. S14), indicative of a pseudo-first-order
reaction with respect to H2O2. Plots of the fitted pseudo-first-order
rate constants as a function of [H2O2] could be fitted to a straight
line, yielding a second-order rate constant kH2O2 = 6.9 × 103 M−1·s−1

(Fig. 5D). Hence, at comparable concentrations of oxidant, oxidation

Fig. 4. Kinetics of reduction of SmAA10A–Cu(II) by AscA. (A) SmAA10A-Cu(II)
(final concentration, 5 μM) was anaerobically mixed with varying concentra-
tions of AscA and the change in fluorescence was monitored as a function of
time. The reactions were carried out in potassium phosphate buffer (50 mM,
pH 7.1) at 25 °C. The final concentrations of AscA are indicated in the figure.
Data were fit with single exponential functions to give observed rate constants
(kobs) at each substrate concentration. Each experiment was performed in
triplicate. For the sake of clarity, only the trace of one replicate is shown
for each condition. (B) Plot of pseudo-first-order kobs as a function of AscA
concentration. Error bars show ± SD (n = 3 independent experiments).

Fig. 5. Reoxidation of SmAA10A–Cu(I) by (A and B) O2 or (C and D) H2O2

under single oxidative event conditions and in the absence of substrate.
SmAA10A–Cu(I) (final concentration 2 μM) was anaerobically mixed with
solutions containing varying concentrations of (A) O2 or (C) H2O2 (final
concentrations indicated by the color code in the figure) and the changes in
fluorescence associated with reoxidation of the LPMO–Cu(I) were monitored
as a function of time. The reactions were carried out in sodium phosphate
buffer (50 mM, pH 7.0) at 25 °C. Data were fit to single exponential functions
(SI Appendix, Figs. S11, S12B, and S14) to give observed rate constants (kobs)
at each cosubstrate concentration, which were plotted to obtain second-order
rate constants for (B) O2 or (D) H2O2. In A and C, for the sake of clarity, only one
trace for each condition is shown (experiments were performed at least in
triplicate). In B and D, error bars show ± SD (n = 3 independent experiments);
red solid lines show the best linear fit and the red dashed lines the 95% con-
fidence interval.
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of the LPMO with H2O2 is three orders of magnitude faster than
oxidation with O2.
We also explored the catalytic potential of SmAA10A–Cu(I)

reacted with H2O2 in the absence of substrate prior to addition
of NAG6 substrate. If a stable reactive enzyme–oxygen inter-
mediate formed in the absence of substrate we would expect to
observe amounts of oxidized products proportional to the in-
termediate lifetime when adding substrate after different incu-
bation times with H2O2. We observed a time-dependent decay in
the amount of oxidized products formed (SI Appendix, Fig. S17)
that corresponded perfectly to the decay in the amounts of
available reactants [i.e., SmAA10A–Cu(I) and H2O2] predicted
on the basis of the second-order rate constant, kH2O2, of 6.9 ×
103 M−1·s−1 determined above for H2O2-driven oxidation of the
LPMO. Next to adding confidence to the interpretation of the
stopped-flow experiments described above, this observation in-
dicates that if a productive intermediate resulting from the re-
action of substrate-free SmAA10A–Cu(I) with H2O2 would be
formed then its lifetime is much shorter than the time required
for a catalytic turnover in the presence of substrate. Also, we
show that reacting free SmAA10A–Cu(I) with H2O2 yields only a
very low loss in activity (SI Appendix, Fig. S18). This proves that
under single-oxidative-event conditions we monitor reoxidation
of SmAA10A–Cu(I) to SmAA10A-Cu(II) (SI Appendix, Sup-
plementary Discussion) rather than LPMO inactivation, a process
which apparently requires multiple turnovers for it to become
clearly noticeable.

The Substrate Accelerates the Reaction of SmAA10A–Cu(I) with H2O2,
but Not with O2. QM/MM calculations predict that several hy-
drogen bonds are established between H2O2, the LPMO, and the
substrate during H2O2 activation (Fig. 3B), and biochemical data
indicate that turnover of H2O2 is much faster in the presence of
chitin (Fig. 2B). Following the procedures outlined above, we
thus assessed the impact of substrate on the reoxidation event
(corresponding to steps 1→3; Fig. 3G) which, on the basis of the
energy profiles (Fig. 3G), is likely to determine the overall re-
action rate. For these experiments, we used (NAG)6, which is a
low-affinity substrate but which is compatible with fluorimetry
experiments. SI Appendix, Fig. S19 shows that SmAA10A–Cu(I)
supplied with H2O2 indeed is fully engaged into NAG6 oxidation.
Fig. 6A shows that in the presence of 0.5 mM NAG6, reoxidation
of SmAA10A–Cu(I) by O2 was slightly slower compared to the
reaction without substrate. In contrast, using 0.5 mM NAG6,
reoxidation of SmAA10A–Cu(I) by H2O2 was faster in the
presence of substrate and displayed monophasic time-course
profiles similar to experiments without substrate (SI Appendix,
Fig. S20). The experiment was repeated with higher concentra-
tions of NAG6, showing a proportional increase in reoxidation
rates by H2O2, with second-order rate constants up to kH2O2 =
21 × 103 M−1·s−1 for the reaction with 2 mM NAG6 (Fig. 6B). A
complementary spin-trapping experiment showed that the pres-
ence of NAG6 reduced the amount of detected radicals (SI
Appendix, Fig. S16D). Bearing in mind that the monitored fluo-
rescence signal likely includes on- and off-cycle Cu(II) species
(discussed above), we interpret this result as follows: The observed
[NAG]6-dependent increase of the global reoxidation rate (in-
cluding on and off pathways) underpins an increased rate of the
oxidative on-cycle reoxidation of the LPMO–Cu(I)–NAG6 com-
plex, an interpretation in agreement with the QM/MM-based
prediction that substrate binding increases reactivity with H2O2.
It is noteworthy that the observed decrease in fluorescence

signal of the LPMO–Cu(I) in the presence of NAG6 and in excess
of H2O2 (SI Appendix, Fig. S20) seems to indicate that the Cu(I)
form is not regenerated in these conditions. As further developed
in SI Appendix, Supplementary Results, this apparent contradic-
tion with the proposed mechanism (Fig. 1) indicates a partition
between Cu(I) regenerating and nonregenerating reactions. In

essence, we show that, in the presence of a flexible, soluble sub-
strate such as NAG6, the geometric constrains and active site
confinement that were ensured by the LPMO–chitin association
are no longer operational, allowing the reaction to derail along the
productive reaction path. Thus, the regeneration of the Cu(I)
species was prevented while NAG6 oxidation was still allowed to
occur (SI Appendix, Fig. S21 and Supplementary Results).

H2O2 Access to the Active Site. Previous studies indicated the for-
mation of a water tunnel in the enzyme–polysaccharide complex
interspace, connecting bulk solvent to the monocopper active site
(40). Here, we investigated the energetics associated with H2O2
diffusion into the active site by MD simulations combined with
umbrella sampling, estimating free energy profiles of H2O2 moving
in this interspace (SI Appendix, Supplementary Results and Figs.
S22 and S23 and Movie S2). The free energy barrier associated
with diffusion of H2O2 into the reaction cavity from the bulk sol-
vent was estimated to be less than 2 kcal/mol. The simulations
showed that Glu60 and Asn185 may restrict H2O2 access to the
active-site cavity. While the Glu60 side chain mainly populates two
conformations, pointing toward the copper ion or the bulk solvent,
the Asn185 side chain is restricted by the protein backbone and
always points toward the bulk solvent. Despite the small energetic
cost associated with H2O2 entering the confined reaction cavity,
such confinement, and, in particular, the resulting precise inter-
action with Glu60 (Fig. 3B), is likely important.

Glu60 Is Important for Efficient Peroxygenase Activity. The QM/MM
and MD calculations presented above suggest that Glu60 plays
an important role also in positioning and constraining H2O2 and
the hydroxyl radical (Fig. 3 B and C). This residue is structurally
conserved throughout the entire LPMO superfamily, either as a
glutamate or as a glutamine (52). In support of an important role
for this residue, previous studies have shown that mutation of
Glu60 in SmAA10A to alanine is detrimental for activity (53,
54). We generated additional variants of SmAA10A with muta-
tions at position 60 (Glu → Gln, Asn, Asp, or Ser) and carried
out a detailed analysis of the mutational effects. Fig. 7A shows
that under standard conditions (1 mM reductant, no added
H2O2) all mutations led to drastically decreased product yields
after 24 h of reaction, while effects on initial enzyme rates were
more moderate, in particular for the E60Q and E60D variants
(Fig. 7 A, Inset). So, clearly, the mutations lead to an increased
rate of enzyme inactivation. These drastic changes in enzyme
performance did not correlate with changes in substrate binding,
which were modest (Fig. 7B and SI Appendix, Fig. S24), but did
correlate with a decreased ability to utilize externally added

Fig. 6. Reoxidation of SmAA10A–Cu(I) by (A) O2 and (B) H2O2 in the pres-
ence of NAG6. (A) Time curves for reoxidation of SmAA10A–Cu(I) (2 μM) by
125 μM O2 in the presence (0.5 mM) or absence of NAG6. All given con-
centrations are concentrations after mixing. The graph shows two or three
experiments per condition. (B) Second-order rate plot of SmAA10A–Cu(I)
reoxidation by H2O2 in the presence (0.5 to 2 mM) or absence of NAG6 (see SI
Appendix, Fig. S20 for time curves obtained with 0.5 mM NAG6). Error bars in
B show ± SD (n = 3 independent experiments).
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H2O2 in reactions with substrate (Fig. 7C). In the absence of
substrate, and under single-oxidative-event conditions, the re-
activity of the various mutants with H2O2 was equivalent or slightly
lower than that of the wild type (WT) (SI Appendix, Fig. S25 and
Table S4). Thus, in accordance with the mechanistic conclusions
described above and depicted in Fig. 3, it would seem that muta-
tion of Glu60 impairs the ability of substrate-bound LPMOs to
turn over H2O2, while increasing the chance that the formation of
a now less-confined hydroxyl radical leads to enzyme damage.

Discussion
When LPMOs were identified as monocopper enzymes, it soon
became apparent that they may work differently than hitherto
characterized copper enzymes due to their peculiar structure and
lack of additional redox-active cofactors. The special character
of these enzymes became even more apparent after the discovery
that they can effectively catalyze a peroxygenase reaction (1, 38).
In this study, we present computational data supported by a series
of experiments that shed light on the peroxygenase reaction. Im-
portantly, while cellulose-active LPMOs have received most of the
attention so far, our study proposes an atomistic-level description
of the mode of action of solid-state chitin-active LPMOs whose
functionalities in nature, notably in pathogenesis mechanisms (21,
24, 25, 55), only are now being revealed.
Fig. 2 shows that, like cellulose oxidation, chitin oxidation by

LPMOs depends mainly on H2O2 availability in standard aerobic
conditions. Two recent computational (QM/MM) studies have
addressed the reaction between H2O2 and the LPMO-bound
Cu(I) (36, 42), both starting with a crystal structure of the AA9
C4-oxidizer from Lentinus similis (LsAA9A) obtained in complex
with cellotriose (Protein Data Bank ID code 5ACF) (37). While
we suggest that the torsional strain imposed on the H2O2 molecule
(dihedral angle = 53°) in SmAA10A in state 1 is important for the
progress of the reaction, QM/MM models obtained by Wang et al.
(36) suggest a torsional unstrained H2O2 molecule (dihedral an-
gle = 116°) that is 2.8 Å away from the active site Cu(I), while
hydrogen-bonded to a glutamine side chain (analogous to Glu60 in
SmAA10A) and a water molecule. This and other differences
between the various studies could be due to real variation in the
second-sphere environments between AA10 and AA9s but are
more likely due to conspicuous differences in the definition of the
QM regions (SI Appendix, Supplementary Discussion and Fig. S26).
Wang et al. (36) identified a transition state for electron transfer to
H2O2 akin to state 2 presented in this work with an energy barrier
of 5.8 kcal·mol−1 (B3LYP). This value is lower than the one cal-
culated for the SmAA10A–chitin model [12.8 kcal·mol−1 (B3LYP)
and 8.6 kcal·mol−1 (TPSSh)]. The two previous computational
studies suggest substrate H-abstraction energy barriers (states 5 to
6; Fig. 3) of 5.5 kcal·mol−1 (B3LYP) (36) and 16.5 kcal mol−1

(TPSS) (42), whereas we obtained values of 13.0 kcal·mol−1

(B3LYP) and 10.6 kcal·mol−1 (TPSSh) for the SmAA10A–chitin
model. Not only may the use of different DFT functionals explain
the discrepancies observed between the 2 different LsAA9A-
cellotriose models (36, 42), but it is also apparent that the cello-
triose ligand has been repositioned during model preparation,
resulting in starting models different from the crystal structure (SI
Appendix, Fig. S26A).
While Wang et al. (36) reported, based on their QM/MM

calculations, that all of the steps of the LPMO-catalyzed peroxy-
genase reaction take place on a singlet energy surface, Hedegård
and Ryde (42) identified two intermediates with triplet ground
states that resemble states 5 and 7 in Fig. 3G. Although the QM/
MM/MD simulation (Movie S1) of the SmAA10A–chitin model,
which provided the underpinning molecular geometries for our
mechanistic approach, also progressed on a singlet surface, sub-
sequent refinement provided more details. We found that states 4
and 5 have triplet ground states, and this was confirmed by
unrestricted corresponding orbital (UCO) analysis (zero UCO
overlap). Supporting our findings for state 5, a previous study,
employing a higher level of theory (CASSFC/CASPT2) than DFT,
showed that copper–oxyl complexes of various (not LPMO-related)
model compounds have triplet ground states (56). It thus seems
that LPMO-catalyzed chemistry relies on spin cross-over transi-
tions (here in a singlet–triplet–singlet sequence), which will reduce
energetic barriers of reactions involving unpaired electrons (2).
Despite differences in calculated transition-state energy barriers
and spin states, available modeling data collectively show that the
LPMO peroxygenase reaction is thermodynamically and kineti-
cally feasible for LPMOs belonging to AA9 and AA10 families.
Our work indicates that the peroxygenase reaction is kinetically
more favorable than the monooxygenase reaction. Importantly,
this claim is strongly supported by the kinetic experimental data
presented here.
In the experimental part of this study we took advantage of the

fluorophore properties of the SmAA10A–Cu(I)/Cu(II) redox
couple (50) and used an experimental approach that allowed
separation of priming reduction and reoxidation catalytic events.
Our data indicate that the off-cycle priming reduction is likely
not a rate-limiting step of the global LPMO catalysis. Consid-
ering the second-order rate constant for reduction by AscA, even
the lowest AscA concentration employed here (20 μM) would
yield a rate (8 s−1) that is similar to the kcat of 6.7 s−1 determined
for SmAA10A (38). The reduced SmAA10A–Cu(I) is the pre-
cursor for all suggested LPMO catalytic pathways (1, 26, 27).
Since the LPMO–Cu(I) form binds more strongly to substrates
than LPMO–Cu(II) (49, 57, 58) and since access to the active site
is severely hindered when the LPMO is bound to substrate (40),
LPMO reduction is likely to involve substrate-free LPMO

Fig. 7. Biochemical characterization of SmAA10A and Glu60 mutants. (A and B) Time courses for (A) the release of soluble chitobionic acid (A2ox) from
β-chitin in the presence of 1 mM AscA and (B) binding to β-chitin, 1 μM enzyme (see SI Appendix, Fig. S24 for entire time courses). (A, Inset) A zoom-in view of
the first 4 h showing the initial oxidative rate (dotted lines) for each variant, amounting to 0.53, 0.34, 0.15, 0.33, and 0.26 min−1 for SmAA10A-WT, E60D, N, Q
and S, respectively. (C) H2O2 consumption (50 μM at t0) by SmAA10A WT and mutants thereof (50 nM) in the presence (solid lines) or absence (dotted lines) of
β-chitin. Reactions were initiated by addition of AscA (20 μM). Note that for comparative purposes the data shown in B for SmAA10A-WT are a reproduction
of data displayed in Fig. 2B. All reactions were carried out in sodium phosphate buffer (50 mM, pH 7.0) with β-chitin (10 g·L−1) and incubated at 40 °C in a
thermomixer (1,000 rpm). The color/symbol code is provided in each panel. Error bars show ± SD (n = 3 independent experiments).
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molecules. In agreement, our stopped-flow experiments indicated
that the rate of SmAA10A reduction is not significantly influenced
by the presence of carbohydrate substrate (SI Appendix, Fig. S10).
Depending on the substrate concentration and substrate affinity,

reduced LPMOs will react with available O2 and H2O2. Under the
conditions used here, the second-order rate constant for the re-
action with O2, kO2 = 3.33 M−1·s−1, is surprisingly low and indi-
cates a rate at ambient O2 concentration on the order 0.05 min−1.
This result is in contrast with a rate of >0.15 s−1 that has been
reported for reoxidation of a cellulose-active AA9 C1/C4 oxidizer
from Thermoascus aurantiacus (TaAA9A) (41). This difference
could reflect differences in experimental conditions (such as dif-
ferent pH) but could also reflect fundamental differences between
AA9s and AA10s with respect to O2 activation pathways (SI Ap-
pendix, Supplementary Discussion). In the frame of the Marcus
theory, we can predict the rate of outer-sphere electron transfer
between LPMO–Cu(I) and O2, as outlined by Kjaergaard et al.
(41) (see SI Appendix, Supplementary Discussion for details).
Thereby, we estimate an electron transfer (ET) rate kET, O2 =
3.39 M−1·s−1, a value remarkably similar to the experimentally
determined kO2 = 3.33 M−1·s−1. This result implies that reduction
of O2 would be subject to an outer-sphere reduction, in contrast to
an inner-sphere reduction suggested by data on TaAA9A (41). An
outer-sphere reduction entails that O2 would be first reduced in a
“prebound” configuration and only then the resulting O2

•− and
Cu(II) would form a covalent bond. Such prebound O2 has been
suggested by neutron protein crystallography and DFT calcula-
tions for an AA9 (59), but not for any AA10 yet.
Comparing the kO2 value of SmAA10A with values obtained

for other “classical” monooxygenases provides some interesting
insights. Indeed, the rate constants for reoxidation by O2 are
several orders of magnitude higher (105 to 107 M−1·s−1) for
binuclear copper enzymes such as tyrosinase (2) and dopamine
monooxygenase (60), for monocopper amine oxidase (61) and
galactose oxidase (62), as well as for certain multicopper laccases
(63, 64). In light of this comparison, together with steady-state
kinetics data showing that the peroxygenase reaction (38) is
orders of magnitude faster than the monooxgenase reaction
(32, 37) and together with the QM/MM results presented here,
we conclude that SmAA10A has not been evolved to act as a
O2-using oxygenase.
The second-order rate constant for the reaction of SmAA10A–

Cu(I) with H2O2, 6.85 × 103 M−1·s−1, is three orders of magnitude
higher compared to the corresponding reaction with O2. Also,
in the second-order rate constant plots (Fig. 5 B and D), the y
intercept is close to zero when using H2O2 as oxidant but not
when using O2. This suggests that the reaction with H2O2 is
irreversible, while there may be some reversibility in the re-
action with O2. Importantly, using spin trapping, we show that
the reaction with H2O2 generates radicals (SI Appendix, Fig.
S16) while consuming equimolar amounts of SmAA10A–Cu(I)
and H2O2 (SI Appendix, Fig. S15). Remarkably, it appears that
the reaction between SmAA10A–Cu(I) and H2O2 is slower in
the absence of substrate than in the presence of substrate. If we
compare the maximum velocity (Vmax) determined by Kuusk
et al. (38) for reactions with chitin (at saturating [H2O2] of
20 μM) with the Vmax calculated from the second-order rate
constant kH2O2 determined here for reoxidation of SmAA10A–

Cu(I) in the absence of substrate, it appears that the reaction
with H2O2 is accelerated by about 50 times in the presence of
substrate (kcat × [E]/kH2O2 × [E] × [H2O2] = 6.7 s−1/6.85 ×
103 M−1·s−1 × 20 μM = 48.9). Repeating reoxidation experi-
ments under single-catalytic-event conditions in the presence of
NAG6 showed that reoxidation by O2 was slightly slowed down
whereas reoxidation by H2O2 was boosted in a NAG6 concentration-
dependent manner. Thus, the presence of substrate further
promotes the peroxygenase reaction, relative to the monooxygenase
reaction.

In our QM/MM models, the roles of the enzyme-substrate
interactions appear to be 3-fold along the reaction coordinates:
1) Together with Glu60, the substrate H bond assists H2O2
molecule positioning in the reaction cavity (state 1; Fig. 3B) and
2) helps stabilizing the reactive “precision-guided HO•

” (states 2
through 4); 3) these interactions seem to position the H2O2-
derived water molecule that contributes with an H bond to the
reactive species in the final stages of the reaction mechanism (states
5 through 9) (SI Appendix, Fig. S7). The cellulose “analog” of the
chitin amide group is the 2′-OH moiety, which could well act as a
hydrogen bond donor. The resulting conclusion that peroxygenase
catalysis by LPMOs is substrate-assisted is supported by kinetic
studies (38). In accordance with the results from the modeling
studies, mutation of Glu60, a functionally conserved residue in all
LPMOs known to be important for LPMO activity (12, 53, 54, 65),
revealed that this residue likely is important for both H2O2 activa-
tion and controlling hydroxyl radical reactivity. In that respect, it is
fair to consider whether LPMOs may employ the PK mechanism
seen in heme peroxidases (47, 48). In the latter, the resting Fe(III)
state reacts with H2O2 to form compound I using a catalytic base
(e.g., a His) for deprotonating the proximal oxygen (i.e., heterolytic
cleavage of H2O2). Here, the analogous resting SmAA10A–Cu(II)
form does not react with H2O2 (refs. 1 and 38 and SI Appendix,
Fig. S19) and we therefore considered the Cu(I) state. Our cal-
culations indicate that a PK-like mechanism entailing a heterolytic
cleavage of H2O2, where Glu60 acts as a catalytic base, is unfavor-
able (32.4 kcal/mol, TPSSh) compared to the homolytic cleavage of
H2O2 (8.6 kcal/mol, TPSSh) (Fig. 3B) and is thus unlikely.
The rate-limiting step in the peroxygenase reaction remains

unknown. In their modeling study, Wang et al. (36) proposed
that (nonenzymatic) hydrolysis of the hydroxylated carbohydrate
(i.e., state 9 in Fig. 3G) is the rate-limiting step. This suggestion
was based on a predicted high transition-state energy barrier for
the glycosidic bond cleavage reaction (18.2 kcal/mol) that co-
incided with the observed catalytic constant (kcat = 0.11 s−1)
determined under ambient O2 (i.e., uncontrolled, limiting H2O2)
conditions. Despite limitations when attempting to relate energy
barriers to catalytic constants (SI Appendix, Supplementary Dis-
cussion), this possibility needs to be considered while awaiting
experimental validation and may hold for LPMOs acting on
soluble substrates, in particular when using O2 as cosubstrate
(32). For polysaccharide-active LPMOs, both from AA9 and
AA10 families, experimental evidence suggests that the apparent
LPMO rate under ambient conditions is limited by the rate of in
situ production or supply of H2O2 (1, 32, 38, 66). Therefore, in
natural settings, where low steady-state concentrations of H2O2
are expected (29), the rate of LPMO catalysis will be limited by
the probability of encounters between H2O2 and a substrate-bound
prereduced LPMO. As summarized in Fig. 8, we propose the
following order of events for the LPMO peroxygenase reaction.
Step 1: The substrate-free enzyme is reduced at high rate. Step 2:
The LPMO binds to its substrate, where it is positioned to facili-
tate formation of a ternary complex. Step 3: H2O2 diffuses freely
into the reaction cavity via a tunnel access and is guided into a
strained position, optimal for H2O2 reduction, by specific hydro-
gen bonding interactions. Steps 4 through 7: The reaction pro-
gresses as indicated by states 1 to 9 shown in Fig. 3G. Steps 8 and
9: Glycosidic bond cleavage (via an elimination reaction) and en-
zyme dissociation from the substrate occur in an order that re-
mains to be clarified. Steps 10 and 10′: In the absence of substrate,
the LPMOmay become reoxidized, which may lead to inactivation
processes if there is free H2O2 in the system. It is interesting to
note that kH2O2 is nearly one order of magnitude higher than the
apparent inactivation rate previously determined in the presence
of excess of reductant (103 M−1·s−1) (38), indicating that not every
reaction with H2O2 (step 10) leads to inactivation, as is apparent
from experimental data shown in SI Appendix, Fig. S18. Steps 11
and 11′: Substrate-free LPMOs can also engage into the conversion
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of O2 to H2O2. In this latter process, the reactivity of
SmAA10A–Cu(I) with O2 seems to be the rate-limiting step
since the second-order rate of 3.3 M−1·s−1 yields a turnover of
8·10−4 s−1 at ambient [O2], a value strikingly similar to 7.5·10−4 s−1,
the apparent H2O2 production rate under these conditions (29).
The experimental conditions of the LPMO reaction will affect

the outcome of the chain of events. With low-affinity substrates
and high concentrations of H2O2 the number of turnovers may
be low, as nonproductive enzyme reoxidation, with a concomitant
risk of enzyme inactivation will be prominent. At optimal condi-
tions, when reducing equivalents and H2O2 are delivered in a
timely fashion in the presence of saturating amounts of a suitable
substrate, multiple turnovers will occur (49, 66). The proposed
substrate-assisted mechanism provides a competitive advantage to
polysaccharide-bound LPMOs for turning over H2O2 compared
to the reaction of substrate-free LPMOs with H2O2 that leads to
enzyme inactivation via formation of hazardous radicals.

Conclusions
In the above, we show how LPMOs harness the intrinsic oxidative
power of H2O2 in a controlled and substrate-assisted manner to
oxidize crystalline chitin in what is a unique peroxygenase reaction.
Part of the uniqueness of the LPMO chemistry comes from the
formation of a confined, catalytically competent active site re-
action cavity only upon association of the enzyme with the poly-
saccharide. LPMO catalysis could perhaps be described as an
enzyme-guided Fenton reaction, as we suggested when first de-
scribing the peroxygenase reaction (31). In the context of DFT, we
presented in great details the electronic features of the reactivity of

H2O2 with LPMO–Cu(I). The occurrence of spin cross-over events
along the reaction coordinate suggests that intermediates detect-
able by spectroscopy may be trapped and characterized in future
studies. Importantly, the experimental part of this study provides
kinetics data of single oxidative event reactions of LPMO–Cu(I)
with O2 and H2O2. Together with steady-state kinetics and
computational simulations, our data show that the use of O2 as
cosubstrate by SmAA10A to oxidize chitin is unlikely and support
the peroxygenase paradigm. No doubt assessing the universality of
this mechanism across LPMOs families will be a topic of intense
investigations for the coming years.
We foresee that insight into the molecular basis of the unusual,

copper-based chemistry catalyzed by LPMOs will inspire and assist
the design of new model complexes for oxy-functionalization of
inert C–H bonds. Furthermore, witnessing strong indications of a
role of chitin-active LPMOs in pathogenesis and defense mecha-
nisms, we believe our study may eventually contribute to a better
understanding of biologically important questions.
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